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Preface

Broadening the spectrum of biopolymers, their classification, chemical nature, iso-
lation, and characterization is very important for better understanding the usability
of biopolymers in new applications. It is also important for the development
of completely new materials based on the special properties of polysaccharides
(cellulose-based and others) compared to the biomaterials currently used in various
high-tech applications (e.g. inorganic materials and non-degradable synthetic
polymers). In this context, this book focuses largely on the fundamental knowledge
of biopolymers (natural: cellulose and its derivatives; other polysaccharides such as
chitosan, glycosaminoglycans (GAG’s), etc.; and synthetic ones such as polyethy-
lene terephthalate and others), their origin, classifications, chemical nature, and
isolation methods. This book also covers various classical and modern approaches
to the transformation of these biopolymers into different forms, from thin films
(model surfaces), nanoparticles, nanofibers, to 3D scaffolds. The application of these
biopolymer-based multifunctional materials (e.g. 2D thin films to 3D scaffolds) in
applications such as biosensors (e.g. for detection of DNA, antibodies, affibodies,
and moisture sensors), antifouling surfaces, drug delivery systems, microfluidic
devices, microarrays, two-photon absorption lithography, enzymatic digestion sys-
tems, wound models, to name a few important areas are also discussed in detail. A
library of analytical methods used for the analysis of morphology, structure, shape,
thermal, electrical, and surface properties, as well as for the study of solid–liquid
interaction of biomaterials, is also covered in detail in this book.

It also provides a comprehensive overview of the latest developments in the appli-
cability of biopolymers, especially polysaccharides, for the production of sustainable
biomaterials used in medicine, focusing on potential applications and future devel-
opments. Therefore, it is unique and of interest not only to students and scientists but
also to industry as well as stakeholders and policy makers. This coincides with recent
trends to replace fossil materials with indigenous materials. In addition, readers will
get an overview of the specific and very special properties of biopolymers that can
be used for the production of sustainable but high-quality functional biomaterials.
Overall, this book will contribute to a better understanding of the physicochemical
properties of biopolymers and their use in the preparation of completely new mate-
rials for various advanced biomedical applications. In summary, there are no books
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to date that deal exclusively with the classification, isolation, preparation, and char-
acterization of biopolymers and the design of new functional biomaterials, with a
particular emphasis on the application of biomaterials in various advanced techno-
logical applications.

The content of the book is formulated to serve as a reference for the fundamen-
tal understanding of biopolymers/biomaterials and can be used by academicians,
industrialists, researchers, graduate, and undergraduate students.

Tamilselvan MohanGraz/Austria, April 2022
Karin Stana Kleinschek
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1

Definitions and Types of Microbial Biopolyesters
and Derived Biomaterials
Martin Koller1,2

1University of Graz, Institute of Chemistry, NAWI Graz, Heinrichstrasse 28/VI, 8010 Graz, Austria
2ARENA – Association for Resource Efficient and Sustainable Technologies, Inffeldgasse 21b,
8010 Graz, Austria

1.1 Introduction

The increasing quantities of petrol-based plastics used for numerous applications
in our daily life are among the most prevailing ecological threats of our days. In this
regard, we are steadily confronted with phrases currently circulating in the media
such as “plastic contamination of marine ecosystems,” “microplastic,” “growing
garbage dumps,” and “bans on everyday plastic materials” such as traditional
“plastic shopping bags” or, more recently, cotton swabs with plastic rods or plastic
drinking straws. Indeed, the currently produced plastics amount to more than
400 megatons (Mt) annually; their production exploits limited fossil resources,
and, after their life span, these plastics need to be disposed of due to their lacking
biodegradability [1–3]. In the beginning of 2020, approximately 150 Mt of plastics
have already accumulated in the world’s oceans alone, estimated to cause perishing
of 100 000 marine mammals and about ten times as many birds year by year [4].
Just the other day, the dramatic death of a sperm whale carrying an unbelievable
number of around eighty plastic bags in its, making it impossible for the animal to
take organic food, and shocked the general public [5]. Only recently, Zheng et al.
reported an estimate that, by 2050, the global production of plastics will quadruple,
which will be connected with a doubling of plastic waste [6].

In fact, significantly less than one third of plastic waste is recycled in Europe,
the rest ends up in landfills or in the environment, or is simply burned [7]. In this
context, the increased release of microplastics from recycled food containers, espe-
cially from plastic bottles (“Re-PET”), into food, been described [8]. Moreover, it
should be noted that recycling of plastic delays, rather than prevents, its final dis-
posal in landfills [9]. Landfilled plastic waste, in turn, returns to the sea via detours,
such as wind or river systems, and finally enters the food chain as microplastic
and eventually into the human metabolism. This cycle applies to about 500 000 t
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of plastic waste per year in the EU alone. It is self-explanatory that this represents
enormous risks for the biosphere and the health of the entire world population.
But from the resource-technological perspective as well, our today’s dependence
on plastic is inadequate, unsustainable, and short sighted not only because current
plastics production depends on exploiting limited fossil resources, but also because
most plastic products are per definitionem designed as disposable products for single
use only. This circumstance is a major environmental “fire accelerator”; as typical
“end-of-the-pipe” product, plastics donate high short-term benefits through their
favorable nature and, at the same time, are available at the discount price.

In particular, microplastics directly endanger food security and human health;
starting from their consumption by plankton, such microplastics, which per
definitionem have particle sizes ranging from 0.1 to 5.000 μm, easily climb up
the entire trophic chain, until they finally get accumulated in its top, namely the
human metabolism. Only during the last few years, concrete understanding of
the detritus mechanisms of microplastic on the ecosystem and the metabolism
of animals and humans is developing. In addition to microplastic uptake via the
trophic chain, diverse techniques during food production using equipment with
plastic parts, in addition to food storage in plastic containers like bottles, are also
direct source of microplastic contamination of food, mainly by abrasion and by the
currently fashionable use of recycled poly(ethylene terephthalate) (PET) bottles [8].
The documentation and quantification of possible diverse effects of microplastics
on human health is currently only in its infancy. In 2018, microparticles in the
size of 50–500 μm of a total of nine different petrochemical plastics, predominately
poly(propylene) (PP) and PET, were for the first time clearly identified by an
Austrian research team in the human intestine [10]. Considering the fact that the
deterioration of intestine cells (villi) by microplastics was already demonstrated
for fish and nematodes [11], it has to be expected that such microplastic particles
also cause negative reactions in the human intestine, such as inflammation or
even cancer. Moreover, by intestinal uptake, microplastics could potentially be
transported to the blood and lymph system and to various organs.

To change this situation, a reasonable and fair pricing of plastics is required,
reflecting not only its benefits but also the damage caused by the high environmen-
tal footprint of this end-of-pipe technology. In this way, plastics would no longer be
disposed of in bulk; even more important, a fair pricing would, wherever possible,
foster the production and implementation of alternative materials like bioinspired
alternatives in order to finally find the way out of the “plastic predicament” [4].

1.2 Biopolymers as Bioinspired Alternatives

1.2.1 Defining “Bioplastics” Is No Trivial Task!

Looking back to the very beginnings of the “plastic age,” we remember that the first
plastic-like polymer indeed was biobased, namely natural cis-1,4-poly(isoprene) rub-
ber obtained from the rubber tree Hevea brasiliensis (reviewed by Wycherley [12]).
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However, especially the decades between 1940 and the turn of the millennium
were dominated by synthetic, not biodegradable, polymers of petrochemical origin.
As a real alternative to many of the currently used plastics, one can switch to
bio-inspired alternatives [13]. In this context, we have to be careful when talking
about “bioplastics,” which is a scientifically ambiguous expression. It is of major
importance to differentiate different groups of “bioplastics”:

(a) Plastics that are biobased (originating from renewable resources) and, at the
same time, biosynthesized (monomers converted to polymers by the action of
living organisms), and biodegradable/compostable. Prime examples: microbial
polyhydroxyalkanoates (PHA life cycle). As additional characteristic, PHAs are
also biocompatible; hence, they do not exert any negative effect on the biosphere
surrounding them (e.g. living organisms, cell lines, ecosystems) according to the
standardized ISO 10993 norm. Other natural polymers, which can be processed
to generate materials with plastic-like properties (e.g. processing starch to ther-
moplastic starch [14] – TPS life cycle; see Figure 1.1), or others, e.g. proteins
gelatin [15], whey proteins [16], etc., chitin [17], or cellulose [18], which are com-
patible with PHA and other polymers, also belong to the group of biopolymers
sensu stricto.

(b) Plastics that are biobased and biodegradable/compostable, but not biosynthe-
sized (monomers converted to polymers by classical chemical methods, often
demanding toxic catalysts). Prime example: poly(lactic acid) (PLA), which cur-
rently is considered a competitor of PET or poly(styrene) (PS); for the life cycle
of PLA, please refer to Figure 1.2. Here, one has to consider high recalcitrance
of highly crystalline PLA toward biodegradation and restrictions regarding its in
vivo biocompatibility [19].

(c) Plastics that are biobased, but neither biosynthesized nor biodegradable/
compostable. Prime example: biobased poly(ethylene) (bio-PE), which resorts
to chemical conversion of saccharose to ethylene via ethanol and chemical
polymerization of ethylene to PE (life cycle; see Figure 1.3). Such “bio-PE” is
currently strongly emerging regarding its market volume, which is expected
to amount to estimated 300 000 t per year in 2022. In 2018, even the company
LEGOTM switched to bio-PE to manufacture their globally famous toy bricks;
however, bio-PE is not biodegradable, and its production exploits food resources
[20]. Partly, this group also encompasses the “green bottle” commercialized by
The Coca ColaTM company, which consists of so-called “biobased PET”; however,
this material has a biobased carbon content stemming from renewable resources
(the ethylene part) of only 30%, and is not biodegradable/compostable [21].

(d) Other plastics are not biobased and not biosynthesized, but still biodegradable/
compostable; they have a petrochemical origin. Prime examples are
poly(ε-caprolactone) (PCL [22] life cycle: see Figure 1.4), or the random
copolyester poly(butylene adipate terephthalate) (PBAT), which is used for
materials commercialized by, e.g. the company BASF SE under the trade name
Ecoflex® and follow-up products ([23] life cycle: see Figure 1.5). These materials
enter the natural cycle of carbon after being biodegraded; hence, they do not
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Figure 1.3 Production and life cycle of “bio-PE.” Source: lzf/Adobe Stock.
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Figure 1.4 Production and life cycle of PCL. Source: epitavi/Adobe Stock.
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need to be incinerated or landfilled, but their production still exploits fossil
resources (cyclohexanone made of cyclohexane in the case of PCL, or adipic acid,
1,4-butanediol, and terephthalic acid in the case of PBAT, respectively) [22].

(e) Classical synthetic thermoplastic and elastomeric resins, among them PE
(life cycle: see Figure 1.6), PP (these two account for more than half of all
plastics currently produced!), PS, poly(vinyl chloride) (PVC), poly(urethane)
(PU), poly(vinyl alcohol) (PVA), PET, or silicone rubbers are extensively
used, and omnipresent in our today’s world. Yes, they brought progress to
numerous goods and services, but they are not accessible toward biodegrada-
tion/composting within a manageable time frame. Here, some data for moderate
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Figure 1.6 Production and life cycle of PE.

biological degradation of hydrolyzable petrochemical plastics like PET or PU
are available for laboratory-scale enzymatic experiments, while full-carbon
backbone polymers, making up more than 80% of all plastics, can only undergo
degradation after prior oxidation, which makes them highly recalcitrant [24].
In any case, they all entirely resort to fossil resources.

1.2.2 Biodegradability of PHA and Other Biopolymers

In the context of integration of PHA into nature’s closed carbon cycle, it should be
reminded that “biodegradability” is not equal to “compostability.” Both character-
istics are defined via norms and assessed by certificates. Here, the norm EN-13432
addressing biodegradation and composting of polymeric packaging materials claims
that a material is “biodegradable,” if 90% of its carbon is metabolized within 180 days.
In contrast, the same norm postulates that a material is “compostable” when left-
overs in a sieve of 2 mm pore size after 180 days of composting do not exceed 10% of
the material (reviewed by Koller et al. [25]). Generally, aerobic degradation of PHA
by microorganisms like fungi or bacteria generates CO2 and water, while anaerobic
PHA consumption by living organisms, e.g. in biogas plants, results in the formation
of methane in addition to water and CO2 [26]. Factors influencing biodegradability of
PHA, such as shape and thickness of polymer specimens, crystallinity, composition,
environmental factors (pH value, temperature, humidity, UV exposure), and sur-
rounding microflora, were comprehensively summarized before [27].

Most importantly, plastic-like biopolymers like PLA, TPS, or, as the subject of the
chapter at hand, microbial PHAs, are based on renewable resources; hence, they do
not deplete limited fossil resources. Beyond that, these biomaterials are integrated
into the closed carbon cycle on our planet; this means that their biodegradation does
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not further increase the concentration of CO2 in the atmosphere. This can simply be
understood by considering that raw materials typically implemented for the pro-
duction of PHA and other “bioplastics” are renewable resources (prime examples:
carbohydrates, alcohols, or lipids), hence, products of the natural metabolism of
plants and microorganisms, which were not entrapped inside our planet since mil-
lions of years. This is a pivotal difference to crude oil, the raw material for the pro-
duction of established plastics [4]. After their life span as bioplastic items, aerobic
biodegradation of PHA and other biopolymers generates biomass and CO2, which
again becomes part of the natural carbon cycle, by getting fixed by green plants
or phototrophic microbes; the generation of renewable feedstocks for biopolymer
synthesis can start de novo. This is a fundamental difference to the degradation of
petrochemistry-derived plastics by incineration; here, carbon that had been deprived
of its natural cycle by fossil fuel fixation for millions of years is suddenly released into
the atmosphere as additional CO2 [3].

In this context, extracellular enzymes like PHA depolymerases and biocat-
alysts of lower specificity are excreted by various microbes and degrade PHA
into microbially convertible substrates, namely small oligomers and monomers
[28]. PHAs are typically degraded in vivo by microbial depolymerases and other
hydrolytic effects during a 52-week period [29]. Moreover, several studies have
compared biodegradability of PHA with (semi)synthetic polymers. In this context,
Gil-Castell et al. compared the durability of poly(lactic-co-glycolic acid) (PLGA),
polydioxanone (PDO), poly(ε-caprolactone) (PCL), and the PHA homopolyester
poly(3-hydroxybutyrate) (PHB) when used as scaffolds. It was shown that PCL
and PHB were more appropriate materials when used for long-term applications
compared to PLGA and PDO, which should rather be used for short-term applica-
tions [30]. Concerning PHB biodegradability under not biocatalytic conditions in
water or phosphate buffer saline at 37 ∘C, a progressive decrease of molecular mass
was described; after 650 days of immersion, molecular mass was reduced by almost
50%. Importantly, biodegradability of PHA depends on various factors such as the
composition of the biopolyesters on the monomeric level (homopolyesters typically
degraded faster than copolyesters), the stereoregularity, crystallinity (higher degrad-
ability at lower crystallinity), molecular mass (biopolymers of lower molecular mass
are typically biodegraded faster than their counterparts of higher molecular mass),
and environmental conditions (temperature, pH value, humidity, and availability
of nutrients) [27]. Figure 1.7 illustrates the categorization of PHA biopolyesters,
among other heavily used plastic-like polymers, based on the categories “biobased,”
“biodegradable/compostable,” and “biosynthesized.”

1.2.3 PHA as Versatile Microbial Biopolyesters – Fields of Actual
and Potential Applications

PHAs, as a versatile class of microbial-produced biopolyesters, are currently in the
scientific focus of material scientists, process engineers, microbiologists, and, more
and more, of systems- and synthetic biologists. This interest originates from PHA’s
versatile material characteristics, making it attractive to be used in numerous areas
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Figure 1.7 Classification of diverse polymers. Polymers marked in green meet the criteria
“biobased,” “biosynthesized,” or “biodegradable/compostable.” PHA: polyhydroxyalkanoates;
PLA: poly(lactic acid); Bio-PE: biobased poly(ethylene); Bio-PP: biobased poly(propylene);
PCL: poly(ε-caprolactone); PU: poly(urethane); PVC: poly(vinyl chloride); PVA: poly(vinyl
alcohol); PS: poly(styrene); CA: cellulose acetate; PTFE: poly(tetrafluoroethylene) (Teflon®);
PDO: poly(dioxanone); PTT: poly(trimethylene terephthalate); PBAT: poly(butylene adipate
terephthalate) (Ecoflex®); PET: poly(ethylene terephthalate); PBS: poly(butylene succinate);
PGLA: poly(glycolic-co-lactic acid). Nota bene: PHA is the only group marked in green in all
categories which displays plastic-like properties without the need for special processing
techniques and/or additives.

of the plastics market, which is currently dominated by diverse technomers and plas-
tomers of petrochemical origin [31, 32].

PHA was for the first time detected by light microscopy more than 90 years
ago, when Maurice Lemoigne described light-refractive inclusions in cells of the
Gram-positive bacterium Bacillus megaterium (reviewed by Jendrossek et al. [33]).
Most importantly, PHAs display all features characterizing “green plastics”; they
are biobased, biosynthesized, biodegradable, compostable, and biocompatible.
Hence, they can be considered the only group of real “green plastics” sensu stricto,
as described earlier. Regarding the major material properties, PHAs are water
insoluble, heat resistant (at least the highly crystalline representatives) and have
attractive surface structure. Importantly, PHA pellets can be processed on standard
machines used for processing of petrochemistry-derived plastics. PHA melt behaves
like liquid crystalline polymers, which allows molding thin-walled or complex
structures, which is of significance to produce scaffolds for biomedical use, even on
small machines [34].

1.2.3.1 PHA as Packaging Materials
Among the most prominent fields of application, PHA-based biodegradable
packaging materials come in first. This is of high significance especially in the
field of food packaging, where it is often desired to have compostable, transparent
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packaging with high barrier for oxygen, CO2, and moisture [35]. These barrier
properties can be further fine-tuned by developing PHA-based nanocompos-
ite materials, which contain nanosized organic (e.g. cellulose nanowhiskers)
or inorganic particles (e.g. nanoclay, nanoglass, etc.); for details of PHA-based
nanocomposites, see 1.2.3.6. Considering the expedient compostability of PHA,
it appears definitely reasonable to pack perishable food in such materials; after
unpacking, the PHA-based packaging material, which is contaminated with
food remains, can be easily disposed of as organic waste. Particularly, the high
oxygen permeation barrier of PHA’s attracts huge interest for the development
of packaging materials, preventing oxidative spoilage of wrapped goods. In direct
comparison to the long-established petrochemical packaging plastic high-density
PE (HDPE), it was demonstrated that preservation of quality of food packed in
PHA-based packaging materials is at least as good. In 1996, the PHA copolyester
poly(3-hydroxybutyrate-co-3-hydroxyvalerate) (PHBHV), which can be processed to
plastic films and containers for food packaging, was EU approved for food contact
application [36]. While food packaging based on PHA might have a bright future,
the switch to PHA-based shopping bags for single use still appears doubtful due to
cost reasons; despite the fact that PHA can be processed, especially after addition
of plasticizers, to biodegradable films, this is for sure not the method of choice for
economic reasons; here, TPS seems to be the better, already broadly implemented
solution to globally downsize the mountain of noncompostable shopping bags.

Paper coating with biopolymers like PHA presents a stimulating route to develop
the packaging materials of the future. In this context, a study by Sängerlaub et al.
demonstrates the coating of a paper substrate with PHBHV by an extrusion tech-
nique. The effect of adding up to 15% of the plasticizers triethyl citrate (TEC) or
polyethylene glycol (PEG) on the processability (film thickness, melting point) and
resulting characteristics (elongation at break, crystallinity) of the biopolyesters were
studied. Processing, structural properties (melting and crystallization temperature
and surface structure), mechanical properties (adhesion, elasticity modulus, elonga-
tion at break, tensile strength), and barrier properties of the blends and their coating
performance (film thickness on paper) were assessed for different extrusion tem-
peratures. The melting temperature (Tm) and elasticity modulus of PHBHV were
reduced by both plasticizers, while the elongation at break slightly increased. Owing
to PHBHV’s low melt strength, the lowest obtained polymer film thickness on paper
amounted to 30 μm. Moreover, the grease barrier was low due to cracks and voids
in the biopolymer layers and, similar to mechanical properties and bond strength,
correlated with the extrusion temperature. Extrusion coating of paper with PHBHV
was successfully demonstrated, but, according to the authors, the minimum possible
poly(3-hydroxybutyrate-co-3-hydroxyvalerate) (PHBV) film thickness has to be fur-
ther reduced to become cost effective. Further, higher flexibility is needed in order
to avoid the formation of cracks, which reduce the barrier properties of films [37].

1.2.3.2 PHA as Implant Materials
The convenient biocompatibility of PHB and PHBHV, the precondition to use
these materials as implants, was confirmed in diverse animal-model experiments.
In this context, rodents were implanted with PHA sutures, and investigated the
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physiological and metabolic reactions in long-term test series. Monitoring the
animals during one year showed good health and normal activity; hence, implanted
PHA sutures did not negatively affect the homeostasis of tested animals [38, 39].

Mechanical properties such as elasticity modulus, tensile strain, and tensile
strength of PHA like PHB and its composite materials are in a similar range to that
reported for bones; thus, these biomaterials hold promise for application as implant
materials, e.g. for femoral fractures. In comparison to surgically used polymers
such as PLA, poly(glycolate) (PGA), or PLGA, implants based on PHA have the
added advantage of not reducing the local pH value during in vivo degradation; this
lack of acidogenesis makes PHA well accepted by cells and the immune system.
As drawbacks, the low in vivo degradation rate of PHA-based implants and the
high crystallinity, especially of PHB, complicate the enzymatic degradation of the
implants, as shown by the remarkable recalcitrance of tiny bar-shaped PHB-based
femoral implants against in vivo degradation in living rats [40].

In the context of biomaterials used for implants, modern implantation surgery
often faces the problem of biomaterial-associated microbial infections, which
calls for the improvement of implant surfaces to prevent bacterial adhesion at
the start of biofilm formation. To overcome this issue, a recent study developed
drug-delivery systems consisting of antibiotic-embedding PHB and PHBHV for
coating titanium implants. A simple multilayer dip-coating technique was used for
optimal coating of the implants. Drug delivery, antibacterial effect, toxicity, and
cell adhesion were studied for individual coated implants. Both antibiotic-loaded
PHA coatings resulted in protection against microbial adhesion, and PHBHV
coatings displayed a better drug-release profile by faster degradation compared
to coatings with the homopolyester PHB. When coatings with different antibiotic
concentration per layer were used, a better controlled and more homogenous release
was noticed. Because the PHA coatings degrade with time under physiological
conditions, these new drug-delivery systems performed expediently not only by
preventing the initial bacterial adhesion, but also by inhibiting the subsequent
bacterial reproduction and biofilm formation, which serves for a prolonged drug
release [41, 42].

1.2.3.3 PHA for Tissue Engineering
“Tissue engineering” deals with the generation of vital tissues (either hard-tissue-
like bone and cartilage or soft-tissue-like skin and vascular grafts) to repair damaged
or dead tissues and organs; this can be accomplished by combining biomaterials,
cells, and bioactive compounds [43]. To perform as suitable tissue repairer, a
biomaterial needs two central characteristics: appropriate mechanical properties to
support organs during generation of new tissue and a surface topography allowing
adhesion and growth of cells. Here, “engineered scaffolds” support cell growth and
differentiation by mimicking the topography, spatial distribution, and chemical
environment of the natural extracellular matrix of the target tissue [44]. Because
of the high versatility of their mechanical properties, combined with excellent
biocompatibility and in vivo degradability, PHA biopolyesters are among the most
auspicious biomaterials for tissue engineering, and have been used to replace and
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heal different types of hard or soft tissue [34]; PHA-based tissue engineering is
described for restoring cartilage, skin, cardiovascular tissues, bone marrow, and
nerve conduits (for recent reviews, see references [34, 45–48]).

Laser-perforated biodegradable scaffold films of solvent-casted PHBHV were pre-
pared by Ellis et al. and studied for tissue repair performance. Generated pore sizes
were in the μm range, which allowed human keratinocyte cells to attach and prolif-
erate on the film surface; moreover, cells were able to penetrate pores and reach the
injured tissue. This advanced cell adhesion and expedient cell growth and migra-
tion, as anticipated in regenerative medicine, were mechanistically explained by the
authors by a considerably reduced crystallinity at the perforation edges [49].

In bone tissue regeneration, bioactive glass nanoparticles were embedded in PHA
microspheres by Francis et al.; it was shown that the surface topography of the micro-
spheres was beneficial for cell attachment and growth, and enhanced hydroxyapatite
growth rate if compared with not-PHA-coated bioactive glass nanoparticles, which
favors bone tissue repair. Moreover, these microspheres were loaded with the antibi-
otic gentamycin, which was slowly released during tissue growth [50]. These authors
also demonstrated the positive effect of nanosized bioactive glass particles embed-
ded in PHA microspheres pressed to films; these composites were used for wound
healing. This is based on the hemostatic effect of bioactive glass by releasing Ca2+

ions, which supports blood clotting. The authors reported that these novel PHA com-
posite microsphere films containing nanosized bioactive glass particles hold great
promise for wound healing including protective, blood clotting, and tissue regener-
ation properties; importantly, surface nanotopography of the composite microsphere
films has to be optimized [51].

Computer-aided wet spinning is a hybrid additive-manufacturing technique
to process polymers dissolved in organic solvents; it enables preparing scaffolds
of predefined geometry and custom-made internal architecture. This technique
was used by Puppi et al. to develop biodegradable stents consisting of poly(3-
hydroxybutyrate-co-3-hydroxyhexanoate) (PHBHHx)/PCL blends, which could
be used to heal small blood vessels. Morphological characteristics like pore size,
stent wall thickness, and others were adjusted during stent manufacturing by
fine-tuning the process parameters. While pure PHBHHx stents displayed excellent
radial elasticity, PCL stents revealed higher axial and radial mechanical strength.
Continued proliferation of human umbilical vein endothelial cells was demon-
strated by in vitro cultivations; moreover, when in contact with human blood,
exceptional resistance of the stents against blood clotting was shown [52].

Engineering of cartilage tissue by the aid of biopolymers like PHA was already
extensively investigated [53]. In this context, Deng et al. seeded rabbit articular carti-
lage chondrocytes on scaffolds consisting of PHB, PHBHHx, or blends thereof. After
four weeks of incubation, chondrocytes preserved their phenotype and proliferated
well on all tested biopolymer scaffolds, with superior results for the blends [54].
As shown by Zhao et al., particularly a PHBHHx content of 60 wt% in such blends
enhances mechanical properties compared to the pure biopolyesters; again, this
study confirmed enhanced growth and physiological function of chondrocytes
when using polymer blends [55].
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Lizarraga-Valderrama et al. prepared blends of PHB/poly(3-hydroxyoctanoate)
(PHO) blends to investigate their appropriateness as base materials for nerve
tissue engineering. Chemical, mechanical, and biological properties of PHB/PHO
blends were compared with neat PHB and PHO homopolyesters. As shown by
using NG108-15 neuronal cells, all tested blends were biocompatible; the blend
containing 25% PHO turned out as the best support material for cell growth and
differentiation, and revealed mechanical properties appropriate for its use as base
material for manufacture of nerve guidance conduits [56].

1.2.3.4 PHA as Drug Carrier Materials
The biodegradability of PHA under diverse environmental conditions makes
this biopolymer family expedient candidates for drug carriers. In this context,
extracellular enzymes like PHA depolymerases and not-that-specific biocatalysts
are excreted by various microbes, and degrade PHA into microbially convertible
substrates, namely small oligomers and monomers [28, 57, 58]. The drug-retarding
properties of PHA-based systems can be controlled primarily by their composition
on the monomeric level and their molecular mass. Additionally, PHAs have
already proved to have a substantial impact on the bioavailability of bioactive
compounds, enhanced drug encapsulation, and reduced toxicity in comparison to
other biodegradable polymers, as recently reviewed [34].

By an emulsification and solvent evaporation approach, Masood et al. prepared
randomly distributed PHBHV nanoparticles containing different 3HV fractions of
200–300 nm size and coated them with PVA. Here, Gram-positive Bacillus cereus was
used as production strain because this organism generates endotoxin-free PHBHV
biopolyesters. Importantly, these nanoparticles contained the antineoplastic drug
Ellipticine, which is used in cancer therapy. The high biocompatibility of PHBHV
nanoparticles not loaded with Ellipticine was demonstrated by in vitro cytotoxic-
ity tests; here, the “placebo” nanoparticles did not affect survival of cancer cells,
while Ellipticine-loaded PHBHV nanoparticles considerably inhibited their growth.
Remarkably, growth inhibition was even more pronounced than when using the free
(not encapsulated) drug; the authors proposed that supplying Ellipticine embed-
ded in nanoparticles increases its bioavailability, which in turn enhances the drug’s
cytotoxic effect [59].

As another example for use of PHA in drug delivery, Rhodamine-B-loaded
nanoparticles of random distributed PHBHHx copolyesters of a mean size of
about 150 nm were prepared by Wu et al. These nanoparticles were coated with
subcytotoxic concentrations of poly(ethylene imine) to assist attachment to and
uptake by different cell types. Cell response to this nanoparticle system was studied
in vitro and ex vivo. It was shown that the nanoparticles were transported along
endolysosomal cell compartments, the endoplasmic reticulum, and the Golgi
complex, without negatively affecting cell morphology or respiration [60].

The company Bio-On currently develops PHA nanoparticles to diagnose and treat
cancer. These nanoparticles simultaneously contain two different contrast media,
namely magnetic nanoparticles and gold nanocylinders, which can rapidly mark
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tumor mass by nuclear magnetic resonance (NMR). Moreover, these nanoparticles
can additionally contain chemotherapeutics to combat tumors [61].

1.2.3.5 PHA Biosynthesis Coupled to Bioremediation
Microbial PHA production is often coupled to parallel degradation of environmental
pollutants. This was demonstrated by Berezina et al. who studied the degradation
of benzoic acid as a key aromatic pollutant in bioremediation processes by Cupri-
avidus necator; metabolic pathways of the biodegradation were precisely analyzed.
The 2,3-dioxygenase pathway was shown to be responsible for benzoic acid degra-
dation by this strain; in batch setups, an initial concentration of benzoic acid should
not exceed 2.5 g/l, also in case of adapted cells. In repeated fed-batch experiments,
the transformation of a total of 43.7 g/l benzoic acid was achieved in 12 weeks; this
transformation was coupled to PHA biosynthesis [62].

Styrene is another toxic pollutant, which is typically found in plastic-processing
industry waste water. The bioconversion of this severe eco-pollutant styrene into
PHA by different microorganisms was demonstrated by Tan et al. Twelve new
isolates from the Pseudomonas genus turned out to degrade styrene and utilized it to
accumulate medium-chain-length-PHA (mcl-PHA) contents between 0.05 and
23.10 wt% in their biomass. Pseudomonas putida NBUS12 was the best perform-
ing strain among these isolates; it achieved a final biomass of 1.28 g/l and an
intracellular PHA content in biomass of 32.5 wt%. The mcl-PHA mainly con-
sisted of the monomers 3-hydroxyhexanoate (3HHx), 3-hydroxyoctanoate (3HO),
3-hydroxydecanoate (3HD), 3-hydroxydodecanoate (3HDD), and 3-hydroxytetra-
decanoate (3-HTD) [63]. In 2019, Goudarztalejerdi et al. isolated 15 different
PHA-accumulating strains, all belonging to the family of pseudomonads, from the
crude-oil-contaminated area to investigate their bioremediation potential of these
strains. Later, culture conditions were optimized for maximum biomass growth
and PHA production from crude oil. Under optimized cultivation conditions, the
best intracellular PHA fraction amounted to about 22 wt%. Based on their study,
the authors stressed that unfavorable environments such as areas contaminated
with crude oil can be rich sources of natural PHA producers. Such strains could
be used for bioremediation of crude-oil-contaminated sites, while in parallel they
accumulate PHA biopolyesters as side products of the process [64]. Similar studies
were carried out by Revelo Romo et al., who isolated 18 crude oil-degrading
bacteria with Class I, II, or IV PHA synthase genes, from oil-contaminated seawater
from the Bay of Tumaco at the Colombian coast. These isolates belonged to the
genera Pseudomonas, Bacillus, Halomonas, Alcanivorax, Stenotrophomonas, and
Haererehalobacter, a genus for the first time described to produce PHA in this
study, which presents new “hydrocarbonoclastic” marine organisms combining
PHA biosynthesis and bioremediation of marine oil spills [65].

In 2017, the company Bio-On announced that tests were successfully carried out
for bioremediation of oil slicks on ocean’s surface. Here, PHA powder is applied to
the oil film and acts as feedstocks for various microbes; inter alia, it nourishes those
organisms which are capable of hydrocarbon degradation [66].



16 1 Definitions and Types of Microbial Biopolyesters and Derived Biomaterials

1.2.3.6 Special Applications of PHA
More recently, PHA biopolyesters started entering the field of smart high-
performance materials. In this context, Janakiraman et al. studied the dielectric
and optical properties of pristine PHB films and of PHB films reinforced with
15–30% ZnO nanoparticles. The nanocomposite films showed improved relative
permittivity with adequate loss tangent which is greater than that of pure PHB
films. In addition, the nanocomposites showed high absorption in the UV region.
The prepared nanocomposites were suggested by the authors for use as dielectric
substrates for microwave applications, as coating material for LED encapsulation
to block UV radiation, or to develop UV-resistant materials in textile industry [67].
In the cosmetic and body care sector, PHAs find use in the form of microbeads
for peeling in emulsions like body and face scrubs, cleansers, toothpastes. Here,
PHAs replace microplastics made of, e.g. PE. As micro-sized powder particles,
only 5–20 μm in size, they give texture to additional creamy cosmetic products.
In this context, the lipophilic and hydrophobic nature of such micro-powder
PHA particles makes them especially interesting for skin care; beneficially,
they do not remove water from skin, but provide greasy skin a natural matt
appearance [68].

Smart adhesives are another field of future application for PHA. Here, nonwo-
ven films consisting of poly(3HB-co-4HB) were successfully tested in reducing
inflammation, improving the angiogenic properties of skin and enhancing the
wound-healing process in rat-model experiments. Presence of fibroblast cells on the
biopolymer films accelerated wound healing, vascularization, and regeneration;
it was shown that cells excreted proteins which formed a layer on the membrane
surface and supported the movement of epidermal cells from wound-surrounding
tissue [69]. Later, the adhesive properties of a mcl-PHA consisting of at least five
different monomers, produced by the strain Pseudomonas chlororaphis from crude
glycerol phase from the biodiesel production, were recently demonstrated by Pereira
et al.; this semi-crystalline material revealed very low melting temperature Tm
(44 ∘C) and glass transition temperature Tg (−48 ∘C). Films made of this mcl-PHA
were translucid, highly elastic, water repellent, relatively permeable to O2 and CO2,
and demonstrated excellent adhesion properties toward skin, which makes them
potential candidates for a new class of natural adhesives for wound dressings or
closure [70].

Currently, PHA has also started penetrating the toy sector. In 2018, the company
Bio-On started commercializing their so-called Minerv Supertoys, which are
LEGOTM -like toy bricks made of stained PHA [71].

1.2.3.7 Application of PHA’s Follow-Up Products
Hydrolysis of PHA generates a cocktail of stereochemically pure R(−)-bifunctional
hydroxyalkanoates (note: in natural PHA, no S(+)-configurated monomers are
found!); these can act as synthons for synthesis of industrially relevant fine
chemicals like fragrances, pheromones, aromatics, antibiotics, or vitamins; some
hydrolysis products even serve as pharmaceuticals [72]. As an example, 3HB
and its oligomers are important for therapeutics by promoting cell proliferation
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and avoiding necrotic death of cells. 3HB, a natural ketone body of nutritional
importance [73], seems to play a pivotal role in maintaining the intraocular pres-
sure [74], and was also used as carbon and energy source to prevent protein loss
for obese patients exposed to therapeutic starvation [75], or as intravenous glucose
substitute to restore the nitrogen balance after cholecystectomy surgeries [76].
Currently, methyl esters of PHA monomers are applied as drug in Alzheimer’s
disease therapy; here, 3HB-methyl ester is converted by cells as an alternative to
glucose, which overcomes hypoglycemia and mitochondrial damages in cerebral
cells [77]. Typically, PHA follow-up compounds are by far more expensive than
the polyesters themselves because their production via chemical alcoholysis is not
economical. Therefore, methods for in vivo depolymerization of intracellular PHA
by altering the activities of intracellular enzymes were developed [78]; PHA accu-
mulated in cells gets rapidly hydrolyzed at drastically increased PHA depolymerase
activity, which can be provoked by rigorously decreased pH-value, which stops
R(−)-3HB dehydrogenase activity; pure R(−)-3HB is excreted by the cells into the
medium [79].

In 2019, Bio-On has patented a cigarette filter containing a liquid follow-up
product of PHA to replace triacetin. The patent claims that this new filter sys-
tem can retain up to 60% of dangerous reactive oxidative species from tobacco
smoke [80]. Completely different PHA follow-up products were presented by Zhang
et al., who, via acid methanolysis, converted PHB and mcl-PHA to methyl esters of
the corresponding building blocks. These products were tested as potential novel
“biofuels” by comparing their combustion heats with established fuels and fuel
additives like gasoline, ethanol, or 1-butanol. It was shown that combustion heats
of 3-hydroxyalkanoate methyl esters amounted to 20–30 kJ/g, which is in the same
range like reported for ethanol (27 kJ/g) [81]. Soon, these researchers showed that
addition of 3HB-methyl ester to gasoline outperforms the addition of ethanol in
terms of oxygen content, flash point, boiling point, and dynamic viscosity, and
blending of gasoline with about 10% 3HB-methyl ester resulted in only insignificant
reduction of the octane number [82]. It is of importance that PHA used for this
purpose does not need high polymer quality or purity; on large scale, it should
therefore be produced in simple, inexpensive, nonsterile setups by mixed microbial
cultures using sewage water as substrate [81].

Mcl-PHA consisting of C6–C12 (3-hydroxyhexanoate to 3-hydroxydodecanoate)
monomers was accumulated by P. chlororaphis when supplied with rapeseed oil;
the biopolyester was extracted by Cerrone et al. using acetone as solvent, and
subjected toward acidic methanolysis, generating a mixture of fatty acid methyl
esters, which were subsequently reduced by NaBH4 to corresponding 1,3-diols. Both
alcohol groups of these diols were sulfated by chlorosulfonic acid; this generated
alkyl-1,3-disulfates, which turned out to act as expedient anionic biosurfactants,
with considerably better performance in surface tension tests, wettability, very low
specific critical micelle concentration, and formed foam of higher stability and
volume when compared with the established not-biological-surfactants sodium
dodecyl sulfate (SDS), sodium alkyl disulfate mixture (SADM), and sodium
dodecyldisulfate. According to the authors, use of this PHA-based biosurfactant
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instead of established products contributes to reduce the current use of palm oil for
detergents production [83].

Typically, high PHA synthesis rates are observed for cultures exposed to limita-
tion of an essential nutrient medium component, typically nitrogen or phosphate,
while at the same time, an exogenous carbon source needs to be present in excess.
As their primary biological function, PHAs serve the microbial production strains
as carbon-rich reserve compounds to better survive periods of starvation, and as
“pseudo-fermentative” electron sinks serving for the regeneration of reducing equiv-
alent in situations when central metabolic pathways (e.g. the tricarboxylic acid cycle,
TCC, or nucleic acid biosynthesis) are blocked [84].

In addition, a range of further functions of PHA were more recently revealed, such
as their protective role against stress factors [85] like elevated temperature [86], UV
irradiation [87], challenging freezing and thawing cycles [88], heavy metals [89], or
oxidative stress [86, 90]. A recently reported integrated electromicrobial experiment
evidenced that PHA is produced by microbes to an increasing extent as a protective
reaction to the sudden generation of reactive oxygen species (ROS) [91]. In the con-
text of halophilicity, hence, the adaptation of organisms to high salinity, presence of
PHA in living cells was shown to support them to overcome the detrimental effects of
osmotic up-shock [92] or sudden osmotic imbalances in general [93], which explains
their frequent occurrence in haloarchaea typically thriving in extremely saline
habitats [94].

1.2.4 PHA Granules Are More than Simple Bioplastic Spheres

Inside the microbial cell, PHA is organized in the form of complex granular
inclusion bodies, which are currently understood as complex de facto organelles
(“carbonosomes”). Center of these PHA granules is a hydrophobic core region
consisting of the PHA biopolyesters chains; this hydrophobic core is coated by
different granule-associated enzymes and other proteins [33, 95]. The most signif-
icant ones among these proteins are PHA synthase (PhaC), PHA depolymerase
(PhaZ), the repressor protein (PhaR), and different PHA phasins (PhaP) (formerly
simply termed as “PHA-granule-associated proteins”), which are a versatile group
of structural proteins. In the meanwhile, it was elucidated that phasins determine
the intracellular number, size, and location of PHA granules; it was shown that
higher activity of phasins in a cell results in a higher number of granules, albeit of
smaller size [96, 97]. While the role of phasins in PHA biosynthesis in free-living
bacteria is already well understood, their contribution in the symbiosis between
PHA-accumulating bacteria and associated plants was only recently elucidated by
Sun et al. For Shinorhizobium sp., a bacterial microsymbiont of the legume plant
Vigna unguiculata, especially phasin PhaP2, turned out to dominate the regulation
of PHA granule size both in free-living cells and cells cultivated under symbiotic
conditions. Importantly, when testing a total of four different phasins (termed
PhaP1-4), the authors showed that these proteins are involved in a number of
additional intracellular processes different from PHA formation [98]. Figure 1.8
illustrates the organization of intracellular, native PHA granules.
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Figure 1.8 Organization of native PHA granules in living cells of C. necator.

More recently, it was demonstrated by microscopic observations and footprint
area analysis of PHA-containing cells that the number of PHA granules per cell and
the granule size in cells of a microbial culture are highly dependent on the metabolic
state of the culture and the environmental conditions, as shown for cells cultured
in a multistage continuous process with different nutritional conditions in each
individual stage, ranging from balanced growth conditions via conditions prevailing
during the transition between growth and PHA accumulation phase, until a stage
where cells are exposed to carbon source excess and long-term nitrogen deprivation.
During balanced biomass growth, cells containing rather small granules were
predominately formed, whereas under ongoing PHA accumulation conditions,
both the maximum and the average sizes of PHA granules increased, until a
maximum size limit, predetermined by the intracellular steric conditions in the
cells, was reached. Additionally, the number of granules per cell decreases with
increasing residence time and long-term exposure of cells to nitrogen limitation in
the multistage bioreactor cascade [99].

Regarding the distribution of PHA granules during binary cell division between
two daughter cells, it was for a long time believed that this distribution occurs in
parallel with the nucleic acids; hence, both daughter cells were supposed to con-
tain similar quantities of PHA granules. For example, Galán et al. suggested that
the nucleoid-associated phasin PhaF, which has a DNA-binding and a PHA-binding
domain, was responsible for the intracellular localization and homogenous segrega-
tion of PHA granules together with the two new chromosomes upon cell division in
P. putida KT2442 [100]. This assumption was fundamentally revised in 2017, when
Karmann et al. discovered by flow cytometry that dividing cells of P. putida KT2440,
when exposed to carbon-limited conditions, separate in an asymmetric way into
two “sub-populations,” one containing high amounts of PHA granules, and one
being almost PHA-free. This is in contrast to the expected behavior of cells under
carbon-rich conditions, when PHA granules were homogenously distributed in all
cells of a culture. Hence, cells of this organism display a “bi-stable” behavior under
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conditions favoring PHA depolymerization, which might be caused by PHA-free
cells growing faster by consuming PHA monomers released from PHA-degrading
cells [101].

1.2.5 A Short Overview of the Metabolism of PHA Biosynthesis
and Degradation

1.2.5.1 The Key Enzymes for PHA Biosynthesis
The principles of the enzymatic apparatus responsible for microbial PHA biosynthe-
sis and intracellular degradation are already well described [84]. After uptake by the
cells, carbon sources, e.g., sugars, glycerol, and fatty acids, undergo degradation via
pathways like glycolysis, the 2-keto-3-desoxy-6-phosphogluconate (KDPG) pathway,
and pyruvate decarboxylation. Resulting end products, in many cases the central
metabolite acetyl-CoA, are converted to ketoacyl-CoA (=oxoacyl-CoA) thioesters
(“fatty acid-CoA”), the most common among them being acetoacetyl-CoA, which
is generated by condensation of two acetyl-CoA molecules, a reaction catalyzed by
the key enzyme 3-ketothiolase, a transferase dependent on the cofactor potassium
(EC 2.3.1.9, a.k.a. acetyl-CoA−acetyltransferase (ACAT) or Thiolase II; formerly also
known as β-ketothiolase) [84].

In a next step, the ketoacyl-CoA thioesters get reduced by NADPH-dependent
oxoacyl-CoA reductases (mainly the oxidoreductase acetoacetyl-CoA reductase; EC
1.1.1.36); by this reaction, the corresponding (R)-hydroxyacyl-CoA thioesters are
formed. In analogy to ethanol formation by reduction of the intermediate acetalde-
hyde in yeasts, this reaction regenerates the oxidized form of reduction equivalents
(NADP+); therefore, this reductive step in PHA biosynthesis is understood as a
“pseudo-fermentation.” Lastly, PHA synthases (PHA polymerases; EC 2.3.1.x) get
on the scene; these enzymes, belonging to the group of acyltransferases, catalyze
the polymerization of (R)-hydroxyacyl-CoA thioesters to polyesters; free CoA is
regenerated. Notably, the genes encoding 3-ketothiolase (phaA), acetoacetyl-CoA
reductase (phaB), and PHA synthase (PhaC) are organized together on one single
operon called PhaCAB (reviewed by Braunegg et al. [84]).

1.2.5.2 Factors Impacting PHA Synthases Activity
Generally, high intracellular adenosine triphosphate (ATP), NAD(P)H, and
acetyl-CoA concentrations and low free CoA pools are beneficial for the activity of
earlier discussed enzymes involved in PHA biosynthesis. These conditions exist, e.g.,
when the TCC or other central metabolic routes (e.g., those generating nucleotides
needed for biosynthesis of DNA, RNA, and adenosine phosphates) cannot work
because of the absence of a growth-essential growth factor (e.g., nitrogen source,
phosphate, oxygen, and sulfur) [84]. Nowadays, the classification of PHA synthases
into four classes (I–IV) is generally recognized by the scientific community [102].

PHA synthases belonging to Class I and Class II are enzymes composed of only
one subunit type (PhaC); molecular masses of these enzymes range between 61 000
and 73 000. According to their substrate specificity in vivo and in vitro, Class I
PHA synthases, e.g., the Class I PHA synthase found in the best described PHA
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production strain C. necator, accepts different (R)-hydroxyacyl-CoA thioesters,
which contain an acyl group with 3–5 carbon atoms; 3-hydroxybutyryl-CoA,
3-hydroxyvaleryl-CoA, and 4-hydroxybutyryl-CoA are the most important repre-
sentatives. This is different to Class II PHA synthases found in prototype organisms
like P. putida or Pseudomonas aeruginosa; Class II PHA synthases favorably use
such (R)-hydroxyacyl-CoA thioesters as substrates, which contain an acyl group
consisting of 6–14 carbon atoms; mcl-PHA is formed by these enzymes. Such longer
(R)-hydroxyacyl-CoA thioesters are typically formed by β-oxidation of fatty acids.
This β-oxidation first produces (S)-3-hydroxyacyl-CoA; since the PhaC subunit is
highly stereospecific and requires (R)-isomers as substrates, these (S)-enantiomers
cannot be directly polymerized to mcl-PHA. Therefore, specific isomerases convert
the (S)- into the (R)-isomers, which act as substrates for Class II synthases [102].

Class III PHA synthases, such as those found in Allochromatium vinosum as
the prototype strain, are enzymes consisting of a PhaC subunit with an amino
acid sequence with about 21–28% similarity to the sequence in Class I and II
PHA synthases, and of a PhaE subunit with an amino acid sequence considerably
different to those found in Class I or II PHA synthases. Similar to Class I, such
Class III PHA synthases preferentially polymerize (R)-hydroxyacyl-CoA thioesters
with acyl groups containing 3–5 carbon atoms [102]. As a more recently introduced
group, Class IV PHA synthases catalyze PHA biosynthesis especially in Bacilli; by
consisting of two subunits, they are of similar structure to Class III PHA synthases,
but the PhaE subunit is replaced by the PhaR subunit, which has a lower molecular
mass (reviewed by Tsuge et al. [103]).

1.2.5.3 Intra- and Extracellular PHA Depolymerization
Intracellularly, PHA can be depolymerized by the catalytic action of intracel-
lular depolymerases of the hosting strain; cells resort to the carbon and energy
content of their storage compound PHA by mobilizing it when no convertible
exogenous carbonaceous nutrients are available. Intracellular PHA degradation
is initiated by the reaction catalyzed by PHA depolymerases, which generates
monomeric (R)-3-hydroxyalkanoates and their oligomers; (R)-3-hydroxybutyrate
dehydrogenase (EC 1.1.1.30), an oxidoreductase, reversibly oxidizes them to
acetoacetate, which next gets converted to acetoacetyl-CoA by the catalysis of the
transferase acetoacetyl-CoA synthetase (EC 2.3.1.194). Finally, acetoacetyl-CoA is
hydrolyzed to the central metabolic compound acetyl-CoA by the reversible enzyme
3-ketothiolase, which was already introduced earlier as the enzyme catalyzing the
condensation of two acetyl-CoA molecules during PHA biosynthesis [27].

Besides intracellular PHA depolymerases needed to keep the intracellular cycle of
PHA biosynthesis and degradation running, also extracellular PHA depolymerases,
required for PHA biodegradation by other organisms, are reported; they catalyze
biodegradation and composting of PHA (reviewed by Yutaka and coworker [28]).
In a nutshell, intracellular depolymerases display higher substrate specificity,
while their extracellular counterparts constitute rather unspecific hydrolytic
enzymes (esterases), which also occur in many fungi. Notably, intracellular PHA
depolymerases do not hydrolyze isolated, extracellular PHA, while extracellular
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depolymerases, when expressed in vivo, are not able to hydrolyze intracellular
granules, since there exist considerable differences in the physical structures of
intact, native intracellular granules and denatured extracellular PHA, especially
regarding the different crystallinities [28]. In addition, depolymerization of intra-
cellular PHA to a certain extent takes place simultaneously to PHA biosynthesis,
even under conditions which are beneficial for PHA formation (excess carbon
source in parallel to nutrient deprivation). This results in a steady assemblage
and disassembly of PHA in living cells; hence, a permanent modification of the
polyester chains, the frequently cited “cyclic nature of the PHA metabolism,”
occurs [104]. Yet, under conditions advancing PHA biosynthesis, intracellular
PHA depolymerases reveal drastically lower activity than the activity measured
at the same time for PHA synthases. If intracellular PHA depolymerases are not
active at all, which happens in the case of recombinant Escherichia coli containing
PHA synthesis genes (PhaCAB), but no PHA depolymerases-encoding genes,
ultra-high-molecular-mass PHA can be produced by the cells [105]. This effect was
also demonstrated when inactivating (knocking out) PHA depolymerase in the
Azotobacter vinelandii genome, which resulted in the generation of PHA of highly
uniform molecular mass [106].

In 2004, Choi et al. demonstrated the high impact of PHA crystallinity on
extracellular degradability. These authors produced PHBHV with different 3HV
fractions by cultivation of the strain Alcaligenes sp. MT-16 on glucose plus the 3HV
precursor levulinic acid. It was shown that increasing 3HV fractions in PHBHV
samples drastically decreased the polyesters’ crystallinity, which resulted in faster
extracellular degradation when incubating the polyesters in solutions of extracellu-
lar PHA depolymerase from Emericellopsis minima W2. Enzyme-free degradation
experiments carried out for 20 weeks with the same polyesters in alkaline medium
did not show any degradation at all [107].

In addition, it was shown that all discovered PHA depolymerases are specifically
hydrolyzing the oxoester bonds of PHA, while thioester bonds in polythioesters
(PTEs), a group of sulfur-containing PHA analogues, are not cleaved by these
enzymes [108]. PTE copolyesters of 3-hydroxyalkanotes and 3-mercaptoalkanoates,
such as poly(3HB-co-3MP) or poly(3HB-co-3MB), are biosynthesized when supply-
ing PHA producers like C. necator precursor substrates accessible only chemically,
such as 3-mercaptobutyrate (3MB) or 3-mercaptovalerate (3MV), in addition to glu-
conate as main carbon source [109]. These copolyesters were shown to be degraded
by only a limited number of bacteria like Schlegelella thermodepolymerans [110],
while for poly(3-mercaptopropionate) (P3MP) and other PTE homopolyesters,
which are accessible by cultivating recombinant E. coli on appropriate precursor
substrates, no degradation was observed at all, even when exposing the polyester
to soil, compost, or activated sludge for half a year [111]. Figure 1.9 provides a
schematic illustration of the simplified PHA biosynthesis and biodegradation
pathway starting from diverse renewable resources.
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1.3 Types of PHA Biopolyesters

1.3.1 The “PHAome” Describes the High Complexity and Versatility
of Natural PHA

The designation “PHAome,” analogous to an organism’s “genome,” “proteome,”
“lipidome,” “transcriptome,” or “metabolome,” was introduced in the scientific
literature by Chen and Hajnal; the “PHAome” describes the complexity of PHA,
which can occur at the same time in a studied microbial sample [112]. This
complexity of PHA encompasses its monomeric composition (PHA homopolyesters
vs. PHA heteropolyesters, see Section 1.2.2; scl-, mcl-, or lcl-PHA, see Section
1.3.2), microstructure (here, we distinguish between random distribution or blocky
structure of heteropolyesters, and the occurrence of intracellular polyester blends;
see Section 1.2.4), and molecular mass distribution of the individual PHA molecules
(low-molecular-mass PHA, high-molecular-mass PHA, ultra-high-molecular-mass
PHA) in a biological sample [113].

1.3.2 PHA Homo- and Heteropolyesters

For the manifold possible usages on the plastic market, such as packaging, biomed-
ical applications, or use in smart technologies, PHA biopolyesters not only need to
be manufactured in a cost-efficient way; beyond that, these biopolymers also have to
meet the quality standards and material performance known for plastics from petro-
chemistry in order to seriously compete with them. A multitude of differently assem-
bled PHA homo and heteropolyesters are described, accumulated either by wildtype
microbes, genetically modified organisms, or even in vitro by isolated PHA-synthesis
enzymes.

Depending on the number of distinct building blocks, hence, monomers present
in a PHA polyester, it is possible to distinguish PHA homopolyesters from PHA het-
eropolyesters. Homopolyesters contain only one single monomer type, with PHB,
an isotactic, linear, thermoplastic polyester, being the most prominent and by far the
best studied example. Heteropolyesters in turn are divided into copolyesters consist-
ing of two different types of monomers (PHBHV being the best studied example) and
terpolyesters (generally: three different building blocks; sensu stricto: three different
building blocks with differences both in the length of the side chain and the back-
bone of the individual monomers) [113]. More recently, also quarter-polyesters with
four different monomers (typically 3HB, 3HV, 4HB, and 3HHx) were introduced in
the scientific literature as a new PHA group; these materials reveal excellent material
properties in terms of processability and flexibility [114].

1.3.3 Scl-, Mcl-, and Lcl-PHA and Their Characteristics

A limited range of PHA monomers belong to the group of short-chain-length-PHA
(scl-PHA) building blocks; this group encompasses all PHA monomers with three
to five carbon atoms, with the chiral monomers (R)-3-hydroxybutyrate (3HB) and
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(R)-3-hydroxyvalerate (3HV), and the achiral monomers 4-hydroxybutyrate (4HB)
and, to a minor extent, 3-hydroxypropionate (3HP) being the most important rep-
resentatives [113]. In contrast, medium-chain-length and long-chain-length-PHA
(mcl-PHA and scl-PHA, respectively) building blocks describe those monomers hav-
ing six to 14 (mcl-PHA) or more than 14 (lcl-PHA) carbon atoms. Representatives of
scl-PHA are typically crystalline, often brittle thermoplastic materials with narrow
melting temperature ranges, and low flexibility expressed as elongation at break;
the homopolyester of 4HB and 4HB-rich copolyesters of 3HB and 4HB are excep-
tions in this group by having high flexibility and decreased crystallinity. Mcl- and
lcl-PHA, in contrast, are latex-like resins; hence, they have the characteristics of typ-
ical elastomers with a low glass transition temperature, low crystallinity, typically
broad melting temperature ranges, and often considerably lower molecular masses
than those observed for scl-PHA [115]. Figure 1.10 illustrates the composition of scl-,
mcl-, and lcl-PHA based on the general structure of PHA biopolyesters.

1.3.3.1 Scl-PHA
In the case of scl-PHA, high Tg (typically at least 0 ∘C), sharp melting points of even
more than 180 ∘C for highly crystalline PHB, and high-molecular mass are char-
acteristic material features of scl-PHA [116]. Generally, lower polydispersity (-D),
describing molecular mass distribution in a PHA sample, is found in the case of
mcl-PHA than for scl-PHA, which means that scl-PHA have a narrower distribution
of PHA chain length in an investigated sample [117].

PHB, the homopolyester of 3HB, is by far the best studied member scl-PHA and
the entire PHA family. PHB was discovered about 90 years ago [118], and, until 1974,
it was believed to be the only natural PHA accumulated by microorganisms. Since
PHB is highly brittle, has a high melting point (up to 180 ∘C), and high crystallinity
(Xc; typically 60–70%), its application, especially for flexible packaging, is not
feasible. In 1974, Wallen and Rohwedder isolated microorganisms from samples
of sewage water and noticed that the characteristics of the PHA accumulated by

n = 0, 1, or 2, and R = H, CH3, or C2H5:
e.g.:
n = 1 and R = CH3:    3-hydroxybutyrate
n = 1 and R = C2H5:  3-hydroxyvalerate
n = 2 and R = H:       4-hydroxybutyrate
(n = 0 and R = CH3:   lactic acid

n = 1, and R = C3H7 to C11H23:
e.g.:
n = 1 and R = C3H7:  3-hydroxyhexanoate
n = 1 and R = C5H11: 3-hydroxyoctanoate
n = 1 and R = C7H15: 3-hydroxydecanoate

n = 1, and R = C8H17 or longer:
e.g.:
n = 1 and R = C8H17:  3-hydroxypentadecanoate
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Figure 1.10 Composition of scl-, mcl-, and lcl-PHA based on the general structure of PHA
biopolyesters. The * in the graphic indicates chiral centers.
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these species were substantially different than known for the homopolyester PHB;
especially the low Tm of less than 100 ∘C was unexpected. It was revealed that
the PHA contained not only 3HB, but also 3HV monomers [119]. For production
of PHBHV copolyesters instead of PHB homopolyester, most described scl-PHA
production strains, e.g. C. necator, need to be supplied with precursor cosubstrates
structurally related to 3HV. This was first demonstrated by simultaneously sup-
plying Alcaligenes eutrophus (today: C. necator) with butyric acid (3HB precursor)
plus valeric acid as 3HV precursor. Feeding valeric acid as the only carbon source
resulted PHA consisted of up to 90% of 3HV [120].

4HB is the only thoroughly studied achiral building block in microbial PHA.
4HB-containing PHA was first detected when supplying C. necator butyric acid
and the 4HB-precursor compounds 4-hydroxybutyric acid or 4-chlorobutyric acid,
while supplying butyric acid as sole carbon source resulted in PHB homopolyester
biosynthesis. Especially a drastically decreased crystallinity was observed when
increasing the 4HB fraction in poly(3HB-co-4HB) [121]. The effect of varied 4HB
fractions in poly(3HB-co-4HB) on Tm, Tg, and storage modulus was also studied,
revealing that all these parameters decreased when increasing the 4HB share.
While yield stress and breaking stress only slightly decrease with increasing 4HB
fraction, the elongation at break strongly increases, making these materials highly
flexible and elastic. Material features of the homopolyester poly(4HB) are entirely
different to those of other scl-PHA like PHB or poly(3HB-co-3HV); poly(4HB) has
an enormous elongation at break (up to 1000%), is highly flexible and stretch-
able, and of interest for surgical applications [122]. In this context, the company
Tepha, Inc., USA, produces and commercializes various PHA-based biomedical
products such as sutures or bioresorbable surgical threads; TephaFLEX® sutures
consisting of poly(4HB) are approved by the US Food and Drug Administration
(FDA) [123].

1.3.3.2 Mcl-PHA
Mcl-PHA contain monomers with 6–14 carbon atoms and are less crystalline than
scl-PHA. Some mcl-PHA even contain monomers with functional (e.g., olefinic)
groups; this paves the way for postsynthetic modification as a tool to adapt PHA’s
properties. Mcl-PHA samples often look like rubbers or biological latexes; since
their Tg values are remarkably low, they are highly amorphous materials with struc-
tures which do not easily crystallize and do not become brittle even far below the
freezing point. P. putida (formerly Pseudomonas oleovorans) is the most frequently
used mcl-PHA production strain; it incorporates also functionalized (epoxy-group
harboring, halogenated, unsaturated, etc.) building blocks into mcl-PHA when
supplied with appropriate functionalized precursor compounds [115, 124].

Mcl-PHA synthesis occurs via fatty acid β-oxidation of substrates, generating
a mixture of different (S)-acyl-CoAs, which are isomerized to the (R)-isomers;
these are polymerized toward mcl-PHA copolyesters [125]. Alternatively, mcl-PHA
production also occurs via fatty acid de novo synthesis from structurally unrelated
substrates like sugars or glycerol [126]. Different to β-oxidation, fatty acid de novo
synthesis directly provides the (R)-isomers of acyl-CoAs. In this context, it was
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only recently reported by Sathiyanarayanan et al. that the psychrophilic species
Pseudomonas sp. PAMC 28620, isolated from Arctic glacier fore-field soil, accu-
mulates the mcl-PHA poly(3HTD-co-3HDD-co-3HD-co-3HO) with high mcl-PHA
contents in biomass of more than 50 wt% when using glycerol as sole carbon
source [127].

1.3.3.3 Lcl-PHA
Reports on lcl-PHA, polyesters containing building blocks with more than 14 car-
bon atoms, are still scarcely described. Barbuzzi et al. reported the first study on a
3-hydroxypentadecanoate (3HPD)-containing PHA by detecting low 3HPD fractions
of 2% in PHA produced by P. aeruginosa ATCC 27853 grown on pentadecanoic acid
as sole carbon source [128]. The up-to-date longest PHA building block found in
microbial PHA, 3-hydroxyoctadecanoate (3HOD), was detected by Ray and Kalia,
who produced PHA copolyesters containing 3HD, 3HHD, and 3HOD by cofeed-
ing Bacillus thuringiensis EGU45 with glucose, CGP, and propionate [129]. A more
recent report describes lcl-PHA production when cultivating C. necator IPT027 on
the inexpensive carbon source crude palm oil rich in unsaturated lipids. This lcl-PHA
contained mainly 3HD besides several other saturated and unsaturated monomers
with 18 carbon atoms; it was highly amorphous with high thermal stability and low
polydispersity [130].

1.3.4 Microstructure of PHA Heteropolyester

Besides the type of monomers present in PHA, one can also differentiate diverse
types of PHA regarding their microstructure. In this context, intracellular polymer
blends display mixtures of different homo- or heteropolyesters present in microbial
cells; such blends can often be fractionated by enhanced solation techniques and
typically show multiple melting endotherms in DSC thermograms. The blends can
consist of fractions of heteropolyesters with different fractions of given monomers
and/or of fractions of PHA with strongly different molecular mass (reviewed by
Tripathi et al. [131]).

In addition, heteropolyesters can either display random distribution of the build-
ing blocks or consist of different homo- or heteropolyester blocks (“blocky structured
PHA” – “b-PHA”) (Figure 1.11). Chains of b-PHA comprise a minimum of two
distinctive polymer sections (blocks), which are covalently linked. Properties of each
block contribute to the properties of the entire polyester, which paves the way toward
novel polymer properties, which are not reachable by simply blending polymers with
the composition of the individual bocks. Diblocks like [3HB]x−[3HV]y, triblocks
like [3HB]x−[3HV]y−[4HB]z, or repeated multiblocks like [3HB–3HV] can be dif-
ferentiated [131]. Recently, b-PHA production has increasingly fascinated polymer
scientists, firstly, because of the outstanding controllability of polymer properties
during their biosynthesis, and, secondly, since the processes and properties are
better reproducible if compared to PHA of random distribution. In addition, b-PHA
are not so prone to polymer aging by progressing crystallization, as shown for the
diblock copolymer poly(3HB-b-3HHx) [132]. Moreover, novel diblock copolymers
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Figure 1.11 Schematic of PHA homopolyester (left polymer chain; the polyester
represents PHB), poly(3HB-co-3HV) with random distribution (middle polymer chain), and
blocky structured poly(3HB-b-3HV). Spheres represent 3HB building blocks, pentagons 3HV.

of PHB, PHBV, or PHO and atactic PHB (chemically produced) were developed
and appeared promising for use as blend compatibilizers for cardiovascular
engineering [133].

Practically, b-PHA are produced by living cells when supplying them subse-
quently with one type of carbon substrate after depletion of another, both acting as
precursor compounds for the monomers building the individual PHA blocks [134].
Especially dual nutrient-limited conditions mentioned earlier, where both carbon
and nitrogen sources are supplied at low concentrations, which enables their
immediate uptake by the cells, are convenient to generate b-PHA [134]. Such pro-
cesses can be efficiently performed in continuous bioreactors; in case it is desired to
generate a b-PHA composed of a series of different blocks, a continuously operated
multistage cascade of bioreactor should be the most appropriate engineering setup
to generate such tailor-made PHA by strict sequence regulation (idea originally
proposed in [135]).

The most recent development in the field of b-PHA deals with production of the
diblock copolyester poly(2-hydroxybutyrate-b-3-hydroxybutyrate) [P(2HB-b-3HB)]
in genetically engineered E. coli from exogenous 2HB and 3HB. 2HB is a definitely
unusual PHA-building block which, like other 2-hydroxy compounds like lactate
and glycolate, was never found in products of any natural PHA synthase. However,
2HB was incorporated in the recombinant E. coli PHA by transforming the strain
with genes encoding a “chimeric” Class I PHA synthase, consisting of the N-terminal
part of Aeromonas caviae PHA synthase, and the C-terminal part of C. necator PHA
synthase, 3-ketothiolase, acetoacetyl-CoA reductase, and the 2HB-CoA supplying
lactate dehydrogenase and CoA transferase. As substrates, hydrophobic amino acids
were supplied; among them, utilization of valine and cofeeding of valine and threo-
nine resulted in P(2HB-b-3HB) biosynthesis [136].
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1.3.5 Factors Determining the Molecular Mass of PHA

1.3.5.1 General Aspects of PHA Molecular Mass
Generally, the mechanical properties, such as tensile strength, and the processability
of PHA biopolyesters are better in case of high-molecular mass. During PHA biosyn-
thesis, some factors are decisive for and directly impacting the molecular mass, pre-
dominantly the production strain, the selected carbon source, the concentration and
activity of PHA synthases, the type of PHA synthase, the degree of intracellular PHA
biosynthesis taking place in parallel with PHA biosynthesis, and the occurrence of
chain transfer reactions between the PHA synthase enzyme and the growing PHA
chains. The influence of these factors on molecular mass of PHA was studied both in
living microbial cells and in in vitro experiments [137]. Due to the high importance
of PHA molecular mass for its postsynthetic processing, the subsequent paragraphs
are dedicated to this topic in a rather detailed fashion.

As a general rule, scl-PHA display higher molecular mass than mcl-PHA; typi-
cally, scl-PHA produced by the most important eubacterial scl-PHA producers like
C. necator, Azohydromonas lata, Burkholderia sacchari, or Haloferax mediterranei
have weight-average molecular mass (Mw) in the range of some 100 000 or even more
than 1 000 000, while Mw of mcl-PHA produced by Pseudomonades is typically below
100 000. In addition, polydispersity (-D), hence, the uniformity of molecular mass of
polymer chains in a given sample, expressed as the ratio of Mw and number-average
molecular mass (Mn), is generally higher for mcl-PHA than for scl-PHA [113].

1.3.5.2 Impact of PHA Synthase Activity on PHA Molecular Mass
Already in 1995, Koizumi et al. noticed an increase in Mn during the course of PHA
biosynthesis in nitrogen-limited C. necator cultures. After reaching a maximum
value of about 100 000, Mn dropped again. The authors developed a mathematical
model, which involves a chain transfer agent, which acts as “mediator” between
the synthases and the polymer chains [138]. Moreover, it was demonstrated for
photosynthetic purple sulfur bacteria that, even for nitrogen-limited cultures,
PHA of high-molecular mass is obtained at low mRNA levels of PhaC (encoding
PHA synthase) and PhaZ (encoding PHA depolymerase) genes, which causes
low concentration of respective enzymes in the cells; hence, the expression level
of PHA-related enzymes strongly impacts PHA molecular mass [139]. Similar
findings were recently made for PHA production by A. vinelandii; typically, Mw
of PHA produced by this organism decreases after longer cultivation, while the
lower molecular mass PHA fraction increases. Adaya et al. reported that for a
PhaZ-negative strain of A. vinelandii, hence, a mutant lacking PHA depolymerase
activity, Mw did not decrease, and low-molecular mass PHA fractions did not
occur, but a higher intracellular PHA content was observed [106]. In this context,
the mutant strain A. vinelandii OPNA was only recently used in 30 l pilot-scale
experiments for PHA biosynthesis via fed-batch feeding of sucrose as carbon source.
The produced biopolyester revealed an ultra-high-molecular-mass Mw of about
5.7× 106 when using a novel recovery method based on ethanol extraction and
precipitation, and washing the obtained PHA with acetone; recovering the product
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by conventional techniques based on halogenated compound resulted in Mw of not
even 10% of this value [140].

Activity of PHA synthase, as typical for an enzyme, is dependent on several envi-
ronmental factors, such as temperature, pH-value, or salinity. In this context, it was
shown only recently that the halophilic eubacterial strains Halomonas neptunia and
Halomonas hydrothermalis produce, when using waste cooking oil as inexpensive
carbon source, PHA with a Mw dependent on the salinity of the cultivation medium;
for both strains, higher molecular mass was obtained at maximum tested salinity
(100 g/l NaCl), while for both organisms, polydispersity -D did not show any depen-
dence on salinity. Importantly, these high salinity values were exceeding the salinity
optimum of the PHA synthase enzymes of the strains, which illustrates the pos-
sibility of shifting PHA molecular mass to higher values at the expense of PHA
productivity when the culturing conditions move away from the biological optimum
of the enzymes. [141]. The impact of cultivation temperature on molecular mass was
demonstrated by Agus et al., who demonstrated that for E. coli harboring type I PHA
synthase genes from C. necator, considerably lower PHA productivity was obtained
at a temperature of 37 ∘C (temperature optimum of the host strain E. coli), but molec-
ular mass was higher at this temperature than observed at the temperature optimum
of the PHA synthase (30 ∘C) [142]. This effect was even more pronounced when
testing E. coli harboring Delftia acidovorans PHA synthase genes; while at 30 ∘C
(optimum of the PHA synthase), Mn amounted to less than 1 000 000, more than
the fivefold molecular mass was obtained at 37 ∘C (optimum for growth of the host
strain). Again, higher molecular mass went in parallel to strongly decreased produc-
tivity. In addition, -D was drastically higher at the enzyme’s temperature optimum of
30 ∘C [143].

1.3.5.3 Impact of the Type of PHA Synthase on PHA Molecular Mass
The effect of different types of PHA synthase on molecular mass and -D of PHA
produced by the same host organism under identical cultivation conditions was
demonstrated by Agus et al., who engineered E. coli by transferring genes encoding
for four different PHA synthases, obtained from five different donor strains:
Type I synthase from C. necator, A. caviae, D. acidovorans, type II synthase from
Pseudomonas sp., type III synthase from A. vinosum, and type IV synthase from
Bacillus sp. While PHA of high Mn and low -D was produced by the action of type I
synthase from C. necator, D. acidovorans, and the A. vinosum type III synthase, the
three other synthases, especially the type IV synthase of Bacillus sp., produced PHA
of rather low Mn with broad distribution of molecular mass (high -D) [142].

1.3.5.4 Impact of Substrate Type and Feeding Conditions on PHA Molecular
Mass
The effect of substrate supply on molecular mass of PHA produced by C. necator
was described by Asenjo et al.; they remarked that in nitrogen-limited continuous
cultures, excess of glucose should be avoided for production of high-molecular mass
PHA. Moreover, these experiments also showed that magnesium and phosphate con-
centration should not drop below a critical value to obtain PHA of high-molecular
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mass and narrow distribution (low -D) [144]. A similar indirect proportionality
between substrate concentration and PHA molecular mass in nitrogen-limited
cultures of C. necator was described before by Shimizu et al., who noticed decreased
Mn values at increasing butyrate concentration. Remarkably, these authors also
noticed that, after addition of nitrogen, PHA of low-molecular mass was degraded
faster than high-molecular mass PHA, which shifts Mn to higher values [145].

Regarding the impact of substrate/strain combinations on molecular mass of PHA,
Taidi et al. found out that Mw of PHA produced by A. eutrophus (today: C. necator)
was independent of the investigated substrates, which encompassed various sug-
ars, glycerol, succinic acid, and acetate. An exception was observed for the case of
using glycerol; for this substrate, termination of chain growth was observed, result-
ing in low-molecular-mass PHA (5.5 – 8.5× 105); for other studied substrates, Mw up
to 1.7× 106 was obtained [146]. This phenomenon was later described as so-called
endcapping effect, caused by the coupling of exogenous polyols and other hydroxy
compounds on the carboxy terminus of growing PHA chains [147]. A similar effect
of glycerol was also noticed in the case of scl-PHA by haloarchaea, using whey as
carbon source, Hfx. mediterranei produced PHA with a Mw of about 700 000, while a
Mw of only about 250 000 was obtained when feeding the same organism with crude
glycerol from biodiesel production [148]. Another rule of thumb for the dependence
of Mw on the substrate use is that feeding sugars typically result in higher Mw if com-
pared to the use of fatty substrates for PHA production by the same production strain.
This was shown for C. necator when supplied with saturated biodiesel (mixture of
fatty acid methyl esters); in this case, Mw did not exceed 306 000, which was even
lower than when cultivating this strain on crude glycerol phase in parallel fermen-
tation setups (380 000) [149]. In contrast, cultivating this strain on glucose as main
substrate resulted in Mw well above 400 000 in five parallel setups with or without
diverse complex growth additives [150]. Beside C. necator, Taidi et al. also studied
the Mw of PHA produced by the strain Methylobacterium extorquens, an organism
known to produce PHA of rather low-molecular mass from methanol. Surprisingly,
Mw turned out to be dependent on the initial concentration of the studied carbon
sources, namely methanol or succinate. Highest Mw (0.6 and 1.7× 106) was obtained
when supplying rather low initial concentrations of substrates; importantly, PHA
produced from succinate had always higher Mw than in case of using methanol. The
authors emphasized that PHA with a broad range of Mw was accessible by selection
of the carbon source and fine-tuning its concentration [146].

1.3.5.5 Production of Ultra-High-Molecular-Mass PHA
A study by Arikawa et al. revealed that a total of nine genes are responsible for
intracellular PHA depolymerization in C. necator H16, among them are PHA
depolymerases and oligomer hydrolases [151]. When PHA biosynthesis enzymes
are active in an organism, but depolymerases are lacking, it is possible to produce
PHA of ultra-high-molecular mass. Such ultra-high-molecular-mass PHA was
produced by Kusaka et al. by using a recombinant E. coli. This strain, no natural
PHA producer, harbored the PHA biosynthesis genes PhaCAB from C. necator, but
no genes encoding intracellular PHA depolymerase. Using glucose as substrate,
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this recombinant E. coli XL-1 Blue (pSYL105) produced, in dependence on the
pH-value, PHA with Mw between 1.1× 106 and 1.1× 107. The authors noticed
that PHA samples with Mw exceeding 3.3× 106 could be easily and reproducibly
stretched to a draw ratio of 400–650%, which resulted in further improvement of
mechanical properties such as Young’s modulus and tensile strength [152]. Later,
these authors revealed that the ultra-high Mw PHA produced by this organism was
of amorphous character, while, by orientation of the polyester chains, it became
highly crystalline after stretching. In vitro biodegradation test with an extracellular
PHA depolymerase showed that enzymatic erosion of PHA polymer films was not
dependent on the molecular mass, but highly on the crystallinity; within three
weeks, PHA films with ultra-high-molecular mass were also readily degraded in
river water [153].

Hiroe et al. demonstrated that the intracellular concentration of active PHA
synthase is negatively correlated to the PHA molecular mass, but positively
correlated to the intracellular PHA fraction. Hence, the PHA synthase activity is
a bottle neck for the production of ultra-high- molecular mass and is of utmost
importance for PHA productivity [143]. Later, the authors substantiated this theory
that low amounts of active PHA synthase are beneficial for the production of PHA
of higher molecular mass. They studied heterologous expression of PHA synthase
either obtained from Ralstonia eutropha (today: C. necator) or from D. acidovo-
rans in E. coli harboring C. necator genes encoding 3-ketothiolase (phaA) and
acetoacetyl-CoA reductase (phaB). Under conditions favoring PHA biosynthesis
(nitrogen limitation), levels of translation of PhaA and PhaB were in the same range
for both recombinant E. coli strains, but the expression of PhaC from D. acidovorans
was lower than that for the C. necator-derived synthase. This lower activity of
D. acidovorans synthase resulted in PHA of considerably higher molecular mass
(Mw of 4 200 000) if compared to PHA produced by C. necator PHA synthase (Mw of
270 000) [154]. Ultra-high-molecular-mass PHA was also produced by five different
purple bacteria, which were studied by Higuchi-Takeuchi et al. The expression
levels of PhaC and PhaZ genes were studied; they were low under conditions
boosting PHA accumulation (nitrogen limitation), which again resulted in the
production of PHA with high-molecular weight under limited activity of PHA
synthase, that time combined with low activity of PHA depolymerase [139].

Surprising finding for Mw of PHA produced by the methane-utilizing strain
Methylocystis sp. using methane as sole carbon source and initiated the PHA accu-
mulation phase by limitation of either, iron, sulfur, or potassium. It turned out that
potassium limitation resulted in the accumulation of PHA of ultra-high-molecular
mass (Mw about 3× 106), which sheds new light on strategies to improve the quality
of PHA produced from gaseous carbon sources [155].

1.4 Conclusions

As demonstrated, the term “bioplastic” should not be used in a careless way. Many
currently commercialized materials are labeled as “bioplastics” or “green plastics,”
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while being of doubtful sustainability. It is shown that microbial PHA biopolyesters
are definitely “bioplastics” in the original meaning, being biobased, biosynthesized,
biodegradable, compostable, and biocompatible in accordance to the valid standard-
izations, regulations, and norms. Importantly, the versatility of PHA’s material prop-
erties, determined by the polyesters’ monomeric composition, molecular mass, and
microstructure, allows the fabrication of bioplastic products for innumerable fields
of application. Appropriate combinations of microbial production strains, fermenta-
tion strategies, feedstocks, and postsynthetic modification and processing with com-
patible materials open the route to develop novel biopolymeric materials of choice.
However, it is of utmost importance to address not only the aspects of biodegrad-
ability and the biobased nature of PHA and other biopolymers of technological
value, but also the sustainability and economic feasibility of the polymers’ entire
life cycle. This encompasses the selection of inexpensive feedstocks without value
for food purposes, energy supply of the production process from renewable energy
sources, and nontoxic techniques for product recovery during the downstream
processing.
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2.1 Basics of X-Ray Photoelectron Spectroscopy (XPS)

X-ray photoelectron spectroscopy (XPS) is a surface-sensitive technique that can give
useful information on the elemental composition of materials as well as on the chem-
ical state of the elements. A sample of the material is exposed to monochromatic
X-rays, which cause a photoelectric effect. The use of a monochromator X-ray source
is important because it provides better energy resolution (compared to a standard
X-ray source) and less degradation damage. Therefore, monochromatic aluminum
AlKα radiation with a photon energy (hν) of 1486.6 eV is usually used. The absorp-
tion of X-ray photons in the material leads to the emission of photoelectrons, as
shown schematically in Figure 2.1. The kinetic energy (Ekin) of emitted photoelec-
trons depends on their binding energy (EB) and is characteristic of the atom of origin.
The binding energy is calculated from the equation: EB = hν – Ekin –𝜙, where𝜙 is the
spectrometer work function, which denotes the energy that a photoelectron needs
to escape from the material.

This approach allows the identification of the elements in the investigated mate-
rial. A typical escape depth of photoelectrons when traveling through the material is
only a few nanometers, which makes this technique surface sensitive. In Figure 2.2
is shown an example of the inelastic mean free path (IMFP) (𝜆) for photoelectrons
from polystyrene. IMFP is the average distance traveled by a photoelectron between
successive inelastic collisions, and it depends on the photoelectron energy. Most of
the photoelectrons will come from 3𝜆, which is a typical sampling depth of XPS. Data
shown in Figure 2.2 were obtained by a simulation based on the National Institute
of Standards and Technology (NIST) database [1] provided by Tanuma et al. [2] and
IMFPWIN software developed by Jablonski [1]. As shown in Figure 2.2, IMFP of
C1s photoelectrons with a binding energy of approximately 285 eV (kinetic energy
∼1201.6 eV) is approximately 3.7 nm. Some typical IMFPs for various organic mate-
rials can be found in a paper by Cumpson [3]. Values for amino acids and a pro-
tein can be found in [4], whereas for polyaniline (PANI) in [5]. Some IMFP values
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Figure 2.2 An inelastic mean free path (IMFP) of photoelectrons from polystyrene vs. their
kinetic energy.

related to biopolymers and for some other important bio-substances are shown in
Table 2.1.

When analyzing samples, the energy of emitted photoelectrons in the wide energy
range (i.e. up to approximately 1200 eV) is measured first to get the information
about the elemental composition of the material. An example of such a survey-scan
measurement is shown in Figure 2.3. The lower curve presents the spectrum of a
hydrocarbon polymer polyethylene, where only a carbon peak is observed. Hydrogen
cannot be detected by XPS because there are no core electrons [6]. We can also
observe some oxygen, which is a consequence of surface contamination. The sec-
ond spectrum presents the same polymer foil, which was coated with a layer of a
pomegranate extract. This gives rise to a new nitrogen N1s peak. Furthermore, a
significant increase in oxygen peak is observed as well. Both oxygen and nitrogen
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Table 2.1 Inelastic mean free paths for photoelectrons with the kinetic energy 1000 eV for
some selected biopolymers and biosubstances.

Biopolymer IMFP (nm) References

PDMS (polydimethylsiloxane) 4.2 [3]
PVC (polyvinyl chloride) 3.6 [3]
PP (polypropylene) 3.5 [3]
HDPE (high-density polyethylene) 3.3 [3]
PS (polystyrene) 3.2 [3]
PMMA (polymethyl methacrylate) 3.1 [3]
PEI (polyethyleneimine) 3.1 [3]
PU (polyurethane) 3.0 [3]
PEG (polyethylene glycol) 3.0 [3]
PCL (polycaprolactone) 3.0 [3]
PHB (poly-3-hydroxybutyrate) 3.0 [3]
PET (polyethylene terephthalate) 2.9 [3]
PAA (polyacrylic acid) 2.8 [3]
CEL (cellulose) 2.8 [3]
PTFE (polytetrafluoroethylene) 2.4 [3]
Arginine 3.2 [4]
Glycine 2.4 [4]
Methionine 2.9 [4]
Leucine 2.8 [4]
Valine 2.8 [4]
Phenylalanine 2.7 [4]
Lysine 2.5 [4]
Protein 2.8 [4]
DNA 3.1 [2]

are typical constituents of the pomegranate extract. The upper curve presents the
polymer foil treated in oxygen plasma to improve the adhesion of the pomegranate
extract coating. In this latter case, both oxygen and nitrogen peaks are enhanced,
indicating a better adhesion of the coating.

The intensity of the peaks observed in XPS spectra is proportional to the elemental
concentration; therefore, XPS can also give quantitative information on the surface
composition of materials. Because photoelectrons originating from different ele-
ments have different ionization cross-section, thus giving different emission yield,
appropriate sensitivity factors must be taken into account, when calculating the
elemental composition from the area of the measured peaks. Photoelectrons can be
emitted from different electronic levels; however, the most intense peaks correspond
to photoelectrons originating from core orbitals. For light elements that are typically
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Figure 2.3 An example of the XPS survey spectrum of polyethylene foil (lower curve),
polyethylene foil with a coating containing pomegranate extract (middle curve), and
oxygen-plasma treated polyethylene foil with a coating containing the pomegranate extract
(upper curve).

found in organic materials, there are usually “s” or “p” orbitals, whereas in the
case of metals, usually “d” or “f” orbitals give the most intensive peaks. The energy
of emitted photoelectrons also depends on the chemical environment of atoms.
This is observed as a shift in the position of the peak in the photoelectron spectra.
Such chemical shifts (which can be observed when recording spectra with a high
resolution in a narrow energy range) are used to determine the chemical state of
the elements. Of course, in the case of organic materials, the most important peak
of investigation is carbon C1s.

In Figure 2.4 are shown some examples of carbon C1s peaks. Figure 2.4a presents
a comparison of carbon peak measured on the polyethylene foil before and after
treatment in an oxygen plasma. For the untreated polyethylene, we can observe
a dominant peak at approximately 285 eV corresponding to C—C bonds. A small
peak at approximately 288 eV is not characteristic for polyethylene and is due to
surface contamination. After plasma treatment, we can observe a significant change
in the shape of the curve on the high-binding energy side, which is a consequence
of plasma functionalization and the appearance of new carbon–oxygen groups.
Figure 2.4b shows a comparison of carbon peaks measured on polyethylene
foil before and after the deposition of the pomegranate extract. Similarly, as in
Figure 2.4a, we can observe a change in the shape of the peak because carbon atoms
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Figure 2.4 An example of the high-resolution carbon C1s peak: (a) comparison of carbon
peaks of polyethylene before and after functionalization in oxygen plasma; (b) comparison
of carbon peaks of polyethylene before and after deposition of a coating containing the
pomegranate extract.

in the pomegranate extract are in different chemical environments. Therefore,
several subpeaks corresponding to different carbon–oxygen or carbon–nitrogen
groups are present in the tail of the C1s spectrum on the high-binding energy side.
When more detailed information is needed, a curve fitting must be performed to
reveal individual subpeaks.
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2.1.1 Peak Fitting

For organic samples that contain many different groups and atoms, several chemical
shifts may occur, leading to the complex shape of the high-resolution spectra. Some
typical chemical shifts of carbon C1s peak that are usually observed for organic mate-
rials are summarized in Figure 2.5 [7, 8]. In such a case, when several chemical shifts
are present, a curve fitting must be applied to reveal individual subcomponents.
However, this mathematical approach does not always lead to a unique result. There-
fore, when fitting the measured high-resolution spectra, the knowledge about the
chemistry of a sample is needed. The number of subpeaks, their position, peak shape,
and width can be manipulated during a fitting procedure. Spectra of polymers are fit-
ted with symmetrical Gaussian–Lorentzian functions, although sometimes a weak
asymmetry may be present because of vibrational relaxations [9, 10]. The number
of possible subpeaks needed for fitting is estimated from the sample chemistry. The
position of a peak (binding energy) and its assignment to a specific functional group
is performed by comparing the binding energy of peaks with data from the litera-
ture. The help of reference materials is often beneficial. It is worth to fit reference
materials first to get the right fitting parameters, which can be then used to fit the
measured set of spectra.

The binding energy of photoelectrons originating from the investigated atom
mostly depends on the first neighboring atoms that form a chemical bond with the
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investigated atom. Second neighboring atoms usually only have a minor influence
on the binding energy [11]. Because of this reason, a difference in the binding
energy of carbon in the C—O—H and C—O—C group is too small to distinguish [8]
(see Figure 2.5). For the same reason, also the peaks corresponding to groups like
O—C—O and C=O or O=C—O—H and O=C—O—C appear very close and cannot
be resolved [8]. If the sample contains several such groups, it may influence the peak
width FWHM (full width at a half maximum), which can be increased. Therefore,
some variation of FWHM should be allowed during the curve fitting. It should
also be noted that a shift in the binding energy is higher for more electronegative
atoms. In the case of the presence of very electronegative elements such as fluorine,
it, therefore, causes a significant shift of the binding energy not only of its first
neighboring atoms but also of the other neighbors [12]. Therefore, in the case of
the presence of fluorine atoms, the interpretation of high-resolution C1s spectra is
delicate. An example of chemical shifts caused by the presence of fluorine atoms is
shown in Figure 2.6.

In Figure 2.7 is shown an example of the curve fitting of the carbon spectrum of
carboxymethyl cellulose (CMC). We can observe that the major peak is from car-
bon having a single bond with oxygen, which is due to the C—OH and C—OR
groups, where R=CH2COOH. Another two peaks are assigned to O—C—O and
O=C—O groups, which are both characteristics of CMC, whereas the C—C compo-
nent is attributed to the presence of some hydrocarbons. Another example is shown
in Figure 2.8, which presents an example of the high-resolution carbon C1s peak
of heparin grafted to polycaprolactone (PCL) surface via polyethyleneimine (PEI)
linker. In this case, we can observe components originating from all three com-
pounds: heparin, PCL, and PEI. The PCL substrate gives rise to O=C—O, C—O,
and C—C subpeaks. The PEI linker gives rise to C—N, which is positioned close
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Figure 2.6 The high-resolution spectrum of carbon of polyvinyl trifluoroacetate showing
big chemical shifts of C1s as a consequence of the presence of fluorine functional groups.
Source: Kröner et al. [12]/with the permission of Elsevier.
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Source: Adapted from Beamson and Briggs [8]/with permission of John Wiley & Sons.

to C—O and is therefore not possible to resolve. Therefore, usually only one peak
is used to fit C—O and C—N together. Whereas for heparin, characteristic peaks
are due to C—O and O—C—O groups as well as O=C—O groups. As is unambigu-
ously evident from Figure 2.5, carbon-oxygen bonds overlap over carbon-nitrogen
bonds or with bonds of carbon atoms with other elements if present. Therefore, exact
mathematical separation and the development of reliable fitting models is practically
impossible. Authors often use different approaches for fitting such multi-component
spectra which makes a comparison of results from literature difficult because there
are many discrepancies and variations in reported binding energies and appropriate
peak assignment. Usually, authors overcome the problem with peak overlapping by
applying the fitting procedure by using only one peak for bonds with similar binding
energies: e.g. one peak for C—O and C—N functionalities like in Figure 2.8 and one
peak for C=O or N—C=O functionalities.

For organic materials, the most important information on the chemical envi-
ronment is thus obtained from carbon C1s peak. For other peaks such as N1s and
O1s, the chemical shifts are much smaller; however, sometimes also these peaks
can provide additional information. Especially in the case of the presence of sulfur
functional groups, it is easy to distinguish sulfur S2p in different oxidation states.
Whereas nitrogen, N1s, from amine or amide groups appears at similar binding
energies and is therefore not distinguishable. However, for protonated nitrogen or
nitrogen bonded to oxygen, chemical shifts are large enough to observe them. Some
typical chemical shifts for nitrogen N1s are summarized in Figure 2.9a [8, 13–16], for
sulfur S2p3/2 peak in Figure 2.9b [8, 17–20], and for fluorine F1s in Figure 2.9c [8].

2.2 Chemical Derivatization

For organic materials, chemical shifts of carbon appear on the high-binding energy
side. If organic materials contain carbon in different chemical environments,
it is often impossible to distinguish individual peaks in the C1s spectrum. The
situation can be worsened if a material contains different elements bound to carbon.
Chemical shifts are often too small, and peaks corresponding to different functional
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groups may strongly overlap. As already mentioned above, when organic material
contains only carbon and oxygen, it is not possible to distinguish between hydroxyl
and ether groups or between carboxyl and ester groups. In such cases, when one
wants to determine the concentration of a particular functional group, chemical
derivatization can be applied [11, 21–30]. Chemical derivatization is performed
by using special chemical agents that specifically react with the functional group
of our interest. Chemical agents must contain a marker element (usually fluorine
or chlorine) that is not present in the investigated material. After binding of an
appropriate chemical agent to the specific functional group, the concentration of a
marker element is proportional to the concentration of the investigated functional
group [23]. This allows the quantification of specific functional groups. Different
derivatization agents can be used to detect specific functional groups. Some of them
are shown in Table 2.2.

Table 2.2 Chemical derivatization agents that are the most often used to detect specific
functional groups.

Functional
group Derivatization agent

Marker
element References

–NH2 4-Chlorobenzaldehyde Cl [11, 31]
Trifluoroacetic anhydride (TFAA) F [11, 31]
Pentafluorobenzaldehyde (PFB) F [11, 25]
4-Trifluoromethyl benzaldehyde (TFBA) F [11, 24]
5-Bromosalicylaldehyde Br [11, 32]

>C=N– 4-Trifluoromethyl benzaldehyde (TFBA) F [27, 33]
2-Mercaptoethanol (ME) S [26, 33]
4-Trifluoromethyl benzylamine (TFMBA) F [28, 33]
4-Trifluoromethyl phenylhydrazine (TFMPH) F [28, 33]
Trifluoroacetic anhydride (TFAA) F [27, 29]

>C=C< Bromine Br [32]
–SH N-ethylmaleimide (NEM) N [21]
–OH Trifluoroacetic anhydride (TFAA) F [11, 23]

Trichloroacetic anhydride (TCAA) Cl [11, 34]
Tridecafluoro-1,1,2,2-tetrahydrooctyl-1-trichloro-silane F [35]
Titanium di-isopropoxide-bis(2,4-pentanedionate) Ti [36]

>C C<

O Trifluoroacetic anhydride (TFAA) F [37]
4-(Trifluoromethyl)-benzylamine (TFMBA) F [37]

>C=O Hydrazine N [11, 34]
Pentafluorophenylhydrazine (PFPH) F [11, 34, 36]
2,4,6-trichlorophenylhydrazine (TCPH) Cl [34]

–COOH Trifluoroethanol (TFE) F [11, 38, 39]
Trichloroethanol (TCE) Cl [11, 34]
Tribromoethanol (TBE) Br [11, 34]
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However, also derivatization can cause some uncertainties. Derivatization agents
are often dissolved in liquids, which may cause swelling of the surface [23]. Further-
more, some soluble components may also be removed, or there can be some surface
rearrangement [11]. Also, rinsing and drying the surface after derivatization may
influence the surface composition. Therefore, derivatization performed in a vapor
phase is preferred. Moreover, a problem of derivatization is also the selectivity of the
derivatization agents because some of them may react with the other groups [11].
This nonselectivity of the derivatization agents can be also observed in Table 2.2.
For example, trifluoroacetic anhydride (TFAA) reacts with OH, NH2, and NH
groups [24]. However, it was also reported that it can react with epoxide groups [40]
as well as with imines [29].

Klages et al. have investigated the chemical derivatization of polymers treated in
nitrogen-containing plasmas [26–29]. They reported that imines can react with sub-
stances that are commonly used for derivatization such as aromatic aldehydes (such
as trifluoromethyl benzaldehyde [TFBA]) and acid anhydrides (such as TFAA)
[27, 29]. Therefore, these derivatization agents may not be regarded as selective to
amines [27, 29]. Consequently, special care must be taken when using chemical
derivatization for nitrogen-plasma-treated polymers where a substantial part
of nitrogen can be incorporated as imine as well it can be present in the other
nitrogen-carbon double bonds and nitrile [28, 29]. In this latter case, it is not
possible to accurately quantify amino groups [27]. The very important factor when
performing derivatization is also an appropriate selection of the reaction time. Too
short reaction time may lead to incomplete reactions, whereas too long reaction
time can cause some side reactions. Also, aging effects may become noticeable
at long reaction times. A good review of surface derivatization was published by
Girard-Lauriault et al. [11].

2.3 Some Further Examples of XPS Analyses of Complex
Organic Systems

An interesting approach for analyzing complex organic systems was developed
by Rouxhet et al. [41–43]. They used XPS to analyze cakes made from different
combinations of oil, sugar, salt, eggs (yolk or white), and flour [41]. Based on
model biochemical compounds such as proteins, carbohydrates, phospholipids,
and lipids with known composition, it was possible to model the concentration of
functional groups rationed toward the total carbon. The same authors used a similar
approach for chitosan material also [43]. Data obtained from XPS were related to
the known structure of chitosan, which was composed of repeating units contain-
ing amine groups with a fraction “a” and repeating units containing acetylated
amine groups with a fraction “b” (Figure 2.10). C1s spectrum was deconvoluted
to three components Ci (i=1,2,3) belonging to C—(C,H) groups, C—(O,N) groups,
and O—C—O/N—C=O groups, whereas oxygen was deconvoluted to two peaks
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X = (NH2)a or (NHCOCH3)b

r

X

OO OH

OH

HO

Figure 2.10 Chemical structure of chitosan.

Oi (i=1,2) corresponding to C—O—(H,C) and O=C—N. The relative amounts of
individual chemical contributions were specified as [43]:

Ctotal = C1 + C2 + C3,where C1 = b ⋅ r,C2 = 5 ⋅ r and C3 = (1 + b) ⋅ r,
Ntotal = r,
Ototal = O1 + O2,where O1 = 4 ⋅ r and O2 = b ⋅ r.

This approach allowed determination of fractions “a” and “b” with a quite good
agreement with the expected values.

Cellulose is an important organic and renewable material. However, natural
fibers, such as wood fibers, contain also other constituents such as lignin. Johansson
et al. have reported a method for the determination of lignin content on cellulose
fibers [44, 45]. They have analyzed about 250 different lignocellulose samples and
plotted a correlation between C—C content vs. O/C ratio [44]. Pure cellulose does
not have C—C carbons, which are typical for lignin. Although the C—C content
may be influenced by surface contamination, they have observed a very good linear
correlation between C—C/Ctotal and O/C ratio, as shown in Figure 2.11 [44]. Even
though different types of lignin could be present, they are still chemically similar
enough to allow a good correlation.

Another example of such a correlation is shown in Figure 2.12. Some poly-
mer foils like polystyrene (PS) [46], polypropylene (PP) [47], and polyethylene
terephthalate (PET) [48, 49] were exposed to controlled doses of neutral oxygen
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Figure 2.11 A correlation between the C—C content and the O/C ratio for approximately
250 different lignocellulose materials. Source: Johansson et al. [44]/with permission of
Elsevier.
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atoms to investigate the initial stages of surface functionalization leading to surface
saturation with oxygen functional groups. The source of neutral oxygen atoms
was oxygen plasma created by microwaves (MW) in a surfatron mode or by a
radiofrequency (RF) generator. Similarly, as in Figure 2.11, we can observe a good
correlation between the C—C content in the polymer surface and O/C ratio. With
increasing oxygen content on the polymer surface as a consequence of surface
functionalization with oxygen functional groups, we can observe a decrease of the
C—C content. Moreover, the individual curves for various polymer materials follow
the same trend line.

2.4 Charging

One problem associated with XPS is the surface charging of samples that are
electrically nonconductive [50, 51]. Because photoelectrons are continuously
emitted from the surface, the surface becomes positively charged. Accumulation of
the positive charge on the surface is causing retarding of emitted photoelectrons.
This results in a shift of the peak position to higher binding energies, widening of
the peaks, and thus changes in the peak shape. All these effects, of course, lead to
a wrong interpretation of the peaks [52]. The problem of surface charging can be
overcome by the use of an additional electron gun for compensation of the surface
charge. In a case of very rough and inhomogeneous samples, so-called differential
charging may occur. Because of inhomogeneous charging, there can be some
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Figure 2.13 Examples of C1s spectra of the filter paper recorded at various parameters
(i.e. electron flux) for surface charge compensation.
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Figure 2.14 (a) A comparison of the
two selected C1s spectra from
Figure 2.13 as an example of a
broadening of the C1s spectra because of
charging as a consequence of the good
or bad selection of surface neutralization
conditions. (b) and (c) Deconvolution of
these two selected spectra.

0.0
294

Bad

Bad

Good

0

500

1000

1500

In
te

ns
ity

 (
co

un
ts

/s
)

2000

2500

292
(a)

(b)

(c)

290 288
Binding energy (eV)

286 284 282 280

294 292 290 288
Binding energy (eV)

286 284 282 280

0

500

1000

1500

In
te

ns
ity

 (
co

un
ts

/s
)

2000

2500

Good

294 292 290 288
Binding energy (eV)

286 284 282 280

0.2

0.4

N
or

m
al

iz
ed

 in
te

ns
ity

 (
co

un
ts

/s
)

0.6

0.8

1.0

O – C – O

O = C – O

C – C

C – O



60 2 Analysis of Chemical Composition of Biopolymers and Biomaterials: An XPS Study

discrete areas that are charging different than the remaining parts of the surface.
In such cases, also the use of electron charge neutralizer cannot always sufficiently
prevent the accumulation of the charge. Because of inhomogeneous charging, the
signal from different areas may be shifted differently, and the resultant spectra
may be broadened significantly. Therefore, it is also difficult to obtain reproducible
measurements. The spectra may also be shifted during the measurement; thus, the
first and the last measured spectra may differ. While this method is regularly used
for charge compensation, it was also reported that prolonged and intensive exposure
to flood gun for charge compensation may also cause modification of spectra.

In Figure 2.13 is shown an example of the surface charging of the filter paper.
A shift of the peaks because of the surface charging is proportional to the accumu-
lated charge on the surface. Spectra of C1s were recorded at different parameters of
an electron gun for surface charge compensation. We can observe not only shifts of
the measured spectra, but also some modifications of the peak shape and loss of res-
olution. In Figure 2.14, we can observe that in the case of non-appropriate charge
neutralization, C1s peak is wider and has less pronounced individual peaks as well
as a higher COOH component; what is, of course, an artifact of charging.

For calibration of the binding energy scale of nonconductive samples, the position
of C1s peak must be checked. C1s peak is practically present on all samples because a
thin layer of carbon contamination is normally formed on the surface when a sample
is exposed to air. This layer of carbonaceous material on the surface is called adventi-
tious carbon, and it is often used for calibration of the binding energy scale by setting
the main C—C/H peak of the C1s spectrum to the energy of 284.8 eV. Sometimes,
the position of the peak C—C is also set to an energy of 285 eV. Therefore, when
comparing data from literature regarding peak positions, the exact position of C1s
peak must be checked.

2.5 Background Information

As shown in examples of the survey spectra in Figure 2.3, a typical background is
observed in the spectra which is increasing with increasing binding energy. This
background is a consequence of the inelastic scattering of photoelectrons that
lose some of their kinetic energy at inelastic collisions when traveling through the
material. When performing the curve fitting of spectra, this background must be sub-
tracted from the spectra. In general, we can use three different types of background
subtraction: (i) the linear background, (ii) the Shirley background, and (iii) the
Tougaard background. The most used method for the background subtraction is
the Shirley background; however, sometimes special care must be taken regarding
the choice of the right background subtraction from the spectra. In Figure 2.15 are
shown some examples of different types of background subtraction for C1s peak
measured on polystyrene sample. In the C1s spectrum of polystyrene, the main
C—C/C—H peak is accompanied by a satellite peak, which is because of the polymer
aromaticity and is therefore observed for aromatic polymers. We can see that the lin-
ear (Figure 2.15a) and Shirley (Figure 2.15b)-type backgrounds are not satisfactory.
Therefore, in the case of polystyrene, the Tougaard background (Tougaard Universal
Polymer background) as shown in Figure 2.15c is a much better option [53–55].
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Figure 2.15 Some examples of
using different types of
background subtraction for C1s
peak of polystyrene: (a) linear,
(b) Shirley, and (c) Tougaard
subtraction. An arrow in
Figure 2.15c indicates a small
portion of the spectrum, where
the background cuts the
spectrum. In the case of figures
(a) and (b), the part of the cutoff
spectrum is much larger.
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Figure 2.16 Different structure of the surface causes different background on
the high-binding energy side of the peak. Source: Tougaard [56]/with permission of
John Wiley & Sons.

The background of the XPS spectra can also provide some additional infor-
mation about the surface morphology of the investigated samples. As shown
by Tougaard [56], the photoelectron background of the XPS spectrum may dif-
fer depending on the distance the photoelectrons have traveled in the material
(Figure 2.16). If the photoelectrons are coming from a thin surface layer, they
will not lose much of their energy, and therefore, the background will be low
(Figure 2.16a). Opposite, if photoelectrons are coming from a deeper layer like in
Figure 2.16b, most of them will lose their energy, and the corresponding background
will be high. For the other two examples shown in Figure 2.16c,d, the background
will be in between these two extremes.

An example of different peak backgrounds is shown in Figure 2.17, which
illustrates the background of fluorine F1s peak of the polymer PET treated in CF4
plasma before and after coating it with a layer of proteins (upper two curves in
Figure 2.17). For comparison, the untreated polymer is shown as well (the lowest
curve). The intensity of F1s peak for the polymer treated in CF4 plasma is very
high, whereas the background on the high-binding-energy side of this peak is low
and typical for the “surface-type” background. This indicates successful attachment
of fluorine to the polymer surface. Furthermore, plasma treatment in CF4 gas
also causes depletion of oxygen in the surface layer of the polymer; therefore, the
background for oxygen is more typical for the bulk and thus different from the case
of the untreated polymer – i.e. for the untreated polymer, a decline is observed on
the high-binding-energy side of the O1s peak. After coating the polymer with a
layer of proteins, nitrogen N1s with a typical “surface-type” background appears,
originating from the top layer of proteins. The intensity of the fluorine peak
decreased, and its background increased. The reason for this occurrence is the
origin of the F1s signal, which is now coming from the underlying polymer, and
not anymore from the top surface layer. Furthermore, for samples incubated with
the proteins (besides nitrogen, proteins also contain carbon and oxygen), we can
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Figure 2.17 Survey spectra
showing a background of
fluorine F1s peak of
fluorinated polymer coated
with a layer of proteins.
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observe that the background has also changed for carbon and oxygen peaks. Now, a
decline is observed on the high-binding energy side of O1s and C1s peaks, which is
characteristic for the case, when oxygen and carbon are concentrated at the surface.

2.6 Angle-Resolved XPS (ARXPS)

Although XPS is preferably used for surface investigations due to the surface sensi-
tivity of the method, it can also provide some information on the depth distribution
of elements. For that purpose, XPS is combined with etching using an ion gun to
remove surface layers and measure the composition underneath. However, such an
approach is not appropriate for organic materials because of damage induced by
energetic ions in the molecular structure of the material if using conventional Ar
ion guns. In recent years, the development of new ion guns based on gas cluster
ion sources allows the application of the ion etching technique also for depth pro-
filing of sensitive organic materials. Nevertheless, an alternative approach to obtain
some information regarding depth composition is the application of angle-resolved
XPS (ARXPS). Surface sensitivity of XPS may be varied by measuring photoelec-
trons at different angles to the surface plane (Figure 2.18a,b) which allows obtaining
information regarding the sample composition as a function of depth. XPS detection
depth depends on the IMFP 𝜆 and also on the angle 𝜃 between the electron energy
analyzer and the plane to the sample surface. This angle is often called a take-off
angle (TOA). The detection depth (d) is schematically illustrated in Figure 2.18, and
the correlation is given with the following equation:

d = 3𝜆 sin 𝜃. (2.1)
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Figure 2.18 (a) A correlation between the sampling depth and the take-off angle 𝜃.
(b) Figure 7.21. Schematic presentation of the dependence of the XPS sampling depth on
the tilting angle of the sample.

Normally, the electron energy analyzer is positioned at 𝜃 = 45∘ according to the
plane of the sample surface. However, by tilting the sample, and thus modifying 𝜃,
the XPS sampling depth can be changed. As shown in Figure 2.18b and Eq. (2.1),
at a low 𝜃 angle, detection depth is much smaller than at a large 𝜃 angle. Therefore,
by measuring the spectra at different 𝜃 angles, a signal from various depths can
be obtained. This procedure can be applied for the investigation of very thin films.
Relative concentration profiles of the elements or functional groups as a function
of TOA (depth) can be obtained [57]. ARXPS can also be used to determine the film
thickness [54, 55, 58–62]. An example of such a film thickness determination can
be found in papers by Awsiuk et al. [59, 60, 63, 64]. The authors have developed a
model to determine the thickness of the protein layer using ARXPS spectra taken
at various take-off angles. Such calculation was shown for the case of aminosilane
(aminopropyl)triethoxysilane (APTES)/protein bilayers deposited on SiO2/Si3N4
substrate [59].

One example of high-resolution carbon spectra taken at various TOA is shown
in Figure 2.19. This figure shows fluorine functional groups formed of PET poly-
mer surface treated in CF4 plasma. Spectra recorded at a low TOA (low detection
depth) show a higher concentration of fluorine groups than the one recorded at a
bigger TOA, where the information is coming from deeper layers. This figure thus
demonstrates that the effect of plasma treatment is limited to the surface.

It is known that plasma-treated surfaces are exposed to aging effects. Wang et al.
[57] have investigated the aging of the chitosan membrane after treatment in an
oxygen plasma. After 15 days of aging, the XPS spectra of the sample were mea-
sured at various TOA. They have shown that the concentration of C—OH groups
on the surface increased after plasma treatment. After 15 days of aging, the concen-
tration of C—OH groups at the surface decreased, whereas underneath the surface,
the C—OH concentration increased as a consequence of the redistribution of polar
groups from the surface toward the bulk (Figure 2.20).

Also Mantovani et al. [65] have used ARXPS to investigate depth composition
and aging of plasma-deposited fluorocarbon films as a potential stent coating. The
fluorocarbon films were deposited on the stainless steel surface and then aged for
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Figure 2.21 The F/C ratio of the defluorinated surface of polymer PTFE after treatment in
a hydrogen plasma at two different powers.

four weeks in PBS buffer. Degradation and oxidation of the films with aging time
were observed. Another example of a variation of the relative surface composition
with a take-off-angle is shown in Figure 2.21. Polymer polytetrafluoroethylene
(PTFE) was treated in hydrogen plasma to cause the depletion of fluorine from the
surface of PTFE. As shown in Figure 2.21, the F/C ratio is the lowest at the surface
as a result of the surface depletion and is increasing with the increasing depth.

As mentioned before, a typical information depth of XPS is 3𝜆, where 𝜆 depends
on photoelectron energy. Therefore, in the case of a large difference in the sampling
depth of elements (i.e. elements that differ greatly in their binding energy), a
problem may appear in the case of samples having a strong compositional depth
gradient, which is in the range of the XPS information depth. An example of this
is fluorine-containing material because F1s photoelectrons have smaller kinetic
energy than C1s, and thus they give information from a smaller sampling depth.
However, using the large difference of sampling depth of F1s (which appears at a
binding energy (BE) of approximately 689 eV) and F2s (which appears at a binding
energy of approximately 35 eV) can give additional information.

Variations of F/C signals of PTFE treated in a hydrogen plasma as calculated either
from F1s and F2s photoelectrons are shown in Table 2.3. As already mentioned,
hydrogen plasma treatment causes strong depletion of fluorine from the surface of
PTFE. We can see that the F/C ratio is larger when calculated from F2s signal than
the one calculated from F1s, as F2s photoelectrons come from an almost twice as
deep layer as F1s signal. This is a sign of a strong fluorine concentration profile that
is in the range of the XPS sampling depth. In a case of a thick and uniform top layer
on the sample, F1s and F2s would give similar composition.

Another example of a difference in surface composition when calculated from F1s
or F2s photoelectrons is shown in Figure 2.22, which demonstrates a variation of the
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Table 2.3 Surface composition of the defluorinated surface of
PTFE when calculated from F1s or F2s signals (at.%).

Concentration (at.%)

Element F1s F2s

C 80.1 70.7
F 14.8 24.9
O 5.1 4.4

A different composition is a sign of a strong surface gradient of the
fluorine concentration. The F2s signal gives higher fluorine
concentration because of the bigger detection depth.
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Figure 2.22 The difference in the F/C ratio when computed from F1s or F2s signals.

surface composition of plasma-treated PTFE vs. a TOA. By changing the TOA from
15∘ to 75∘, a detection depth for F1s photoelectrons is changing from approximately
2 to 8 nm and for F2s photoelectrons from approximately 3.5 to 13 nm, whereas for
C1s from approximately 3 to 11 nm.

Here it is worth mentioning that besides problems in a detection depth, we
can expect other problems in XPS characterization of fluorine-containing poly-
mers, like X-ray-induced degradation, binding energy calibration, and the right
peak assignment because of chemical shifts that are also induced in the second
neighboring atoms. Some further information regarding problems and solutions
of XPS investigation of fluorinated polymers can be found in [66]. Last but not
least, it is worth mentioning another possibility for the investigation of a depth
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composition of multilayered samples. If the sample is cut, then line analyses of
its cross-section can be performed. An example of such an investigation can be
found in [67]. The authors have investigated the interface between polyvinilydene
difluoride (PVdF)-based topcoat and a polyurethane-based primer and found
diffusion of fluorine-containing fragments of the PVdF topcoat into the underlying
polyurethane primer.

2.7 Functional Coatings on Polymers

Alginic acid is a natural biodegradable and biocompatible polymer that has an
important potential for its use in biomedical or pharmaceutical applications (i.e. for
wound treatment). The surface of polyethylene (PE) polymer was activated by
plasma treatment, followed by graft polymerization of allylamine (AAM) contain-
ing NH2 groups that act as binding sites for further attachment of alginic acid
coating (Figure 2.23).

Figure 2.24 and Table 6.4 show an example of XPS investigation of such sur-
face. Figure 6.27 presents high-resolution carbon peaks of the virgin PE surface
(Figure 2.24a), the PE surface after plasma treatment and allylamine grafting
(Figure 2.24b), and after further deposition of alginic acid coating (Figure 2.24c). A
comparison of Figure 2.24a,b clearly shows the effect of plasma treatment and AAM
grafting. While the untreated sample contains only C—C groups, many more groups
are observed on the treated sample, where we can observe C—O and C=O groups
as a consequence of plasma treatment. Amino groups (C—N) in high-resolution
carbon spectra in Figure 2.24b are overlapping with C—O; however, the presence
of nitrogen is clearly observed in survey spectra, and its concentration is given in
Table 2.4. Figure 2.24c shows the final coating comprising alginic acid, which is a
polysaccharide containing – OH and – COOH groups. Because of the high content
of oxygen functional groups and a lack of pure C—C bonds in alginic acid, we can
observe (in comparison with Figure 2.24b) a shift of the main C1s peak to the higher
binding energy. Functional groups that are characteristic of alginic acid are observed.

Another natural biocompatible and biodegradable material of extreme importance
is chitosan, which is known as an important antimicrobial agent [68]. In Figure 2.25
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Figure 2.23 Scheme of alginic acid immobilization on the polymer surface.
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Figure 2.24 XPS high-resolution carbon
spectra of (a) PE polymer substrate,
(b) plasma-activated PE polymer after
grafting with allylamine, and (c) PE
polymer with alginic acid coating attached
to allylamine linkers.
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Table 2.4 Surface composition of the PE sample before and after treatment and
deposition of the alginic acid coating (in at.%).

Sample C N O O/C N/C

PE control 95.9 2.2 1.9 0.02 0.02
PE plasma+AAM 81.2 3.7 15.1 0.19 0.05
PE plasma+AAM+Alg.Ac. 86.2 1.7 12.0 0.14 0.02
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Figure 2.25 The scheme of chitosan immobilization on the polymer surface.

Table 2.5 Surface composition of the PE sample before and after treatment and
deposition of the chitosan coating (in at.%).

Sample C N O O/C N/C

PE control 100
PE plasma+AA 84.2 15.8 0.19
PE plasma+AA+Chitosan 71.8 3.6 24.6 0.34 0.05

is shown the procedure for immobilization of chitosan complex on PE surface via
COOH groups that were introduced to the polymer surface by plasma activation and
grafting with acrylic acid (AA).

The elemental composition of this surface is shown in Table 2.5, whereas survey
spectra are shown in Figure 2.26. Additionally, Figure 2.27 presents high-resolution
spectra of the virgin PE sample (Figure 2.27, middle), the surface after plasma treat-
ment and acrylic acid grafting (Figure 6.30b), and after further deposition of the
chitosan coating (Figure 2.27, bottom).

As shown in Figure 2.27 (middle), the high content of – COOH groups is observed,
which proved successful grafting of acrylic acid groups. This is also proved by a
high oxygen content on the surface (Table 2.5). The deposition of chitosan coat-
ing takes place via reaction of amino groups from chitosan with – COOH groups
from acrylic acid, forming an amide bond. The spectrum in Figure 2.27 (bottom)
is significantly different from the one in Figure 2.27 (middle), indicating different
surface chemistry. As shown in latter figure, peaks belonging to groups typical for
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Figure 2.26 XPS survey spectra of PE
polymer substrate, plasma-activated PE
polymer after grafting with acrylic acid,
and PE polymer with chitosan coating
attached to COOH groups of acrylic acid.
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Figure 2.27 XPS survey spectra of PE polymer substrate, plasma-activated PE polymer
after grafting with acrylic acid, and PE polymer with chitosan coating attached to COOH
groups of acrylic acid.

chitosan are observed. Successful deposition of chitosan coating can be also proved
by the appearance of nitrogen in the XPS survey spectra, whose concentration is
shown in Table 2.5.

Heparin is an important anticoagulant agent and is used in medical applications
to prevent platelet aggregation that leads to thrombus formation. Therefore, it is
an important coating for artificial vascular grafts. Kolar et al. [69] investigated the
hemocompatibility and chemical properties of PET polymer upon incubation with
heparin. PET polymer was first treated in ammonia plasma to introduce amino
groups and then coated with heparin. XPS characterization in combination with
chemical derivatization with 4-chlorobenzaldehyde was used to determine the
content of amino groups. The free-hemoglobin method as well as platelet and cell
adhesion were investigated as well.

Buzzacchera et al. [70] prepared chitosan hydrogel coatings with antifouling
properties for implantable sensor devices to prevent inflammation of the surround-
ing body tissue. Chitosan coatings were functionalized with polymer brushes of
oligo(ethylene glycol) methyl ether methacrylate and 2-hydroxyethyl methacrylate
using radical polymerization. The surfaces were characterized by XPS to confirm
the presence of chitosan and different polymer brushes on the chitosan.

Polyaniline is a promising conductive polymer that can be used in biomedical
applications for biosensors and drug delivery devices [71]. Junyan Yao et al. syn-
thesized conductive fiber tubes of poly(L-lactic acid)/polyaniline/p-toluene sulfonic
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acid (PLLA/PANI/TSA). XPS analyses were accomplished to examine the chemi-
cal structure of the PLLA/PANI/TSA composite and to investigate the polymeriza-
tion degree of PANI [72]. Also Qaiser et al. [16] have investigated charge transport
in polyaniline-cellulose acetate composite membranes by XPS. By measuring C1s
and N1s spectra, they determined oxidation and doping states of PANI. Irgasan (tri-
closan) is an antibacterial agent that inhibits the growth of bacteria. Asadinezhad
et al. [73] developed a multistep physicochemical procedure for the preparation of a
novel surface with active antibacterial properties on medical-grade polyvinyl chlo-
ride (PVC) that can be used in urinary catheters. This multistep procedure includes
the first step of the polymer surface activation with plasma, followed by radical graft
copolymerization of acrylic acid and then deposition of irgasan coating. XPS was
used to confirm the presence of irgasan coating on the PVC surface.

Also Salmi-Mani et al. [74] developed new antibacterial surfaces by depositing
coatings from vanillin-derived biobased monomer on PET surfaces. They developed
a method containing two treatment steps. The first step included an aminolysis
reaction with N,N-diethylethylenediamine that caused the grafting of amino groups
onto the PET surface. These amino groups were then used as a photoinitiator to
initiate the free radical photopolymerization. In the second step, UV light exposure

PE PEPE
Plasma Deposition of

PE

Chitosan
Deposition of
2nd coating

Ch + Res

1st coating

Figure 2.28 The scheme of immobilization of nanoformulation of chitosan with
resveratrol on the polymer surface.
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Figure 2.29 XPS survey spectra of the untreated PE foil (lower curve), after oxygen plasma
treatment (middle) and with a novel coating (upper).
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caused the formation of aminoalkyl radicals and photopolymerization of the
vanillin-derived biobased monomer. XPS was used to prove the successful binding
of N,N-diethylethylenediamine after the first step, as well as vanillin after the
second treatment step.

Phosphorus-containing organic compounds may have a potential role as hemo-
compatible moieties and antibacterial coatings. Furthermore, phosphate groups are
also present in many biological molecules such as DNA. Siow et al. [75] investigated
deposition of plasma-polymer coatings containing phosphorus. XPS analyses of
coatings prepared from triisopropyl phosphite (TIP) and diethyl phosphite (DEP)
revealed the presence of phosphate PO4 and polyphosphate groups poly-PO4,
whereas the addition of 1,7-octadiene led to phosphonate PO3 and phosphate
groups PO4.

Resveratrol belongs to a group of polyphenolic compounds and is an important
antioxidant agent. As a natural plant ingredient, it has a promising application in
the food packaging industry as well as in the pharmaceutical industry. Because
of its potential anticarcinogenic properties, it is also a potential candidate to be
used in medicine for cancer treatment [76]. Fras-Zemljič et al. [77] developed a
two-step procedure for the deposition of two-layered functional coatings on PP
and PE polymer foils for food packaging application. The first coating was a layer
of chitosan deposited on the oxygen-plasma-treated foil. This layer acts as the
intermediate adhesive layer for further deposition of the macromolecular solution
of chitosan nanoparticles with embedded resveratrol extract (Figure 2.28). XPS
was used to confirm the presence of this novel functional coating on the polymer
foils. An example of such XPS measurement is shown in Figures 2.29 and 2.30.
In comparison to the untreated sample, where mostly carbon in the form of C—C
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Figure 2.31 The XPS survey spectrum of chestnut honey deposited on the quartz holder.
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bonds is observed, the coated surface shows the presence of different functional
groups from the organic coating. Using a similar procedure, Fras-Zemljič et al. also
prepared other formulations of chitosan nanoparticles with embedded extract of
thyme, rosemary, and cinnamon [78].

Natural organic materials often contain microelements in very small concentra-
tions that cannot be detected by conventional methods. In Figure 2.31 is shown
an example of the XPS survey spectrum of chestnut honey deposited on the
quartz holder. For as-deposited honey, only a few elements are detected, i.e. carbon,
oxygen, and silicon, because other microelements from honey are present in too
small concentrations to be detectable by XPS. However, if honey is exposed to
controlled etching with the flux of neutral oxygen atoms from an oxygen plasma
source, the organic part of the honey sample may be etched and removed from the
surface, thus revealing the microelements. In this case, as shown in Figure 2.32,
the other elements like potassium, fluorine, sulfur, phosphorus, and calcium are
observed, and their concentration is shown in Table 2.6.
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Figure 2.32 The XPS survey spectrum of chestnut honey after cold plasma ashing in
oxygen afterglow.

Table 2.6 Surface composition of the as-deposited chestnut honey and after oxygen
plasma ashing, which reveals the presence of microelements (in at.%).

Sample C1s O1s F1s Si2p P2s S2p K2p Ca2p

As-deposited 17.3 56.4 26.3
Etched 14.3 49.4 6.7 9.3 2.2 4.5 12.4 1.2
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2.8 Practical Considerations

XPS is a surface-sensitive technique so any impurities that might have adsorbed dur-
ing handling or storage of (bio)materials will result in vague interpretation of results.
In order to minimize such effects, the samples are preferably characterized imme-
diately after synthesizing. It this is not feasible; the as-prepared samples should be
stored in a dry atmosphere free from organic vapours. Organic vapours, although
presented in the atmosphere in minute concentrations, will lead to misinterpretation
of the surface composition as well as structure. Any exposure to short-wavelength
radiation (including UVA) may cause bond breakage and possible modification of
the surface chemistry. Also, exposure of samples to X-rays during characterization
may cause modification of the surface composition and structure so one should be
aware of this effect, too.
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3.1 Introduction to Thermal Analysis Techniques

Thermal analysis is an engineering tool that provides analytical information
related to the main thermal and mechanical properties absolutely necessary for
a proper characterization, especially when polymers are intended for biomedi-
cal applications (tissue engineering, drug delivery). According to International
Confederation of Thermal Analysis and Calorimetry (ICTAC), thermal analysis
defines a family of techniques in which a property is measured with respect to
temperature. The temperature associated with the experiment can be held constant
through the experiment (isothermal experiments) or varied in a controlled manner
(linear variation of temperature, modulated variation with a certain frequency and
amplitude, and variation in temperature from a constant temperature to another
constant temperature). Sometimes, a combination of both methods is advisable.
Figure 3.1 defines the current techniques which are commonly referred to as being
part of thermal analysis and which are the topic of this chapter.

Thermal analysis techniques differ from each other by the principle of the
method, sensitivity, and sensibility; therefore, it is necessary each time to choose
the most appropriate method for studying a certain temperature range or a certain
type of transformation. Most often, the analysis involves more than registration of
the changing property; it even surprises the evolution in time of some phenomena.
No method of characterization is capable of providing a complete characterization.
Therefore, the chemist must provide the most accurate description of the phe-
nomenon by putting together the knowledge gained from each thermal method.
This chapter will focus on the thermal and dielectric characterization of cellulose,
chitosan, and pullulan using some of the most common thermal analysis meth-
ods: thermogravimetric analysis (TGA), differential scanning calorimetry (DSC),
dynamic mechanical analysis (DMA), and dielectric analysis (DEA).
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First Edition. Edited by Tamilselvan Mohan and Karin Stana Kleinschek.
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Figure 3.1 Thermal analysis methods.

3.1.1 Thermogravimetric Analysis

TGA is an essential laboratory tool that measures the weight loss as a function of
time and temperature in a controlled atmosphere. The weight changes of polymeric
materials can be caused by decomposition and oxidation reactions as well as physi-
cal processes such as sublimation, vaporization, and desorption. A thermobalance is
used to measure the mass change of a sample as a function of temperature or time,
under a defined and controlled environment with respect to heating rate, gas atmo-
sphere, flow rate, and crucible type. The process may take place in one or more steps.
Figure 3.2 summarizes a TGA curve involving a single mass loss step.

The values mi and mf are the mass before heating and the maximum mass
loss, respectively. Ti and Tf are the temperatures assigned to the corresponding
mass loss.

mi

M
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Tf Temperature (°C)Ti

Figure 3.2 Thermogravimetric curve with a single mass loss step.



3.1 Introduction to Thermal Analysis Techniques 85

3.1.1.1 Applications
TGA is the first thermal analysis performed in any approach of thermal investiga-
tion of polymers. TGA not only provides better interpretation of weight loss and
evolved gas results, but it also supplies complementary and supplementary informa-
tion to the most commonly used thermal techniques (DSC, DMA, DEA). There are
no transitions in DMA and DSC when weight changes occur. TGA has a wide range
of properties that can be measured such as thermal stability, study of the kinetics of
decomposition, oxidative stability, and determination of material composition based
on mass losses due to evaporation and decomposition [1, 2]. On one hand, thermal
methods as DMA are not well suited to investigate the thermal degradation as long as
the thermal degradation involves chemical reaction processes (scission or crosslink-
ing). On the other hand, thermal degradation, which often involves the release of
volatile degradation products complicates the DSC analysis. The baseline quality is
affected and the released volatile can contaminate the cell of DSC. Therefore, it is
recommended to establish the decomposition temperature first using TGA to avoid
these undesirable effects.

TGA provides data on the volatile compounds the sample contains. It is known
that the evaporation process is a cause of endothermic peaks in the DSC. In order to
avoid confusion concerning the melting process, the existence of an evaporation phe-
nomenon can first be proved by TGA. Secondly, the presence of the solvent (water)
may reduce the glass transition temperature and the temperature of the cold crystal-
lization or may influence the crystallization process during cooling.

3.1.2 Differential Scanning Calorimetry

DSC is one of the most widely used methods for polymer analysis. DSC highlights the
chemical transitions and evaluates the physico-chemical processes that take place in
polymers with increasing temperature [3, 4]. The term calorimetry refers exclusively
to the measurement of heat. Heat can be an amount of energy exchanged between
two bodies in the form of a heat flow within a time frame.

3.1.2.1 Principle
DSC is a technique in which the difference in heat flow between the substance
(and/or reaction products) and the reference material is measured according
to temperature or time. The substance and reference material are subject to a
well-controlled temperature program. According to Eq. (3.1), DSC measurements
quantify the heat flow (dq/dt) supplied by any change in heat capacity (Cp) or any
other thermal event (phase transformation or chemical reactions) (f (T,t)), which
occurs within the temperature range of the experiment.

dq
dt
= Cp

dT
dt
+ f (T, t) (3.1)

The differences in heat flow (dq/dt) are due to changes in the heat capacity of
a sample (Cp) – which increases with the increase in temperature – and structural
changes that occur as a result of transitions or physico-chemical processes.
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Based on the mechanism of operation, DSC is commercially available as a
power-compensating DSC or as a heat-flux DSC. A single oven is used in the
heat-flux DSC which measures the temperature differences occurring between
the sample and the reference. In a power-compensated DSC, the sample and the
reference have separate ovens. The temperature difference between the sample and
the reference material is converted into thermal power necessary to compensate the
heat released or gained during the thermal event. The result of a DSC experiment
is a curve of heat flow vs. temperature. The measured signal is directly proportional
to the heat capacity of the sample. If the sample to be analyzed does not undergo
a physico-chemical transformation or a thermal transition, then the signal will
appear as a straight line. Any transition or chemical reaction causes a change in
the heat flow and is recorded as a step/peak. The shape, size, and orientation of the
peaks (endotherms, exotherms) highlight the nature and intensity of the different
phenomena; the position along the time axis indicates the stability of the different
processes. The area under the endothermic or exothermic peak is proportional to
the enthalpy, as shown by the Eq. (3.2):

ΔH = A
m

KDSC (3.2)

where A is the area under the peak, KDSC is a temperature constant, and m is the
weight of the sample.

3.1.2.2 Applications of DSC
Figure 3.3 shows the DSC thermogram of a semicrystalline polymer. This comprises
most of the physical transitions (glass transition, melting, crystallization) and of the
chemical processes (crosslinking, oxidation, decomposition) that can be found in
polymers.
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Figure 3.3 The main events that can be detected in polymers by DSC.
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3.1.2.2.1 Glass Transition
The DSC is widely used to measure the glass transition temperature, which is an
important parameter for polymer characterization. The Tg represents the tempera-
ture region at which the amorphous phase of a polymer is transformed from a brittle,
glassy material into a tough rubbery phase.

Highlighting the glass transition through DSC is possible due to the fact that the
gradual change in molecular mobility (chains acquire more freedom of movement)
causes changes in heat capacity and heat flow. This endothermic event is depicted
by a shift in the baseline. Five points may be selected and reported as the value of Tg
(Figure 3.4): the onset (Tgi), the extrapolated onset (Tgeo), the mid-point temperature
(Tgm), the extrapolated end temperature (Tgee), and the end point of the inflexion
appeared in the baseline (Tgf). The subscript “m” stands for midpoint, “i” for initial,
and “f” for final. The change in the heat capacity at Tg is related to the amorphous
content. The percentage of amorphous phase in a semicrystalline material can be
determined knowing the glass transition for the material containing 100% amor-
phous content. Moreover, fully crystalline materials do not show this transition.
A single temperature is generally reported for convenience as Tg, but the biopoly-
mer actually changes its properties over a range of temperatures. Glass transition
temperature measurements can vary greatly according to technique or experimental
conditions (heating rate, mass of the sample).

3.1.2.2.2 Melting
If Tg is a property of the amorphous region, melting is a property of the crystalline
region very important for semicrystalline polymers because it outlines the upper
temperature limit of the polymer structural integrity. Melting is the process of trans-
forming the crystalline structure into an amorphous structure and shows up as a
large endothermic peak in the DSC plot. The heat added to the polymer during the
melting process is the latent heat of melting. It is calculated from the area of a melt-
ing peak observed in a plot of heat flow against temperature (right side of Figure 3.3).
Melting temperature (Tm) is defined as the maximum temperature of the peak.
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Figure 3.4 Assessment of glass transition by DSC.
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3.1.2.2.3 Crystallization
The exothermic peak that is frequently observed in a DSC experiment during heating
or cooling is due to a crystallization process. It originates from the rearrangement
of amorphous structure into a crystalline one. Cold crystallization is observed on
heating a sample that has previously been cooled very quickly and had no time to
crystallize during the cooling phase. Crystallization temperature (Tc), defined as the
lowest point of the exothermic process, is the temperature at which the crystalliza-
tion rate is maximum (right side of Figure 3.3). The enthalpy of crystallization is
determined from the area of the peak.

3.1.3 Dynamic Mechanical Analysis (DMA)

DMA, also known as rheology of solid, is a powerful analytical instrument that
facilitates understanding of the structural and mechanical changes by analyzing the
variation of the viscous and elastic properties with temperature and frequency [5, 6].

3.1.3.1 Principle
A specimen of known geometry clamped into a mechanical loading frame (ten-
sion, three-point bending, single/dual cantilever, shear, compression) is subjected
to an oscillatory stress (𝜎), usually sinusoidal and causes an oscillatory strain (𝜀)
(Figure 3.5).

Due to the time-dependent properties of viscoelastic materials, the resulting strain
lags behind the applied stress by a phase angle (𝛿).

𝜎 = 𝜎0 sin𝜔t (3.3)

𝜀 = 𝜀0 sin(𝜔t + 𝛿) (3.4)

The DMA results are given in term of a complex modulus E* that distinguishes
between the elastic and viscous responses.

E∗ = E′ + iE′′ (3.5)

tan 𝛿 = E′′
E′

(3.6)

The storage modulus (E′) describes the elastic behavior and refers to the ability
of a material to store energy; it is related to the stiffness of the material. The loss
modulus (E′′) describes the viscous behavior and represents the heat dissipated by

Time

σ σ
ε

Time

0°<δ<9°

Figure 3.5 Principles of DMA.
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the sample as a result of molecular motions. The loss factor (tan 𝛿) is a dimensionless
property and quantifies the mechanical damping.

3.1.3.2 Applications of DMA
Most often, DMA is used for assessing relaxations (α, β, γ) in polymers by investigat-
ing the variation of the storage modulus, loss modulus, and tan 𝛿 with temperature
using a frequency of 1 Hz. Relaxation temperatures generated by different molecu-
lar movements are determined as drops in E′ and as peaks on E′′ and tan 𝛿 curve,
the tan 𝛿 peak appearing always at a higher temperature than the E′′ peak [7]. The
most important material characteristic with respect to its applications is 𝛼-relaxation
which is associated with the glass transition temperature (Tg). It corresponds to the
onset of long-range coordinated molecular motions. The high sensitivity of DMA
in characterizing Tg is related to the great changes in the mechanical properties
in terms of loss rigidity and increase of molecular mobility. The storage modulus
decreases up to three orders of magnitude in a range of 20 ÷ 30 degrees. The loss
modulus and tan 𝛿 peak reach a maximum. Significant feature of tan 𝛿 plot includes
the width, magnitude, and temperature of the peak. The magnitude of the tan 𝛿 at
Tg is a measure of the energy damping characteristic and is related to the impact
strength of a material.

Below Tg the polymer is in the glassy state and is frequently brittle. This region
is characterized by secondary relaxations (β, γ) that cannot be distinguished by
other thermal analysis techniques. Identification of this type of relaxations has
a significant impact on mechanical properties such as impact resistance and
toughness. The chain segments are frozen, and their mobility is limited to motions
of short segments of main chain, rotations of terminal groups, or side chains.
Thereby, much smaller changes in the mechanical properties can be observed
relative to the glass transition region: a storage modulus higher than 109 Pa, low
loss modulus, and very low tan 𝛿. In the rubbery state, the molecular chains gain
enough mobility and molecular rearrangements can take place. The rubbery plateau
is related to the degree of crystallinity, crosslinking, or molecular weight of the
polymer.

Storage modulus, loss modulus, and loss factor values change with temperature
and offer information regarding not only the relaxations that occur, but also on
changes associated to different processes. From this point of view, DMA overcomes
the limitation of DSC and provides high sensitivity in separating a relaxation from a
kinetic effect using frequency along with temperature in the study of polymers [8].
Relaxation processes are frequency-dependent (shift to higher temperature with
increasing frequency), in contrast to melting processes, crystallization, and chemical
reactions, and can therefore be easily identified.

3.1.4 Broadband Dielectric Spectroscopy

The broadband dielectric spectroscopy (BDS) is generally employed for characteri-
zation of structural, molecular dynamics, and electrical properties of nonconduct-
ing and/or semiconducting-type materials. Since DEA offers a range of frequencies
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beyond the typical 100 Hz limit of traditional DMA, it is often used as a complemen-
tary material characterization technique.

3.1.4.1 Principle
Dielectric measurements are the analogous measurements of those performed in
DMA. The sinusoidal mechanical stress used in DMA is replaced by a cyclic electric
field; it is applied across a sample placed between two parallel plate electrodes.
The measured response due to charge species present in the sample (dipole or
mobile units like free ions, electrons) can be related to conductivity and dielectric
permittivity.

The complex dielectric permittivity, 𝜀*, is an intrinsic property of a system and is
generally defined as

𝜀
∗ = 𝜀′ − i𝜀′′ (3.7)

where ε′ is the dielectric constant and ε′′ is the dielectric loss of the material. The
dielectric constant quantifies the molecular dipoles of the sample that are rotated
by an alternating electric field. The dielectric loss parameter is related to the dissi-
pation of electromagnetic energy for dipoles alignment and movements of charge
carriers, as well. In an ideal dielectric system (a material with no conductivity con-
tribution), the dielectric loss is attributed only to dielectric relaxation processes. In
real dielectrics, the electric charges are also presented and lead to a variety of charge
carriers relaxation-type processes. As a result, the dielectric dispersion is a super-
position of dipolar activity (dipole-relaxation) and movement of charges (charge
carrier-relaxation). Since dielectric loss comprises both the polarization and con-
ductivity contribution signals, the electrical conductivity 𝜎 (S/cm) could be further
evaluated with the relation:

𝜎 = 2𝜋𝜀0 f𝜀′′ (3.8)

where 𝜀0 is the permittivity of the free space and f is the frequency of the alternating
electric field [9].

Another tool needed for an appropriate processing of BDS data is the complex
modulus (M*). The modulus expression is generally employed to identify all the
relaxation-type processes available in the material that is under investigation,
including the dipolar relaxations and the conductivity relaxation processes. In other
words, the modulus allows a better identification of relaxation-type processes. The
complex quantity, M*, is estimated from the complex dielectric permittivity with
the relation:

M∗ = 1
𝜀
∗ = M′ + iM′′ = 𝜀

′

(𝜀′)2 + (𝜀′′)2
+ i 𝜀

′′

(𝜀′)2 + (𝜀′′)2
(3.9)

where M′ is the real part and M′′ is the imaginary part of modulus [10].

3.1.4.2 Applications
3.1.4.2.1 Evolution of Dielectric Parameters with Frequency
Figure 3.6 presents the classical behavior of the most common relaxation-type pro-
cesses. Generally, for stable systems a dipolar relaxation is revealed as a well-defined
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Figure 3.6 The variation of the dielectric constant, dielectric loss, real and imaginary parts
of modulus function, revealing the dipolar relaxation (a), the ohmic conductivity (b), and the
superposition of dipolar and conductivity signals (c). Source: Symonowicz et al. [11]/with
permission of Elsevier.

dielectric peak in the 𝜀′′(𝜔) plots associated with a step-like behavior in the 𝜀′(𝜔)
dependency.

If the dipolar polarization is not influenced by conductivity, the M′′(𝜔) spectra
also exhibit a dielectric peak that corresponds to the dipolar relaxation (Figure 3.6a).
Linear dependencies of 𝜀′(𝜔) and 𝜀′′(𝜔) plots indicate the transport of charge carri-
ers. The conductivity relaxation is further revealed as a well-defined peak in M′′(𝜔)
followed by a step-like behavior in M′(𝜔) spectra (Figure 3.6b). If the dielectric dis-
persion is a superposition of the oscillating dipoles and electric charges (Figure 3.6c),
the ohmic conductivity is revealed at low frequencies as a linear dependence, while
the capacitive-type signal is shown at higher frequencies [11].

3.1.4.2.2 Evolution of Dielectric Parameters with Temperature
BDS is an efficient technique to study the molecular dynamics in polymers. The
dielectric data recorded in a broad range of temperature allow investigation of
various relaxation-type processes, providing fluctuations of small groups from
side-chain macromolecules and even large-scale segment motions [12, 13]. An
important parameter that describes the molecular dynamics in materials is the
activation energy. In the case of secondary relaxations, the parameter is related
to the energy needed to change the conformation of molecular dipoles, while for
cooperative α-relaxation it emphasizes the energy used for translation of molecules
through the polymer backbone.

The frequency dependence of dielectric properties is processed according to
Havriliak–Negami (HN) equation:

𝜀
∗ = 𝜀′ − i𝜀′′ = 𝜀u +

𝜀r − 𝜀u[
1 + (i𝜔𝜏HN)a

]b
(3.10)

where 𝜀r and 𝜀u are the relaxed (𝜔→0) and unrelaxed (𝜔→∞) terms of the dielectric
constant,𝜔= 2𝜋f is the angular frequency, f is the frequency of the applied field, 𝜏HN
is the HN relaxation time of the process, a and b represent the broadening and skew-
ing parameters, respectively [14]. For overlapped dielectric signals, an additional



92 3 Methods for Characterization of Dielectric and Thermal Properties of Biomaterials

term from conductivity contribution is added. The characteristic relaxation time of
the dielectric peak maxima, 𝜏max, is further evaluated with the equation:

𝜏max = 𝜏HN

⎡⎢⎢⎣
sin 𝜋ab

2+2b

sin 𝜋a
2+2b

⎤⎥⎥⎦
1
a

(3.11)

The secondary γ- and β-relaxations activation energy can be described by the
Arrhenius-type equation:

𝜏max (T) = 𝜏0 exp
( Ea

RT

)
(3.12)

where 𝜏max is obtained with Eq. (3.11), 𝜏0 is a pre-exponential factor, and R is the gas
constant.

For adequate description of α-relaxation, the Vogel–Fulcher–Tammann (VFT)
equation is used:

𝜏max (T) = A exp
( Ea

T − Tv

)
(3.13)

A is the pre-exponential factor, Tv is the so-called Vogel temperature and indicates
the deviation from linearity.

The relaxation process of electrical conductivity gives information about the type
of conduction and transport mechanism of electrical charges through the polymer
matrix. Generally, for materials exhibiting the conductivity relaxation before
glass transition, the activation energy is evaluated with the Arrhenius equation
(Eq. (3.12)). If the conductivity relaxation is detected after the glass transition, the
activation energy is determined with VFT equation (Eq. (3.13)), considering also
the coupling between the transport of electric charges and the cooperative glassy
dynamics [15]. The activation energy of the process is related to the energy required
for the transport of charge carriers between the neighbor sites.

3.2 The Significance of Thermal Analysis in Biopolymers

In any biopolymer application, the evaluation of the structure–property relation-
ship is essentially relevant. However, despite their enormous potential, there are
several important challenges and issues that should be addressed. One of them is
the obtaining of a complete picture of transitions and physico-chemical processes
related to biopolymer structural features considering temperature and frequency as
variables. A detailed understanding of the molecular mechanisms underlying these
relaxation processes is quite difficult, owing to the biopolymers structural complex-
ity and their temperature, moisture, and time dependence. It is a misconception to
suggest that the test should be carried out only at the temperature and frequency
they will be used in practice. For example, the use of biopolymers as food packaging
material involves a wide range of thermal conditions during production, transport,
storage, preparation, and consumption, e.g. pasteurization, sterilization, evapora-
tion, cooking, and freezing. Therefore, studying the changes under all these thermal
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conditions is necessary in checking that mechanical and barrier integrity is main-
tained for the safety of the consumer.

Moreover, the environmental moisture (generally unavoidable) should also been
taken into account. A tiny amount of adsorbed moisture may dramatically change
the mechanical properties of hydrogels. The location of bound water and the inter-
actions of water–biopolymer encountered in hydrogels must be well determined and
understood. Water induces structural changes that have a strong effect on the molec-
ular mobility, very important in the case of tissue engineering and other biomedical
applications.

3.3 Applications of Thermal Analysis in the
Characterization of Biopolymers

This chapter summarizes the suitability of thermal analysis for understanding
the changes with temperature and frequency of cellulose, chitosan, and pullulan
systems aimed for various cutting-edge technological applications. The described
examples include polymeric materials used in different fields and stretch from
hydrogels used in biomedical applications to energy storage devices.

Temperature is an important tool in the characterization of hydrogels which
should keep their structural integrity until they are released into the body, while
frequency is essential in the case of articular cartilage regeneration daily submitted
to solicitation during walking.

3.3.1 Characterization of the Thermal Stability of Biopolymers

Thermal stability is an essential parameter to be considered when determining the
potential uses of biopolymers in various fields such as packaging and biomedical
field. Thermal degradation can be quantitatively measured by TGA and usually
involves two main stages. The first step involves water elimination because dried
biopolymers almost always contain water (5%). The second degradation step
accounts for the largest weight loss because it is associated with the breaking
down of polymeric chains. For example, in the case of methyl cellulose, the second
step in the TGA, corresponding to the structural degradation of the molecular
chains, took place in the temperature range 332–395 ∘C. It was reported that when
methyl cellulose was crosslinked with glutaraldehyde its thermal stability was the
same [16]. Contrarily, plasticization with poly(ethylene glycol) (PEG) improved its
thermal stability due to the compatibility PEG – methyl cellulose.

According to Lopez et al., degradation of chitosan took place in three steps [17].
Besides the two steps encountered in cellulose, a third step was observed in chitosan
in the temperature range 387–471 ∘C. It corresponds to the residual crosslinking
degradation of chitosan.

TGA was also used to monitor changes that occur during different modifications
of chitosan. Relative to their potential use in orthopedic applications, Zapata
et al. [18] studied the thermal stability of acrylic bone cements nanocomposites
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Figure 3.7 Thermogravimetric analysis of pullulan/MWCNT hydrogels. Source: Saeaeha
et al. [20]/with permission of Elsevier.

modified with graphene oxide and chitosan. Although the separate introduction of
graphene oxide or chitosan causes a decrease in thermal stability, a synergistic effect
was observed by the simultaneous addition of both fillers. This can be the result of
a homogeneous distribution of the graphene oxide and mechanical reinforcement
due to hydrogen-bonding interaction between chitosan and graphene oxide.

Neto et al. [19] reported differences in thermal stability between chitosan
crosslinked with glutaraldehyde or blended with poly(ethylene oxide) (PEO). PEO
increases chitosan thermal stability, while the crosslinking process decreases it.
This decrease in thermal stability can be assigned to a weakened crosslinked struc-
ture generated by the interference of intra-crosslinking reaction between chains
with the hydrogen bonds. A lower thermal stability was observed in the case of
pullulan hydrogels embedded with multiwalled carbon nanotubes (MWCNT) used
as electroactive materials (Figure 3.7). The second step in weight loss attributed to
pullulan decomposition appears in the range 238–250 ∘C [20]. A higher crosslinker
concentration generates a denser network and reduces the chain mobility inside
the hydrogel.

3.3.2 Characterization of the Glass Transition of Biopolymers

Compared with synthetic polymers, biopolymers like cellulose, chitosan, and
pullulan are less understood in what concerns the structure–property relationship.
The thermomechanical analysis raises some difficulties and leads to multiple
interpretations, generated by the presence and superposition of different kind of
relaxations, arising from crystallinity and strong intra and/or intermolecular hydro-
gen bonding. Moreover, due to their strong affinity for water, cellulose, chitosan,
and pullulan may be easily hydrated. Hydration may either facilitate (plasticize)
or hinder (antiplasticize) the molecular motions, relative to the nature or strength
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Figure 3.8 Chemical structure of (a) cellulose, (b) pullulan, (c) chitosan.

of water-chain segments interactions. Because of this, the glass transition of
biopolymers is not an abrupt event, but rather a succession of processes having as a
result pronounced changes in the mechanical, thermal, and dielectric properties.

Cellulose and pullulan have the same repeating anhydroglucose unit. Their chem-
ical structure differs mainly by the position of the glycosidic linkage: cellulose –
β(1–4) linkage (Figure 3.8a) and pullulan – α(1–4) and α(1–6) linkage (Figure 3.8b).
For each repeating unit they have two hydroxyl side groups and one hydroxymethyl
side group. The great number of hydroxyl groups favors the appearance of strong
inter- and intramolecular hydrogen bonds; as a consequence, the glass transition
temperature of cellulose and pullulan is achieved at high temperatures, usually
above the thermal decomposition evidenced by TGA [21, 22].

Changes in the DMA properties as a function of temperature play an important
role in evaluating their potential for applications. Simply performing a tempera-
ture scan experiment leaves open questions regarding the structural origin of relax-
ations revealed by DMA. One example in this case is represented by regenerated and
stretched cellulose films used as potential packaging materials [23]. Fully swollen
cellulose films stretched up to 30% in a DMA sample holder at room temperature
were tested using DSC and DMA after being completely dried to prevent shrinkage.
Two peaks (α2 and α1) evidenced in DMA were attributed to the motions of seg-
ments in amorphous regions of cellulose, both of them having the characteristics of
a relaxation, but with different densities of inter/intramolecular hydrogen bonds.

DSC step scan method evidenced only one baseline shift due to its ability to dis-
tinguish between reversible and nonreversible heat flow. This α1-relaxation, gen-
erated by the strong and dense network of intra/intermolecular hydrogen bonds,
was attributed to the glass transition. The broad and weak α2-relaxation that corre-
sponds to the loose network of hydrogen bonds is not highlighted in the DSC curve.
DSC is not a common tool to investigate the glass transition of cellulose taking into
account the small variations in heat capacity [24, 25]. However, Szczesniak et al.
[26] evaluated the glass transition of cellulose powder with smaller water content,
both in heating and cooling runs. DSC cooling runs seemed to be more suitable for
glass transition evaluation. The endothermal peak associated with water loss is still
present in the second or third DSC heating run, diminished in amplitude and shifted
to higher temperature.

The use of pullulan as films and coatings in food applications is constrained
by hydrated conditions during handling or storage. Lazaridou et al. studied
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the plasticization effect of water/sorbitol on pullulan [27, 28]. The presence of
α(1–6) linkage on the pullulan chain is responsible for the flexible conformation
and ensures the amorphous character. A DMA experiment performed in single
cantilever-bending mode evidenced a large drop in storage modulus E′ and a
peak in tan 𝛿 curve. Increased water content enhanced the molecular mobility,
thus decreasing the glass transition temperature. Moreover, the reduction in the
storage modulus on the rubbery plateau and the increase in E′ drop evidenced
a loosening of the hydrogen-bonding network. With increasing water content,
polymer–polymer hydrogen bonds are replaced by the polymer–water, conferring
higher freedom to polymer chain motion.

Although cellulose and chitosan (Figure 3.8) share the same β(1–4)-
anhydroglucosic bond, their properties are different due to the presence of
amino functional groups in chitosan besides the hydroxyl ones. Some authors
show no evidence of chitosan glass transition by DSC, DMA, DEA, while others
report a wide variety of values; this discrepancy between the glass transition
temperatures may be related to differences in crystallinity, molecular weight, or
degree of deacetylation. It is known that chitosan is highly hydrophilic. The polar
functional groups present in the chitosan structure (hydroxyl and amino group)
are able to form hydrogen bonds with water molecules. The presence of even small
amounts of water results in structural changes of chitosan with strong effects on
their molecular mobility, especially in the glass transition region. Water can act as a
plasticizer, lowering and broadening the glass transition range or may overlap and
distorts the Tg, thus impeding its evaluation.

DMA studies performed by Lazaridou and Biliaderis in single cantilever-bending
mode [29] found Tg of chitosan films ranging from−23 to 67 ∘C for moisture content
between 9% and 20%. The glass transition evidenced by a large drop in storage mod-
ulus and a broad peak on tan 𝛿 curve was shifted to lower temperature with increase
of water content, indicating its plasticizing effect. The correct assigning of this peak
to α-relaxation was confirmed by the value of activation energy and its sensitivity
to frequency (tan 𝛿 peak shifts to higher temperature with increasing frequency)
observed in the multifrequency experiment.

Baouche et al. observed for the dried sample of chitosan values of 102 ∘C measured
by DSC and 122 ∘C according to DMA [30], depending on water content. Similar
results of Tg values of about 150 ∘C were reported by Dong et al. [31] by means of
four techniques: dynamic mechanical thermal analysis, DSC, thermally simulated
current spectroscopy, and dilatometry. A physical aging treatment (100 ∘C, 8 hours)
of chitosan demonstrates the ability of DSC to differentiate the enthalpic relaxation
from the glass transition of chitosan. In the same time, Sakurai et al. [32] attributed
another origin to the tan 𝛿 peak observed at 153 ∘C in the DMA first run in pure
chitosan (Figure 3.9a). The two cycles of heating performed to eliminate the water
content strengthen the idea that this peak is rather due to the molecular motions
in a pseudo-stable state than to α-relaxation, since it disappears in the second run
(Figure 3.9b).

The Tg appeared in this case in the second heating run around 203 ∘C as a small
baseline step in DSC (Figure 3.10) and as a large shoulder on tan 𝛿 peak in DMA.
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Figure 3.10 DSC of chitosan in
the second heating run. Source:
Sakurai et al. [32]/with permission
of Elsevier.
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When Tg cannot be directly estimated, chitosan is blended with low molecular
weight (plasticizer), which lowers the Tg. Khouri et al. [33] incorporated glycerol
into a neutralized chitosan film using this heterogeneous method to observe
the glass transition using DMA. Due to its high affinity for water, the dielectric
spectra of chitosan are strongly affected by the high conductivity signal, which is
ordinarily produced by the proton migration. Therefore, some authors presented
only two relaxation-type processes, secondary β-relaxation and conductivity of
charge carriers, with no mention about primary α-relaxation [34, 35]. However,
Gonzalez-Campos et al. evidenced the presence of α-relaxation in the chitosan with
minimum water content [36]. They collected the dielectric spectra of wet (normal
ambient conditions) and dry (annealed for 24 hours, at 120 ∘C) chitosan samples.
The α-relaxation was highlighted by subtraction of the dc conductivity signal and
exclusion of the electrode polarization and interfacial polarization effects.

The processed dielectric loss was expressed as

𝜀
′′ = 𝜀′′exp −

𝜎dc

𝜔𝜀0
(3.14)

where 𝜀′′exp is the experimental value of dielectric loss, 𝜎dc is the direct current
conductivity, 𝜔 is the angular frequency, and 𝜀0 is the permittivity of free space.
Following their assumption, after dc correction, both relaxations (the secondary
β-relaxation at high frequencies and the primary α-relaxation at low frequencies)
can be identified.
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3.3.3 Characterization of the Secondary Relaxations in Biopolymers

The assignment of the low-temperature relaxations in biopolymers is discussed in
a broader context, taking into account the role of hydrogen bonds and water. The
combination of mechanical and dielectric analyses appears to be the most powerful
tools for the study of molecular mobility occurring in glassy polymers having a high
density of polar groups.

3.3.3.1 Secondary Relaxations in Cellulose
Amorphous cellulose exhibits in dynamic mechanical and dielectric spectra two
relaxations (γ and β) below the glass transition temperature. Their magnitude and
temperature vary with the water content or the origin of the cellulose [37, 38].
γ-relaxation is attributed to noncooperative movements of side groups (–CH2OH
and/or –OH) and appears around −120 ∘C. On the other hand, β-relaxation appears
above −75 ∘C and is associated with the localized and cooperative motions of the
cellulose chain segments. According to Montes et al. [39], DMA and DEA are
not able to highlight the same relaxation processes in the case of dry cellulose.
Two secondary relaxations can be observed in DMA compared to only one broad
secondary relaxation in DEA. The absence of the dielectric β-relaxation may be
related to its dependence on water content. At temperature close to room temper-
ature Jafarpour et al. [40] observed a βwet-dielectric relaxation and assigned it with
rotation of polymer–water complexes developed at the polymer–water interface
[41, 42]. This βwet-relaxation signal could be eliminated from the dielectric spectra
after an intense drying of the cellulose.

When the water content in cellulose exceeds 6%, only one broad relaxation peak
can be observed [37]. This peak can be separated into two independent peaks
after a thermal treatment (Figure 3.11). However, Cristea et al. [43] evidenced
only one broad tan 𝛿 peak between −100 and −50 ∘C for regenerated cellulose
subjected to thermal treatments in the DMA oven (Figure 3.12). In this case, the
plasticizer/antiplasticizer role of water was discussed on account of the strong
interchain network of hydrogen bonds between macromolecular chains of cellulose
and water. After the first heating cycle, an increase in stiffness and a decrease of tan
𝛿 peak intensity were observed as the water that acts as a plasticizer was eliminated
from the film. The next three heating stages turn out to be useless in terms of
removing water. Most probably, water molecules are involved in a strong network
of hydrogen bonds and their removal is not possible under the thermal conditions
created in the DMA oven.

Zhao et al. investigated the interaction between water and regenerated cellulose
backbone, highlighting the evolution of secondary dielectric relaxation behavior
during isothermal dehydration of the material [42]. They observed two different
drying stages in time during the drying process. The first stage is dominated by
the ionic motions among the hydroxyl groups and the interfacial polarization.
However, the secondary βwet- and β-relaxations are detectable as shoulders with
reduced intensity. This stage emphasizes the loss of free water from the regenerated
cellulose backbone. The relaxation behavior in the second drying stage is a result
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Figure 3.11 DMA data at 0.1 Hz for
cellulose (a) before treatment;
(b) before (a) +1 hour at 400 K;
(c) before (b) +1 hour at 400 K;
(d) before; (c) +1 hour at 400 K;
(e) before (d) +24 hours at 400 K;
(f) after (e) +humid atmosphere;
(g) after (f) +1 hour at 400 K. Source:
Montes et al. [37]/with permission of
American Chemical Society.
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of molecular dynamics. The β-relaxation of dried regenerated cellulose is observed
in the 106–107 Hz frequency range and is similar to the typical dipolar relaxation
of native cellulose of different origins [42, 44]. More interesting is the appearance
of βwet-relaxation as two well-separated relaxations. As temperature increases, the
two relaxations approach one another and finally merge into a single integrated
one. According to the authors, the unusual behavior of βwet-relaxation suggests the
development of a highly ordered phase arrangement of cellulose molecules toward
the elimination of freezable loosely bound water from regenerated cellulose [45].

3.3.3.2 Secondary Relaxations in Chitosan
When it comes to the β-relaxation of chitosan, the presence of−NH2 ionizable group
should be taken into consideration. In chitosan blended with glycerol, Quijada Gar-
rido et al. attributed the dynamic mechanical β-relaxation to the rotation or local
motions of lateral groups of chitosan (−NH2 or as NH+ −

3 OOC − CH3,−CH2OH, and
in some cases −NH−OC−CH3), to hydrogen bonds between amine and alcoholic
lateral groups of chitosan and glycerol alcoholic group [46]. Viciosa et al. reported
the molecular motions in dry chitosan (annealed for 20 minutes at 150 ∘C) and wet
chitosan (water content being around 13.5%), in order to highlight the influence of
water on β-relaxation process [34]. Three relaxations processes were detected using
dielectric spectroscopy: a β-relaxation, a βwet-relaxation, and a σ conductivity pro-
cess. The loss curves of dry chitosan highlight the β-relaxation as a well-defined sym-
metric dielectric peak. A broader asymmetric peak with a significant lower intensity
was observed in the dielectric spectra of the wet chitosan, strongly influenced by
conductivity induced by polar water molecules. The differences obtained between
β-relaxation of wet and dry chitosan samples, in terms of their broadness and inten-
sity, confirm that the β process is due not only to the glycoside linkage but also to
the amine side group, especially its protonated state (NH+

3 /NH2). The conductivity
σ process related to migration of conductive species deviates to higher temperatures
with drying.

3.3.3.3 Secondary Relaxations in Pullulan
Scandola et al. evidenced that the amount of water absorbed in pullulan influences
dramatically the dielectric properties and the viscoelastic behavior of the polysac-
charide [21]. When the pullulan polymer is hydrated, two regimes of hydration are
identified: the regime of low water contents includes the molecular interactions
of water molecules with pullulan via hydrogen bondings and the regime of high
hydration degrees is characterized by water–water associations. The polymer–water
relaxation is the only one emphasized in DMA and DEA at temperatures below room
temperature.

Kishikawa et al. [47] investigated the molecular dynamics of pullulan in
water-rich concentrations by dielectric spectroscopy technique in a broad range of
frequencies (between 40 Hz and 50 GHz) and close to room temperature (T = 25 ∘C).
The dielectric spectra of pullulan in water reveal the presence of two relaxation
processes localized at high frequencies assigned to pullulan and water molecules,
and contributions from electrode polarization and DC conductivity localized at low
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frequencies. The relaxation specific to the primary process of water (h-process) is
detected at frequencies around 10 GHz, while the dielectric relaxation characteristic
to the local chain motions of pullulan (m-process) is found at 100 MHz. The
purification of pullulan is repeatedly obtained, and the dielectric spectra were
collected at each step of purification. It was found that the amount of impurities
is considerably reduced by increasing the number of purification steps, enabling in
this mode a clear identification of m-process. Furthermore, the dielectric behavior
of pullulan (after triple purification) in water at different concentrations was
investigated. As the concentration of pullulan increases, the relaxation strength of
h-process is reduced, while the relaxation strength of m-process increases linearly.
This observation confirms that m- and h-processes are activated by rotation of
molecular dipoles of pullulan and water, respectively.

3.3.4 Characterization of Moisture from Hydrogels

Hydrogels are three-dimensional networks of polymer chains that could absorb
and retain large amounts of water, but do not dissolve [48]. The ability to absorb
water is induced by the hydrophilic functional groups attached to the polymeric
backbone. The resistance to dissolution arises from the physical (ionic interactions,
hydrogen bonds, and hydrophobic interactions) or chemical crosslinks between
network chains. The type of crosslinking induces changes in hydrogel properties.
Compared to chemically crosslinked hydrogels, physically crosslinked hydrogels
are weaker and fragile. Properties such as biocompatibility and biodegradability
recommend the use of hydrogels made from natural polymers (cellulose, chitosan,
pullulan) for biomedical devices, drug delivery, and tissue engineering. The suc-
cessful biomedical application is constrained by a proper characterization of the
mechanical strength, being well known that hydrogels are very weak and cannot
bear high deformation. The fact that hydrogels may absorb water up to thousands
of times their dry weight makes the interpretation of their mechanical properties
more difficult.

Three distinct types of water exist in hydrogels: free water, freezing loosely bound
water, and non-freezable bound water [49, 50]. Free water does not imply any inter-
action with polymer chains. It can be removed by heating because it is only phys-
ically entrapped within the polymer network. Nonfreezable bound water interacts
strongly with polymer chains by hydrogen bonds. It does not exhibit a phase tran-
sition within the normal temperature range associated with pure water. Freezing
bound water interacts weakly with polymer chains. It freezes and melts at different
temperatures with respect to that of free water.

Several thermal methods have been used to examine the dynamics and organi-
zation of water, but only few can differentiate them. DMA is by far the less used
for water hydrogels characterization mainly from two reasons. The first one is due
to the practical difficulty of testing. Although DMA can use various geometries, the
parallel-plate compression clamp is the most suited [51, 52]. Due to the higher water
content of hydrogels, clamping the cylindrically shaped samples is not always very
easy. The thin water layer which appears at the interface geometry/hydrogel acts
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as a lubricant. This behavior induces the sliding of the hydrogel between the plates
upon application of force. Waterproof sandpaper is usually applied to the plates to
overcome these difficulties.

The second reason is related to the DMA inability to differentiate between differ-
ent types of water. However, in DMA, there is not always a clear evidence of water
loss in terms of drop of storage modulus or as peaks in tan 𝛿 curve, its presence
can be quantified as changes in the molecular mobility [53]. At the molecular level,
water plasticization increases the intermolecular distances enhancing the segmen-
tal mobility. Meyvis et al. [54] tested hydrogels using two different measuring modes
(controlled force and multistrain) and compared the results to those obtained using
an oscillatory shear rheometer.

DSC sheds light on the interaction between water and hydrogel. When combining
chitosan and cellulose in the same hydrogel, Barros et al. [50] differentiated by DSC
two types of water. They assigned the two broad endothermic peaks from 50 to 95 ∘C
and from 170 to 205 ∘C, to free water and freezing bound water, respectively. Their
assumptions were confirmed by the disappearance of these two peaks in the second
DSC scan. Moreover, Qiao et al. [55] evidenced using temperature-modulated DSC
that the state of water in chitosan films is related to the water content. At low water
content (up to 42%), there is no endothermic peak on DSC curve. There is only non-
freezable water present in the chitosan which acts as a plasticizer. The enhancement
in the chain mobility evidenced by a decrease of the glass transition temperature is
due to gradually breaking of hydrogen bonds as water content grows. Above 47%
water content, freezable water appears. Hoffman et al. [56] proposed a different
method to quantify the quantity of water from a hydrogel. According to them, the
bound water content can be calculated as a difference between total water content
and the free water. The latter can be evaluated from the endotherm obtained in the
heating step of a DSC experiment, considering that only free water may be frozen.
It can be also calculated by using the crystallization peak characteristic observed in
the cooling process [57].

3.3.5 Characterization of Electrical Conductivity

The development of fuel cells is of a main interest of our civilization since they
convert the chemical potential energy into electrical energy. Thus, they have supe-
rior efficiency compared to combustion engines. Generally, the perfluoro-sulfonated
ionomer membranes, including Nafion as representative example, are known as the
most used polymer electrolyte membranes (PEMs), at relatively high humidity. They
furnish high thermal stability and good proton conductivity achievements. However,
the performances of these materials are limited at high temperatures (under water’s
boiling point) and low humidity [58].

Biopolymers like cellulose, chitosan, and pullulan are promising candidates
among the low-cost PEMs. Particularly, the oxidized cellulose doped with
heterocycles-type materials are attractive due to their high thermal stability, the
boiling point of heterocycles being higher than that of water. In this way, the proton
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conductivity of the natural membrane might furnish good proton conductivity
performances at higher temperatures than Nafion.

Smolarkiewicz et al. have developed a proton-conducting membrane based on
pure microcrystalline cellulose (Cell) as the host polymer, doped with imidazole
(Im) [59]. The authors evaluated the proton conductivity of Cell-Im membrane dur-
ing two heating cycles and the corresponding cooling runs. During the first heating
cycle (full squares in Figure 3.13), the maximum proton conductivity is observed
around 45 ∘C and is attributed to water molecules which are absorbed in the poly-
mer backbone. After the first heating ends, around 110 ∘C, the Cell-Im membrane
is considered dried since the retained water was eliminated by evaporation from
the bulk sample. During the second heating (0–220 ∘C), the recorded conductiv-
ity is related to molecular dynamics of Im and Cell membrane components. The
highest conductivity was recorded at 160 ∘C; after this temperature, the degrada-
tion of imidazole was reported. The second run evidenced three important aspects.
Firstly, the maximum proton conductivity of Cell-Im membrane (recorded at 160 ∘C)
is four times higher than that of pure Cell (recorded at 70 ∘C). Secondly, the opera-
tion temperature of the Cell-Im membrane (0÷160 ∘C) is significantly increased, as
compared with that of pure Cell (0–70 ∘C). Finally, considering the region of con-
tinuous increase of conductivity toward the temperature, the activation energy was
evaluated and the transport mechanism as well. It was suggested that the conduc-
tivity of electrical charges is assigned to the movements of protons from protonated
to nonprotonated Im molecules, along the hydrogen-bonding network.

Chitosan-based membranes are employed as low-cost electrolyte for production
of fuel cell devices. The conductivity of pure chitosan-based membranes and
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modified chitosan membranes was previously measured [60–63]. For example, Wan
et al. reported in 2006, the ionic conductivity of chitosan membranes filled with
potassium hydroxide as ionic functionality around 10–6 S/cm [60]. More recently,
Mobarak et al. (2013) evaluated the conductivity of carboxymethyl chitosan used
as a green polymer electrolyte. They concluded that the conductivity achieved
by carboxymethyl chitosan (about 4× 10−7 S/cm) increased with two orders of
magnitude than that of simple chitosan (about 3× 10−9 S/cm) [61]. On the other
hand, the intrinsic protonic conductivity of maleic chitosan and proline chitosan
was measured by Deng et al. revealing experimental values around 7× 10−4 S/cm
and 3× 10−5 S/cm, respectively [62, 63].

The presence of amine groups in the chitosan chemical structure gives the pos-
sibility of physical and chemical modifications in order to increase the electrical
conductivity [64–66]. In the case of the protonation of amide groups from chitosan by
water, the conductivity is supported by migration of hydroxide ions through chitosan
backbone via the Grotthus mechanism [67]. Cui et al. proposed an ionic crosslink-
ing of chitosan employing sulfuric acid or tripolyphosphate [68]. They observed that
when chitosan is protonated with acidic functional groups, the SO4

2− anions fixed
between NH3

+ groups of the polymer chains could achieve the ionic crosslinking.
In this way, the anions interact with the amine groups and furnish ionic bridges
between the chitosan chains.

Kim et al. reported a novel material based on cyanoethyl pullulan crosslinked with
polyacrylic acid designed for sodium ion batteries [69]. The polysaccharide back-
bone provides the mechanical toughness, while the cyanoethyl side chains of the
pullulan favor the migration of sodium ions through the membrane matrix. The
crosslinking of cyanoethyl pullulan with polyacrylic acid prevents the dissolution
of the material in the electrolyte. Cyanoethyl pullulan can also be used for the devel-
opment of composite-film-type capacitors. In this regard, Suematsu et al. investi-
gated the dielectric properties of thin film nanocomposites of barium titanate and
cyanoethyl pullulan obtained by sol–gel process [70]. The cyanoethyl pullulan was
mixed with BaTiO3 solution in order to obtain a nanocomposited ink. The dielec-
tric constant of the spin-coated thin films was around 40 for 1 KHz frequency and
presents a slight variation in a broad temperature range (20÷150 ∘C). The excellent
thermal stability encourages the use of the nanocomposites as capacitors in a large
temperature domain.

3.4 Conclusions

Thermo-mechanical and dielectric characterization of biopolymers is challenging
due to the specific aspects encountered in this class of compounds. Some major
factors should be considered for understanding the experimental results. First of all,
the strong inter/intramolecular interactions (mainly by hydrogen bonding) make
the compounds more rigid and stable than expected, and some thermal character-
istics are hardly emphasized. Then, also as a consequence of the possibility to form
hydrogen bonding, the water has a critical role on the behavior. After an intense
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browsing of the work done in this direction, it seems that the study of the secondary
relaxations prevails, unlike other classes of polymers, where the glass transition
region is much more investigated. The interpretation of the peaks and various
trends of curves should be done with care, by using the results of complementary
techniques.
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4.1 Introduction

The surface charge of biomaterials is a crucial parameter when interacting with their
environment, whether it is interacting with solid surfaces, liquids, or even gases.
When we speak of surface charge, we are talking about the functional groups of
biomaterials that can either get ionized under certain environmental stimuli or are
permanently ionized. These functional groups define the way a biomaterial interacts
with its biological environment, whether it is attachment on solid surfaces, initia-
tion of bioreactions and biological cascades, killing of microorganisms, interruption
of cell metabolism, etc. It should be clarified firstly that in this chapter biomate-
rials are defined in consistence with the definition used throughout the book as
biological or synthetic substances that can be introduced into body tissue as part
of an implanted medical device or used to replace an organ, a bodily function, etc.
The term solid–liquid interactions of biomaterials needs explanation as well. In this
chapter, the solid–liquid interactions of biomaterials will refer to interactions on the
interface between solid materials and liquids in the following instances (Figure 4.1):

1. Interactions of biomaterials in aqueous liquid phase with solid surfaces,
2. Interactions of biomaterials in solid phase with aqueous liquid phases, and
3. Interactions of biomaterials in solid phase with biomolecules in aqueous liquid

phase, i.e. biological fluids.

Interactions of biomaterials in aqueous liquid phase with solid surfaces describe
nano- and micro-particle dispersions of bioactive materials interacting with various
solid surfaces. Here, the focus lies on biomaterials and their surface charge as part
of the liquid phase, although some of the solid surfaces also fit the definition of a
biomaterial. This is useful to understand attachment of bioactive materials from
liquid phases on solid materials as coatings, which can be used for biomodification
of implants. Interactions of biomaterials in solid phase with aqueous liquid phases
describe solid biomaterials like metals, synthetic polymers, and glass, interacting

Functional Biomaterials: Design and Development for Biotechnology, Pharmacology, and Biomedicine,
First Edition. Edited by Tamilselvan Mohan and Karin Stana Kleinschek.
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Interacting material Interface

Figure 4.1 A graphical representation of the solid–liquid interactions of biomaterials
discussed in this chapter. (a) Biomaterials in liquid phase. (b) Biomaterials in solid phase.
(c) Biomaterials in solid and liquid phases

with aqueous liquid phases which are predominantly not defined as biomaterials,
like electrolyte and acid–base solutions. Here the focus lies on the biomaterials
and their surface charge as part of the solid material. This is useful to understand
the interactions of potentially implantable biomaterials with various liquids to
predict their behavior in contact with biological fluids. Interactions of biomaterials
in solid phase with biomolecules in aqueous liquid phase describe interactions
of solid biomaterials with biomolecules in the liquid phase. Here the focus lies
on interactions of solid biomaterials with specific biomolecules in liquid phase
mimicking the biological processes of the body. This is useful to understand
how to design advanced bioactive materials that are able to interact with specific
biomolecules and thus provide deep insights in the biological responses upon
contact.

The influence of surface charge on these interactions will be revealed through the
analytical eyes of electrochemical methods, namely ζ-potential and potentiometric
titrations, and methods describing solid–liquid interactions on interfaces, namely
quartz crystal microbalance (QCM) and surface plasmon resonance (SPR). The
chapter will be concluded by a closer look into the electrokinetic analyzer, an
alternative method for description of solid–liquid interactions based on a traditional
electrochemical method, the ζ-potential.

4.2 Surface Charge Characterization of Biomaterials

4.2.1 Potentiometric Titration

Most of the biopolymer itself or integrated in different materials ionizes and
thus shows a charging behavior that is quite often responsible for its properties
that causes a bioactive reaction such as hydrophilicity, antimicrobial activity,
antioxidant, and antithrombogenic activities, as well as ionic exchange capacity
and adsorption capacity. It is therefore extremely important to determine both
the amount of charge and the acidic/base strength as pKa /pKb values. Mainly,
functional groups that are on biopolymers chains and ionized are carboxyl, amino,



4.2 Surface Charge Characterization of Biomaterials 113

sulfated, and hydroxyl groups [1]. Of these, however, only the carboxyl groups are
ionized in neutral or weak acidic conditions, whereas for ionization of hydroxyl
groups, the presence of strong alkali is needed [2]. Modifications may also introduce
stronger acidic groups (e.g. sulfonated fibers), which are ionized at lower pH than
carboxylic groups [3]. Amino groups are protonated in acidic environment [4].
Especially, a big challenge is to determine the amount and strength of ionizable
groups for functional materials or functional fibers that are much more complex
as biopolymers alone. The charge density is thus defined as the amount of electric
charge per mass unit and provides a quantitative measure of the charged groups
along the molecular backbone of a biomacromolecule. These groups may be
either positively charged (cationic) or negatively charged (anionic groups) [5]. In
addition, the charge may be distinguished between the accessible surface and total
acidic/base groups (surface and total charge) [6].

There are several methods for the determination of the charge density, among
which electrophoretic and light-scattering techniques, colloidal titration, and pH
titration are the most widely exploited. Also, adsorption techniques and spec-
troscopic methods may be used. The electrokinetic (zeta) potential produced by
charged surface can be measured indirectly using microelectrophoresis, streaming
current, or electro-osmosis techniques [7]. Titration techniques are widely used
due to their simplicity, ease of execution, and good repeatability. Titration is
an analytical technique, generally used in many applications in research and
industrial chemistry. It involves measuring a solution with a known concentration
of one chemical (titrant) to determine the concentration of another chemical
(analyte) in a second solution. The chemical in the titrant reacts with the analytic
material in a known manner. When the reaction of these chemicals/materials is
complete, an excess of titrant is recognized as a specific end point that marks the
end of the titration. The end point can be determined by various methods: pH
indicators, redox indicators, potentiometry, conductometry, isothermal calorimetry,
spectrophotometry, and amperometry. Therefore, different areas of titration are
indicated as already pointed out earlier [5]. This chapter focuses on potentiometric,
conductometric, and polyelectrolyte titrations that are mostly used for monitoring
of biomacromolecules/materials charge. Short theoretical background will be
followed by further review of our work on this topic.

Potentiometric titration, based on the measurement of pH changes, is a versatile
technique with a wide range of applications. It is a well-established analytical
method always effective for simple acid–base systems [8, 9]. For over 70 years, it
has been applied to study macromolecules, whose early use was limited to the
analysis of the behavior of proteins. At that time, the application for studying
acid synthetic polymers was applied almost exclusively to poly(acrylic acid) and
poly(methacrylic acid) [10]. Nowadays, it is still used to investigate the dissociation
behavior of poly(acrylic acid), but has expanded to study poly(itaconic acid),
copolymers of maleic acid with various olefins, styrene, and ionization amphiphilic
diblock and triblock copolymers [11]. Moreover, the use of potentiometric titration
for the characterization of native and modified soluble biopolymers was also
highlighted [3, 12–14].
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The soluble natural polymers include polynucleotides, polypeptides, and polysac-
charides such as starch, cellulose, and chitosan. Due to increased interest in the use
of polysaccharides for a wide range of practical applications, potentiometric titration
has become a standard method to analyze specific properties of polyelectrolytes in
this group. The technique has been widely used to determine the amylose content in
the starch [15, 16], the degree of deacetylation of chitosan [17], and the degree of pro-
tonation of cellulose derivatives [18], hyaluronic acid (HA), carboxymethylcellulose
[19, 20], among other applications. Special focus was also given on characterization
of different materials functionalized by these biopolymers. The potentiometric titra-
tions were very well established far away for characterization of proteins charge and
its influence by conformation changes [21, 22]. The principle of pH-potentiometric
titrations is based on measuring the potential difference between the indicator and
the reference electrode of the galvanic cell. The change in potential of the cell during
a titration process equals the change in potential of the indicator electrode E, since
the potential of the reference electrode is constant for the whole titration process
[2]. For example, the characterization of accessible amino groups in materials by
means of pH-potentiometric titrations is based on neutralization of dissociated
hydrogen ions with hydroxyl ions of a basic titrant [23]. Assuming that the activity
coefficients of both above-mentioned ions are constant at certain ionic strength,
one can express E for the suspension of a textile material containing amino groups
in an electrolyte solution (analyte) with the Nernst equation as follows (Eq. (4.1)):

E = E0
H + kEpH + Ej = E0

H − kEpOH + kEpKw + Ej = E0
OH − kEpOH + Ej.

(4.1)

where E0
H is the standard potential, pH = −log[H+], pOH = −log[OH−], and Kw is

the ionic product of water (Kw = [H+][OH−]). Ej is the diffusion potential, which is
mildly and linear dependent on [H+] in [OH−]. kE =RTln10/F (=59.16 mV at 25 ∘C),
where R is the gas constant, T is the temperature, and F is the Faraday constant. A
typical pH-potentiometric curve for the analyte system (Figure 4.2a) is expressed as
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Figure 4.2 (a) pH-potentiometric and (b) conductometric titration curves for a mixed
system consisting of a strong and weak acid titrated with a strong base, where Eq1 is the
neutralization end point of the strong acid and Eq2 is the neutralization end point of the
weak acid.
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pH vs. volume of added titrant. Several methods and models may be of further use to
create charging isotherms and to determine the pK values [2]. The conductometric
titration [2] follows the same basic principles as the pH-potentiometric titration, the
only difference being that one measures the conductivity of the analyte instead of
pH. The conductivity of solution/dispersion/suspension is the sum of conductivities
for all ions present in the analyte. The conductivity depends on several factors,
including solute concentration, the degree of solute dissociation, the valence of
the ion(s) present in the solution, temperature, and the mobility of the ions in the
solution.

With the hydrogen and hydroxyl ions having much higher conductivity than
the counter ions in the analyte, the effect of the counter ions can be neglected.
Electrolyte solutions also follow the Ohm law as metal conductors do. Considering
the length of the measuring cell and its cross-section surface, one can define the
specific conductivity as given in Eq. (4.2):

𝜎 = l
𝜌

= 1
RA

. (4.2)

where 𝜎 is the specific conductivity, 𝜌 is the specific resistance, l is the cell length, R
is resistance, and A is the cells cross-section [4, 18]. A typical conductometric curve
for the analyte system (Figure 4.2b) is expressed as conductivity (μS/cm) vs. volume
of added titrant.

The analyte is usually prepared with an electrolyte solution of a certain ionic
strength, which is needed in order to establish equilibrium between the ion concen-
tration on the surface of the biopolymer solution/material dispersion or suspension
and the ion concentration in the solution [2]. For example, quantitative determi-
nation of accessible amino groups in the analyte system by pH-potentiometric
and conductometric titrations follows the same principles as the Broussignac
method for the determination of accessible amino groups in chitosan solutions,
first introduced in 1968. A known amount of strong acid (for example, hydrochloric
acid) is added to the analyte, which is then titrated with a strong base (for example,
sodium hydroxide). The amino groups act as proton acceptors in acidic media and
therefore get positively charged (protonation process) [18], as shown in Eq. (4.3):

NH2 +H+Cl− → NH+
3 Cl− (4.3)

The titration process begins in the second phase where strong base is added to
the analyte. All the species in the system that can dissociate, and proton will get
neutralized by the base titrant successively according to their pK values. In the ana-
lyte system, the strong hydrochloric acid is neutralized first (Eq. (4.4)) due to its
low pK value, then the protonated amino groups with higher pK values are neutral-
ized (Eq. (4.5)). The volume of strong sodium hydroxide needed to neutralize all the
hydrogen ions of a titratable species is referred to as the equivalent volume.

H+Cl− +Na+OH− → Na+Cl− +H2O (4.4)

NH+
3 Cl− +Na+OH− → NH2 +Na+Cl− +H2O (4.5)

Typical pH-potentiometric and conductometric curves for a mixed system of a
strong acid (hydrochloric acid) and a weak acid (protonated amino groups) titrated
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with a strong base (sodium hydroxide) are presented in Figure 4.2. One can observe
two equivalent points in both curves corresponding to the neutralization end points
of the strong and weak acid successively. The difference between both equivalent
points corresponds to the volume of titrant needed for the neutralization of weak
acids in the system.

Conductometric titration is a well-established analytical method for simple
acid–base systems and has been successfully applied to analyze biological
molecules for various purposes. In addition, conductometric measurements are
routinely conducted in the pulp and paper industry [24, 25] to assess the mechanical
performance of paper by absorption of additives onto the fiber surface, the deposi-
tion of colloidal materials, such as small cellulose fragments and filler particles; or
when stoichiometric neutralization of anionic trash is required [5]. The potential
usefulness of conductometric titration as a routine laboratory technique has
been proposed in textbooks over 20 years ago [26]. A broad spectrum of practical
applications and an easy-to-use conductometric titration method to quantify the
charge density of biomacromolecule polyelectrolytes was pointed out.

Extremely interesting is also polyelectrolyte titration [2]. A long time ago, it
was already concluded that polyelectrolyte titration offers an easy access to the
determination of the surface charge of proteins and other biopolymers. The data
further support the notion of the importance of electrostatic cooperative interac-
tions in biological systems [27, 28], and this method is still very useful to easily
determine the charge of biomolecules [29]. What is measured here is the capacity
of the polymer solution to adsorb a polyelectrolyte of opposite net charge. However,
in the interaction between charged molecules not only electrostatic interactions
have effect, but also the nonionic interaction has an impact on the adsorption
[30]. Penetration of the polyelectrolytes can occur through the reptation process
or through simple diffusion till the saturation of the surfaces of the fiber wall.
Polymers can come in interaction through Brownian motion or through turbulent
transport [31]. However, in this case, the interaction itself can be observed as an ion
exchange reaction; so the basic assumption is that there is 1 : 1 stoichiometric rela-
tionship between ionized groups on the surface neutralized by oppositely charged
groups [32]. This can be only assumed for the polymers in the flat conformation,
which can be applied for the polymers with the high charge density where the
electrostatic interaction is not screened by a simple electrolyte in the solution and
fully protonation is provided [6], which is quite often dependent on pH [2].

However, for the fibrous and polymer-based solid samples, the situation is a
little bit different. Because of its established structure, it is hard to determine
the charge of this type of sample. The amount of the adsorbed polyelectrolyte
is determined with titrating the excess of the nonadsorbed polyelectrolyte with
polyanion. Usually, the adsorption isotherms are created to be precise, i.e. the
amount of the adsorbed polyelectrolyte on the fibers is depicted as a function
of the equilibrium concentration of polyelectrolyte in solution when the plateau
is reached, then with extrapolation of the plateau itself, i.e. to the point A in
Figure 4.3 [2] the amount of the adsorbed polyelectrolyte is determined. Usually
the surface charge is determined, but if the molecular weight of polymer as titrating
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Figure 4.3 Adsorption of
polyelectrolyte, as a function
of equilibrium concentration
of polyelectrolyte in solution.
A is the amount of adsorbed
polyelectrolyte used for
calculation of the charge on
the cellulosic fibers.
Source: Adapted from
Ueno et al. [23].
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agent is low enough, as well the accessibility of the groups is great due to porous
structure of material, with this method the total charge can be also assessed. Most
commonly used titrants for polyelectrolyte titrations are potassium polyvinylsulfate
(KPVS), polydiallyldimethylammonium chloride (poly-DADMAC), glycolchi-
tosan, methylglycolchitosan, poly(diallyldimethylammonium) chloride (PDAC),
poly-(sodium-polyethylene-sulfonate) (PES-Na), polybrene, and many others.
In order to determine the endpoint of the titration, different approaches may
be taken into account: visual indicators, turbidic methods, and electrochemical
endpoint detection – conductometric titration [23].

It may be concluded that all these methods are very simple, fast, precise, and
repeatable. However, for all titration methods the highly purified macromolecules
and materials are required.

4.2.2 Zeta Potential

The zeta potential is a fundamental parameter of the solid–water interface and
responsible for electrostatic interactions between the solid surface and solutes dis-
solved or dispersed in the aqueous phase. The zeta potential represents the charge
density at the solid–water interface. It is a calculated parameter that requires the
measurement of an electrokinetic effect, which arises from the relative movement
of solid and aqueous phases [33]. For dispersions of particles with a size below 1 μm,
the most common approach is the measurement of the electrophoretic mobility 𝜇e
(m2/V/s) by means of electrophoretic light scattering (ELS). For this purpose, an
electric field is applied on a particle dispersion, which drives the charged particles
to move toward the respective (oppositely charged) electrode (Figure 4.4a). The
velocity of the particles vp (m/s) is monitored by optical means, e.g. by the detection
of light of a laser beam scattered by the nanoparticles. The electrophoretic mobility
is then calculated according to Eq. (4.6) by relating the particle velocity to the
driving force for particle movement, i.e. the applied electric field E (V/m),

𝜇e =
vp

E
(4.6)
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Figure 4.4 Schematic presentations of the principles of (a) electrophoretic mobility and
(b) streaming potential measurements.

The zeta potential of dispersed particles ζp (V) is then calculated by Eq. (4.7) [34],

𝜁p = 𝜇e
𝜂

𝜀rel𝜀0
× f −1(κap) (4.7)

𝜂 (Pas) and 𝜀rel are the dynamic viscosity and dielectric coefficient of the liquid,
commonly represented by the corresponding parameters of the solvent, and
𝜀0 = 8.854× 10−12 As/V/m is the vacuum permittivity. The correction term f (κap)
in Eq. (4.7) is known as the Henry function and considers the ratio between
the particle radius ap (m) and the extension of the electric double layer (EDL)
represented by the Debye length κ–1 (m; see later the model of the EDL), which is
given by Eq. (4.8):

𝜅
−1 =

√
𝜀rel𝜀0kBT
2NAe2I

(4.8)

kB = 1.381 J/K is the Boltzmann constant, T is the absolute temperature (K),
NA = 6.022× 1023 mol−1 is Avogadro’s constant, e = 1.602× 10−19 C is the elemen-
tary charge, and I (mol/l) is the ionic strength, which is related to the concentration
ci (mol/l) of electrolyte ions with valency zi by Eq. (4.9):

I = 1
2
∑

i
z2

i ci (4.9)

For spherical particles, the correction term f (apλD
–1) in Eq. (4.7) can assume values

in the range between 2/3 and 1 [35], where f (κap)= 1 is known as the Smoluchowski
limit and applicable to large particles dispersed in a solution with high ionic strength
(ap ≫ κ–1). For ap ≪ κ–1, f (κap)= 2/3 and Eq. (4.7) turns into the Hückel approxima-
tion for the particle zeta potential calculation.

The measurement of the electrophoretic mobility is popular for the zeta potential
analysis of nanoparticle dispersions or proteins but also for liquid–liquid emulsions.
Alternatively, the zeta potential of particles in dispersion may be assessed by the
application of the electroacoustic effects of the colloid vibration potential (CVP) [36],
or colloid vibration current (CVI) [37], and of the electrosonic amplitude (ESA) [38].
CVP (CVI) and ESA require a significant difference in the material densities of the
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suspended particle and the solvent. This requirement makes electroacoustic effects
less applicable for the zeta potential characterization of particulate biomaterials.

The zeta potential of biomaterial samples that exceed the size range of microme-
ters cannot be detected by ELS but requires a different method, i.e. the measurement
of streaming potential Ustr (V) and streaming current Istr (A). Streaming potential
(streaming current) arises from the flow of liquid through a capillary (Figure 4.4b).
The driving force for liquid flow is either gravity or an applied pressure gradient
between both ends of the capillary. The geometry of the capillary flow channel
may be arbitrary but needs to be composed of the material specimen. Furthermore,
the capillary flow channel may be of uniform shape, e.g. a rectangular slit channel
formed between the surfaces of planar samples [39] or a cylindrical tube [40],
or randomly arranged such as the voids between particles of a packed bed of
powder [41]. The surface zeta potential is then calculated using the classical
Helmholtz–Smoluchowski equations (4.10) and (4.11),

ζ =
dUstr

Δp
×

η
𝜀rel × 𝜀0

× κB (4.10)

ζ =
dIstr

Δp
×

η
𝜀rel × 𝜀0

× L
A

(4.11)

from either streaming potential or streaming current measurements. The streaming
potential coupling coefficient dUstr/dΔp (V/Pa) is related to the electric conductivity
κB (S/m) of the bulk aqueous test solutions, which represents its ionic strength,
while the streaming current coupling coefficient dIstr/dΔp (A/Pa) is compensated
by the geometry of the flow channel with its length L (m) and cross-section A
(m2). Equation (4.11) makes it obvious that streaming current results can only be
converted into the surface zeta potential if the geometry of the flow channel is well
described, while the application of Eq. (4.10) is more universal. However, there
may also be a restriction in the application of Eq. (4.10) for the calculation of the
true zeta potential based on streaming potential measurements. For conductive
materials, κB no longer represents the electric conductance within the capillary
channel, and Eq. (4.10) gives an apparent zeta potential only, which is estimated
too small in magnitude.

The beat signal accumulated during ELS, phase plot and distribution of calcu-
lated zeta potential, and the linear dependence of streaming potential on pressure
difference are shown in Figure 4.5.

Although the measuring principles of the streaming potential (streaming current)
and the electrophoretic mobility are completely different, the final zeta potential
either at the solid–water interface or of dispersed particles has a common theoretical
background. The origin of the zeta potential is founded by the nonequilibrated
charge distribution at the solid–water interface, which differs from the distribution
of ions (charges) in the bulk aqueous solution. The interfacial charge distribution
is triggered by the formation of surface charge. Different mechanisms for surface
charge formation are known and dependent on the solid material. Most commonly
the interaction of surface functional groups with water described by acid–base
reactions is assumed. This mechanism for surface charge formation requires the
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Figure 4.5 Beat signal accumulated during electrophoretic light scattering (a), phase plot (b), and distribution of calculated zeta potential (c). Linear
dependence of streaming potential on pressure difference (d).
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presence of such surface functional groups, which may behave acidic or basic
thereby leading to a negatively or a positively charged surface, respectively. Since
the equilibrium of acid–base reactions depends on the pH of the aqueous solution,
the conclusion of acidic groups introducing negative surface charge (and basic
groups introducing positive surface charge) assumes the condition of neutral pH.

An equally important mechanism for the formation of interfacial charge at
otherwise uncharged surfaces such as pristine polymers is the adsorption of water
ions (hydroxide, OH–, and hydronium, H3O+). The lack of surface functional groups
renders polymer surfaces hydrophobic and thus water repellent. The repulsion
of neat water molecules promotes the adsorption of other solutes of the aqueous
solution. It was proven that in the absence of complex solutes, interfacial charge at
polymer–water interfaces is still present and thus explained by the adsorption of
water ions [42]. The concentration of hydronium and hydroxide ions in the bulk
aqueous solution determines the adsorption equilibrium of water ions at a pristine
polymer–water interface, which makes the pH value again a crucial parameter that
affects the sign and magnitude of interfacial charge. Interfacial charge formation
has also to be considered as a dominant contribution to the charge at certain
metal–water interfaces such as stainless steel or gold.

For minerals composed of inorganic salts with a sufficiently low solubility in
water (e.g. calcite, CaCO3), the partial dissolution of cations (Ca2+ for CaCO3) and
anions (CO3

2– for CaCO3) introduces charged defects in the crystalline lattice and
thus surface charge. Unlike the acid–base reaction of surface functional groups or
the adsorption of water ions at the polymer–water interface, the surface charge at
such mineral–water interfaces is commonly less affected by the pH of the aqueous
solution but more by the presence of other so-called potential-determining ions
(e.g. Ca2+ and CO3

2– in case of calcite).
Either surface or interfacial charges get immediately compensated by an accu-

mulation of hydrated ions that are contained in the bulk aqueous solution. Surface
and interfacial charge determine the nature of these counter ions, i.e. negatively
charged surfaces attract most positive ions (cations), while positively charged sur-
faces require negative ions (anions) to establish electroneutral conditions within an
extended interfacial region. The details of the charge distribution at the solid–water
interface are described by the model of the EDL, which is schematically shown in
Figure 4.6 for a negatively charged material surface. The EDL model suggests the
occurrence of two distinct layers of water and hydrated ions, which is evidenced
by the experimental determination of the zeta potential. At close proximity to
the material surface the EDL model predicts a thin layer of tightly bound water.
The ions contained in this stagnant or immobile water layer compensate part of
the surface charge density (if the formation of surface charge is triggered by the
protonation or dissociation of surface functional groups or by the partial dissolution
of lattice ions at mineral surfaces) or introduce interfacial charge (for materials
that lack of functional groups such as pristine polymers). Adjacent to the stagnant
water layer, which is also referred to as the Stern layer, the EDL model suggests a
diffuse or mobile layer of ions whose distribution still differs from the electroneutral
condition in bulk water. The spatial extension of the diffuse layer toward the bulk
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Figure 4.6 Electric
double-layer model
describing the charge
distribution at the
solid–water interface. The
location of the zeta
potential ζ at the plane of
shear and the distance
corresponding to the Debye
length κ–1 is indicated.

aqueous solution is determined by the Debye length κ–1 according to Eq. (4.8),
which indicates the dependence of this extension on the ionic strength (the ion
concentration in the aqueous solution). The EDL model further relates the charge
density 𝜎i (C/m2) at various distances from the solid surface to the electric potential
(difference)ψi (with reference to the electric potentialψ∞ = 0 V in the bulk aqueous
solution). For a monovalent salt (a 1 : 1 electrolyte such as NaCl or KCl), the relation
between charge density and electric potential is given by Eq. (4.12) [43],

σi =
√

8𝜀rel𝜀0cRT sin h
(zF𝜓i

2RT

)
(4.12)

R= 8.314 J/mol/K is the universal gas constant and F = 96485 C/mol is the Faraday
constant. The charge density 𝜎0 located at the solid surface determines the surface
potential ψ0. However, neither the surface charge density nor the surface potential
is easily accessible and requires that certain boundary conditions be fulfilled. The
potentiometric titration method described in Section 4.2.1 offers access to the sur-
face charge density but is restricted to materials that exhibit a large surface area and
are readily dispersed in an aqueous solution, e.g. dispersions of particles or fibers.
Scanning probe microscopy and Kelvin probe force microscopy [44], a derivative of
atomic force microscopy, or the surface force apparatus [45], are approaches to assess
the surface potential on the nanoscale.

At the shear plane between the stagnant and diffuse layers of the EDL at the
solid–water interface, we find the electrokinetic or zeta potential ζ, which corre-
sponds to the electrokinetic charge density 𝜎ek. Considering a solid surface with
functional groups that introduce surface charge depending on the pH of the aqueous
solution, the surface charge density is partially compensated at the location of the
shear plane depending on the ionic strength of the aqueous solution, i.e. ∣𝜎ek∣< ∣𝜎0∣.
In case of a pristine polymer–water interface, the surface lacks functional groups and
thus of true surface charge. However, the accumulation of water ions in the Stern
layer introduces interfacial charge, which experiences again partial compensation
within this stagnant layer. Nevertheless, here we find ∣𝜎ek∣> ∣𝜎0∣. The zeta potential
at the location of the shear plane is determined by the measurement of an electroki-
netic effect (such as electrophoretic mobility and streaming potential mentioned



4.2 Surface Charge Characterization of Biomaterials 123

80 0

–20

–40

–60

–80

60

IEP < pH 4

IEP ≈ pH 4

No functional

surface groups

IEP > pH 7

Basic surface

Acidic surface

40

20

0

–20

–40

Z
e
ta

 p
o
te

n
ti
a
l 
(m

V
)

Z
e
ta

 p
o
te

n
ti
a
l 
(m

V
)

–60

–80

(a) (b)
1 2 3 4 5 6

pH Ionic strength/10–3 mol/l
7 8 9 10 0,01 0,1 1 10 10011

Figure 4.7 (a) Dependence of zeta potential on pH of an aqueous solution for surfaces
with acidic and basis functional groups and surface without functional groups. The
isoelectric points (IEP) are indicated. (b) Dependence of zeta potential on ionic strength of
an aqueous solution at fixed pH.

earlier), which occurs by the relative movement of solid and liquid phases. An
electric or mechanical force acts on either the solid or liquid thereby provoking
the corresponding phase to move while the opposite phase remains stationary. The
electrokinetic effect of the electrophoretic mobility arises when an electric field is
applied to a particle dispersion and provokes the charged particles to move. The
stagnant layer of the EDL moves together with the corresponding particles. The
streaming potential (a DC voltage) is generated by the application of a pressure
gradient on the liquid phase activating the liquid to travel through a capillary, which
is composed of the solid surface. The electrokinetic response (particle movement
or the streaming potential) is then related to the driving force (the electric field or
the pressure gradient) to determine the electrokinetic effects of the electrophoretic
mobility (Eq. (4.6)) or the streaming potential coupling coefficient dUstr/dΔp and
furthermore the particle or surface zeta potential. The dependence of zeta potential
on pH of an aqueous solution for surfaces with acidic and basis functional groups
and surface without functional groups and the dependence of zeta potential on
ionic strength of an aqueous solution at fixed pH are shown in Figure 4.7.

4.2.3 Application of the Zeta Potential for Biomaterial Characterization

4.2.3.1 Polyelectrolyte Multilayers
A prominent example for the application of the surface zeta potential is the char-
acterization of polyelectrolyte multilayers (PEMs) prepared by the layer-by-layer
technique [46]. Various technical and natural polycations and polyanions have
been employed to create highly functionalized multilayer coatings on supportive
biomaterial surfaces. Polysaccharides (chitosan, hyaluronic acid, and chondroitin
sulfate), polypeptides (poly(lysine), poly(glutamic acid)), and proteinaceous coat-
ings (collagen, keratin) represent natural polyelectrolytes, while poly(allylamine
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hydrochloride), PAH, poly(ethylene imine), PEI, or poly(styrene sulfonate), PSS,
serve as technical polycations and polyanions. The purpose of PEMs in biomaterial
and biomedical applications is manifold. PEMs exhibit antiadhesive properties,
provide a scaffold for drug-delivery systems, enhance the biocompatibility of
the respective biomaterial surface, or supply the functionality for biosensing
application.

Picart et al. [47] used a pool of surface-sensitive techniques to determine the
evolution of adsorbed mass (QCM with dissipation monitoring), surface charge
(streaming potential measurement), and morphology (atomic force microscopy) for
a multilayer composed of poly(L-lysine) and hyaluronic acid with the subsequent
number of polycation and polyanion layers. After the deposition of 10 bilayers, the
surface zeta potential approached steady values of ζ = +50 mV when poly(L-lysine)
was the terminating polyelectrolyte, and ζ = –50 mV with hyaluronic acid being the
outermost layer. In a similar study, Richert et al. [48] investigated the effect of PEM
formation pH on the surface zeta potential of a different combination of polycation
and polyanion, i.e. poly(glutamic acid) and poly(L-lysine). In another paper, the
same group extended the range of polyelectrolytes to include collagen [49]. Niepel
et al. [50] moved from the qualification of growing polyelectrolyte multilayers with
alternating polyanion- and polycation-terminal layers by individual zeta potential
analyses to a detailed charge characterization of the effect of formation pH on
poly(ethylene imine) and heparin multilayer coatings.

Grohmann et al. [51] combined the typical “saw tooth” curve of positive and nega-
tive zeta potential values for multilayers with alternating polycations and polyanions
as the terminating layer with again a detailed analysis of the effect of different
terminal polypeptides (poly(L-lysine), poly(L-glutamic acid)), and polysaccharides
(chondroitin sulfate, heparin) of biomimetic PEM coatings (Figure 4.8).

Aggarwal et al. [52] combined the antibacterial cationic polysaccharide chitosan
with derivatives of cellulose and heparin, respectively. The same groups of
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Figure 4.8 Monitoring the formation of a polypeptide–polysaccharide multilayer made of
pol(L-lysine), PLL, and chondroitin sulfate, CS, with alternating PLL and CS as the terminal
layer by the streaming potential method. Source: Adapted from Grohmann et al. [51].
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researchers explored the pH responsiveness of polyelectrolyte multilayer films
composed of another combination of cationic and anionic polysaccharides,
i.e. chitosan and alginate [53]. Similarly, to macroscopic materials, for nanoparticles
in dispersion, the change after coating the core particles with some biomaterial may
entail a change in electrophoretic mobility, resulting in a different zeta potential.
In this way, the core particles of polylactide latex (PLA) were covered with polypep-
tide chains. Since the zeta potential of the covered PLA particles was different from
the core PLA, this was attributed to the presence of ionizable groups in the polypep-
tide chains. Indeed, the authors showed that the most effective factor determining
the ZP was the number of amino groups at the end of the lysine side chain [54].
In another study, the ZP between two differently charged polymers, confirmed by
the determination of their electrophoretic mobility, led to suggestions for model
interactions between the polymers, i.e. succinylated calfskin collagen (SCSC) and
nhu8-Py. PAA-Py was found to be negatively charged at pH 3, while SCSC exhibited
a positive charge at the same pH, strongly suggesting that these two polymers
interact at lower pH through electrostatic interactions. These results strongly
contribute to the understanding of the interactions between dentin collagen and
the polycarboxylate component of glass monomer cements used for dental cements
[55]. The potential utility of single-walled carbon nanotubes (SWNTs) assembled
layer by layer with the polyelectrolytes poly(L-lysine) and poly(L-glutamic acid) for
antimicrobial biomaterials has been demonstrated [56]. Here, the electrophoretic
mobility measurements were used for differently modified SWNTs. Polysaccharide
multilayer nanocapsules were prepared by a layer-by-layer approach consisting of
chitosan (CHI) and sodium alginate (ALG) on polystyrene (PS) nanoparticles as
a template, followed by removal of the PS core and loading with a model drug to
study the release properties of the formed polyelectrolyte capsule. Here ZP showed
the stepwise and alternating adsorption of CHI and ALG layer films resulting in 5
bilayers of CHI/ANG shell wall [57].

4.2.3.2 Polysaccharides
The antimicrobial property of chitosan made this polysaccharide popular for the
formation of polyelectrolyte multilayers but also of thin-film coatings on various
substrates and as scaffolds and stand-alone films for tissue-engineering applications.
Smirnova et al. [58] used chitin nanofibrils to reinforce chitosan films. The zeta
potential and the electric conductance derived from a combined streaming potential
and streaming current measurement revealed the different degree of film swelling.
A similar approach was applied by Sandri et al. [59] for the characterization of
blends of chitosan (CH) with anionic polysaccharides such as hyaluronic acid (HAc)
and chondroitin sulfate (CS). The CH/HA and CH/CS complexes were embedded
in the polysaccharide pullulan (PU), which dominated the isoelectric point. Even
for the combination of PU solely with CH, the i.e.p. moved from pH 8–9 expected
for chitosan [58] to pH 2.5–3.5.

Freudenberg et al. [60] used the streaming current measurement to assess the true
zeta potential of a cellulose film. Cellulose is commonly available in the shape of
particles (nanocellulose), natural fibers (cotton, viscose), or fabrics and introduces
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challenges for the determination of the zeta potential due to its swelling propensity
[61]. The formation of a thin-film coating is beneficial to exclude the effects of
interfacial and material conductance, which interfere with the calculation of the
zeta potential from streaming potential measurements. In their subsequent paper,
Freudenberg et al. [62] extended the analysis of the cellulose–water interfacial to
correlate electrokinetics with the swelling of the cellulose film.

The ZP in the case of polysaccharide-based solutions can be used as a useful tool to
assess biopolymer interactions with a specific dispersion prior to casting to produce
biobased edible films. Lower absolute ZP values (−10 to 10 mV) caused an extremely
unstable dispersion/suspension, which consequently affects the physical properties
of the derived edible films [63]. Hydrogels based on alginate and the naturally
derived cationic biopolymer tanfloc were prepared and showed excellent properties
to be used for medicinal purposes. The electrokinetic measurements of ZP as a
function of pH of the polyelectrolyte complex based on alginate/tanfloc suspension
showed the IEP at pH around 4 [64]. Nanosized Kraft lignin colloidal particles have
attracted considerable attention as an advanced bionanomaterial for application in
medicine. Mattinen et al. prepared lignin nanoparticles in the size of approximately
200 nm, which were enzymatically and chemically prepared from softwood Kraft
lignin [65]. The ZP measurements demonstrated oxidation of the lignin nanopar-
ticles through the formation of surface-oriented carboxylic acid groups, which
resulted in a negative ZP. Moreover, enzymatic oxidation caused lower negative
ZP values, which further improved the colloidal stability of lignin nanoparticles in
aqueous media. Biocompatible scaffolds were prepared from natural polymers, i.e.
chitosan (CHI) and gelatin (Gel), to be used for tissue-engineering applications.
The ZP of dry and crushed corresponding cryogel in fine powder was measured by
electrophoretic mobility in phosphate or acetate buffer. The surface of CHI-DDA
prepared at different ratios and CHI-Gel-DDA (1 : 1 : 1) cryogels were slightly
positively charged at physiological pH. The latter was explained by the presence of
primary amino groups of the positively charged chitosan and unreacted aldehyde
groups of DDA that are oxidized to the carboxyl group, leading to the formation of
an amphoteric material [66]. Chitin nanocrystals (ChNCs) have been used as rein-
forcing nanofillers of polymer nanocomposite hydrogels, which offer great potential
for various biomedical applications. ChNCs in two different crystal structures were
used to reinforce nanomaterials of methylcellulose. The ZP of ChNCs suspensions
was measured as a function of pH. Both α-ChNCs and β-ChNCs exhibited positive
zeta potential values under acidic conditions, while the isoelectric point (IP) of
α-ChNCs suspensions was pH 5.9 and that of β-ChNCs suspensions was pH 8.2 [67].

4.2.3.3 Electrospun Nanofibers
Electrospinning of polymer solutions into nanofibers and fiber meshes has proven
to provide a fast and versatile technique for the preparation of biopolymer scaffolds.
Subsequent surface modification of these fragile constructs introduces additional
functionality, which seeks for a qualitative characterization. The frequently occur-
ring irregular shape of the nonwoven films of electrospun polymer and biopolymer
nanofibers and their sensitivity toward humidity exclude common techniques
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such as water contact angle measurement to assess the nanofiber–water interfacial
properties. Again, the surface zeta potential analysis was demonstrated success-
fully to characterize surface and interfacial properties of electrospun biopolymer
nanofibers. Matsumoto et al. [68] were among the first to report the zeta potential
of electrospun nanofibers of a biopolymer. They prepared scaffolds of chitosan
nanofibers and compared the zeta potential derived from streaming potential and
streaming current measurements to estimate the effects of scaffold porosity and
chitosan nanofiber swelling.

Due to the fragile properties of electrospun polymer nanofibers, Asran et al.
[69] used the zeta potential of casted films for a series of poly(vinyl alcohol)
and poly(hydroxybutyrate) blends to explain the charging behavior of PVA/PHB
nanofibers with same composition. Croisier et al. [70] attempted the zeta potential
analysis directly on electrospun nanofibers of poly(caprolactone), PCL, and deriva-
tives. They succeeded to distinguish various electrospun nanofiber blends by their
average individual zeta potential. However, some of their results show significant
error bars, which may arise from the complexity of highly porous, swelling, and
fragile electrospun nanofiber nonwovens but also from the application of an
indirect analysis of the surface zeta potential by the method of electro-osmotic
flow mapping [71]. Metwally et al. [72] succeeded to obtain reliable zeta potential
results for electrospun nanofibers of PCL using the streaming potential method and
compared these results with the zeta potential of a rigid and nonporous PCL film.

Although electrophoretic mobility to assess the ZP of electrospun nanofibers is
rare, there are some reports. A detailed study of the effect of surface charge on the
bioactivity of modified collagen fibers was performed by Andrade et al. [73] using
the ELS technique. The pH corresponding to the IEP of the collagen was about 10,
while the chemically treated samples had an IEP of 6.8, indicating a partial coverage
of the collagen surface by silica. The shift in IEP from 10 to 6.8 was sufficient to
negatively charge the material surface upon contact with the SBF solution. This
explains why treated collagen fibers exhibit bioactive behavior, while untreated
fibers do not. In other study, pectin-based nanofibers were electrospun in the
presence of the nonionic cross-linker oligochitosan. The fabricated nanofibers were
also characterized by ZP measurements. Untreated pectin nanofibers were found to
have a negative surface charge due to the polyanionic nature of the pectin polymer.
In contrast, a positive charge was obtained when the pectin was cross-linked with
oligochitosan due to free amino groups, and the latter was preferred for cell attach-
ment for tissue-engineering applications [74]. Similarly, a more comprehensive
study was conducted on electrospinning of gelatin fibers and its effect on ZP. The
ZP values in the case of electrospun gelatin were higher than those of gelatin itself
at the same concentration in the dispersion. Moreover, the ZP values of dispersions
containing electrospun gelatin decreased as the applied voltage increased during
electrospinning with larger fiber diameters, while lower applied voltage resulted
in higher ZP values for dispersions containing electrospun gelatin nanofibers [75].
Recently, in another study, sacchachitin nanofibers (SCNFs) were prepared with
TEMPO–oxidation and mechanical disintegration into a 3D gel structure to have
the possibility of being an ideal scaffold [76]. The ZP of the obtained fibers was
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calculated from the electrophoretic mobility using Henry’s equation and Huckel
approximation with f (ka) = 2/3. The largest ZP of TEMPO-oxidized SCNF was
measured to be −50 mV without adjusting the ionic strength.

4.2.3.4 Skin and Bone
Besides biomimetic surfaces of polypeptide and polysaccharide multilayers and
scaffolds for tissue engineering the zeta potential analyses of biological material
such as skin, bone, or cartilage is of interest. As early as 1994, Aguilella et al. [77]
published their first attempt to assess the streaming potential coupling coefficient
for human skin. A decade later, the same group employed the streaming potential
method to investigate the interaction of skin with different drugs [78].

Collagen, one of the main constituents of bone and other tissue, was coated on
knitted fabrics of poly(ethylene terephthalate) to enhance the polymer’s biocom-
patibility for its application as a cardiovascular graft [79]. Like their work on grafted
cellulose films mentioned in Section 4.2.3.2, Freudenberg et al. [62] employed the
streaming current measurement to investigate the charging and swelling behavior
of collagen and its specific interaction with divalent Ca2+ ions. Iviglia et al. [80]
applied a thin-film coating of collagen to improve the acceptance of bone fillers
made of hydroxyapatite (HAP) (Figure 4.9).

Courtenay et al. [81] surface modified cellulose scaffolds used for tissue engi-
neering, and the surface zeta potential was measured using EOF approach using
polystyrene latex beads as tracer particles. The measured surface zeta potential
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Figure 4.9 Comparison of the pH dependence of the zeta potential for a series of
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for unmodified cellulose films was −20± 4 mV; however, when derivatized with
GTMAC, the surface zeta potential increased to 25± 9 mV due to the introduction
of the positively charged trimethylammonium groups from GTMAC. Oxidized
cellulose exhibited a negative value, as expected, but was not significantly different
from underivatized cellulose.

In 1995, Kowalchuk et al. [82] used particle electrophoresis to investigate in situ
potential changes in bovine cortical bone using calcium-deficient HAP, specifi-
cally the effects of changes in calcium, phosphate, and fluoride concentrations
in Neuman’s fluid (NF), which simulates the extracellular fluid of bone in vivo.
ZP increased with increasing calcium concentration in NF, also an increase in
phosphate concentration in NF resulted in increased ZP. The obtained results
supported a structural model of the interface between bone matrix and bone fluid,
which includes the actual bone surface, the stationary layer, and the extracellular
bone fluid. These results indicated that the protein phase probably plays an
important role in determining the physiological zeta potential. Biocomposites of
natural rubber latex (NRL) coated with HAP were prepared, and their surface
charge properties were monitored with electrophoresis by the technique of laser
Doppler velocity in a wide pH range [83]. The presence of layers was demonstrated
by monitoring the zeta potential, which changes from the negative to the positive
direction when HA is on the outside and NRL (approximately −70 mV) is on the
inside, and the ZP of NRL-HA nanoparticles at pH 7.4 exhibited the negative values
(−40 mV). In another study, the ZP of HA and silver-incorporated Ag, gelatin poly-
mer, and synthesized silver-incorporated HA polymer composite were determined
individually at different pH values along with their IEPs. The significant decrease
in the IEP of the silver ion-incorporated HA confirmed the presence of silver ions
on the surface of HA. Therefore, it was suggested that the measurement of the IEP
of metal ion-incorporated HA is a versatile tool to detect the presence of the surface
silver ions. In contrast, the IEP of gelatin showed no significant change compared to
the composites, indicating the strong binding of gelatin with the silver-incorporated
HA [84]. Moreira et al. [85] reported in situ formed composite hydrogel based on
chitosan and gelatin biopolymer combined with bioactive glass nanoparticles. The
measured ZP at 37 ∘C ranged from +3.1± 1.4 mV to +6.9± 3.2 mV, demonstrating
the cationic nature of these hydrogels, which can interact with negatively charged
molecules from the native extracellular matrix and implying that the network
formation of the corresponding hydrogels may have occurred through molecular
interactions.

The potential application of biodegradable colloidal gels of PLGA-chitosan/PLGA-
alginate nanoparticle blends was demonstrated in tissue engineering. PLGA-
chitosan nanoparticles exhibited a ZP of +18.8± 3.2 mV, and PLGA-alginate
nanoparticles had a ZP of −23.4± 1.2 mV [86]. The promising properties of
cold-adapted methacrylamide gelatin (GelMA) developed from salmon skin were
demonstrated in tissue regeneration. The IEP of salmon GelMA solution deter-
mined by ZP measurements was ∼5.5. Importantly, at physiological pH 7.4, the
ZP, which correlates with surface charge, was in the range of −1.3 to −5 mV for
modified salmon gelatin, depending on the degree of functionalization [87].
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4.2.3.5 Biosensors
Thin-film biopolymer coatings on rigid supports are frequently used as the crucial
component of biosensors. The sensitivity of the streaming potential method to the
outermost material surface helps to tune the functional groups and surface charge of
these coatings. Lin et al. [88] have deposited self-assembled monolayers (SAMs) of
thiols with different terminal groups (COOH, NH2) on gold surfaces (Figure 4.10).
They used the isoelectric point to correlate the composition of the SAMs with the
mixture of thiols in the bulk solution. Schrems et al. [89] used the capability of
the S-layer protein SbpA [90] to self-assemble on a gold surface. They were among
the first researchers who determined the zeta potential on QCM-D sensor disks to
complement mass adsorption with surface charge information. Katzur et al. [91]
investigated surface coatings with similar complexity but used highly functionalized
dendrimers for biorecognition. Hao et al. [92, 93] again used homogeneous SAMs of
thiols on gold surfaces to investigate the response of mesenchymal stem cells toward
these surfaces.

Multifunctional hybrid biomaterials based on SiO2/lignin have been prepared,
which are expected to have a wide range of applications, including as electro-
chemical sensors. Measurement of ZP values by ELS allowed indirect evaluation of
stability for the hybrid systems studied, and the measured ZP indirectly confirmed
the effectiveness of the proposed method for synthesis of SiO2/lignin hybrid mate-
rials. The IEP of Kraft lignin was 1, while the ZP assumed negative values over the
whole pH range considered, which was attributed to the presence of OH− groups.
In fact, the presence of lignin in silica/lignin hybrids resulted in a decreased value
of the ZP and consequently in a decrease of the surface charge compared to that
of the silica modified with amino-silane. Moreover, the IEP of the hybrid materials
decreases with increasing lignin content [94].

4.2.3.6 Lipids
Lipids and lipid bilayer membranes (LBMs) belong to another category of
biomolecules with relevance for coatings of biomaterials, biosensors, and biomedical
devices. The limited stability of LBMs makes it challenging to determine the surface
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zeta potential in an aqueous environment. Lipid monolayers covalently bound to
a solid substrate enable the streaming potential measurement as shown by Frant
et al. [95] for functionalized tetraether lipid monolayers on silicone catheters.
Zimmermann et al. [96] succeeded with the streaming current measurement of
supported phospholipid bilayer membranes. The same group investigated the
effect of various monovalent and divalent anions and cations on the i.e.p. of these
LBMs [97].

Solid lipid nanoparticles (SLNs) are a well-tolerated lipid carrier system due to
the use of a physiological and/or biodegradable lipid matrix and physicochemical
properties such as ZP are SLNs quality response parameters. To understand the influ-
ence of variation in SLN composition (lipid and emulsifier concentration), a Taguchi
model of experimental design was applied. The influence of pH and electrolyte,
both during and after SLNs preparation, was studied on selected SLN formulations.
Slightly polydisperse (PI< 0.3) nanoparticles with a particle size of 450 nm and a
ZP range of +5 to −50 mV were developed [98]. Using ELS, Smith et al. [99] con-
ducted a case study to investigate the sensitivity of ZP measurements for cationically,
anionically, and neutrally charged liposomes and their dependence on pH and ionic
strength and on minor changes in liposome composition. The authors concluded
that these findings could be used to formulate similar liposomes with a specific ZP,
which could be important for systems sensitive to highly charged species. In another
study, the influence of temperature, size distribution, and anions on the ZP of three
different lipid vesicles in water and ionic solutions was investigated [100]. The ZP
of two types of liposomes, namely 1,2-dipalmitoylsn-glycero-3-phosphatidyl-choline
(DPPC) and 1,2-dioleoyl-sn-glycero-3-phos-phatidylcholine (DOPC), were studied
in the presence of phospholipase C enzyme action causing hydrolysis [101]. It was
found that ZP is not a very sensitive parameter for following the hydrolysis reac-
tion in phosphate buffer, but generally allows the characterization of such reactions
by determining the electrokinetic properties of liposomes. ZP has also been used to
quantify peptide interactions with lipids and to clarify their mechanism of action.
ZP was shown to be a suitable tool for quantifying peptide/lipid interactions of a
variety of charged molecules, overcoming some of the limitations of other tech-
niques (e.g. fluorescent labeling) [102]. Experimental design was used to predict the
effect of liposomal lipid composition on ZP, resulting in a liposome with a target
ZP [103]. Such an approach may accelerate the formulation development of lipo-
somal vaccine adjuvants. Oyarzun-Ampuero et al. [104] reported the development
of hyaluronan nanocapsules to be used as vehicles for intracellular drug delivery.
These nanocapsules consist of a lipid core and a shell of HAc. The ZP results showed
a screening of the initially positive ZP of the nanoemulsion, leading to an inver-
sion to negative values as the concentration of HA increases. This dependence of ZP
on the amount of HA is an evidence of surface localization of HA molecules and
indicates the need to use a minimal amount of HA to obtain stable nanocapsules.
Polysaccharides such as amphiphilic lipochitosan or lipodextran were used for the
surface modification of lipid nanocapsules by postinsertion, and the result of surface
modification was verified by ZP and confirmed the successful modification of lipid
nanocapsules [105].
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4.3 Methods for Characterization of Solid–Liquid
Interaction of Biomaterials

Once the nature of the surface charge (cationic, anionic, and nonionic) and the
amount of functional groups on the surface are defined, one can predict and in some
cases control the interactions with other molecules on the solid–liquid interface
if the charged functional groups have a major role in the interaction mechanisms
[106–108].

There are many methods which allow one to follow solid–liquid interactions like
QCM [109], SPR [110], electrochemical methods like potentiometry [111], calorime-
try [112], and spectroscopic methods [113]. An alternative method for description
of solid–liquid interactions, which is rarely reported and promises larger variabil-
ity in measurable sample dimensions, shape, and structure while not compromising
in accuracy and stability, is electrokinetic analysis (ζ-potential) as a tool to study
solid–liquid interaction of biomaterials.

In the first part of this section, two well-established methods for studying
solid–liquid interactions will be described. QCM and SPR are complementary
to each other and besides the dynamics of the interactions also provide crucial
information on some rheological properties of the molecules on the solid–liquid
interface, namely the water content of the molecular layer and its viscoelastic prop-
erties. Both are important parameters when dealing with interfacial biopolymer
layers used in medical purposes, for example. Both methods are widely used in
describing solid–liquid interactions, and the existence of many studies describing
the use of both allows for a comprehensive review of their benefits as well as their
drawbacks.

The second part is dedicated to current breakthroughs in ζ-potential measure-
ments for studies of solid–liquid interactions by following in situ adsorption and
desorption kinetics.

4.3.1 Quartz Crystal Microbalance and Surface Plasmon Resonance

QCM is a transient mode resonator that measures the frequency of an oscillating
quartz crystal [114]. The frequency of the oscillating crystal is fundamentally
dependent on its mass and mass changes on its interface. Sauerbrey [115, 116]
described the relationship between the frequency and mass in gaseous phase, and
in the 1980s and 1990s further development widened its use to liquid phase as well
[117–119]. The latter propelled the interest in QCM in the scientific sphere, espe-
cially in the field of biomedicine and biomaterials in general as it allowed accurate,
stable, and simple measurement of small masses [114]. Some of the applications
include interaction studies (i.e. mass and thickness measurement, and kinetics of
reaction) during the formation of ultra-thin single- [120] or multilayers [121, 122]
of biomaterials in liquid phase on various solid surfaces, solid–liquid interactions
of biological molecules such as proteins [123, 124], cells [125], and microorgan-
isms with various functional solids, enzymatic degradation of biomaterials [126],
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structural rearrangement of polymers [127], and many others. There are three key
elements in understanding and fully utilizing the potential of QCM:

I. piezoelectricity,
II. the quartz crystal, and

III. the mathematical modeling.
(I) Piezoelectricity is a material property, an electric charge generating in

certain solid materials because of applied mechanical stress [128]. French
physicists Jacques and Pierre Curie discovered piezoelectricity in 1880
[129], and it can be described as a result of the linear electromechanical
interaction between the mechanical and electrical states in crystalline
materials with no inversion symmetry [130]. The piezoelectric effect is a
reversible process meaning that mechanical strain can be generated in a
piezoelectric material by applying an electrical field. In case of QCM, the
crystal is the piezoelectric material that oscillates in the shear mode when
AC voltage is applied across its electrodes [131].

(II) The quartz crystal is AT-cut at an angle of 35∘15′ to its y-axis generating
a crystalline orientation which generates the shear waves making the crys-
tal oscillate at its fundamental resonance frequency and several overtones
[131]. Quartz crystals can be acquired with rigid top layers from various
materials ranging from gold, silicon, titanium dioxide, and polymer sur-
faces like cellulose. A basic setup of a QCM device is shown in Figure 4.11.
It contains a measurement unit which consists of a flow cell in which the
crystal is mounted, a detection unit, coupled with the flow cell, and a con-
nection to an AC current source. The detection unit measures the shear
oscillation of the crystal and displays it as frequency change over time
(Figure 4.11b). The flow cell is connected to a peristaltic pump, allowing
fluids to pass over the surface of the quartz crystal.
Once the system is established and recordings of frequency and dissipation
can be read, one can translate the signal to the corresponding mass of the
adsorbed molecules using mathematic modeling.

(III) Mathematic modeling tools today are usually a part of the software
running the QCM device. The fundamental relation connecting the mea-
sured frequency and crystal mass is shown in Eq. (4.13). It is a simplified
Sauerbrey relation expressed as

Δm = −C ⋅
Δf
n

(4.13)

The equation was derived from the measured resonant frequency (f ) of the quartz
crystal (Eq. (4.14)) and its areal mass (mA; Eq. (4.15)):

f = n ⋅
vq

2tq
= n ⋅ f0 (4.14)

mA = tq ⋅ 𝜌q (4.15)
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When inserting Eqs. (4.15) into (4.14) and differentiating the expression one gets
Eq. (4.16):

df = −
f

mA
⋅ dmq (4.16)

One can replace the areal mass and frequency in this equation with the ones from
Eqs. (4.14) and (4.15) and express them as shown in Eq. (4.17):

df = Δf = −n ⋅
2f 2

0

vq ⋅ 𝜌q
⋅ Δm = −n ⋅

1
C
Δm (4.17)

where f is the measured resonance frequency, f 0 is the fundamental resonance
frequency, n is the harmonic number, m is the mass of the crystal, tq is the thickness
of the crystal, and C = vq⋅𝜌q/2f 0

2 is a proportionality constant composed of intrinsic
properties of the quartz itself such as its density (𝜌q), wave velocity (vq), and
fundamental resonance frequency (f 0) [132].

The simplified Sauerbrey relation in Eq. (4.13) can also be used to quantify the
mass of adsorbed molecular layers (e.g. biomaterials) on the surface of the quartz
crystal, but only under the condition that the layers are rigid and behave elastically
similar to the crystal itself, and that their mass is small compared to the mass of
the crystal. However, at a certain layer thickness, its viscoelastic nature becomes a
significant part of the quartz crystal’s response, breaking down the simplified pro-
portionalities in Eq. (4.13). All current QCM devices allow for measurements of
dissipative energy (Figure 4.11b) arising from dampening of the crystal’s oscilla-
tion by the viscoelastic layer, thus providing information on its viscoelastic nature
(QCM-D) [133]. The dissipation factor (D) measured by the QCM-D is defined as
shown in Eq. (4.18):

D =
Edissipated

2𝜋Estored
(4.18)

where Edissipated is the energy dissipated during one oscillation period and Estored is
the energy stored during oscillation [114].

First relations between the measured frequency and mass of layers in liquid
medium were presented by Kanazawa and Gordon [117] and contain quantities
related to the used liquid like its density and viscosity (Eq. (4.19)):

Δf = −f
3
2

0 ⋅

[
(𝜌L ⋅ 𝜂L)(
𝜋 ⋅ 𝜌q ⋅ 𝜇q

]1∕2

(4.19)

where 𝜌q and 𝜂L are the density and the viscosity of the liquid, respectively, and 𝜌q
and 𝜇q are the density and the shear modulus of the quartz.

Viscoelastic models have further been developed to deal with more complex
viscoelastic layers in liquid systems allowing to extract layers thickness, shear mod-
ulus, and viscoelastic phase angle from the measured frequency and dissipation
change for various solid–liquid systems [133–137]. This allowed one to estimate
the influence of the layer’s rheology on the oscillating frequency of the crystal,
thus reducing the estimated mass error due to dampening. Most software uses the
Voigt–Kelvin [124, 138] viscoelastic model (Eq. (4.20)), which assumes that the
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storage modulus (elastic shear) is frequency independent and the loss modulus
(shear viscosity) is in linear relationship with the frequency [137]. It predicts the
rheology of the viscoelastic layers rather accurately in realm of viscoelastic influ-
ence on the crystals oscillation frequency but less so in the realm of the Sauerbrey
relation. In this case, it is advised to use Eq. (4.13) for mass determination. The shear
modulus (G) in the Voigt–Kelvin model is related to the measured frequency (f ) as

G = 𝜇f + i2𝜋fnf (4.20)

where 𝜇f is the storage modulus (elastic shear) and nf is the loss modulus (shear
viscosity).

Other more realistic models like the power-law [139] model have been studied
as well but essentially provide similar accuracy as the Vogt–Kelvin model. A
graphical representation of the shear wave propagation during oscillation in a
system represented by the Voigt–Kelvin model is shown in Figure 4.12.

Although today many models exist for determination of the mass of viscoelastic
layers with high dissipative energy on quartz crystals, the physicochemical parame-
ters of the adsorbed layers, needed for equation solving, such as viscosity and density
are often nonexistent or very difficult to determine. Therefore, complementary
methods are used to support QCM-D data. SPR is one of them.

The SPR technique is an optical technique utilizing changes in the refractive
index at the interface of a conductive material and its surrounding environment
(e.g. liquid) upon adsorption of molecules [110]. The SPR method is specific due to
its high sensibility (down to 10−5) [136], allowing for detection of nanometric layers
[140]. The sensibility is achieved by exploiting the SPR effect. In brief, when infrared
or visible light is shined on a conductive material, electromagnetic waves (surface
plasmon polaritons) run on the interface of the material and its surrounding in a
direction parallel to the interface [141]. These electromagnetic waves are extremely
sensitive to changes on the interface (e.g. adsorption of molecules), thus giving rise

Bulk liquid or gas
(ρLηL)

Film
(dfρfηfmf)

5 MHz fundamental
15 MHz 3rd overtone
25 MHz 5th overtone

Figure 4.12 Schematic
representation of a shear
wave propagation through
various media (QCM crystal,
applied film, bulk liquid, or
gas).
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Figure 4.13 Schematic representation of the principles of the SPR technique.

to the sensitivity of the SPR method [141]. The key to utilizing the sensitivity of
the surface plasmon polaritons lies in exciting the polaritons in a resonant manner
causing SPR [142]. Using visible light, this can be achieved if the incident light
matches the momentum of the plasmon. This is usually done by increasing the
wavenumber of light by passing it through a block of glass (e.g. a prism). A common
SPR setup is shown in Figure 4.13.

At a certain angle of incidence (Θ), when SPR is excited, most light is absorbed
and a minimum in the intensity of the reflected light is observed. When the
refractive index on the surface of the conductive material changes (e.g. adsorption
of molecules), the Θ of SPR excitement changes proportionally; hence, the mass of
the adsorbed molecules can be determined [124]. For many cases, mostly uniform
films, a simple linear relationship between the Θ of SPR excitement and mass is
sufficient and is expressed as

mΔn = d dc
dn
𝜅

ΔΘ
1 − e−2d∕ldecay

(4.21)

whereΔn is the refractive index change, d is the thickness of the adsorbed molecules
(film), 𝜅 is the sensitivity factor of the system relating a change in ΔΘ to the change
in refractive index within the evanescent field, ldecay is the decay length of the evanes-
cent field, and dc/dn is the inverse of the refractive index increment with bulk
concentration [136, 143].

However, for “films” including both adsorbed molecules and entrapped liquid (e.g.
buffer), a two-component formula like the Lorenz–Lorentz formula should be used
instead:

mΔn =
3d

(
n2 − n2

b

)
(n2 + 2)

(
r
(

n2
b + 2

)
− v

(
n2

b − 1
)) (4.22)
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where r is the specific refractivity of the adsorbed molecules, v is the partial specific
volume, and n is the refractive index of the adsorbed molecular “film” expressed as
nfilm = nbuffer +Δn [144].

Many solid–liquid interaction studies were born through this established
knowledge, describing how molecules from liquids interact on the interface
with a solid material. In the following text, we will take a closer look at some
ground-breaking studies dealing with the interactions of biomaterials in aqueous
liquid phase with solid surfaces (e.g. metals, synthetic polymers, and glass),
biomaterials in solid phase with aqueous liquid phases (e.g. electrolytes and
acid–base solutions), and biomaterials in solid phase with biomaterials in aqueous
liquid phase, i.e. biological fluids (plasma proteins, cells, microorganisms, etc.). As
mentioned before, in the 1980s and 1990s, the use of QCM-D was extended to liquid
phase as well and that opened the door for studies in biomaterial science wide.
Studies of biomaterials in solid phase with biomaterials in aqueous liquid phase,
i.e. biological fluids (plasma proteins, cells, microorganisms, etc.), started off in the
1990s,and a milestone was reached shortly after with the publication of Rodahl
et al., where the authors studied protein adsorption, lipid vesicle adsorption, and
cell adhesion studies on gold quartz sensors by means of QCM-D [108]. The study
was one of the first of its kind and paved the way for many more to come. Their
results have shown that even very thin (few nm) biofilms dissipate a significant
amount of energy. Three main contributors for the high dissipation were identified:
a viscoelastic porous structure that is strained during oscillation, trapped liquid
moving within the pores or in and out of them, and the load from the bulk liquid
increasing the strain. These results have shown the importance of measuring crystal
frequency and dissipation changes simultaneously (Figure 4.14) in an adsorption
experiment as it provides crucial information on how the adsorbed molecules
occupy the free space on surfaces, as shown in Figure 4.15. The influence of surface
charge on adsorption was not studied particularly; however, adsorption of lipid
vesicles was carried out on hydrophobic gold (thiolated by methyl-terminated
alkane thiols), and hydrophilic gold (oxidized by UV radiation) revealed a much
denser packed nonrigid lipid film formed on the oxidized gold, whereas a multilayer
is formed on the hydrophobic gold (Figure 4.14). This provided some evidence of
the importance of surface chemistry on the adsorption behavior.

Soon after, publication on this topic started multiplying, and various bioma-
terials in solid phase were studied by means of QCM-D, ranging from metal
and metal oxide surfaces (e.g. gold [145–148], stainless steel [149–152], titanium
oxide [109, 146]), polymers (e.g. polyethylene [153–155], polydimethylsiloxane
[156–158]), biopolymers like polysaccharides (e.g. cellulose [107, 145, 159–163],
chitosan [164, 165]), and others. Especially interesting are polysaccharides, as their
structure changes significantly when in contact with fluids, which can be attributed
to swelling phenomena. Therefore, it is important to understand how such surfaces
behave in liquids alone prior to attempting to understand their interactions with
other biomaterials in liquid phase. For example, Ahola et al. studied the effect of
cellulose nanofibril charge density, electrolyte concentration, and pH on swelling
QCM [159]. Electrolyte concentration experiments showed that nanofibrils with
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higher charge density (carboxylic groups) absorbed more water than lower charge
density nanofibrils. The presence of electrolyte caused the carboxylic groups of the
cellulose to deprotonate as it increased the pH inside the nanofibril layers (Donan
effect); hence, higher charge density nanofibrils were swelling to a larger extent.
Kittle et al. [160] used a different approach to study the amount of water that can be
absorbed by cellulose. They soaked the cellulose films in water followed by heavy
water (D2O) and observed the change in frequency and related it to the amount of
adsorbed water (Figure 4.16). A similar approach was also used by Mohan et al.
[161], which also followed regeneration of trimethylsilyl cellulose to cellulose by
acid–vapor hydrolysis using QCM-D.

Simultaneous with studies of interactions of solid-phase biomaterials with liquids,
interactions of biomaterials in liquid with solid materials (biomaterials included)
were conducted by many authors [107, 109, 154]. Kargl et al. [154] studied inter-
actions of carboxymethyl cellulose (CMC), an anionic derivative of cellulose, with
thin films made of various polymers, ranging from cellulose, cellulose acetate, and
deacetylated cellulose acetate, to polyethylene terephthalate (PET) and cyclo-olefin
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polymer. The interaction of CMC with the thin films was conducted in a range of
pH values to observe the influence of ionized and nonionized carboxylic groups of
CMC on its deposition on the above-mentioned surfaces. It was shown that at low
pH values (pH = 2), where the carboxylic groups are mostly nonionized, the CMC
prefers to adsorb to hydrophobic surfaces in shape of small aggregates, a result of
low solubility and the hydrophobic effect. Interestingly, on hydrophilic surface the
CMC preferably adsorbed on cellulose-based solid substrates rather than on syn-
thetic ones (silicon dioxide or polyvinyl alcohol). This was an important observation
showing how QCM-D can be used to follow selective interactions of biomaterials in
liquid phase with solid surfaces and how surface charge of biopolymers fundamen-
tally influences their interactions with solid materials (Figure 4.17).

Once a good fundamental understanding of the interactions of biomaterials in
liquid phase with solid surfaces and vice versa was established, more complex biolog-
ical systems were studied by a large number of researchers, e.g. interactions between
biomolecules like cells [125, 166–171], proteins [123, 132, 157, 158, 164, 172, 173],
DNA [106, 174–176], and microorganisms [177–183] in liquids with biomaterials in
solid phase. Höök et al. [109] have studied the adsorption kinetics of three model
proteins (human serum albumin, fibrinogen, and hemoglobin) as biomaterials in
liquid-phase on solid-phase titanium-dioxide-coated QCM crystals. This publication
is an example of the complexity of studying interactions on a molecular level on
the interface between biomaterials in liquid phase with biomaterials in solid phase.
Proteins (e.g. fibrinogen) were bound to solid surfaces followed by adsorption of anti-
bodies on the formed protein layers. Obtained data allowed the authors to determine
the adsorption kinetics of proteins and the antibodies, the conformation of proteins
on the titanium dioxide surfaces, and the adsorption selectivity by using selective
antibody adsorption experiments. However, the study did not specifically focus on
the influence of surface charge on the adsorption behavior. Nevertheless, it paved
the way for an exponential growth in research publications in this area allowing for a
deeper understanding of the phenomena happening at the interface between bioma-
terials in solid phase with biological molecules in the liquid phase. The importance
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of charge density on adsorption of biomaterials and their interactions with biological
molecules was well documented by Gericke et al. [107] where the authors prepared
semi-synthetic polysaccharide sulfate solid surfaces as biomaterials to study their
anticoagulant properties by looking closely at interactions with blood plasma using
QCM-D. Firstly, the authors adsorbed the semi-synthetic polysaccharide sulfates,
baring varying sulfate charge densities (DS 0.87 to DS 1.66), on neat and cation-
ically modified PET surfaces. Their results revealed that electrostatic interactions
were the main driving force for adsorption as the semi-synthetic polysaccharide sul-
fates adsorbed less on neat PET and more on the cationically modified. Furthermore,
the adsorbed mass on cationically modified PET increased with increasing sulfate
charge density of the semi-synthetic polysaccharide sulfates. Additionally, the blood
coagulation experiments revealed that the amount of charged sulfate groups on the
surface of solid materials also influences the blood coagulation cascade. QCM was
shown to be a strong tool to study binding selectivity of biomolecules as shown in
publications by Caruso et al. [106] or Kargl et al. [174] while studying hybridiza-
tion of complementary DNA strains in liquid phase with DNA strains bound to a
solid-phase material. Big steps forward were made in cell adhesion studies as well, as
several authors took the work of Rodahl et al. [108] to a new level. Watarai et al. [170]
studied mouse fibroblast cell adsorption in liquid phase on gold surfaces as biomate-
rials in solid phase. They generated frequency and dissipation correlation plots and
from that defined three regions of interactions: (i) cell adsorption and desorption, (ii)
attachment and spreading, and (iii) secretion of microexudates (Figure 4.18). Simi-
larly, great progress was made in the field of studying bacterial attachment on solid
surfaces by means of QCM. By the end of the 1990s, Otto and Elwing [181] were one
of the first to study the influence of ionic strength on adsorption of Escherichia coli
strains in liquid phase on solid substrates (e.g. gold QCM sensor). As the attachment
of bacterial cells on solid surfaces at low ionic strengths is predominantly driven by
van der Waals and electrostatic forces, the increase in ionic strength influences the
driving forces and thus also the attachment of bacterial cells, whereas electrostatic
repulsion of the negative bacterial wall surface from the negative solid surface is just
one of many factors contributing to the complicated mechanism of attachment.
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Simultaneous with the growing number of QCM applications and experiments
involving increasingly softer materials which behave in contradiction with the
Sauerbrey law, skepticism about the applicability of QCM and its models grew as it
was difficult to separate the effect on adsorbed mass of the solute and the solvent
[114, 133, 135]. Therefore, correlation studies involving simultaneous QCM-D and
SPR measurements started to evolve at the same time as well, giving more insights
about the rheology of the adsorbed viscoelastic soft films [124, 136, 162, 184–187].

Höök et al. [124] measured the time-resolved adsorption kinetics of the mussel
adhesive protein (Mefp-1) on a nonpolar, methyl-terminated (thiolated) gold surface
by using QCM-D and SPR. The publication is a milestone in understanding how
to utilize both techniques to obtain valuable data on adsorption kinetics, adsorbed
mass, and rheological properties of the adsorbed molecular film. Adsorption
experiments showed a large difference in the adsorbed mass between QCM and
SPR revealing that the Mefp-1 protein adsorbs to the gold surface with inclusion
of around 97% of water, forming a gel-like film. Upon cross-linking of the protein,
the total mass calculated by QCM reduced drastically as water was ejected and
the film got more rigid. The thickness of the film reduced by threefold as shown
by SPR. Additionally, an increase in shear viscosity and shear elastic modulus
was determined by QCM, due to the decrease in hydration. Reimhult et al. [136]
took the experiment further and constructed a system allowing for simultaneous
time-resolved SPR and QCM measurements on the same sample (Figure 4.19).
The complementary nature of both techniques enabled the authors to separate
the kinetics of planar phospholipid bilayer formation on SiO2 in two parallel pro-
cesses: vesicle adsorption and supported phospholipid bilayer formation from the
adsorbed vesicles. It was shown that the change in SPR angle and the subsequent
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calculation of adsorbed mass must be used cautiously when the film thickness is
in the order of the decay length in SPR. Additionally, the mass increase in QCM
was attributed, besides water entrapped within supramolecular assemblies, to
dynamically entrapped water between bilayers, which is crucial information when
modeling the actual adsorbed mass from QCM data. It was concluded by the authors
that omitting either of the techniques from adsorption experiments weakens the
analysis and interpretation of the studied kinetics.

Many other authors contributed to spreading the knowledge of the importance
of QCM and SPR complementary measurements to study adsorption kinetics.
Mohan et al. [162] used cationic cellulose-based surfaces to study interactions with
biomolecules in liquid phase using QCM and SPR and compared the data of both.
Caruso et al. [185] assembled over 20 polyelectrolyte layers on gold sensors made of
oppositely charged polymers, attributing the attachment of the individual layers to
electrostatic interactions. The multilayer build-up was studied by means of QCM
and SPR. Zhang et al. [188] studied adsorption kinetics and structure of carbohy-
drate self-assembled monolayers on solid gold substrates. Protein interactions with
the carbohydrates were thoroughly characterized by both techniques offering a
viable alternative to ITC and ELISA tests.

As the strength of scientific data describing solid–liquid interactions (biomaterials
in solid phase with liquids, in liquid phase with various solids, and both in liquid
phase with solid-phase biomaterials) measured by QCM in complement with SPR
grew, new questions composed of problems growing in complexity were arising
as well. The solid-phase biomaterials were getting increasingly more application
oriented, and composite-like materials were studied more, replacing single-material
solid substrates. Multilayered films [47, 122, 189–192], blended composite films
[127, 193, 194], brush copolymer films [195], liposomal membranes [196], and
self-healing materials [197] are just a few complex solid-phase biomaterials designed
nowadays on QCM sensors to study solid–liquid interactions. And the more com-
plex the surfaces get, the more specific their interactions with biomaterials in liquid
phase get as well. This allows for design of very specific sensor-like surfaces which
can interact with specific binding sites of molecules, e.g. protein-binding sites [125].
This is propelling QCM studies into the future of label-free, fast, and cost-effective
biosensoric devices and responsive surfaces [125, 197–200].

The group of Picart published two ground-breaking papers on the formation
of multilayers based on oppositely charged polymers. In the first [47], multilayer
build-up of biocompatible films based on poly(L-lysine) and HAc (PLL/HA) was
studied by QCM, while chitosan (CHI) and hyaluronan (HA) multilayer films
were studied in the following publication [192]. In both, the importance of electro-
static charges on the formation of the multilayered films was shown to be utterly
important. Other factors like salt concentration were studied in detail as well.
QCM proved to be a suitable technique to study the adsorption kinetics during
the formation of a multilayer polymer film. The obtained results were compared
with zeta potential measurements, which is a technique described in this chapter
as well. Both methods showed good compatibility in identifying the exchanging
polymer layers in the multilayered film. An antihemoglobin biointerface on
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cellulose was prepared by Orelma et al. [172], and QCM was used to monitor a
chemical reaction, i.e. cross-linking, of surface-bound CMC with antihemoglobin,
in situ. Furthermore, the same reaction was repeated and studied by means of
SPR. This allowed to directly observe the effect of EDC/NHS cross-linker on the
interaction of the antihemoglobin with CMC (Figure 4.20a). Similarly, Elschner
et al. [201] prepared reactive hydroxyethyl cellulose furoate films suitable for
the covalent immobilization of functional molecules. These were activated by
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N,N′-carbonyldiimidazole allowing for covalent immobilization of functional
molecules bearing primary and secondary amines, namely triethylene tetramine
(TETA). The degree of substitution of neat furoate films and amino functionalized
ones was determined by measuring changes in oscillation frequency in contact with
air by means of QCM-D (Figure 4.20b).

Even though QCM and SPR have evolved over the years, and the information
one can obtain from both techniques is rising, some drawbacks which they possess
(e.g. limited shape and size of analyzed sample) are eliminated by other techniques,
e.g. electrokinetic analyzer. The electrokinetic analyzer measures the ζ-potential on
solid surfaces of various sizes and shapes, and changes in ζ-potential are followed
during adsorption of molecules from liquids. The technique is described in more
detail Section 4.3.2.

4.3.2 Zeta Potential Measurements as a Tool to Study Solid–Liquid
Interactions of Biomaterials

The sensitivity of the zeta potential to the outermost surface chemistry of solid
materials and the capture of changes in the interfacial charge that occur within
the first few layers of water next to the surface make this parameter applicable to
monitor water-on-solid surface adsorption and desorption processes. The imme-
diate response of the streaming potential signal to varying pressure gradients but
also to a modification of the surface or interfacial layer composition enables the
recording of such adsorption and desorption processes also with a reasonable time
resolution. A typical set of data for the adsorption of a monoclonal antibody (mAb)
on a medical tube is shown in Figure 4.21. The temporal change of the streaming
potential signal upon adsorption of the mAb is used to monitor the adsorption
kinetics. The effect of adsorption recorded by the streaming potential and the
calculated zeta potential depends on the surface and interfacial charges of the
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change of the streaming potential.
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solid material (the medical tube) and the adsorbate (the mAb) at the respective
pH of the aqueous solution, respectively. The mAb used for the adsorption kinetics
measurements in Figure 4.21 exhibits an isoelectric point at pH 8.2 and is therefore
positively charged at pH 5.6 and pH 7.0 but negatively charged at pH 9.1. The
silicone-based medical tube shows an IEP 4.0 and is negatively charged at the pH
values studied in this experiment. At pH 5.6 and 7.0 of an aqueous 0.025 mol/l
KCl solution, the adsorption of mAb at a bulk concentration of 25 μg/ml leads
to a charge reversal of the initially negatively charged tube, while at pH 9.0 the
sign of the zeta potential remains negative although its magnitude is significantly
decreased. The initial zeta potential at t = 0 s represents the charging behavior of the
pristine silicone tube at different pH. Besides the effectiveness of mAb adsorption
and the time for equilibration, the temporal changes of the streaming potential in
Figure 4.21 also indicate a decreasing rate of adsorption with increasing pH.

Norde and Rouwendal [202] were among the first to apply the streaming potential
method for the recording of protein adsorption kinetics on material surfaces. The
temporal evolution of the streaming potential clearly demonstrates the different
rates of adsorption for lysozyme on glass plates depending on the initial protein
concentration. At the given measuring conditions (pH 7, ionic strength 0.01 mol/l),
the combination of the positively charged lysozyme and the negatively charged glass
surface requires an equilibration time of 1 minute only for a protein concentration
of 10 mg/l but significantly longer than 10 minutes for a concentration of 0.1 mg/l
lysozyme. Zembala and Déjardin [203] applied the streaming potential to study
the adsorption kinetics of a different protein, fibrinogen, again on glass but with a
different shape. They used a glass capillary to study protein adsorption at the inner
capillary surface. Werner et al. [204] compared the adsorption kinetics for human
serum albumin and fibrinogen on a perfluorated polymer film. Both proteins show
irreversible adsorption with a comparable rate but different effects on the change in
the zeta potential. This example represents a limitation in the streaming potential
method for recording adsorption processes, i.e. the dependence on the differences
in the charges of the adsorbate (e.g. the protein in solution) and the adsorbent (the
solid surface).

Ethève and Déjardin [205] evaluated the effect of different flow rates (different
shear) on the adsorption kinetics of lysozyme on a silica surface and correlated the
changes in the zeta potential with the adsorbed amount of protein. For the estima-
tion of the adsorbed amount in terms of number or mass concentration, a different
technique (e.g. radio-labeling, reflectometry, and QCM) is required to complement
the streaming potential measurement. Kawasaki et al. [206] extended the investiga-
tion of protein adsorption to include lactoglobulin, ovalbumin, and saliva proteins
on HAP as a model surface for tooth enamel. Zimmermanna et al. [207] reported
a rather slow adsorption for fibrinogen on a polymer film with dicarboxylic acid
terminal groups recorded by the streaming current coupling coefficient dIstr/dΔp
accompanied by reflectometric interference spectroscopy measurement.

Protein–polysaccharide interactions have attracted considerable attention in the
pharmaceutical industry as they play a key role in the development of novel encapsu-
lation devices. Thus, the interactions of fish gelatin (FG) with HAc have been studied
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using ZP measurements determined from electrophoretic mobility in addition to
turbidimetric titration, dynamic light scattering, etc. FG forms soluble complexes
with HA above a limiting pH (pHϕ1) at which both biopolymers are net negatively
charged but forms insoluble complexes as liquid-state complex coacervates below
pHϕ1 at which the two biopolymers are oppositely charged. The results suggest that
complex formation is driven mainly by electrostatic attractions rather than hydrogen
bonding or hydrophobic interactions [208]. In the following study, the ZP value pro-
vides relevant information about interactions between colloidal particles, namely
amino-modified silica and lignin to form hybrid biomaterials [94]. The ZP results
under different conditions, supported by the determination of the electrophoretic
mobility of the two biopolymers, led to propose a model of the interactions between
collagen and poly(acrylic acid) [55]. In another work, possible electrostatic inter-
actions between the components of hydrogels (i.e. chitosan, gelatin, and bioactive
glass nanoparticles) were evaluated using ZP analysis [85]. It was also shown that
ZP is a potential technique for quantifying peptide/lipid interactions [102].
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71 Plohl, O., Zemljič, L.F., Potrč, S., and Luxbacher, T. (2020). Applicability of
electro-osmotic flow for the analysis of the surface zeta potential. RSC Adv. 10
(12): 6777–6789. https://doi.org/10.1039/C9RA10414C.

72 Metwally, S., Ferraris, S., Spriano, S. et al. (2020). Surface potential and rough-
ness controlled cell adhesion and collagen formation in electrospun PCL fibers
for bone regeneration. Mater. Des. 194: 108915. https://doi.org/10.1016/j.matdes
.2020.108915.

73 Andrade, Â.L., Ferreira, J.M.F., and Domingues, R.Z. (2004). Zeta potential
measurement in bioactive collagen. Mater. Res. 7: 631–634.

74 McCune, D., Guo, X., Shi, T. et al. (2018). Electrospinning pectin-based
nanofibers: a parametric and cross-linker study. Appl. Nanosci. 8 (1): 33–40.
https://doi.org/10.1007/s13204-018-0649-4.

https://doi.org/10.1016/S0927-7757(01)00852-4
https://doi.org/10.1016/S0927-7757(01)00852-4
https://doi.org/10.1016/j.jcis.2007.02.047
https://doi.org/10.1016/j.jcis.2007.02.047
https://doi.org/10.4172/2155-952X.1000e126
https://doi.org/10.1016/j.ijbiomac.2017.05.033
https://doi.org/10.1016/j.ijbiomac.2017.05.033
https://doi.org/10.1016/j.enzmictec.2018.01.005
https://doi.org/10.1016/j.enzmictec.2018.01.005
https://doi.org/10.1016/j.ijbiomac.2018.03.116
https://doi.org/10.1016/j.carbpol.2019.03.009
https://doi.org/10.1016/j.jcis.2007.02.017
https://doi.org/10.1016/j.jcis.2007.02.017
https://doi.org/10.1021/bm100912v
https://doi.org/10.1021/bm100912v
https://doi.org/10.1039/C5TB00158G
https://doi.org/10.1039/C9RA10414C
https://doi.org/10.1016/j.matdes.2020.108915
https://doi.org/10.1016/j.matdes.2020.108915
https://doi.org/10.1007/s13204-018-0649-4


154 4 Methods for Characterization of Surface Charge

75 Okutan, N., Terzi, P., and Altay, F. (2014). Affecting parameters on electro-
spinning process and characterization of electrospun gelatin nanofibers. Food
Hydrocolloids 39: 19–26. https://doi.org/10.1016/j.foodhyd.2013.12.022.

76 Chao, F.-C., Wu, M.H., Chen, L.C. et al. (2020). Preparation and charac-
terization of chemically TEMPO-oxidized and mechanically disintegrated
sacchachitin nanofibers (SCNF) for enhanced diabetic wound healing.
Carbohydr. Polym. 229: 115507. https://doi.org/10.1016/j.carbpol.2019.115507.

77 Aguilella, V., Kontturi, K., Murtomäki, L., and Ramírez, P. (1994). Estimation of
the pore size and charge density in human cadaver skin. J. Controlled Release
32 (3): 249–257. https://doi.org/10.1016/0168-3659(94)90235-6.

78 Raiman, J., Hänninen, K., Kontturi, K. et al. (2003). Drug adsorption in human
skin: a streaming potential study. J. Pharm. Sci. 92 (12): 2366–2372. https://doi
.org/10.1002/jps.10516.

79 Indest, T., Strnad, S., Kleinschek, K.S. et al. (2006). Electrokinetic properties of
commercial vascular grafts. Colloids Surf., A 275 (1): 17–26. https://doi.org/10
.1016/j.colsurfa.2005.09.012.

80 Iviglia, G., Strnad, S., Kleinschek, K.S. et al. (2018). New collagen-coated
calcium phosphate synthetic bone filler (Synergoss®): a comparative surface
analysis. Int. J. Appl. Ceram. Technol. 15 (4): 910–920. https://doi.org/10.1111/
ijac.12854.

81 Courtenay, J.C., Johns, M.A., Galembeck, F. et al. (2017). Surface modified cel-
lulose scaffolds for tissue engineering. Cellulose 24 (1): 253–267. https://doi.org/
10.1007/s10570-016-1111-y.

82 Kowalchuk, R.M., Pollack, S.R., and Corcoran, T.A. (1995). Zeta potential of
bone from particle electrophoresis: solution composition and kinetic effects.
J. Biomed. Mater. Res. 29 (1): 47–57. https://doi.org/10.1002/jbm.820290108.

83 Furuya, M., Shimono, N., and Okamoto, M. (2017). Fabrication of biocompos-
ites composed of natural rubber latex and bone tissue derived from MC3T3-E1
mouse preosteoblastic cells. Nanocomposites 3 (2): 76–83. https://doi.org/10
.1080/20550324.2017.1352111.

84 Sakthivel, N., Socrates, R., Shanthini, G.M. et al. (2015). Silver ion impregnated
composite biomaterial optimally prepared using zeta potential measurements.
Mater. Sci. Eng., C 47: 222–229. https://doi.org/10.1016/j.msec.2014.11.018.

85 Moreira, C.D.F., Carvalho, S.M., Sousa, R.G. et al. (2018). Nanostructured
chitosan/gelatin/bioactive glass in situ forming hydrogel composites as a
potential injectable matrix for bone tissue engineering. Mater. Chem. Phys.
218: 304–316. https://doi.org/10.1016/j.matchemphys.2018.07.039.

86 Wang, Q., Jamal, S., Detamore, M.S. et al. (2011).
PLGA-chitosan/PLGA-alginate nanoparticle blends as biodegradable colloidal
gels for seeding human umbilical cord mesenchymal stem cells. J. Biomed.
Mater. Res. Part A 96A (3): 520–527. https://doi.org/10.1002/jbm.a.33000.

87 Zaupa, A., Byres, N., Dal Zovo, C. et al. (2019). Cold-adaptation of a methacryl-
amide gelatin towards the expansion of the biomaterial toolbox for specialized
functionalities in tissue engineering. Mater. Sci. Eng., C 102: 373–390.
https://doi.org/10.1016/j.msec.2019.04.020.

https://doi.org/10.1016/j.foodhyd.2013.12.022
https://doi.org/10.1016/j.carbpol.2019.115507
https://doi.org/10.1016/0168-3659(94)90235-6
https://doi.org/10.1002/jps.10516
https://doi.org/10.1002/jps.10516
https://doi.org/10.1016/j.colsurfa.2005.09.012
https://doi.org/10.1016/j.colsurfa.2005.09.012
https://doi.org/10.1111/ijac.12854
https://doi.org/10.1111/ijac.12854
https://doi.org/10.1007/s10570-016-1111-y
https://doi.org/10.1007/s10570-016-1111-y
https://doi.org/10.1002/jbm.820290108
https://doi.org/10.1080/20550324.2017.1352111
https://doi.org/10.1080/20550324.2017.1352111
https://doi.org/10.1016/j.msec.2014.11.018
https://doi.org/10.1016/j.matchemphys.2018.07.039
https://doi.org/10.1002/jbm.a.33000
https://doi.org/10.1016/j.msec.2019.04.020


References 155

88 Lin, W.-C., Lee, S.H., Karakachian, M. et al. (2009). Tuning the surface poten-
tial of gold substrates arbitrarily with self-assembled monolayers with mixed
functional groups. Phys. Chem. Chem. Phys. 11 (29): 6199–6204. https://doi.org/
10.1039/B902044F.

89 Schrems, A., Kibrom, A., Küpcü, S. et al. (2011). Bilayer lipid membrane for-
mation on a chemically modified S-layer lattice. Langmuir 27 (7): 3731–3738.
https://doi.org/10.1021/la104238e.

90 Sleytr, U.W.E.B. (1975). Heterologous reattachment of regular arrays of glyco-
proteins on bacterial surfaces. Nature 257 (5525): 400–402. https://doi.org/10
.1038/257400a0.

91 Katzur, V., Eichler, M., Deigele, E. et al. (2012). Surface-immobilized
PAMAM-dendrimers modified with cationic or anionic terminal functions:
physicochemical surface properties and conformational changes after appli-
cation of liquid interface stress. J. Colloid Interface Sci. 366 (1): 179–190.
https://doi.org/10.1016/j.jcis.2011.09.029.

92 Hao, L., Fu, X., Li, T. et al. (2016a). Mediating mesenchymal stem cells
responses and osteopontin adsorption via oligo(ethylene glycol)-amino mixed
self-assembled monolayers. J. Mater. Sci. Technol. 32 (9): 966–970. https://doi
.org/10.1016/j.jmst.2016.04.005.

93 Hao, L., Li, T., Zhao, N. et al. (2016b). Surface chemistry from wettability and
charge for the control of mesenchymal stem cell fate through self-assembled
monolayers. Colloids Surf., B 148: 549–556. https://doi.org/10.1016/j.colsurfb
.2016.09.027.

94 Nowacka, M., Klapiszewski, Ł., Norman, M., and Jesionowski, T. (2013).
Dispersive evaluation and surface chemistry of advanced, multifunctional
silica/lignin hybrid biomaterials. Cent. Eur. J. Chem. 11 (11): 1860–1873.
https://doi.org/10.2478/s11532-013-0322-4.

95 Frant, M., Stenstad, P., Johnsen, H. et al. (2006). Anti-infective surfaces based
on tetraether lipids for peritoneal dialysis catheter systems. Materialwiss.
Werkstofftech. 37 (6): 538–545. https://doi.org/10.1002/mawe.200600034.

96 Zimmermann, R., Küttner, D., Renner, L. et al. (2009). Charging and structure
of zwitterionic supported bilayer lipid membranes studied by streaming current
measurements, fluorescence microscopy, and attenuated total reflection Fourier
transform infrared spectroscopy. Biointerphases 4 (1): 1–6. https://doi.org/10
.1116/1.3082042.

97 Zimmermann, R., Küttner, D., Renner, L. et al. (2012). Fluidity modulation of
phospholipid bilayers by electrolyte ions: insights from fluorescence microscopy
and microslit electrokinetic experiments. J. Phys. Chem. A 116 (25): 6519–6525.
https://doi.org/10.1021/jp212364q.

98 Shah, R., Eldridge, D., Palombo, E., and Harding, I. (2014). Optimisation and
stability assessment of solid lipid nanoparticles using particle size and zeta
potential. J. Phys. Sci. 25 (1): 59–75.

99 Smith, M.C., Crist, R.M., Clogston, J.D., and McNeil, S.E. (2017). Zeta potential:
a case study of cationic, anionic, and neutral liposomes. Anal. Bioanal. Chem.
409 (24): 5779–5787. https://doi.org/10.1007/s00216-017-0527-z.

https://doi.org/10.1039/B902044F
https://doi.org/10.1039/B902044F
https://doi.org/10.1021/la104238e
https://doi.org/10.1038/257400a0
https://doi.org/10.1038/257400a0
https://doi.org/10.1016/j.jcis.2011.09.029
https://doi.org/10.1016/j.jmst.2016.04.005
https://doi.org/10.1016/j.jmst.2016.04.005
https://doi.org/10.1016/j.colsurfb.2016.09.027
https://doi.org/10.1016/j.colsurfb.2016.09.027
https://doi.org/10.2478/s11532-013-0322-4
https://doi.org/10.1002/mawe.200600034
https://doi.org/10.1116/1.3082042
https://doi.org/10.1116/1.3082042
https://doi.org/10.1021/jp212364q
https://doi.org/10.1007/s00216-017-0527-z


156 4 Methods for Characterization of Surface Charge

100 Morini, M.A., Sierra, M.B., and Pedroni, V.I. (2015). Influence of temperature,
anions and size distribution on the zeta potential of DMPC, DPPC and DMPE
lipid vesicles. Colloids Surf., B 131: 54–58. https://doi.org/10.1016/j.colsurfb.2015
.03.054.
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163 Ristić, T., Mohan, T., Kargl, R. et al. (2014). A study on the interaction of
cationized chitosan with cellulose surfaces. Cellulose 21 (4): 2315–2325.
https://doi.org/10.1007/s10570-014-0267-6.

164 Breitwieser, D., Spirk, S., Fasl, H. et al. (2013). Design of simultaneous anti-
microbial and anticoagulant surfaces based on nanoparticles and polysaccha-
rides. J. Mater. Chem. B 1: 2022–2030. https://doi.org/10.1039/c3tb00272a.
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5.1 Introduction

The field of biomaterials is rapidly evolving by building on cutting-edge advances
in the areas of biology, chemistry, medicine, material science, and bioengineering.
A biomaterial is a biological or synthetic substance (e.g. metals, ceramics, polymers,
hydrogels, glasses, composites) that is designed to interact with the living tissue.
Besides their chemical and physical properties, rendering them suitable for spe-
cific applications, biomaterials need to be also evaluated regarding their biological
properties. These include their interaction with cells, tissues, and/or whole organ-
isms, which should be made to assess their safety and efficacy. How cells adhere
and colonize the surface of a biomaterial to initiate processes like growth, prolifera-
tion, migration, and differentiation is critical in promoting new tissue formation and
regeneration. Such processes are complex and involve many physiochemical events
on different scales ranging from molecular to cell organelle to tissue and system
level. The evaluation of cell–material interactions is a fundamental step in assessing
biocompatibility.

The “traditional” definition of biocompatibility has been challenged by recent
developments in the field and the vastly increased understanding of the biological
mechanisms associated with the host response. The most widely cited definition
proposed back in 1986 at the Consensus Conference on Biomaterials defined biocom-
patibility as “the ability of a material to perform with an appropriate host response
in a specific application” [1]. While accurate, it does not provide any information
on how to evaluate or modulate biocompatibility. In 2008, an updated version was
proposed, stating that biocompatibility “refers to the ability of a biomaterial to
perform its desired function with respect to medical therapy, without eliciting any
undesirable local or systemic effects in the recipient or beneficiary of that therapy,
but generating the most appropriate beneficial cellular or tissue response in that
specific situation, and optimizing the clinically relevant performance of that ther-
apy” [2]. While this definition is more complete, it does not make any distinction
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between traditional long-lasting implants and more recent tissue-engineering
(TE) products aimed at promoting integration, regeneration, and healing. To also
account for this, a manifesto was written in 2011 [3], proposing two definitions,
one for biocompatibility: “the ability of a material to locally trigger and guide
nonfibrotic wound healing, reconstruction and tissue integration,” which is more
adequate for TE products, and one for biotolerability: “the ability of a material to
reside in the body for long periods of time with only low degrees of inflammatory
reaction,” which is more suitable to describe the performance of more traditional,
nondegrading or slow-degrading, implant materials.

Like all products intended for use in the human body, medical devices and
biomaterials need to be evaluated for their performance and safety. Regulatory
agencies require biomaterials to go through a screening process to validate biocom-
patibility and biotolerability, which involves a complex evaluation of in vitro and in
vivo assessment. This is a well-established practice in the field, with international
standard protocols providing guidelines on testing approaches and methodologies.
As a starting point, evaluation of toxicity (cytotoxicity) is performed, and the results
are widely used as an effective indicator of biomaterial in vivo toxicity potential.
Other important tests include evaluation of mutagenic and carcinogenic potential.
However, biocompatibility must not only be evaluated in terms of potentially
harmful effects (non-toxic, nonmutagenic, and noncarcinogenic), but also in terms
of desirable effects in the context of its application and function. As such, the TE
scaffold should be biocompatible in terms of providing a substrate for supporting
proper cellular activities (growth, extracellular matrix [ECM] deposition, desired
gene expression, optimal tissue repair, and regeneration). In fact, many of such
biomaterials used in regenerative medicine are developed to be “cell instructive”
and have the ability to guide cell behavior and elicit specific cell response [4]. After
the first screening for cytotoxicity, if the material is found nontoxic, other tests are
carried out to provide general or more specific information on cellular behavior.
These include assessing cell–biomaterial interactions through evaluation of cell
adhesion and morphology, metabolic activity, proliferation, migration, protein and
gene expression, or differentiation. There is a wide variety of tests available, and
only some of them will be described here. In addition to these well-established
standard testing methodologies, this chapter also briefly describes some emerging
technologies such as high-throughput screening (HTS), intracellular monitoring
technologies, and real-time analysis.

Ideally, materials should be tested in their final form as cell response, besides
biochemical properties, it also depends also on the shape, porosity, topography,
mechanical properties, all of which should be taken into account when analyzing
cell–biomaterial interaction. Biomaterial-based platforms for TE and regenerative
medicine are increasingly translated from 2D into 3D cell culture models, which
adds another level of complexity. It is important that the protocols for analyzing
cell behavior should be adequately adapted from 2D into the 3D setting, and the
procedures and result interpretation should be carried out with caution. The use
of 3D in vitro testing is becoming widely used as it provides more physiologically
relevant information compared to the reductionist 2D system, which often fails
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to recapitulate key features of the natural cellular microenvironment [5]. The use
of advanced 3D cell culture systems has proven to be more predictive for in vivo
tests and possibly reducing the number of animals used in research and testing,
coinciding well with guiding principles of 3Rs (Replace, Reduce, Refine) [6].
Although great strides of efforts are put in replacing animal experiments whenever
possible, some properties of biomaterials (e.g. sensitization, irritation, biodegrada-
tion, systemic toxicity, immune response) cannot be tested in vitro and require in
vivo assessment for the final evaluation before human use. This chapter provides
an overview of both in vitro and in vivo methods used to evaluate the biological and
biomedical properties of biomaterials.

5.2 Fundamentals of Cell Biology as a Base for Testing

The biological cell is a basic building block of life, responsible for various func-
tions that sustain a living organism. The human body consists of trillions of cells
that structure the body, synthesize, store and transport molecules, absorb nutrients
and convert them into energy, recognize and transmit signals, store and express
genetic information, and have the unique ability to replicate. The size of biological
cells ranges from 1 to 100 μm in diameter and is covered with phospholipid bilayer
membranes and protein receptor molecules. The interior of the cell is composed
of a cytosol (liquid phase) containing organelles (e.g. nucleus, mitochondria, endo-
plasmic reticulum, Golgi apparatus) and a cytoskeleton of microtubules (tubulins),
microfilaments (actins), and intermediate filaments [7].

The “decision” of the cells which proteins to express when to divide, specialize, or
die is an ongoing process that takes place in the cells by orchestrating specific gene
activation in the right order and synchrony to express the right proteins required
for growth, migration, proliferation, differentiation, and apoptosis [7]. The cell envi-
ronment plays an essential role in this decision process. The sensitivity of cells to
environmental signals can be divided into mechanical, topographical, and chemical
signals that can induce a variety of cellular behaviors. The idea of how mechanical
and structural signals can modulate cellular behavior arose from an understanding
of the complex interplay of biochemical and mechanical signals that regulate cell
growth and differentiation. The accumulation of knowledge about the modulation
of the physical properties of the cell microenvironment has led to the development
of intelligent biomaterials capable of interacting with cells and tissues in a direct and
specific way to support and control appropriate cellular activities.

A biomaterial interacts with the adherent cells through their chemical compo-
sition and micro-/macro-structure. The combination of extrinsic and intrinsic sig-
nals derived from the nano-topology of the ECM controls the behavior of the cells
(Figure 5.1). Since the cells are located in vivo within the ECM, which contains col-
lagen fibrils, they react to nanostructures in a predetermined way. Major efforts are
focused on the development of biomaterials that could mimic a specific microen-
vironment to differentiate cells in a predetermined way and trigger pathways for
regeneration and tissue organization without affecting other mechanisms.
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Figure 5.1 Cell–biomaterial interactions.

5.3 In Vitro Methods for Analyzing Biomaterials

To demonstrate the safety and efficiency of a biomaterial or a medical device, bio-
compatibility testing must be performed. The purpose of such testing is to determine
if material or device is suitable for a specific (in this case in contact with the human
body) use and to determine potentially harmful physiological effects. Before per-
forming biocompatibility testing, a detailed chemical and physical characterization
should be conducted.

In vitro testing is carried outside of the living body and usually utilize cell culture
systems to simulate a clinical scenario. Such tests are often carried out before in vivo
tests as they are cheaper, easier to conduct, and do not require ethical approvals for
the use of laboratory animals for research. Additional advantages of in vitro tests
include a vast range of applications, simplicity, repeatability, and a small amount of
test material required.

Cells are usually harvested from human or animal sources, and their survival is
maintained under defined conditions that can sustain their functionality, includ-
ing organic and inorganic substances, water, and temperature. A careful selection
of tissue cells from the host environment should be made and tailored for the test
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application, with a clearly defined source of the cells for in vitro biocompatibility
testing. Experimental design should also be adequate for a specific application of
biomaterial and their use, as some biomaterials can be suitable for one application
but not for others. Preferably the experiments should be quantitative with proper
statistical tests used for evaluating significance. The following section describes var-
ious in vitro assays, which are also included in ISO 10993 guidelines for the biological
evaluation of medical devices [8]. Such assays include cytotoxicity test, genotoxic-
ity and carcinogenicity test, hemocompatibility test, cell–material interaction test,
and other functional assays. The limitation of such in vitro assays is that they cannot
provide translatable information on a dose–response relationship that can be extrap-
olated to patients and used for final risk assessment. Alternative testing methods are
constantly being developed that aim to bridge the gap between in vitro and human
environment and thus reducing the use of animals in safety evaluation testing.

5.3.1 Cytotoxicity Tests

Cytotoxicity assessment is in its essence a biocompatibility test that is required for
all new biomaterials and medical devices under evaluation prior clinical use. Several
organizations have developed standards and guidelines such as ISO (International
Organization for Standardization), NIH (National Institute of Health), FDA (Food
and Drug Administration), CEN (European Committee for Standardisation),
BSI (British Standards Institute), and ASTM (American Society for Testing and
Materials) to assess material biocompatibility and the tests used for evaluation. The
standards and guidelines are continuously updated to keep up with the advances in
the field [9]. Although these standards overlap in most parts, we will mostly refer to
ISO standards for the purpose of this book chapter. The guidelines on cytotoxicity
testing are described in ISO 10993-5 and provide the instructions on which test
would be appropriate for given biomaterial and application under evaluation [10].

According to these guidelines, three categories of cytotoxicity testing can be per-
formed: direct contact test [11], indirect contact test [12], and the extracts/elution
test [13] (Figure 5.2). Based on the sample of use, location of the use nature of the
test, an appropriate test should be chosen [10]. In the case of new biomaterials that
have not been used commercially, both direct contact and elution tests should be
performed [14]. Such tests utilize mammalian cell cultures (mostly mouse or human
origin), which are grown in a cell culture medium, expanded to near confluency, and
exposed to test material and appropriate controls. Established cell lines obtained
from a reliable source such as the American Type Culture Collection (ATCC) are
preferred as they allow for better reproducibility between the labs; however, primary
cell cultures and organotypic models obtain from living tissue can be used to eval-
uate specific sensitivity if reproducibility and accuracy can be demonstrated. Based
on the specific biomaterial under investigation, the appropriate choice of cell type
should be considered.

Several in vitro cytotoxicity assays are available and can be categorized based
on the evaluation criteria and read-out system. Assessment of cell morphology,
cell growth, cell damage, or cellular activity can be used to determine cytotoxicity.
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Figure 5.2 Different types of tests to evaluate cytotoxicity according to ISO 10993-5 are
direct contact test, indirect contact test, and extract/elusion test.

In each independent cytotoxicity assay, appropriate controls should be included
(positive, negative, and blank). When assessing new biomaterials, positive and
negative controls should be chosen based on known materials that induce cyto-
toxicity or are known to be nontoxic. The advantages of such cytotoxicity testing
are simple and inexpensive performance, easily manipulated, allows for more
than one end-point investigation; it can provide quick and quantitative results and
allows for the construction of a concentration–response curve. Despite being a fair
predictor of biocompatibility, it should be used as a screening method and used for
biocompatibility in parallel with other tests.

5.3.1.1 Direct Contact Tests
For direct contact, test biomaterials of different sizes, shapes, and physical composi-
tions (solid, liquid, and gels) can be placed directly on the cell layer. They can be used
in their original state or can be modified to achieve optimal conditions. Although
standard guidelines refer to putting materials onto the cells, such physical contact
can cause cell damage. Alternatively, cells can be seeded on top of the material under
investigation if such material allows for cell adhesion. The cells are then incubated
with the material to allow diffusion of leachable chemicals into the culture medium
and contact the cell layer. Reactivity of the test sample is indicated by malformation,
degeneration, and lysis of cells around the test material [10].
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5.3.1.2 Indirect Contact Tests
Indirect contact tests can be applied as a filter diffusion test or an agar diffusion test.
The agar diffusion test is appropriate for high-density materials such as elastomeric
closures. Such a test utilizes a thin layer of nutrient-supplemented agar, which is
placed over the cultured cells to protect the cells from the harmful physical effects
caused by the contact with the sample. Samples are then incubated, and extractables
from the sample will leach through the medium and agar to reach the cells. Similarly,
in the filter diffusion test, cells are grown on a thin filter paper to near confluency
and transferred upside down on to the layer of solidified agar, placing the material
on the top side of the filter. After incubation, samples are removed, and cells on the
filter are subjected to the analysis [10].

5.3.1.3 Extracts/Elution Tests
The extract or elution test uses extraction media to capture the leachates that may
include degradation products, ions, residues, and other molecules that are extracted
from the material and may affect the biological condition. The test and control
materials are placed in the extraction medium (usually cell culture medium) and
incubated under defined conditions (time, temperature, and surface area-to-volume
ratio). The extraction should be performed under sterile conditions and used
immediately without additional processing. The serial dilution of the extracts is
prepared and transferred onto the cell layer and incubated (usually between 24 and
72 hours). Following incubation, the cells are examined microscopically for visible
signs of toxicity in response to test and control materials and further used for other
testing methods [10].

5.3.2 Cell–Material Interaction Tests

5.3.2.1 Cell Morphology and Adhesion
One of the critical points that influences the performance of biomaterials is cell
adhesion. In some cases, adhesion may be undesirable, e.g. in lenses or blood
contact devices, and in other cases where tissue integration is required (scaffolding
for tissue generation), it plays an essential role. Both chemical (e.g. the density of
functional groups) and physical (e.g. stiffness, tomography, and dimensionality)
properties influence cell adhesion through the amount, orientation, and availability
of protein binding domains. This availability of key protein domains – e.g. RGD
(tripeptide Arg-Gly-Asp prototypic cell-binding peptide sequence), which are
present in adhesion proteins such as vitronectin and fibronectin, in turn, regulates
the attachment of cells to surrounding cells or the ECM [15]. In addition, trans-
membrane receptor proteins, known as integrins, bind to ECM proteins to promote
cell anchoring and mediate cell–matrix crosstalk. Such binding of integrins plays
an essential role in cell communication and regulation by triggering the activation
of intracellular signaling pathways that promote cell growth, cell proliferation,
migration, differentiation, and cellular repair [16].

Changes in cell adhesion can play an important role in a wide range of diseases,
including cancer [17], arthritis [18], atherosclerosis [19], and osteoporosis [20].
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Some biomaterials such as collagen and fibrin are able to mediate cell adhesion due
to their surface binding domains directly, and other biomaterials such as pectin or
alginate do not provide adhesion ligands and are therefore less susceptible to cell
anchoring. Because cell anchorage is a strict requirement for the survival of most
cell types, chemical modification of such materials is required to increase protein
absorption and the availability of cell-binding domains [21, 22].

The simplest method to quantify cell adhesion is to calculate the percentage of
attached cells with respect to all seeded cells per surface area. This is obviously
dependent on the properties of biomaterials and seeding efficacy, and various strate-
gies have been developed to improve seeding efficacy and analyze cell adhesion, such
as injecting the cell suspension directly into the scaffold interior [23], using dynamic
culture with agitation [24], using high-density/low volume cell suspension [25], or
using uniform cell seeding devices and 3D printers [26].

Morphology assessment with different microscopy techniques is commonly used
to assess shape (e.g. round, elongated, spindle, cuboidal), size, aggregation, and
spreading of the cells in contact with biomaterials. Cytoskeleton organization is
commonly analyzed by staining F-actin rich fibers, presence, and distribution of
focal adhesion complexes, as well as mapping of integrins. Figure 5.3 shows the
assessment of morphology through the staining of actin filaments of the human
intestinal epithelial cell line (HUIEC) grown on silicon wafer plates coated with
carboxymethyl cellulose (CMC) and poly lactic-co-glycolic acid (PLGA), where the
clear morphological difference in cell shape and size can be observed.

Confocal microscopy is an essential tool for analyzing 3D construct as it pro-
vides a series of optical plans that can be reconstructed into a 3D image. In a
3D microenvironment, different physicochemical and structural properties of the
matrix regulate cell–matrix adhesion and, therefore, the functionality of cells [27],
leading to different behavior compared to cells in a 2D environment. Experiments
that utilize microfabricated substrates with geometrical patterns and features of
different sizes, shapes, and topographies are being used to correlate size and shape

Carboxymethyl cellulose (CMC) Poly lactic-co-glycolic acid (PLGA)

400 um 400 um

Figure 5.3 F-actin staining assay of HUIEC grown on CMC- and PLGA-coated plates. Red
fluorescent color selective bicyclic peptide Phalloidin was used for staining actin filaments,
and blue fluorescent color 4′ ,6-diamidino-2-phenylindole (DAPI) was used to visualize
nuclear DNA. The scale bar represents 400 μm.
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with growth or differentiation. In such experiments, individual cells are forced
to adopt specific morphologies, and cellular activities are then analyzed [28, 29].
Furthermore, advances in biosensors have led to the development of aluminum
nanoslit-based plasmonic biosensing chips able to simultaneously assess cell
morphology and adhesion using Fano resonance [30].

5.3.2.2 Cell Viability Assay
The cell viability test is used to determine the proportion of living, healthy cells
within a population. For example, a dye exclusion test such as the trypan blue test
may be used to penetrate the compromised membrane of dead cells and stain them
blue, whereas it does not penetrate living cells. Living and dead cells, which should
be in suspension, can be distinguished by cell counting with a hemocytometer or
equivalent cell counter. However, this method cannot distinguish between apop-
totic and necrotic cells, so complementary assays should be used. Such tests may
be difficult or even impossible for cells growing in biomaterials, and therefore the
applicability of this assay is limited. When cells are grown in 3D constructs, the eval-
uation of living and dead cells should include an analysis of spatial distribution. For
example, cells grown in central regions of 3D constructs may have lower viability
than cells grown at the periphery due to limited diffusion potential and availability
of nutrients and oxygen [31].

Alternatively, fluorescence-based assays (live/dead test) are used, which can dis-
tinguish between living and dead cell populations using a combination of fluorescent
dyes. Calcein-AM, for example, is a cell-permeable membrane compound for stain-
ing viable cells, whereby calcein is produced by intracellular esterase to produce a
strong green fluorescence. For staining dead cells, propidium iodide (PI) or ethidium
homodimer (EthD-1) can be used as membrane-impermeable fluorescent dyes. By
binding to the DNA of dead or dying cells, they undergo a significant increase in flu-
orescence intensity and produce red fluorescence. As an example, Figure 5.4 shows
live/dead viability assay (Calcein-AM/PI), where authors examined the biocompat-
ibility of osteoblast on gelatin crosslinked with genipin for potential use in dental
implants. The high ratio of green-stained cells on gelatin indicates the presence of
live cells, which is comparable to standard tissue culture polystyrene (TCPS) [32].

Calcein-AM and PI dyes can be used simultaneously, and incubation times should
be adjusted to allow for diffusion into 3D constructs but should not exceed one hour
due to possible dye-inducing cell toxicity. Fluorescence microscopy is often used to
assess living and dead cells and their spatial distribution. Image analysis software
is already available that allows the quantification of fluorescence microscopy data.
Quantitative results can also be obtained using flow cytometry if the cells can be
suspended. In addition, the fluorescence of adherent cells can be measured with spe-
cial fluorescent microplate readers, which allows a “flat” model. Several commercial
kits are available with constant improvements in incubation time reduction, fluo-
rochrome availability, and dye toxicity reduction to allow continuous monitoring.

Protease biomarker assay is another assay that can quantify cell viability by detec-
tion of protease activity. The protease activity of dead or live cells can be assessed
in a multiplex format using luminogenic or fluorogenic substrates. For example,
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Figure 5.4 Live/dead cell viability assay of Saos-2 cells cultured on gelatin crosslinked
with genipin. The cells were cultured for one and seven days. Tissue culture polystyrene
was used as positive control and cells pretreated with 70% ethanol were used as a negative
control. The scale bar represents 100 μm. Source: From Makita et al. [32]/Beilstein-Institut/
CC BY 4.0.

glycylphenylalanyl-aminofluorocoumarin (GF-AFC) is a cell-permeable fluoro-
genic protease substrate that, upon entering live cells, is being cleaved to AFC,
producing a fluorescent signal proportional to the number of live cells [33]. To
differentiate between viable cells and cells undergoing apoptosis (programmed cell
death), several assays were developed and include detection of annexin V binding
to exposed membrane lipids, caspase activation, chromatin condensation, DNA
fragmentation, or cytochrome c release. For example, the TUNEL assay (terminal
deoxynucleotidyl transferase [TdT] deoxyuridine triphosphate [dUTP] nick end
labeling) utilizes the TdT enzyme to incorporate labeled dUTP into fragmented
double-stranded DNA, resulting from the apoptotic signaling cascade. The biotiny-
lated dUTP can then be detected with avidin-conjugated fluorochromes to assess
the proportion of cells undergoing apoptosis. Figure 5.5 shows different types of
assays to assess cell viability, cytotoxicity, and apoptosis.

5.3.2.3 Metabolic Activity Assay
To date, several tests to assess cell metabolic activity have been developed
(Figure 5.6). One of the first assays developed to evaluate the metabolic activity
of cells was the colorimetric MTT-tetrazolium salt assay [34]. In the presence of
metabolic intermediates such as NADPH/NADP (nicotinamide adenine dinu-
cleotide phosphate), NADH/NAD (nicotinamide adenine dinucleotide), FMNH/
FMN (flavin mononucleotide), and FADH/FAD (flavin adenine dinucleotide), the
yellow tetrazolium dye MTT (3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium
bromide) is reduced via dehydrogenases or reductases by viable cells to
violet-colored formazan precipitate which is further dissolved in a colored solution
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Figure 5.5 Schematic representation of some cell viability assays.
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by means of an organic solvent (dimethyl sulfoxide – DMSO) [35, 36]. The
absorbance of the colored solution is measured with a multiwell plate reader at
specific wavelengths, and the measured values are proportional to the relative
amount of viable cells. The assay is destructive to the cells and can, therefore, only
be used for end-point evaluation.

An alternative to MTT is the XTT test ((2-methoxy-4-nitro-5-sulfophenyl)-2H-
tetrazolium-5-carboxanilide), which is a negatively charged compound compared
to MTT and is not capable of penetrating cells easily [37]. It must be used in combi-
nation with PMS (1-metoxyphenazine methosulfate), which acts as an intermediate
electron acceptor. The reduction step takes place outside the cells by electron trans-
port in the plasma membrane, converting tetrazolium compounds into formazan
salt, which is soluble in the culture medium and does not require an additional
solubilization step, thus simplifying the assay. Resazurin (Alamar Blue) is a similar
cell-permeable redox indicator, which was first described in 1945 [38], but it was
only four decades later that it found application in cell culture studies [39]. Although
the sensitivity of detection is superior over tetrazolium-based methods, the intense
blue color of the resazurin solution and the fluorescence interference of the final
product are limitations for the assay [40]. The assay is generally nontoxic and
nondestructive to the cells and therefore allows continuous exposure and multiple
measurements (different times), but exposure ultimately leads to cell death [41].
Resazurin can be added directly to the cells in the culture medium, followed by
incubation in which metabolically active cells convert nonfluorescent resazurin to
red-fluorescent resorufin, which can be quantified by excitation of the samples at
530–560 nm and reading of the emission at 590 nm in the standard equipment.

Both the resazurin reduction test and the tetrazolium-based test have certain
disadvantages that have been reported [42, 43], such as sensitivity to light (han-
dling should be carried out protected from light), long incubation times (one to
four hours), susceptibility to chemical interference of reducing compounds, and a
certain degree of toxicity. As mentioned earlier, appropriate controls (biomaterial
in the absence of cells) should be used when biomaterials are physically present to
ensure that the biomaterials do not interfere with the assay read-out by absorbing
compounds. Importantly, described assays evaluate the metabolism of viable cells
and do not necessarily correlate linearly with increasing cell density. Therefore,
simple extrapolation to estimate the total cell count per sample should not be
performed without proper validation.

An adenosine triphosphate (ATP)-based assay is an additional tool to evaluate
the viability of cells through metabolic activity. Intracellular ATP is strictly regu-
lated, and when cell viability is lost, or membrane integrity is compromised, cells
immediately stop ATP synthesis after the remaining ATP has been degraded from
the cytoplasm by ATPases. The quantification of ATP can be carried out using a
bioluminescence-based technology in which the intensity of the emitted light is pro-
portional to the concentration of ATP and can be measured with a standard lumines-
cence microplate reader [44]. Although the assay is performed with light-sensitive
material at the end-point, the advantage is high sensitivity (10 cells) and short incu-
bation time (10 minutes).
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5.3.2.4 Proliferation Assay
Cell proliferation is the increase in the number of cells through cell division. Cell
division (cytokinesis) is a final step in the cell cycle and only occurs in healthy,
proliferating cells, whereas dead, senescent, or growth-arrested cells do not prolif-
erate. Therefore, the viability or survival of cells can be assessed by cell prolifera-
tion tests by providing information about actively dividing cells in a sample. Several
methods have been developed to assess cell proliferation, ranging from simple count-
ing of the total number of cells over time to the measurement of DNA content or
DNA synthesis in replicating cells. The tests are performed using standard meth-
ods including microscopy, flow cytometry, enzyme-linked immunosorbent assays
(ELISA), immunofluorescence, and high content imaging [45, 46].

For example, adherent cells seeded on biomaterials can be stained and counted
under the microscope. Common fluorescent dyes can be used for opaque materials
or colored dyes (e.g. eosin, hematoxylin, methylene blue, and crystal violet) for trans-
parent materials. Defined areas are taken as representative for the whole sample, and
the cells are counted under the microscope. The average number of cells is counted
manually or analyzed with image processing software. However, this method is
prone to distortion, as high cell density and uneven distribution can lead to inac-
curate results. In addition, although 2D samples are easier to examine, 3D scaffolds
require confocal microscopy and much more complex analysis. Cells can also be
counted in suspension if efficient extraction of cells from the 3D construct is possible.

Quantification of total DNA is another method for assessing cell proliferation.
DNA is replicated before cell division begins, and the rate of DNA synthesis
is directly proportional to the rate of cell proliferation. Various types of assays
can be used, such as the BrdU (5-bromo-2′-deoxyuridine) assay, in which a
nucleoside-labeling agent is incorporated into the newly synthesized DNA.
The incorporation of BrdU is proportional to the extent of cell division and can be
detected with an anti-BrdU antibody in flow cytometry, ELISA, or IF-IC applica-
tions. An alternative to BrdU is the EdU test (5-ethynyl-2′-deoxyuridine), which
directly measures the active DNA synthesis or the S-phase synthesis of the cell
cycle and does not require a DNA denaturation step as in the BrdU assay, which
simplifies its performance [47]. Another method for the quantification of dsDNA
is PicoGreen. Cells can be lysed directly on the biomaterial, and a dye is used that
binds to dsDNA with high specificity and exhibits fluorescent properties when
bound. The DNA recovery step is crucial in this process and can be hindered
by material–DNA interactions, especially when dealing with positively charged
polymers such as chitosan, which generate strong electrostatic polymer–DNA
interactions. After defined incubation time, the fluorescence is measured with a
microplate fluorescence fluorometer, and the standard curve is used to correlate the
fluorescence readings with the amount of DNA. Since this method is destructive,
only end-point measurements can be performed.

Several variants of such assays have been developed, namely the CyQUANT cell
proliferation assay, in which adherent cells are directly frozen and lysed after thaw-
ing by adding the dye and measuring the fluorescence. In addition, CyQUANT NF
even eliminates the freezing step, and the dye in lysis buffer is added directly to the
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adherent cells after removal of the medium, and the fluorescence of the supernatant
is measured. In this way, real-time data of intact cells can be obtained from intact
cells. Again, it is important to note that inefficient dye penetration may affect the
results. Furthermore, different fluorescence-based assays have different sensitivities
and linear ranges, which should be considered when selecting options and designing
experiments.

The proliferation rate can also be assessed by the expression of cell-cycle-specific
proteins. Common cell cycle proteins include proliferating cell nuclear antigen
(PCNA), Ki67, and phosphohistone H3 (PH3), which can be detected by Western
blot (WB), flow cytometry, ELISA, IF, and immunohistochemistry (IHC). The
proliferative phase of the cell division cycle comprises the phases S, G1, G2, and M,
while G0 is considered the resting phase. Ki67 is present in all phases of cell division
(interphase) and is located in the nucleus, while in the M (mitosis) phase, it is
found on the surface of the chromosomes. At the same time, it is excluded in the G0
phases and can, therefore, be used as a marker of cell proliferation [48]. Similarly,
the PCNA gene is closely involved in the process of DNA replication and repair, the
presence of which in the cell nucleus can be correlated with cell proliferation [49].
In addition, the histone H3 protein, which is the main component of chromatin,
is phosphorylated only on serine-10 and serine-28 during mitosis, so that the
anti-phosphohistone H3 (PHH3) antibodies can actively recognize proliferating
cells [50].

It is important to note that the proliferation rates between 2D and 3D cultured cells
can be very different when considering the cell type, composition, and architecture
of the 3D construct. In addition, the functional properties of the cells may also be dif-
ferent in 3D, resulting in different responses to drugs [51]. In general, cells cultivated
in 3D have shown a lower proliferation rate compared to 2D [52]. Such a reduction
in the cell proliferation rate can be seen as closer to the in vivo scenario compared to
high proliferation rates of 2D cultures where no restrictive physical barrier exists.

5.3.2.5 Cell Motility and Migration Assay
Cell migration describes the movement of cells in a body. It plays a crucial role
in a variety of physiological processes and pathological conditions, as well as in
scaffold-based TE. It is controlled by biochemical stimuli and cellular interactions
and enables cells to change their position within the tissue or between different
organs [53]. Several migration assays have been developed and used for 2D cultures,
including a wound-healing assay (scratch assay) in which cells are grown to conflu-
ence. A plastic pipette tip is used to create a scratch in the middle of the monolayer.
Time-lapse microscopy and image analysis software are used to track the migration
dynamics of individual cells in the leading edge of the scratch [54]. The “transfilter”
assay or the Boyden chamber assay is another example of cell migration studies [55].
The principle of the assay is based on two compartments separated by a porous filter
through which the cells migrate. Depending on the type of cell used, a suitable pore
size filter should be selected to allow active transmigration. After a certain period,
the cells that have migrated through the filter are counted [56]. The sub-agarose
migration assay can be used, in which agarose gels are poured into molds that have
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holes in solidified gels. The chemoattractants are used to attract the cells to migrate
to them [57]. Fluorescence microscopy or live dead imaging can be used for analy-
sis. Several other migration assays have been described in the literature, which can
be selected according to the specific biological problem, including the cell exclusion
zone assay [58], the microcarrier bead assay [59], the spheroid migration assay [60],
and the microfluidic chamber assay [61].

Tracking migration in 3D structures allows for a more comprehensive assessment
similar to in vivo scenarios, but the equation is further complicated by several
technical limitations due to the presence of material and its intrinsic properties
(transparency, thickness, and autofluorescence). As mentioned earlier, confocal
microscopy must be used with appropriate equipment that supports the imaging
of living cells and postprocessing to track cell movement. Such an approach has
been used by Harley et al. to investigate how the microarchitecture of 3D collagen
glycosaminoglycan scaffolds influences cell migration behavior [62]. The migration
of mouse fibroblast cells was investigated using confocal 3D time-lapse microscopy
of fluorescence-labeled cells (Figure 5.7), and the authors identified that fibroblast
migration, which is characterized by both motion fraction and velocity, decreases
with increasing pore size of the scaffold [62].

(a)

(b)

Figure 5.7 (a) 3D confocal micrograph showing the porous microstructure of CG scaffold
(red) and labeled NR6 cells (green). (b) xy and xz projections (top and bottom boxes,
respectively) of individual cells captured with 3D time-lapse confocal microscopy were
tracked during migration in a CG scaffold. Centroids of fluorescent NR6 cells were computed
(center), and individual cell tracks were generated (right). Source: From Harley et al.
[62]/with permission of Elsevier.
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5.3.3 Hemocompatibility Tests

Hemocompatibility testing is required for all medical devices and materials in
contact with blood to assess their effects on blood and/or blood components. ISO
10993-4 provides guidelines for determining whether blood interaction testing is
necessary to determine hemocompatibility [63]. In addition, the ISO guidelines also
include the selection of appropriate tests that should be performed depending on the
category of device or material. These include noncontact devices (e.g. in vitro diag-
nostic devices), external communication devices (e.g. blood bags, needles, catheters,
guidewires, tubing, circulatory support systems, and intravascular endoscopes), and
implants (e.g. stents, heart valves, vascular grafts, pacemaker leads, blood monitors)
[63]. Primary and optional hemocompatibility tests are recommended for each
category, including hemolysis test, coagulation, thrombosis, platelet count, and
immunological tests. The hemolysis test (hematology test) is considered the primary
and most meaningful test, as it measures the damage to red blood cell (erythrocyte)
membranes caused by the materials or their extracts. It is one of the most frequently
used screening tests, as it is inexpensive, quick, and simple to perform and provides
easily interpretable quantitative results. Because erythrocytes contain hemoglobin,
an oxygen transport protein, damage to the erythrocyte membrane would result in
hemoglobin leakage and possibly kidney and liver injury, and the oxygen would
not reach the body tissues. A detailed overview of the device examples and the
corresponding test categories are listed in ISO 10993-4 [63].

The conditions for hemocompatibility testing must be as close as possible to
clinical use. In vitro tests are preferred methods (most commonly used for screening
implants or external communication devices). Still, they are not always reliable
predictors of blood-to-device interaction, especially for materials with prolonged,
repeated, or permanent contact with blood. In vitro tests are also easily repeatable
and thus allow the calculation of significance. The kinetics of reactions (e.g. throm-
bus formation, coagulation) can be tracked over time, and systems can be evaluated
in both static and dynamic configurations.

In principle, human blood is available and should be used for in vitro testing. How-
ever, there may be various restrictions on the use of human blood, including practical
constraints and ethical issues. There are several variables that can affect the outcome
of the test, including the use of anticoagulants, the method of sample collection,
sample storage, age of the sample, aeration and pH, temperature, and the test test-
ing protocol itself. Storage may reduce the quality of the blood to be used in the tests
due to rapid changes in some blood characteristics [64].

In the case of animal testing, differences in the blood reactivity of the species are
taken into account, and these differences may limit the predictability of a particular
test in the clinical situation of humans. Although differences between species may
make the evaluation of hemocompatibility difficult, the use of animals in both short-
and long-term tests is considered appropriate for the evaluation of thrombosis and
tissue interactions. It should be recognized that there are many challenges in eval-
uating the interactions of blood contact devices by in vitro and in vivo test systems
and that no single model is suitable for all applications. It is therefore essential to
consult vertical product standards if they are available for specific devices.
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5.3.4 Genotoxicity and Carcinogenicity Testing

Genotoxicity refers to the possibility that an implant or biomaterial may directly
(DNA target) or indirectly (non-DNA target) cause permanent damage to the
DNA. In contrast, carcinogenicity refers to the tendency of the implant or material
to induce (benign or malignant) tumors by altering the DNA. The three major
genotoxic effects include gene mutation, chromosomal alteration, and DNA effects.
If the in vitro test indicates potential genotoxicity, further evaluation is performed
using the in vivo genotoxicity test (described later).

Assays for the evaluation of in vitro genotoxicity normally use mammalian cells
and include the micronucleus test [65], the comet test [66], and the Ames test [67].
This assay is mainly required for devices with the permanent or extended contact
time, such as implants or external communication devices. Detailed guidelines and
a description of the test are given in ISO 10993-3:2014, which is currently being
revised [68]. The three critical in vitro end-points to be evaluated include gene muta-
tion, structural, and numerical chromosome aberration. The Ames test or reverse
bacterial mutation test is normally used to assess mutagenic activity using bacteria
(Escherichia coli or Salmonella typhimurium) to detect point mutations that allow
the bacterial strain to grow on a selective medium. In contrast, its nonmutated par-
ent bacteria do not grow.

Another in vitro assay includes mouse lymphoma tests where cells are exposed
to test extracts in the presence or absence of exogenous metabolic activation [69].
After incubation, cultures are cloned in restrictive media for the mutant phenotype.
Mutations are measured at the thymidine kinase locus to detect base-pair mutations,
frameshift mutations, and small deletions. Since mutant colonies have a character-
istic frequency of size distribution, colony measurements can be used to distinguish
the type of genetic effect [69].

5.3.5 Monitoring Intracellular Activities

As already mentioned, many methods for the analysis of cell behavior were initially
developed for classical 2D plastic shell cultures and only later adapted for the eval-
uation of biomaterial interactions in 2D and 3D microenvironments. Due to the
dimensionality of biomaterials for 3D cell cultures and TE applications, monitor-
ing of intercellular activities is a challenging task. Still, new methods for detection
and quantification of intercellular properties are constantly being developed.

Intracellular activities are the result of physical and chemical changes occurring
in subcellular organelles and include temperature, pH, mechanical and electrical
properties, pressure, and molecular concentrations. They are crucial for the main-
tenance of normal cell functions and are therefore important properties that are
relevant for studies on interactions between cells and biomaterials. If it is possible to
reconstitute cells from the biomaterial under investigation (e.g. disassembly of poly-
mer scaffold to separate from the cells), standard molecular analytical methods can
be used to assess intracellular activities. If such recovery is not possible, miniaturized
sensors and devices capable of monitoring intracellular organelles and processes
can be used, making it possible to detect small variations in cell function. The two
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main types of intracellular sensor systems are tethered and untethered systems
[70]. In the tethered measurement, an intracellular probe (e.g. glass micropipette,
nanowires, carbon nanotubes, probes for modified atomic force microscopy [AFM])
is inserted into the cell or organelles to acquire electrical or optical signals and
transmit them via tethered connections to an external measuring device, which
is considered destructive/invasive. On the contrary, unattached devices measure
intracellular activities without damaging the cell or causing major disturbances to
normal cell activities and are suitable for continuous and long-term measurements.
Such sensors include nanoparticles, fluorescent proteins, and molecules, as well as
unbound microelectrochemical system devices (MEMS).

Nanowires and nanotubes have been used as instruments to measure intracellular
electrical activities such as ion flows and translocation of charged molecules, which
play an important role in maintaining normal cell functions [71]. The nanotube
is a tubular nanostructure of carbon atoms with high tensile strength and elastic
modulus and exceptional carrier mobility and electrical current density, making it
suitable for detecting weak signals within individual cells. Such carbon nanotubes
have already been successfully used to measure electrical signals in vertebrate neu-
rons in vitro and in vivo [72, 73].

Modified AFM probes with tips capable of penetrating cell membranes and prob-
ing intracellular structures or organelles are used [74, 75]. Beard et al. used this
technique, for example, to measure the elastic moduli of the internal keratin struc-
tures of corneocytes (Figure 5.8) [76]. This enables them to create a tomographic
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Figure 5.8 Use of nanoneedles for testing intracellular activities. (a) AFM nanoneedle
under the electron microscope. (b) Nanostructure of a part of a corneocyte from stratum
corneum (SC) observed by cryo-electron microscopy. (c) Schematic representation of the
progressive penetration of nanoneedles on AFM probes into a monolayer of corneocytes.
Source: From Beard et al. [76]/with permission of Elsevier.
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profile of cellular and intercellular stiffness over a range of depths below the cell
surface and to measure the mechanical properties of a nuclear membrane and nuclei
directly in situ [76].

In contrast, untethered devices perform intracellular measurements without
connection to extracellular instruments. The most commonly used are polymeric
nanoparticles, nanodiamonds, gold nanoparticles, and quantum dots. The mea-
surement is mainly based on fluorescence spectroscopy, where the nanoparticles
are inherently fluorescent or conjugated with sensitive fluorescent dies [77]. Using
nanodiamonds, intracellular temperature-sensing methods have been developed
that allow the detection of temperature variations of only 1.8 mK (a sensitivity of
9 mK Hz-1/2), which, in combination with gold nanoparticles, allow temperature
gradient control and imaging at the subcellular level of human embryonic fibrob-
lasts [78]. Okabe et al. demonstrated the use of fluorescent polymeric nanoparticles
in combination with fluorescence lifetime imaging microscopy to measure the
intracellular temperature distribution across the organelles of a COS7 kidney
cell [79], which opens the possibility to study the intrinsic relationship between
temperature and organelle function. In addition, Korzeniowska et al. developed a
chemical nanosensor using core–shell nanoparticles for the quantitative analysis of
pH within living cells [80]. By observing changes in fluorescence that corresponded
to the used chemical pH switch, a pH variation of only 5–6.5 was detected in
living human embryonic renal cells, making it a powerful tool for monitoring the
processes taking place in the cytosol [80].

Intracellular temperature mapping was also achieved with a green fluorescent pro-
tein (GFP)-based thermal nanoprobe by monitoring the fluorescence polarization
anisotropy of GFP [81]. In addition, GFP coupled to the force-sensitive focal adhe-
sion protein vinculin was used to measure local forces in the cell with piconewton
(pN) sensitivity to study the regulation of focal adhesion dynamics [82]. Another
method developed by Gomez-Martinez et al. evaluates pressure changes within the
cell using an unbound MEMS sensor on a silicon chip small enough to be inter-
nalized by lipofection [83]. Such an approach uses two membranes separated by a
vacuum gap to form a Fabry–Pérot resonator and detected pressure changes could
be quantified from the intensity of the reflected light (Figure 5.9) [83].

5.3.6 Real-Time Monitoring of Cell Culture Systems

The real-time (RT) monitoring devices are constantly being improved to provide a
better insight into our understanding of human physiology and tissue complexity.
Such methods allow quantification of cellular responses during the growth cycle and
response to external stimuli by assessing cell number, viability, and distribution in
real time. By reducing the need to stain or label cells, this approach can allow nonde-
structive evaluation without defined end-points, giving a better overview of dynamic
biological processes that took place between end-points and allowing a reduction in
sample size and analysis of the transitory phenotypic response.

RT monitoring methods vary according to the parameters analyzed and can
be focused on the cells themselves or the environment. The equipment usually
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Figure 5.9 MEMS pressure sensor for intracellular pressure measurement. (a) Schematic
representation of the sensor. (b) SEM image of the sensor. (c) MEMS pressure sensor
internalized into cytoplasm of HeLa cells. Source: From Gómez-Martínez et al. [83]/with
permission of Springer Nature.

consists of a kind of fluorescence microscope with a special chamber that repro-
duces incubator conditions, or the whole instrument can be placed in an existing
incubator. Several commercially available systems consisting of an incubator and a
cell culture monitoring system have been developed and are based on impedance,
microphysiometry, or resonant waveguide grating, among others. Some of them
include IncuCyte ZOOM System (Essen BioScience), BiostationCT (Nikon), Lyncee
Tec (Elliot Scientific), CytoSMART (Cytosmart OMNI), JuLI stage (NanoEnTek),
or xCELLigence (ACEA Biosciences) and can monitor physical and physiological
parameters to analyze different types of cellular events combined (or not) with cell
labeling, such as adhesion, proliferation, migration, apoptosis, and differentiation.
Recent work in this field provides examples of label-free and real-time monitoring
in 2D and 3D cell culture systems using impedance cell sensors [84–86], noninvasive
RT assessment of cell viability in 3D tissue based on cell respiration [87], stem cell
quantification and differentiation based on electrical impedance sensing [88, 89],
development of a multiflow channel bioreactor to RT monitor cell dynamics in
3D cultured tissue [90], and sensor-instrumented scaffolds to study cell behavior
and functions in 3D in RT [91]. Since most of the systems mentioned above were
originally developed for 2D cell cultures, efforts are focused on adapting them to 3D
systems, which are more similar to in vivo scenarios.

5.3.7 High-Throughput Screening Systems

Over the last decades, a variety of biomaterials have been developed, and the imple-
mentation of HTS methods is becoming increasingly important to identify causal
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relationships between native tissue or cells and biomaterials so that they can be
rationally designed to elicit the most appropriate host response. Understanding the
influence of individual biomaterial properties on cell behavior is therefore important
for the regulation of bioactivity. Both volume and surface properties of biomateri-
als define the biophysical and biochemical properties of biomaterials and include
chemical composition, polarity, topography, porosity, geometry, stiffness, degrada-
tion kinetics, and erosion. This complexity of parameters makes the development of
biomaterials an iterative, labor-intensive, and time-consuming process, which is a
further motivation for the development of biomaterial HTS microarrays to rapidly
investigate their effects [92].

Using large biomaterial libraries, combinatorial approaches for more efficient
screening are used to identify the influence of different chemical, physical, and
biological properties on cell behavior and to find optimal formulations that meet a
specific biomedical application [93–95]. The production of 2D and 3D biomaterial
microarrays can be developed in which the cells lie on or in the respective material.
Analytical approaches include classical fluorescence-based read-out methods,
where cells are fluorescently labeled and analyzed at a single end-point, or newer
non-invasive methods that allow multiple read-outs and quantitative analysis of the
cellular response over time [93–95]. However, progress in this HTS area depends
on the development of appropriate analytical techniques which must be specific
and sensitive enough to allow data acquisition from spatially defined locations on a
micro-scale and in an automated way.

Many platforms are described in the literature for both 2D and 3D environments.
For example, Dolatshahi-Pirouz et al. [96] developed a platform with a robot-assisted
microarray spotter for the systematic evaluation of the fate of stem cells in various
miniaturized cell-loaded gels, which enabled them to study differentiation in minia-
turized 3D niches and identify those with increased differentiation potential. The
results were also validated in macroscopic hydrogels to confirm the differentiation
potential. In addition, Patel et al. [97] provide an overview of material properties and
HTS platforms that can quickly evaluate combinatorial material libraries in 2D and
3D environments to discover material properties that influence stem cell behavior.
In a further study, Kolb et al. [98] developed a microgel-based screening platform
for combination tests of in situ generated proteins on the fate of stem cells in ultra-
high throughput. Specialized microniches with isolated single sets of growth factors
were developed. When cells were cultivated in these microniches, the fluorescence
reporter indicated whether the performance of the niche was positive, followed by
barcoded RNA sequencing of the differentiated cells.

5.4 In Vivo Methods for Analyzing Biomaterials

In addition to the in vitro tests described earlier, in vivo tests are carried out to confirm
or disprove the results obtained in vitro or to supplement the toxicological end-points
that can only be investigated in vivo. The main advantage of in vivo tests is the clin-
ically relevant simulation of the real body condition. Although the results obtained
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in laboratory animals cannot be directly translated to human conditions, this is cur-
rently the closest comparison before experiments on humans are started. However,
such tests are expensive, time consuming, and require ethical approvals from the
regulatory authorities. Several regulatory authorities have developed guidelines for
the in vivo assessment of the biocompatibility of tissues and biological systems of
materials and medical devices.

Based on the application of biomaterials, the tested substances are evaluated for
the induction of an allergic reaction (sensitization), a rejection reaction (irritation),
or tissue inflammation. To assess the local tissue reaction, the material can be
implanted under the skin (intracutaneous reactivity) or in the bone cavity (intrabone
reactivity), as required, and microscopic imaging or biochemical analysis is per-
formed to evaluate acute or subacute toxicity to all organ systems. In addition, geno-
toxicity is studied to identify changes in the genetic material of cells directly exposed
to the material. Cells and tissues exposed to the material are normally compared with
healthy cells and tissues to identify morphological or physiological changes. Various
microscopy techniques such as light microscopy, confocal microscopy, electron
microscopy, and transmission electron microscopy are used for visual examination.
In addition, physical tests can be carried out to assess the physical strength of the
tissue (e.g. bone, teeth), and as a follow-up examination, a radiological examination
can be carried out using X-rays. The comparative and time-dependent research
methodology is the basis for experimental designs that use the half-life of radioactive
atoms coupled to the implanted material or device to assess biodegradation.

In vivo experiments are performed in the final phase before clinical implementa-
tion, and the selection of tests is based on the properties and end-use of the bioma-
terial or medical device to be evaluated. It should be noted that the samples selected
for in vivo testing should be pure, free of contamination, and sterilized according to
their structure. The various animals used for in vivo experiments for the evaluation of
medical devices include mouse, rat, pig, rabbit, sheep, cat, dog, calf, and non-human
primate. The following chapters describe the evaluation of the biological properties
of biomaterials by in vivo experiments.

5.4.1 Sensitization, Irritation, and Intracutaneous Reactivity

Sensitization or hypersensitivity occurs as a reaction of the body’s immune response
due to prolonged or repeated exposure to the chemicals contained in the mate-
rial. It may cause an adverse local or systemic reaction, leading to irritation and
inflammatory reactions. Such tests are usually performed in guinea pigs (guinea
pig maximization test or Magunsson–Kligman method) or rodents (murine local
lymph node test – LLNA). For example, LLNA determines the quantitative increase
in lymphocytes in response to a sensitizer [99]. When a molecule acts as a skin
sensitizer, it causes the epidermal Langerhans cells to transport the allergen to the
draining lymph nodes, which in turn causes the T-lymphocytes to proliferate and
differentiate.

The irritation test is used to assess the local inflammatory reaction of the tissue
after direct contact with certain chemicals, using either the material itself or extracts
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for such experiments. Although the in vitro test described above may provide use-
ful information for the identification of irritants, current guidelines require con-
firmation of a negative in vitro test with an in vivo test. The irritation test usually
includes skin, mucosal membranes, ocular, and intradermal tests. In the intrader-
mal test, extracts of the test material must be injected intradermally together with
blank samples (control), and the assessment is made on the injection side with the
result for redness and swelling (erythema and edema). The primary skin irritation
test involves the application of the material or extracts directly to the skin and visual
assessment of redness and swelling for a specified period of time [100]. The mucosal
membrane irritation test uses extracts of material rather than the material itself and
includes studies of eye irritation, vaginal, and cheek pouch removal. The duration
of contact should be similar to the expected clinical use of the device. Still, it is often
advisable to slightly exaggerate the exposure conditions to provide a safety margin
for patients. As with many assays, the final evaluation of results is often based on
a comparison with the control condition. More detailed guidelines and methods
for conducting such tests are described in ISO 10993-10 under “Sensitization and
Irritation Tests” [101].

5.4.2 Biodegradation

Biodegradation is a biological process in the body that causes a gradual breakdown
of the material. While in some cases, the degradation is intentional, in others, it is
unfavorable and can lead to undesirable side effects. The biodegradation test is used
to determine the tissue reaction to biodegradable materials and their biodegraded
products, which can be caused by various chemical reactions, leaching, depolymer-
ization, or physical peeling, etc. Degradation products include impurities, corrosion
products, additives, and catalysts and can be leached into adjacent tissues and dis-
tant organs. In vivo experiments are usually necessary because it is not possible to
predict the degradation rate in vivo accurately based on in vitro experiments.

For example, to assess the biodegradation of hydrogel implants, the weight loss of
the implant after a certain time can be measured to determine the in vivo biodegrada-
tion rate [102]. In addition, tensile tests can be performed to assess the degradation
of stent materials [103], or histological analyses can be performed to identify the
tissue reaction [104]. While some studies can be conducted in a short time to
determine the expected effect of biodegradation, other studies require a long-term
assessment of degradation. For example, Amerstorfer et al. [105] evaluated the
degradation of magnesium implants on bone tissue in the growing rat skeleton.
They used micro-computed tomography, histological staining, and laser ablation
inductively coupled plasma mass spectrometry (LA-ICP-MS) (Figure 5.10), a
powerful analytical technique that allows the highly sensitive element and isotope
analyses to be performed directly on solid samples [105].

5.4.3 In V ivo Genotoxicity

Several tests investigate genotoxicity in vivo, including the micronucleus test in
rodents, the mammalian bone marrow cytogenetic test, the rodent dominant



188 5 Methods for Analyzing the Biological and Biomedical Properties of Biomaterials

Element distribution upon long-term Mg-implant degradation

High Y and
Mg levels

3–9

Mg (mg/g)

9–12

12–15

15–30

>30

2D & 3D μCT Histological staining

15 mo

LA-ICP-MS
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lethal test, chromosome analysis, the mouse spot test, and the test for heritable
translocation in mice. According to ISO 10993-3, in vivo genotoxicity is not required
unless in vitro genotoxicity shows a genotoxic response. As with several other
methods, materials dissolved in medium or extracts are used for the test. The two
most commonly used in vivo methods are the mouse micronucleus (MN) assay [65]
and the chromosome aberration test [106].

For the in vivo MN mouse test, young mice are used, which are treated intra-
venously or intraperitoneally with prepared solutions or extracts. Alternatively,
an oral route of administration may be used if exposure is via the gastrointestinal
tract. Assays are performed with positive and negative controls (vehicles). After
the appropriate treatment time, bone marrow and/or peripheral blood is collected
and analyzed MN for the presence of bone marrow. Smear preparations may be
prepared and stained to assess the number of blood samples. MN or flow cytometry
may be used if blood samples are involved. The number of MN is compared with
the number of controls to determine whether the treatment increased the number
of MN [65].

Another in vivo test often used to assess genotoxicity is the chromosome aberration
assay [106]. Similar to the MN assay, young mice are dosed with extracts or solutions
once a day for two consecutive days and sacrificed after 12–18 hours. Before sacri-
fice, the mice are treated with a metaphase storage agent, and bone marrow cells
are removed. Slides are prepared, and metaphase cells are examined for chromoso-
mal aberrations and compared with the negative control to determine whether the
treatment has caused an increase in aberrations.

5.4.4 Systemic Toxicity

Systemic toxicity refers to a general effect caused by the material or device on
the animal model, whereby leachable chemicals are absorbed in one site, spread
throughout the body via the circulatory or lymphatic system, and cause a deleterious
effect on the distant location. When testing medical devices, the part of the device
may be implanted in the animal, or the extracts/solution may be administered.
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The types of assessment can be categorized according to duration into acute,
sub-acute, subchronic, and chronic toxicity. Acute toxicity is considered to be
the initial screening to assess the adverse effect within 24 hours by observation
of parameters such as clinical signs and symptoms and body weight. Subacute
and subchronic toxicity are defined as adverse effects occurring after multiple or
continuous exposure between 24 hours and 28 days and up to 90 days, respectively.
Finally, adverse effects occurring during most of the life span due to repeated or
continuous exposure are defined as a chronic toxicity. For rodents, such a test
scenario is usually set to last six months [107].

5.4.5 Implantation

Implantation studies are the most direct means to evaluate the local tissue response
to the material or device at the implantation site. Surgical implantation is performed
on the appropriate clinically relevant tissue, with muscle, bone, and subcutaneous
tissue is the most common, but other tissues such as the brain, tooth, or eye tissue
may also be appropriate based on the intended clinical use. The pathological effects
are assessed at a microscopic and gross level. Histopathological techniques are used
to detect tissue necrosis, apoptosis, degeneration, inflammation, vascularization,
collagen deposition, bone formation, cell proliferation, thrombus formation, and
endothelialization. For short-term implantation studies (up to 12 weeks), small
animals such as mice, rats, guinea pigs, and rabbits are usually used. For long-term
studies (12–56 weeks), other animals with longer lifespan are also used (e.g. dogs,
sheep, goats, pigs). Depending on biodegradability, absorption, and time-dependent
changes in the reaction, several implant durations are required. Control materials
with known reactions are implanted based on a scoring system to compare and
evaluate fragmentation, degeneration, quality, and quantity of tissue ingrowth.
Detailed guidelines for testing the local effect after implantation can be found in
ISO 10993-6:2016 [108].

5.5 Concluding Remarks and Perspectives

The development of novel and intelligent biomaterials has been driven by the enor-
mous increase in demand for bioalternatives that could perform the living activi-
ties of the body’s organs in the absence of them. New biomaterials are constantly
being developed with new applications, and the methods for analyzing their prop-
erties are constantly being improved to obtain adequate information on their safety
and efficacy. There are some important considerations when evaluating the biolog-
ical response. Firstly, the design of experiments for biocompatibility testing should
be based on the unique properties of the biomaterial and its intended use, i.e. TE
scaffold, medical devices, and prostheses. As we know, some biomaterials may be
biocompatible in one application but not in another. Therefore, the design of exper-
iments is important to determine biocompatibility and the intended or expected
biological response.
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Secondly, the presence of the biomaterials in the assay could interfere with
classical protocols originally designed for cells grown on plastic substrates in
monolayers. It is, therefore, essential to adapt and validate the protocols to ensure
the quality and reproducibility of the data. Some important considerations in
this regard include effective penetration of detection reagents (e.g. 3D constructs,
high cell density systems), complete recovery or lysis of adherent cells, and other
material-related interferences that could potentially affect the read-out of the assay
and compromise results. Where possible, quantitative assays should be used, using
appropriate statistical tests to determine the significance of the results

Thirdly, cell lines used for in vitro biocompatibility and cytotoxicity testing should
be identified and suitable for the intended application. It has been shown that not
all cells used in the test procedures are of the same quality [109] since different cell
sources and their modifications (e.g. immortalization, knock-outs) can drastically
influence the expected test results [110]. On the one hand, the use of commercial cell
lines allows more controlled experiments, since they are supplied with a certificate
guaranteeing certain properties. On the other hand, the use of primary human cells
has many advantages since it allows researchers to draw result-oriented conclusions
in relation to an actual clinical environment [111].

New developments in noninvasive continuous monitoring tests using noncy-
totoxic reagents and dyes that can maintain cell integrity will be appreciated.
Improvements in 3D bio-imaging systems such as confocal microscopy and micro-
computed tomography with increased resolution increased depth-of-field limits,
and real-time monitoring capabilities will facilitate the better analysis of cells in
scaffolds. HTS platforms will be an essential tool for accelerating the pace of bio-
material development in a timely and cost-effective manner, screening libraries for
candidate materials, and identifying the best formulations for a given application.

The analysis of cell phenotype and differentiation, where specific biomarkers are
assayed using many different techniques, constitutes in itself a very broad topic,
being out of the scope of this chapter. However, phenotypic interactions must be
taken into account when assessing the biological response. Cytokine analysis is now
commonly used to identify the activity of different cell types in the evaluation of
the biological response. Still, in many cases, this type of analysis is not sufficient to
provide a complete picture or interpretation of the response.

Finally, the in vivo validation of in vitro results is necessary to evaluate the
influence of a specific material in the scope of the whole organism, where various
physiological effects are intertwined. Furthermore, specific parameters have to be
also evaluated in in vivo related to a unique application of respective biomaterials
under consideration. It is a common practice in the literature to make exaggerated
claims based on in vitro results, and no follow-up testing with in vivo studies is
presented to verify these claims and hypotheses. The in vivo validation of in vitro
results must be performed if the proposed biomaterial is to be used in a clinical
applications. However, the scientific community stream toward 3R (Replacement,
Reduction, and Refinement) principles for in vivo testing and new sophisticated
in vitro models using multiple cell types and 3D microenvironments are being
developed, which may lead to a better compromise between the simplicity of
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the system and biological relevance. As innovation in the field of biomaterials
is expected to continue, the development of new methods for the analysis of the
biological and biomedical properties of biomaterials and standardized guidelines
will continue to require constant adaptations and revisions.
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6.1 Biopolymer Thin-Film Preparation

During the past years, biopolymer thin films have gained more and more attention.
The structural and chemical inhomogeneities of biopolymer compounds such as
cellulose fibers made the in situ evaluation of interaction processes challenging to
assess [1]. To increase the knowledge of physical and chemical properties such as
the swelling behavior and the interaction capacity of, e.g., cellulose, the need to
develop simplified, well-defined systems arose [2, 3]. By the use of model films, the
in situ evaluation of the adsorption behavior of proteins, drugs, industrially relevant
compounds, etc., on cellulose surfaces became possible. The preparation of model
thin films, however, is impeded by the highly complex supramolecular features
of biopolymeric compounds and thus is not straightforward [3]. For cellulose,
its sparse solubility [4] is the main issue with thin-film preparation, making the
preparation of homogeneous, smooth films a potential challenge [3]. For the
preparation of thin films, the biopolymer has to be in a dissolved or suspended
form. On the example of cellulose, a suitable solvent, a derivative, or a nanocellulose
suspension can be used. Model films can be prepared by two established methods,
namely, Langmuir–Blodgett (LB) or Langmuir–Schaefer (LS) [5] deposition and
spin coating [6].

LB films are manufactured by transferring floating organic monolayers onto solid
surfaces. Combining the proper chemistry and a special instrument (a Langmuir
trough) can give high-quality monomolecular assemblies exhibiting a high degree
of structural order [5, 7, 8]. In 1920, Blodgett successfully transferred fatty acid
monolayers from water to solid substrates such as glass slides [9]. In the early 1930,
Katharine Blodgett published results on the apparatus and stearic acid monolayer
formation experiments on glass substrates [10, 11]. With developments on the
method itself, it had become possible to deposit more than 200 layers of material on
glass and on various metal substrates [10, 11]. In the past years, the LB technique
has been frequently used, and several reviews provide detailed discussions on the
experimental setup, thin-film structure, morphology, etc. [12–14].
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Generally, a Langmuir monolayer is prepared by placing a known amount of
organic amphiphilic molecules on the surface of an aqueous subphase. Therefore,
a drop-by-drop approach is used. The applied compound spontaneously spreads
onto the clean water surface, and the volatile organic solvent (such as methanol,
chloroform, or benzene) evaporates within minutes. By using a floating barrier, the
monolayer is compressed. Therefore, one or more movable (typically motorized)
Teflon barriers are placed across the trough to vary the surface area of the monolayer
[5, 7, 8, 15].

For film deposition, a suitable substrate is normally lifted and raised vertically
through the compact monolayer of the organic compound at a controlled speed [16],
displayed in Figure 6.1 [5], while the Langmuir monolayer is held at a constant sur-
face pressure [15]. When adhesion to the surface is poor, a technique developed by
Langmuir and Schaefer (LS) [17] can be applied. Here, a suitable substrate is placed
on the liquid surface to form a monolayer of compound on it [17]. To control the
nature of the deposited layers, the surface quality and the chemical composition of
the substrate are of importance [7, 8, 16].

The spin coating process is widely used to apply a thin uniform film of a certain
compound onto a flat substrate. It is employed, for example, in coating electrical
devices and to apply coatings in the microelectronic industry for the production of
photoresists [18]. In academia, spin coating is frequently used for the preparation of
homogeneous thin films from biopolymer compounds to study interaction processes
taking place at surfaces [19–21].

For spin coating, a solution or dispersion of a particular compound is deposited
on a solid substrate. This substrate is then rapidly accelerated to a specific rotation
rate, rotated for a certain duration to give a thin film (static approach). An alterna-
tive approach is to start the rotation of the substrate and to deposit the compound
solution during rotation (dynamic approach). In both cases, the liquid flows radially
because of the action of centrifugal force, and excess of sample solution is ejected
off the edges of the substrate. Therefore, the film slowly thins out until it reaches
an equilibrium thickness or until it solidifies because of the evaporation of the sol-
vent (Figure 6.2). In the end, the final film thinning is purely caused by solvent
evaporation [22].

Bornside et al. describe four stages of spin coating, deposition, spin-up, spin-off,
and evaporation [23]. The stages deposition and spin-up occur very quickly; there-
fore, the substrate is usually brought to its final rotation rate within a fraction of

(a) (b) (c) (d)

Figure 6.1 Langmuir–Blodgett deposition technique. Monolayer formation by (a) first
immersion and (b) first withdrawal and multilayer build-up by (c) second immersion and
(d) second withdrawal of the solid substrate (gray) [5]. Source: Adapted from Hann [5].
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(a) (b) (c) (d)

Figure 6.2 Schematic description of the spin coating process – (a) deposition of a polymer
solution onto a solid substrate followed by (b) acceleration to the desired rotation speed
where excess of solvent is ejected off the edges and (c) a film is formed. (d) The film turns to
a solid because of complete solvent evaporation [22].

seconds [6]. The spin-off step and the evaporation step occur concurrently; during
the first few seconds after spin-up, the film is several micrometers thick and the
liquid phase has less time to evaporate as it is centrifuged off from the disk. Subse-
quently, the film thins very slowly because of solvent evaporation [6, 23, 24].

In the field of biopolymer research, spin coating and LB deposition have become
the most important techniques to cast thin films. Many working groups apply these
methods to deposit biopolymers such as cellulose and its derivatives [21, 25–31],
starch [32, 33], or chitin [34, 35].

To prepare a biopolymer thin film by applying the presented deposition tech-
niques, the sample needs to be dissolved/suspended in a liquid. In order to dissolve
cellulose, it can be chemically modified or dissolved in a suitable solvent. There
are different types of solvents in use, namely, both aqueous and non-aqueous,
non-derivatizing, and derivatizing ones. One type of solvents is described by direct,
non-derivatizing solvents that are divided into non-aqueous solvents – such
as dimethylacetamide (DMAc/LiCl) [36] or N-methylmorpholine-N-oxide
(NMMO) [37] as well as ionic liquids (IL) [38] – and aqueous solvents – such
as NaOH/urea/water mixtures [39]. Further, cellulose can be modified, i.e. deriva-
tized, to obtain a soluble cellulose derivative such as trimethylsily cellulose (TMSC),
which is, after deposition onto a substrate, converted back to pure cellulose [26].
Cellulose xanthate (CX), nitrate, and carbamate (CC) are further examples for
derivatized, intermediate cellulose compounds [40, 41]. Another method to directly
deposit cellulose is by the use of nanocellulose suspensions consisting of cellulose
nanocrystals (CNCs) or cellulose nanofibers (CNFs) [2].

The direct and indirect preparation of cellulose films using LB and LS deposition
as well as spin coating is reviewed in the following section.

6.1.1 Direct Preparation of Cellulose Films

For direct deposition of cellulose thin films, nanocellulose suspensions or dissolved
cellulose can be used. Well-known and frequently used cellulose suspensions consist
of CNCs and CNFs. To dissolve cellulose for direct film deposition, non-derivatizing
cellulose solvents are used.
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6.1.1.1 Thin Films from Cellulose Solutions
Solvents for direct deposition of cellulose are described by the non-derivatizing ones,
which can be divided into aqueous and non-aqueous solvents. Direct cellulose sol-
vents can be single- or multicomponent systems involving one component that is a
solid at room temperature [42].

Non-aqueous solvents such as dimethylacetamide with LiCl (DMAc/LiCl) [36] or
NMMO with water [37] as well as ionic liquids (IL) [38, 43] are commonly used.
On the other side, aqueous solvents such as mixtures of NaOH/urea [44, 45] and
inorganic complexes such as Cuoxam (tetrammine diaqua copper hydroxide) find
application [40, 42].

A disadvantage of solid cellulose thin films from direct solvents is that the solid
compound from the solvent mixture will also be present in and on the resulting thin
film [42] and has to be removed via a washing step with water after film deposition
[2]. The LB method for film casting from direct cellulose solvents cannot be applied
as this technique is based on the use of a water subphase, which is miscible with the
cellulose solvents [2]. Today, the spin coating technique is the deposition method of
choice when using non-derivatizing cellulose solvents [2, 3].

Dimethylacetamide with lithium chloride (DMAc-LiCl) is frequently used as a
casting solvent for cellulose thin films [46, 47]. During spin coating of cellulose from
DMAc/LiCl, an increased temperature of 100 ∘C is required because of the high boil-
ing point of DMAc. After coating, the thin films need to be rinsed with water to
remove the solid lithium chloride [3]. Thin films prepared from DMAc/LiCl and
NMMO/water exhibit a certain roughness. The roughness most probably arises from
the tracks and pressure marks left behind by the solid compound of the solvent mix-
ture after rinsing [2, 48].

Aqueous solvents, such as NaOH/urea and NaOH/thiourea, also yield homoge-
neous thin films via spin coating. Yan et al. dissolved cellulose in NaOH/thiourea
and spin coated them on mica [39]. In order to remove the solid residues from the
solvent after coating, they placed the cellulose films in MilliQ (MQ) water. Atomic
force microscopy (AFM) images revealed that smooth and homogeneous cellulose
thin films were obtained [39].

Further, ionic liquids (IL) are a highly promising class of cellulose solvents for
thin-film casting. The organic salts are regarded as “green solvents” and have
attracted attention because of their unique physiochemical properties (chemical
and physical stability, non-flammability, and low vapor pressure). In general, an
IL is a salt whose melting point is below 100 ∘C, which solely consists of ions and
short-living ion pairs [49].

Kargl and coworkers applied 1-ethyl-3-methyl imidazolium acetate (EmimAc)
diluted with DMSO to dissolve cellulose [50]. For spin coating, they applied the
cellulose solution onto a solid substrate. After spin coating, the thin films were
put into an ethanol bath to precipitate the cellulose and avoid dewetting (coating
method I). In coating method II, they deposited the IL–cellulose mixture on the
substrate, started spin coating, and precipitated the cellulose by addition of ethanol
already during the coating procedure. These procedures gave films with thicknesses
ranging from the monolayer regime to hundreds of nanometers [50].
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In Swatloski’s group, the interaction mechanism of DMAC/LiCl and 1-butyl-3-
methylimidazolium chloride [C4mim]Cl with cellulose from different sources was
studied [51]. They described that the complexation of the Li ions by DMAc mobilizes
the chloride ions, which interact with the cellulose hydroxyl groups. It is specu-
lated that a high chloride concentration and the activity of the solvent are highly
important in breaking the extensive hydrogen-binding network. The chloride con-
centration in [C4mim]Cl was found to be almost three times higher than that in
traditional solvent systems, what allows for faster dissolution and the ability to dis-
solve cellulose in higher concentrations [51].

Pinkert et al. compared different IL in terms of synthesis, properties, and applica-
tions as well as their interaction mechanisms with cellulose [49].

6.1.1.2 Thin Films from Colloidal Nanocellulose Dispersions
Nanocellulose comes in two types, namely, CNCs and CNFs [52, 53]. Diverse
approaches for production of CNCs and CNFs include top-down methods that
involve enzymatic, physical, and chemical methodologies for their isolation from
woody plants. Further, nanocellulose is gained from the bottom-up production
of nanofibers from glucose in bacteria. In general, cellulosic materials having
one dimension in the nanometer range are usually assigned to as nanocelluloses.
These nanocelluloses are of unique manner as they combine important cellulose
properties such as wide chemical modification capacity with the peculiar features
of nanoscale materials because of their high surface area [52].

6.1.1.2.1 CNCs and its Ultrathin Films
CNCs typically consist of rodlike cellulose crystals with a width of 5–70 nm
and the length between 100 nm and several micrometers [52, 54]. Water is
incapable to penetrate into a cellulose crystal [53]; however, CNCs under high
humidity get enveloped with an approximately 1 nm-thick layer of water on their
surface [53, 55].

Typically, CNCs are obtained via acid hydrolysis using mineral acids such as sul-
furic acid (64–65 wt%) or hydrochloric acid (5%) [52, 56]. Besides liquid hydrolysis,
Kontturi et al. presented in 2016 a procedure using acidic vapor for hydrolysis and
CNC preparation [56]. During acidic hydrolysis, glycosidic linkages between the
AGUs in dislocated regions are broken and smaller cellulose fragments are obtained
[57]. The sulfuric acid does not only selectively cleave the disordered segments of
cellulose but simultaneously introduces sulfate half-ester groups on the CNC sur-
face that enhance their colloidal stability [52, 53]. The dimensional diversity and
the morphology of CNCs strongly depend on the source of the cellulose material
and the preparation conditions [54]. Cotton and wood yield a quite narrow distri-
bution of highly crystalline nanorods (90% crystallinity, width 5–10 nm, and length
100–300 nm) [52], and extraction from tunicates [58, 59], bacteria [60], and algae
gives crystals with large polydispersity and dimensions (width 5–60 nm and length
100 nm to several micrometers) [52, 61, 62].

In 2003, the group around Edgar and Gray was the first applying spin coating to
obtain smooth thin films that were stabilized by a mild heat treatment [63]. Notley
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showed that a mild heat treatment after spin coating does not affect the number of
sulfate groups on the CNC surface as they observed a large electrostatic component
when studying the surface forces [1]. Since then, the subsequent heat treatment has
become standard in the preparation of stable ultrathin films from CNCs. The intro-
duced electrostatics from sulfated CNCs contributes to control the deposition of the
cellulosic material [2].

Kontturi et al. showed that these anionic CNCs neatly disperse on a cationic TiO2
surface and used this effect to investigate the dimensions of individual CNCs apply-
ing AFM imaging [25, 64]. Charged thin-film surfaces from CNCs can also be cast
via layer-by-layer (LbL) deposition. Cranston and Gray reported on the preparation
of alternating layers of sulfated CNCs and cationic polyallylamine, and Podsiad-
los group introduced LbL films with embedded polyethylenimine (PEI) [65, 66].
Langmuir–Blodgett deposition for CNC thin films, however, is not possible under
the general setup of an aqueous subphase as the nanocellulose suspensions are based
on water as the liquid phase [2]. In 2010, however, Rojas group reported on LS films
from CNCs prepared by the use of the cationic surfactant dioctadecyldimethylam-
monium bromide (DODA-Br) that forms a monolayer on water and complexes with
CNCs that have been dispersed in the subphase [67].

6.1.1.2.2 CNFs and their Ultrathin Films
Materials based on CNFs were introduced in the early 1980 [68] and gained
more and more interest in the mid-2000 because of the advancements in CNF
preparation methods [69–71]. CNCs can be obtained by methods that usually
comprise several operation steps, e.g. successive refining, enzymatic hydrolysis,
again refining and homogenization [71], 2,2,6,6-tetramethylpiperidine-1-oxyl
radical (TEMPO)-mediated oxidation followed by blending [72] or homogenization
[73], quarternization, or carboxymethylation followed by homogenization [74].

Nechyporchuk et al. describe the CNF production process as a “tree” that allows to
manufacture more than 50 different types of CNFs [75]. As a first step, purification
is stated, followed by step 2, the mechanical pre-treatment meaning blending, refin-
ing, and grinding. The third step involves biological/chemical pre-treatment such
as enzymatic hydrolysis, carboxylation, sulfonation, and quaternization. Principal
mechanical treatments that include homogenization, extrusion, blending, ultrason-
ication, steam explosion, and ball milling comprised in step 4. As a post-treatment,
chemical modification and/or fractionation can be performed in step 5. CNFs of dif-
ferent morphologies, surface chemistries, crystallinities, degrees of polymerization
(DP), etc. are obtained by the different treatment steps and are presented in detail in
Nechyporchuk publication [75].

The surface charge of CNFs can be modified by TEMPO-mediated oxidation.
The oxidation involves hypochlorite oxidation of cellulose, which is catalyzed by
TEMPO that allows for selective oxidation of the primary alcohol in the C-6 position
of cellulose [2]. Carboxymethylated CNCs are the result of this treatment. These
TEMPO-oxidized CNFs hold a high anionic charge density; however, all CNFs are
at least mildly anionic because of the presence of hemicelluloses and other oxidized
structures on the microfibrils [2, 76, 77].
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Cellulose thin-film deposition from CNFs bears a fundamental limitation [3].
CNFs tend to form gels, even at low concentrations (1 wt%), and gels are generally
not suitable for thin-film deposition [78]. An important feature of films, the
thickness, cannot be controlled with spin coating if one is not free to increase the
concentration of CNF suspensions because of a gelling process [2]. Kontturi and
Spirk describe that even acquiring a film with full coverage from a diluted fluid
suspension is not straightforward [2]. Thin-film preparation using TEMPO-oxidized
CNFs has the drawback of high instability of the film after deposition. Actually,
the deposited CNFs tend to redisperse because of the high surface charge density.
Unfortunately, heat treatments that are applied for CNC film preparation are not
able to prevent the redispersion [2]. The use of an anchoring layer turned out
to be the best way to prepare thin films via spin coating. For such an anchoring
layer, polyethylenimine (PEI) is the most frequently used compound [2]. LbL
deposition with cationic polyelectrolytes allows for the preparation of slightly
thicker films of CNFs; however, these films cannot be considered to consist of pure
CNFs [2, 30].

Wågbergs group [30] carboxymethylated the CNFs and deposited them with the
aid of PEI, PAH (poly(allylamine hydrochloride)), and PD (poly(diallyldimethyl-
ammonium chloride)) [30]. The thickness of the LbL deposited CNF films depends
not only on the choice of the polyelectrolyte. It is strongly be controlled by elec-
trolyte addition as salt and its concentration have an effect on the coiling of the
polyelectrolyte in solution and therefore on the deposition. Variations in film thick-
ness influences features such as transparency or color formation within the film [30].

From CNF suspensions, films in the form of nanopapers can be obtained. To pro-
duce such films, methods such as air drying [79, 80], spray coating [81], and pressur-
ized filtration followed by hot pressing [82–84] can be used. The pressing and dense
packing of such films facilitates a high level of transparency of up to 90%, enabling
the preparation of optically transparent nanofiber paper [83].

6.1.2 Indirect Preparation of Cellulose Films from a Soluble Derivative

Dissolving cellulose in common solvents can be achieved by modification, i.e. deriva-
tization of the biopolymer. TMSC is an important representative of cellulose deriva-
tives. TMSC is often synthesized and characterized according to a model described
by Kontturi et al. [26]. To synthesize the hydrophobic compound, the cellulose mate-
rial is dissolved in, for example, DMAc/LiCl or ionic liquids. The silylation of cel-
lulose is completed using compounds such as hexamethyldisilazane (HMDS) and
trimethylsilyl chloride (TMSCl), which act as the reactant and catalyst, respectively
[85–88]. Depending on the degree of substitution, the solubility of the TMSC can be
tuned, and solvents ranging from ethanol and acetone to THF, chloroform, pentane,
and toluene can be applied [89, 90]. Klemm et al. introduced TMSC as a suitable com-
pound to produce model thin films of cellulose [91]. Thin films from TMSC solutions
can be easily prepared by both LB deposition and spin coating. The casted TMSC thin
films are hydrolyzed, i.e. regenerated back to cellulose by exposure to gaseous HCl
(Figure 6.3) [26].



206 6 Polysaccharide Thin Films – Preparation and Analysis

O

O

O

O

O

O
O

O

O

O

O

O
O

O
O

SiMe3

SiMe3 SiMe3

SiMe3
Me3Si

Me3Si
n/2 n/2

– SiMe3Cl

Cl (g)H
H

OH

OH

OH

OH
OH

Figure 6.3 Regeneration of TMSC to cellulose by exposure to HCl vapor.

In principle, the HCl vapor penetrates into the thin film and is able to fully
hydrolyze the TMSC film to cellulose without interfering much with the film
morphology [92]. Schaub’s method enables to provide ultrathin cellulose films
of <10 nm thickness on Si wafers, glass slides, and gold coated surfaces [92]. In
2003, Kontturi et al. investigated the influence of different substrates, spin coating
parameters, and solvents on the thin-film thickness, roughness, and morphology
[26, 87]. Schlemmer et al. studied the effect of the substrate on the cellulose
thin-film properties. They prepared regenerated TMSC films on different flexible
and stiff substrates such as polyamide, polyethylene terephthalate, Cu, Al, and
Ni foils as well as on silicon wafers and glass with thicknesses up to 50 nm [93].
Different studies over the past years demonstrated the tunability of the thickness of
regenerated TMSC films ranging from approximately 5–740 nm [26, 93–95]. Both
techniques, spin coating and LB deposition, result highly smooth TMSC-based
regenerated cellulose thin films [96].

Another promising derivative for the preparation of regenerated cellulose thin
films is cellulose xanthate (CX). Dissolution of cellulose via synthesis of cellulose
xanthate represents the probably most important and economically most success-
ful derivatization reaction [40]. For cellulose xanthate preparation, pulp is mixed
with aqueous NaOH (18–20 wt%) to form a 5 wt% suspension. The alkali treatment
is followed by the introduction of CS2 to the reaction mixture, and sodium cellulose
xanthate is produced (CX, intermediate) [41, 97]. The yellowish fibrous mass is sol-
uble in water and dilute aqueous alkali, having a conventional DS level of about 0.5
[97]. After xanthation, the CX solution is pumped through nozzles and the resulting
fibers are regenerated in an acidic bath (H2SO4) to give regenerated cellulose fibers
[91, 98–100].

In 1965, Phifer et al. published a procedure for CX film casting and the corre-
sponding spectroscopic results. Their characterization, however, focused on the
non-regenerated CX [101].

Weißl et al. prepared regenerated cellulose thin films from CX via spin coating
using different concentrations of the cellulose xanthate derivative in aqueous alka-
line solutions and investigated differences in film properties [21]. In their study,
they varied the HCl exposure time for regeneration and characterized the cellu-
lose films using different surface-sensitive techniques. Similar to TMSC films, the
regeneration of CX to cellulose is realized by exposure of the thin films to HCl vapor
(Figure 6.4) [21].

While this procedure does not require any use of organic solvents, the solid
NaOH as well as the salts formed during regeneration need to be removed by
a rising step with water. The AFM images reveal the surface topography of CX
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Figure 6.5 AFM images (2× 2 μm2) and the corresponding root mean square (RMS)
roughness of different steps in cellulose thin-film processing with a 2.5 wt% (upper row)
and a 1.5 wt% (lower row) CX solution. The images show the films directly after spin coating
(a, e), after 20 min lasting exposure to the HCl atmosphere (b, f), after rinsing with deionized
water (c, g), and after drying for one hours at 105 ∘C (d, h). The Z-scale is 100/200/50/50 nm
for (a–d) and 30/150/100/50 nm for (e–h). Source: Weißl et al. [21]/Elsevier/CC BY 4.0.

films at different stages of thin-film preparation and regeneration (Figure 6.5). The
CX-based regenerated cellulose thin films show smooth and homogeneous surfaces
[21]. The regenerated cellulose model films can be used to study surface interaction
with, e.g., proteins or industrially relevant chemicals [20, 21].

Closely related to the viscose process and the synthesis of cellulose xanthate is the
CarbaCell process. The derivative cellulose carbamate (CC) is built by reaction of
mercerized cellulose with urea [41] instead of CS2. After aging, the cellulose deriva-
tive can be regenerated back to cellulose by spinning into an acidic bath (fibers) or
exposure to acidic vapor using, e.g., H2SO4 (thin films) [102, 103].

Weißl et al. reported on the preparation of blend thin films from cellulose xan-
thate and cellulose carbamate via spin coating. They investigated the influence of
CC on the properties of cellulose xanthate-based materials. Blend thin films pre-
pared from solutions of different CX–CC ratios gave homogeneous all-cellulose thin
films of 20–80 nm in thickness [104].

Cellulose carbamate thin films were recently used as the precursor for regenerated
cellulose membranes with high transparency and separation ability. CC synthesized
from cellulose pulp and urea yielded relatively dense regenerated cellulose surfaces
with regular microchannels, which show a high potential for applications in water
treatment [105].
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6.2 Characterization of Biopolymer Thin Films

6.2.1 Surface Morphology

Today, there are several powerful techniques available to image and measure the
structural features and characteristics of biopolymer thin films. The thickness
and surface roughness of a film, end-to-end distances, nanostructure dimensions
and distribution of sizes, polymer conformation, and spatial molecular organi-
zation describe some of them. AFM, scanning electron microscopy (SEM), and
transmission electron microscopy (TEM) are the most frequently used methods.

AFM is a high-resolution type of scanning probe microscopy with resolutions in
the order of fractions of a nanometer. In contrast to other microscopes, AFM does
not generate an image by focusing light or electrons onto a sample surface such as
optical or electron microscopies do. It is described that AFM physically “feels” the
sample surface with a sharp probe. From this, a map of the height from the surface
is generated [106]. An image of a surface is thereby generated by scanning across the
surface of a sample using a small tip [107]. The use of a cantilever allows the tip to
deflect and so to respond to height inhomogeneities on the sample surface [106, 108].
In principle, there are four common AFM operation modes; the AFM contact and
tapping modes are described in Figure 6.6 [108].

The AFM contact mode was the first mode developed and is conceptually the sim-
plest one. In this mode, the tip of the probe is in permanent contact with the sample
surface. According to this, the repulsive forces between the sample and the tip may
damage or change both the sample and/or the tip. However, imaging in the con-
tact mode enables an extremely high resolution as the technique is sensitive to the
nature of the sample [106]. In the AFM tapping mode, a tip that is oscillating at a cer-
tain frequency (50–500 kHz) at a tip amplitude of several tens of nanometers is used.
The oscillating tip is moved toward the surface and it begins to touch or “tap” the
surface. Depending on the structural features of the sample surface, the cantilever
has less (bump) or more (valley) space to oscillate, and the amplitude decreases or
increases, respectively [106, 110]. Both modes provide information about the sample
topography. All modes are described in more detail in Refs. [106, 108, 110].

Comparing AFM to SEM, it has several advantages. With AFM, a three-
dimensional surface profile is provided, while electron microscopy gives a
two-dimensional projection of a sample. In AFM, only minimal sample preparation

(a) (b)

Figure 6.6 Schematic description of the (a) contact mode and the (b) tapping mode used
in AFM imaging.
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is needed, and it does not involve any special (pre)treatments (e.g. metal/carbon
coatings) that may do damage or irreversible change to the sample. AFM has the
great advantage that it can be performed in ambient air or a liquid environment,
while electron microscopy usually operates under vacuum. This fact allows in situ
studies of biological macromolecules and living organisms with AFM [106].

Further, it is possible to combine AFM imaging with techniques such as fluores-
cence microscopy and infrared spectroscopy, which is applied in biological sciences,
polymer science [111], nanotechnology [112], and medical research [113].

A disadvantage of AFM when compared to SEM is the relatively small scanning
area of max about 100× 100 μm, while the SEM images of an area on the order of
square millimeters can be recorded [106]. The scanning speed is a limitation of con-
ventional AFM scans. Typically, an AFM scan requires several minutes, and the slow
scanning rate may lead to a drift in the image that limits the accurate measure-
ments of distances between the topographical features on the AFM image [114–116].
To overcome the limitation of scanning speed, high-speed atomic force microscopy
(HS-AFM) has been developed by optimizing all devices contained in the instru-
ment for fast scanning and by newly developing fast and precise control techniques
[117, 118]. With HS-AFM, an imaging rate of 15–25 frames per second (fps) for a
scan rate of 240× 240 nm2 with 100 lines has been reached [119]. HS-AFM typically
employs the tapping mode and uses cantilevers that are much more miniaturized
than the conventional ones to achieve high-resonant frequencies (f c = 400 kHz to
1.2 MHz) in water [120]. HS-AFM allows for the visualization of various types of
dynamic events inaccessible with other approaches such as conventional AFM. It
provides a significant insight into molecular processes as in Igarashi’s study, where
the cellulase hydrolyzation process of crystalline cellulose fibers is visualized [121].

AFM artifacts can arise from, e.g., the use of an unsuitable tip, a poor operating
environment, or by the investigated sample itself. Several artifacts are unavoidable
because of the geometry of the AFM probe. With a triangular shape of a probe, mea-
suring the steep walls of a sample is difficult because of the radius of curvature of a
tip. This can cause that small obstacles on a sample surface are imaged much bigger
than they are (Figure 6.7) [106, 108, 110].

Hanley et al. imaged cellulose microfibrils using AFM and TEM and evaluated the
differences of the two methods [122]. They showed that the convolution of the tip
and sample geometries cause distortion in certain dimensions; however, with AFM,
it is possible to obtain a unique and rapid indication of the surface topography under

AFM
tip

Sample

ObstacleObstacle

Artifact

Figure 6.7 AFM artifacts can arise when imaging small convex obstacles with a dull probe.
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ambient conditions [106, 122]. In a later publication, they investigated the twist of
microfibrils using AFM and TEM [123]. With the tapping mode AFM, they obtained
sharp images of the twist regions of the fibrils. Using TEM, they could clearly show
the right-handed twist of 180∘ for an approximately 50 nm wide microfibril appear-
ing at intervals of approximately 700 nm along the fiber [123]. From these publica-
tions, the advantages of both techniques such as the differences in scanning sample
area can clearly be seen.

In 2015, Usov provided a detailed and consistent structural description over
multiple length scales of nanocellulose, i.e. TEMPO-mediated oxidized CNFs and
CNCs using AFM, Cryo-SEM, and TEM [124]. They were observing a twisting of
right-handed chirality along the contour of CNFs and CNCs. This chirality was
detected on the level of fibril bundles and single fibril level in CNFs. Moreover,
by a statistical analysis of kink angle distribution, they concluded that the kinks
in the samples do not result from alternating amorphous and crystalline regions
but may originate from the processing conditions used in the preparation of the
nanofibers [124].

In academia and the industry, AFM is one of the most frequently used methods to
investigate biopolymer thin-film properties such as surface topography and rough-
ness [21, 31, 93, 94, 104, 125–136]. Fast-scan AFM devices allow for studying, e.g., the
degradation of cellulose in real time at high resolution. An example, where this has
been demonstrated recently, was blend thin films consisting of polyhydroxybutyrate
and cellulose. There, the action mode of cellulase, a cellulose-digesting enzyme cock-
tail, was observed in real time and the reaction kinetics could be obtained [137].

6.2.2 Thin-Film Thickness

To investigate the thickness and the roughness of biopolymer thin films, AFM is fre-
quently used. In 2013, Kargl developed different lithographic methods for patterning
of biopolymer films [138]. By the aid of a metal mask, parts of the thin film were
protected and others were exposed to vapor of hydrochloric acid and regenerated to
pure cellulose. This treatment resulted in hydrophobic TMSC and hydrophilic cel-
lulose patterns of different physiochemical properties. AFM was used to determine
the differences in height and roughness caused by the regeneration procedure [138].

A cheaper and faster technique to determine the thickness and roughness of a
film is profilometry. Here, a diamond stylus is brought into contact with the sample
and is moved laterally across the surface for a specified distance and at a certain
contact force. Vertical features ranging from 10 nm to 1 μm can typically be measured
by profilometry. This technique is one of the standard methods to determine the
thickness of a thin film [21, 93, 104, 127, 133, 137, 139, 140].

Ellipsometry is an optical technique used to investigate dielectric properties of thin
films by light reflection or transmission from samples. From change in polarization
of the incident radiation, which interacts with the sample, the composition, rough-
ness, thickness, electrical conductivity, and crystalline nature of a sample can be
characterized [141]. With ellipsometry, the thickness of single and multilayers rang-
ing from a few angstroms or tenths of nanometers can be determined [142, 143].



6.2 Characterization of Biopolymer Thin Films 211

The most commonly used ellipsometry methods are single-wavelength and spec-
troscopic ellipsometry (SE). In the single-wavelength method, also called laser spec-
troscopy, typically a monochromatic light source in the visible spectrum, i.e. He–Ne
laser, is applied, whereas in SE, a broad band light source (from the UV to IR region)
is used. SE can be used to determine the complex refractive index of a material. Both
methods can be performed in air at ambient conditions, and no complex sample
preparation is needed. As polarized light is used and detected, normal ambient unpo-
larized stray light has no significant influence on the measurement. This allows us
to perform real-time monitoring [141, 144].

A related method to determine the layer thickness, electron density, and sur-
face/interface roughness is X-ray reflectivity (XRR). Here, a monochromatic
beam of X-ray photons at different incident angles is used as incident radiation.
The intensity of X-rays that are reflected from the sample in specular direction
is recorded. The recorded intensity deviates from the incident because of the
inhomogeneities within the sample. From analysis of the deviations, conclusion to,
e.g., the thickness, roughness, and density of the film can be drawn. With XRR, it
is possible to analyze films with thicknesses ranging from 1 nm to c. 100 nm [143].
XRR enables the investigation of lateral variation of the film thickness, indicating
that a map of thickness variations over a whole sample can be provided [145].

To investigate the thickness, roughness, and density of ultrathin films, Kontturi
et al. used XRR [146]. These qualities were obtained as a result from a numerical
fit to the Parratt formalism, which attempts to simulate the reflectivity curve. They
demonstrated that from the calculation of XRR curves (Figure 6.8), a reliable deter-
mination of the mass density for ultrathin films with certain thickness constrains
can be obtained. In addition, the mass density and thickness investigations can be
used to follow chemical reactions in a thin polymer film [146].

Both methods, spectroscopic ellipsometry and XRR, are based on the reflection of
an incident radiation from the interfaces between the film and the underlaying sam-
ple substrate, and of course the film and air interface. For sample preparation, it is
important that the sample film thickness is small enough so that the incident radia-
tion can penetrate the bottom of the sample. During analysis of the film, the incident
light/radiation should not optically, chemically, or structurally change or destabilize
the sample. To obtain the best results from the analysis, the non-uniformity of the
film thickness, the density, and the optical constants should be included in the eval-
uation. Further, it is of necessity to have a large-enough contrast between the optical
constants and the electron densities of the layers and the substrate [147].

6.2.3 Elemental Composition

X-ray photoelectron spectroscopy (XPS) is a surface-sensitive technique that belongs
to the family of photoemission spectroscopies and represents the most frequently
used electron spectroscopy. The photoelectric effect allows us to define the elemen-
tal composition of a solid’s outer surface. It is possible to identify and quantify the
elemental composition of a surface, i.e. the outer 10 nm or less of a solid material
with elements from Li to U. Elements present at concentrations >0.05 at% can be
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Figure 6.8 Calculated XRR curves for a structure containing 10 nm of a polystyrene-like
material (C8H7) on a Si/SiOx substrate. (a) Influence of mass density variation (constant
roughness 0.75 nm). (b) Influence of roughness variation (constant density 1.05 g). Source:
Kontturi et al. [146]/with permission of American Chemical Society.

determined. In principle, X-rays of a certain wavelength are focused on a sample
surface, and photoelectrons of characteristic energies are emitted from the surface
fraction (max upper 10 nm) of a solid sample and are absorbed by the detector. Before
the electron beam hits the sample surface, it is focused on a concave single crys-
tal that only reflects radiation with specific energy (wavelength) at some specific
angle defined by the crystal lattice spacing (Figure 6.9). From the intensity of pho-
toelectrons detected and the binding energy, the elemental identity, the quantity of
a detected element, and the chemical state can be determined [148, 149].

Regarding sample preparation, thin solid samples prepared on glass or silicon
slides can be examined; however, the XPS technique requires a vacuum environ-
ment, whereas volatile compounds cannot be examined.

In 2011, Eyley et al. published results on XPS experiments to elucidate the struc-
ture of imidazolium-grafted CNCs. The azidation of nanocrystals was confirmed by



6.2 Characterization of Biopolymer Thin Films 213

Figure 6.9 Schematic of an XPS
measurement setup. Source: Adapted
from [148].
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the characteristic nitrogen peak and also the successful grafting reaction was vali-
dated by the presence of the two overlapping nitrogen peaks [150].

Rojas et al. studied polyelectrolyte adsorption on mica and cellulose. They used
XPS to estimate the absolute amount of the adsorbed cationic polyelectrolyte [151].

Mohan et al. investigated the interaction of cationic cellulose derivatives with the
ultrathin cellulose support using the quartz crystal microbalance with dissipation
(QCM-D) [28]. Using the QCM-D technique, mass differences before and after
adsorption can be determined. To validate the results, an analysis of the elemental
composition of the surfaces by XPS was performed. The peak corresponding to
elemental nitrogen, N 1s, was detected for all the treated samples (Figure 6.10b–e),
whereas a lack of element N is evident in the untreated sample (Figure 6.10a) [28].

6.2.4 Functional Groups and Hydrogen-Binding Patterns

To determine the functional groups of a material, infrared (IR) spectroscopy can be
used. IR spectroscopy is a versatile experimental technique based on the interaction
of infrared radiation with matter. Spectra from samples in the form of liquids, solids,
or gases can be relatively easily obtained. In principle, molecules absorb frequen-
cies that are characteristic of their chemical structure. This indicates that the fre-
quency of the absorbed radiation equals the vibration frequency of the molecule. An
IR-active molecule must possess a specific feature, i.e. an electric dipole moment that
changes during the molecule vibration. Heteronuclear diatomic molecules describe
such molecules [153].

For IR spectroscopy, there are two main measurement principles available,
Fourier transform IR (FT-IR) spectroscopy and attenuated total reflection IR
(ATR-IR) spectroscopy. In FT-IR, the incoming infrared light is passed through a
Michaelson interferometer, which is then transmitted through the sample before
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Figure 6.10 XPS spectra of cellulose surface (a) rendered with cationic cellulose
derivatives adsorbed under different conditions. (b) pH 7, 1 mM NaCl, (c) pH 7, 100 mM NaCl,
(d) pH 8, 1 mM NaCl, and (e) pH 8, 100 mM NaCl. Source: Mohan et al. [152]/with permission
of Elsevier.

reaching the detector. The recorded signal is amplified, and high-frequency con-
tributions get eliminated by a filter. The collected data are converted into a digital
form, and further, a Fourier transformation is performed. In ATR-IR spectroscopy
the phenomenon of total internal reflection (TIR) is used. A beam of infrared
radiation is directed through an internal reflection element, which has a high
refractive index (RI). The sample under investigation is pressed against the face of
this reflection crystal, and the specific absorption of energy from the sample causes
a loss in energy at the wavelength where the material absorbs. The reflected light is
recorded, and a spectrum of absorbance/transmittance vs. wavenumber (cm−1) can
be obtained [153, 154].

A method related to IR spectroscopy is Raman spectroscopy (RS). In contrast to
IR, where only elastically scattered photons are recorded (the same energy and wave-
length as incident photons → Rayleigh scattering), in RS, inelastically scattered pho-
tons (the vibrational energy is exchanged → Raman scattering) are detected [155].

In a typical Raman experiment, a source of monochromatic light, i.e. a laser source
for excitation in near-IR, visible, and UV spectral region or X-ray photons, is used,
which interacts with the sample. The scattered photons lose energy that is specific
to the vibrational coordinates of the sample. To observe a Raman band, a change
in the polarizability of the sample must be caused by the molecular vibrations
[155, 156].

In IR spectroscopy, mainly FT-IR and ATR-IR are used; in Raman spectroscopy,
various methods such as resonance Raman spectroscopy (RRS), surface-enhanced
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resonance Raman spectroscopy (SERRS), coherent anti-Stokes Raman spectroscopy
(CARS), etc. are applied. Depending on the methods used, the experimental setup
including lasers, detectors, and filters changes [156, 157].

In vibrational spectroscopy, IR and Raman spectroscopies are the most important
and predominantly used ones and involve studying the interaction of radiation with
molecules. With IR spectroscopy, it is possible to investigate molecules by causing
a change in its dipole moment. In Raman spectroscopy, however, a dipole moment
needs to be induced. An induced dipole moment arises as a result of the molecu-
lar polarizability, where the polarizability is the deformability of the electron cloud
about the molecule via an external electric field [155].

Linear homonuclear molecules such as N2, O2, and H2, for example, are exclu-
sively Raman active as no dipole moment is present, while diatomic linear gases
such as HCl and CO in contrast can only be measured by IR spectroscopy. For
both techniques, no special sample preparation is needed, they are very fast and
non-destructive, and a quantitative and specific identification of functional groups
can be obtained. Interpretation of results is more complex in Raman spectroscopy
[153–155, 157].

ATR-FTIR can also be used as a tool to investigate the crystallinity of cellulose
[158]. In 1957, Tsuboi published results on infrared spectroscopy investigation of
the deuteration of cellulose. It was observed that the small parts of the crystalline
material in cellulose films were excluded from deuteration, while the OH groups on
the disordered parts were deuterated [159].

To explore the chemical changes of a cellulose surface, Nguyen et al. applied
ATR-FTIR spectroscopy to monitor the chlorination mechanism of cellulose-based
membranes under different conditions [160].

In cellulose chemistry, IR spectroscopy is frequently used to control the regen-
eration of cellulose derivatives to pure cellulose accomplished by using HCl vapor
[21, 126, 137, 139, 161, 162].

6.2.5 Wettability

The surface wetting properties of a surface, e.g. a biopolymer thin film, is of great
importance in materials and surface science. Factors such as pH, temperature,
humidity, charge density, and surface energy have an effect on the interaction
processes of cellulose surfaces with proteins, papermaking chemicals, or lectins
for example. The analysis of the surface energy and the affinity of a certain liquid
toward a solid surface allow us to obtain insights into the surface properties and
predict the interaction behavior. Especially, the wettability and hydrophobicity give
information on material characteristics and can be determined by measuring the
contact angle of a certain liquid on the sample surface. Contact angle measurements
enable to calculate the surface tension for a solid sample. Regarding the water
contact angle, hydrophilic surfaces easily adsorb water because of the presence of
active polar functional groups (good wettability). Hydrophobic materials in contrast
have little or no tendency to interact with water, and they bend the water from their
surfaces (Figure 6.11) [163].
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Figure 6.11 Schematic representation of (a) hydrophilic and (b) hydrophobic interactions
of water molecules with a solid surface. Source: Hebbar et al. [163]/with permission of
Elsevier.

The surface free energy (SFE) of a material has a vast influence on the wettability
of solids by liquids. To determine the SFE, contact angle experiments using at least
two different liquids, usually water and diiodomethane, are performed. With the
knowledge of the surface tension of the applied liquids and the contact angles of
these liquid on a certain material, the SFE can be determined. To calculate the SFE,
several models are available. One of the most frequently used is the Owens, Wendt,
Rabel, and Kaelble (OWRK) method, which gives the SFE – divided into its polar
and disperse components [164–166].

Schlemmer et al. investigated the influence of the substrate on the cellulose
thin-film properties. They spin coated the acid-labile derivative TMSC on different
flexible and stiff substrates such as polyamide, polyethylene terephthalate, Cu,
Al, and Ni foils as well as on silicon wafers and glass. On the synthetic and metal
substrates, they obtained rather homogeneous thin films and showed that the
thickness and the roughness of these films correlate with the substrate roughness
and its SFE. For the TMSC layer on the Ni foil, a superhydrophobic behavior caused
by the microstructuring of the substrate was observed [93].

6.2.6 Surface Charge

Zeta potential measurements enable to measure the electrokinetic potential on the
surface of a material when it comes in contact with a liquid medium. Once a material
comes in contact with a liquid medium, a difference in the potential between them
develops, as the functional groups on its surface are reacting with the surrounding
liquid [167].

Ions of opposite charge from the surrounding medium begin to arrange them-
selves spontaneously at the interface/surface of a solid and form a so-called electro-
chemical double layer (EDL). In principle, the EDL consists of a stationary and a
diffuse layer. The stationary layer, also called the Stern layer, is directly formed at
the surface of the sample where oppositely charged ions are strongly attracted to the
surface. In the diffuse outer layer, the ions become less attracted by the surface and
therefore have the ability to move within the layer (Figure 6.12) [167, 168].

In between the immobilized and the diffuse layer, a boundary termed as the shear
plane can be found. This boundary defines the part of the EDL, which contributes
to the overall net charge of the investigated material. The potential of a material in
an ionic solution present at this shear plane is the zeta potential [167, 169].
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Figure 6.12 Negative-charged surface of a particle with a positively charged Stern layer
and zeta potential in a dispersion medium. Source: Taqvi and Bassioni [168]/IntechOpen/
CC BY 3.0.

The zeta potential is highly dependent on the properties of the liquid medium
such as the pH and the buffer ion concentration. Electrokinetic phenomena can be
determined by four different measurement techniques, the streaming potential, elec-
trophoresis, electroosmosis, and sedimentation potential. The first two, the stream-
ing potential and the electrophoresis, are the most commonly used techniques [168].

A biomaterial zeta potential indicates its electric surface properties [170]. To
investigate a thin-film system, the streaming potential method is applied, whereas
to determine the zeta potential of particles, the electrophoresis method is used. In
streaming the potential, a charge displacement in the electric double layer is caused
by an external force shifting the liquid ionic phase tangentially against the solid
thin-film surfaces [169, 171]. The temporarily bound charge carriers in the double
layer will be removed by the external flow, and the potential difference can be
measured between two electrodes. In the case of cellulose surfaces, the temporarily
bound ions of the Stern layer consist of cations that screen the surface. In principle,
large positive values of the zeta potential at a fixed pH in a certain liquid indicate a
positive charge of the surface. This would mean that negatively charged particles
such as anions are attracted by the surface. Lower values of zeta potential at a
certain pH reflect a negative charge of a material surface that preferentially attracts
positively charged entities [169].

Bai et al. investigated the surface charge properties of polyamide thin-film compos-
ite (TFC) membranes with incorporated CNCs performing zeta potential measure-
ments [172]. Their measurements showed that the polyamide control membrane
has the highest negative surface charge, represented by the highest negative zeta
potential at a certain pH value (Figure 6.13). With the introduction of CNCs, the
zeta potential becomes more positive, which can be explained by the reaction of the
negatively charged CNCs with positive residual amino groups from the membrane.
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Bai et al. [172]/with permission of Elsevier.

Further, they point out that unreacted compounds from membrane polymerization
may still be present and interact with the incorporated CNCs. In summary, a higher
CNC content in the polyamide membranes yields membrane surfaces bearing fewer
negative charges [172].

Evaluating the surface charge of cellulose materials such as thin films and fibers
is an essential step to predict the interaction behavior with other compounds and
materials [131, 173, 174].

6.2.7 Thin-Film Structure

Scattering methods such as small-angle X-ray scattering (SAXS), wide-angle X-ray
scattering (WAXS), and light scattering methods (static light scattering (SLS) and
dynamic light scattering (DLS)) have become the leading techniques to character-
ize the dynamics and the micro- or nanoscale structure of soft-matter materials.
The SAXS method has the advantage of a relatively strong signal, quick acquisition
of statistically relevant data, and the experiments and results give a representative
overview of the existing structure. However, scattering methods do not give infor-
mation about individual particles. The need for complementary techniques with a
high spatial resolution such as AFM and electron microscopy is of great importance
to get a complete picture of the investigated system [175]. In principle, the material
under investigation can be a solid or a liquid, and only minimal sample preparation
is required.

In a SAXS experiment, a highly collimated beam of monochromatic X-rays is
focused at a 90∘ incident angle on a sample from which the X-rays scatter. Most
of the X-rays simply go through the sample without interaction. The intensity of
the scattered X-rays is recorded on a flat 2D X-ray detector. The scattering pattern
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allows us to draw conclusion on structural features of a sample, e.g. the size and the
shape of particles [176, 177].

In SAXS, only small scattering angles are detected usually in the range of 0.1∘–5∘.
In WAXS in contrast, a wider range of scattered angles can be detected (10∘–90∘),
allowing us to determine very small inhomogeneities within the sample [178].

A related method is grazing incidence small-angle X-ray scattering (GISAXS),
which is a versatile and frequently used analysis method to investigate micro- and
nanostructured thin films and surfaces. As described before, in standard SAXS,
a transmission geometry of the measurement setup is used, while in GISAXS, a
reflection geometry is applied. The technique is sensitive to the morphology and
alignment of nanoscale objects in the thin film and on its surface [179]. In GISAXS,
a very small angle of incidence typically well below 1∘ (grazing incidence condition)
is applied to enable a sufficient long penetration path inside the sample [176].

Krins et al. report on the formation of ZnO/SiO2 nanocomposite thin films and
present their results of in situ time-resolved GISAXS and WAXS experiments. These
clearly showed the influence of the structure on thermally induced effects such as
crystallization and decomposition, which take place during annealing [180].

In 2015, Ehmann et al. performed GISAXS experiments having a look on rear-
rangements occurring in cellulose upon regeneration and subsequent drying [181].
To study changes in situ during the ongoing regeneration of a TMSC thin film to cel-
lulose, GISAXS was used as an instrumental method. The use of a specially designed
chemical reaction chamber allowed us to determine GISAXS patterns before, dur-
ing, and after the HCl treatment of the TMSC thin film. Their data show that
immediately after HCl injection, the desilylation reaction was started (t = 12 min),
represented by an increase in correlation length lCH

*, until complete conversion to
cellulose at t = 28 min (Figure 6.14). The increase in lCH

* was discussed to occur
because of an increase in pore size in the film or an increase in the distance between
the pores, indicating densification of the film because of the rearrangements within
the film. A subsequent heat treatment of the regenerated films led to a further
decrease of lCH

*. This was referred to interactions within and between cellulose
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Figure 6.14 (a) Plot of the changes of the mean correlation length lCH
* over time during

the regeneration process, where blue indicates the TMS cleavage and the yellow area
shows the pore rearrangement. (b) Subsequent temperature treatment of the regenerated
cellulose film. Source: Ehmann et al. [181]/with permission of American Chemical Society.
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chains, causing a collapse of capillary bridges, which led to smaller pore sizes within
the cellulose film. After several minutes of heat treatment, lCH

* started to increase
again, which was most likely caused by aggregate formation and fibrillation of the
cellulose [181].

6.2.8 Swelling and Adsorption Behavior

Biomolecular interactions basically describe the core of every biological phe-
nomenon such as ligand–receptor interactions, signal transduction, and interaction
of proteins and chemicals with certain biopolymer surfaces. The increasing interest
to characterize such biomolecular interactions defines the need for the develop-
ment of methods and techniques, allowing us to monitor these. To investigate the
interaction behavior and the swelling of biopolymer substances, label-free biosensor
techniques such as surface plasmon resonance (SPR) spectroscopy and QCM are
frequently applied [182].

Surface plasmon resonance spectroscopy has become one of the most important
techniques with a yearly impressive increase in the number of publications [183].
The SPR technique can be applied in a wide range of settings; therefore, one of the
interacting partners has to be immobilized on a sensor surface [182].

The SPR technique is based on the excitation of free oscillating metal electrons,
i.e. plasmons, which can be described as electromagnetic waves that propagate
along a thin metal–dielectric interface [182]. In the late 1960s, Kretschmann and
Raether and Otto demonstrated optical excitation of surface plasmons by means
of ATR [184–186]. Today, the Kretschmann configuration is the most commonly
used SPR spectroscopy configuration. In the Kretschmann configuration, the
monochromatic p-polarized light (𝜆 = 630, 670, 780, and 960 nm) falls through
a prism with a high refractive index (RI) and is directed onto a thin metal film
[187]. Metals, which are suitable for surface plasmon excitation, are, for example,
gold, silver, and aluminum. The most widely used plasmonic SPR metal is gold in
the form of a gold layer on a glass sensor substrate [188]. At a particular angle of
incidence (𝜃), all of the incident light is reflected back through the prism to the
detector. At this angle, TIR occurs. In TIR conditions, surface plasmons can be
excited when the wave vector of the incident light (in plane of the surface) matches
the wave vector of the surface plasmon polariton in the metallic film surface [187].
At resonance conditions (resonance angle), surface plasmons are excited by taking
up the energy from the incident photons. This leads to an energy loss (lower signal),
which is represented by a minimum in the SPR curve. The excitation of a plasmon
resonant wave is connected to the emergence of an evanescent electromagnetic
field. This evanescent field extends into the medium on either side of the metal
film, which allows us to detect the change in the RI of the surrounding medium
[182, 189].

When investigating a biopolymer thin film, a change in layer thickness and a
change in chemical surrounding have an effect on the refractive index (RI) near
the sensor surface. These factors directly influence the conditions, i.e. the angle
at which the surface plasmons are excited, resulting in a shift of the angle of
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Figure 6.15 (a) Schematic
description of a SPR
measurement setup in the
Kretschmann configuration
and (b) SPR curves of a
cellulose thin film measured
in air and water at a
temperature of 25 ∘C.
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minimum light reflection [189]. Figure 6.15 shows a typical SPR measurement
setup (Kretschmann configuration) and SPR curves of a spin-coated cellulose thin
film measured in air and water. From the resulting shift in SPR angle, conclusion to
the changes in thin-film thickness (from RI changes) can be drawn.

With SPR spectroscopy, it is possible to determine the physical properties of a
biopolymer thin film, such as the refractive index and the layer thickness by mea-
suring in multiple media, i.e. in liquid and air or using different laser sources, e.g.
a 𝜆 = 670 nm and a 785 nm laser. Determination of the layer thickness of a model
thin film and changes caused by swelling because of the use of different liquids relies
on the refractive index (n)/layer thickness (d) couples to obtain a solution. As com-
plementary methods, profilometry and AFM need to be performed in order to gain
information on the initial thin-film thickness and roughness [132].

SPR spectroscopy is frequently used to study the interaction behavior of, e.g., pro-
teins and lectins with biopolymer thin films. Niegelhell et al. investigated the adsorp-
tion behavior of industrially relevant starches toward their interaction potential with
cellulose thin films from TMSC using SPR spectroscopy [19]. In Figure 6.16, the irre-
versible adsorption of starches having different degrees of cationization is depicted
and represented by the increase in SPR angle. After the starch adsorption exper-
iment, the surfaces were rinsed with water in order to remove the loosely bound
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Figure 6.16 Comparison of the adsorption behavior of the different starches (c = 1 mg/ml,
flow rate 25 μl/min) as a function of the SPR angle (left) and the corresponding adsorbed
masses (right). Source: Niegelhell et al. [19]/with permission of Elsevier.

material; however, the rinsing step did not remove a significant amount of material.
The authors attribute this to reorientation of the adsorbed molecules as well as to
changes in refractive index, which is traceable to adsorption, desorption, or density
variations. It turned out that all cationic starches adsorbed irreversibly onto cellu-
lose. The extent of deposited mass on the surfaces depends on factors such as the
degree of cationization, molecular weight, particle size, conformation of the poly-
mer, and electrostatic interactions. They describe an additional factor influencing
the adsorption behavior, namely, the negative charges of the cellulose substrate, i.e.
its carboxylic groups [19].

In the recent years, a lot of studies investigating the adsorption behavior of various
compounds on cellulose thin films using SPR spectroscopy and QCM-D have been
published [20, 21, 127, 129, 133, 139].
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The QCM-D technique, similar to the SPR spectroscopy, is used for real-time anal-
ysis of surface phenomena, including thin-film formation, interaction, and reactions
with the material adsorbed. The QCM-D method is based on the inverse piezoelec-
tric effect, i.e. the application of a voltage leads to a mechanical deformation of a
material [190].

QCM-D sensors consist of a thin quartz disc located between a pair of electrodes.
Applying a voltage across the electrode excites the quartz crystal to oscillate at its
fundamental resonant frequency (typically around 5 MHz). The electrodes are nor-
mally coated with a layer of gold, which allows us to deposit a broad range of different
materials. For evenly distributed sample films, which are thinner than the crystal,
the added mass on the resonator surface is proportional to the frequency shift (Δf ).
The adsorbed mass can be calculated by the Sauerbrey equation. During the oscil-
lation of the resonator, the energy dissipation (D) is an indication for the rigidity of
the adsorbed material [109, 191]. For frequency and dissipation calculations for a vis-
coelastic film in a liquid medium, the Voigt model can be used, where the Sauerbrey
equation may not be valid [109].

With QCM-D, it became possible to determine changes in the mass and rigidity
of an adsorbed layer, and information on the viscoelastic properties of adsorbed lay-
ers can be gained [109]. In 2015, the importance of the nanostructure of cellulose
thin films on the surface interactions and on the behavior of polysaccharide-based
materials in the presence of water molecules was studied by Tammelin et al. [192].
The water uptake behavior of chemically identical cellulose thin films on the one
hand from highly amorphous cellulose (prepared via spin coating) and on the other
hand from more crystalline cellulose (prepared via Langmuir–Schaefer deposition)
was investigated using QCM-D. Interestingly, it was shown that the nanoporous but
also partly crystalline cellulose films prepared via LS deposition adsorbed a higher
amount of water molecules when compared to the highly amorphous cellulose sub-
strates. This is a very surprising result as the tightly packed crystalline regions are
less permeable to water. The higher water uptake was assigned to the higher surface
area generated because of the presence of nanopores within the LS films [192].

As QCM-D can be employed for a wide range of applications, the technique is
frequently used in biomaterials science to study the, e.g., surface properties, adsorp-
tion behavior of proteins and polyelectrolytes, as well as the swelling behavior of
biopolymer thin films [192–197].

The probably biggest difference between SPR spectroscopy and QCM-D is that
in QCM-D, the adsorbed “wet mass” is measured, while in SPR spectroscopy, the
“dry mass” (without liquid) is determined. In QCM-D, the resonance frequency
of the sensor is dependent on the oscillation of mass including water, where the
“wet-mass” is determined. Generally speaking, in SPR spectroscopy, changes in
the refractive index near the metal surface are measured. Upon adsorption, the
angle at which plasmons are excited changes, and this angle is used to calculate the
adsorbed amount, indicating that the “dry-mass” is measured.

In 2014, Mohan et al. investigated protein adsorption on cationic cellulose
surfaces applying QCM-D and SPR spectroscopy [139]. They demonstrated that
the incorporation of charged species on cellulose thin films, via adsorption of
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cellulose-4-[N,N,N-trimethylammonium]butyrate chlorides with two different
degrees of substitutions (CMABCL and CMABCH), allow for controlling protein
adsorption of bovine serum albumin (BSA). Comparing QCM-D to SPR experiments
(Figure 6.17) performed at the same conditions, QCM-D results show a much higher
amount of deposited BSA on the surfaces as in QCM-D, bound water and electrolyte
are also considered (“wet-mass”). Overall, they demonstrated that the trend for
protein adsorption observed in QCM-D is reflected in the SPR spectroscopy study
as well and therefore the comparability of the two measurement techniques [139].

6.3 Conclusion

In the past 30 years, the use of cellulose thin films has become increasingly popular,
whereas the introduction of the spin coating technique boosted research in this area.
In the past years, the development of new thin-film systems has brought the opportu-
nity to adjust for film SFE, morphology, and degree of order. The main advantage of
the various thin films is that the films can provide an idealized 2D model of cellulose
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where interactions at the interface with a variety of species can be thoroughly stud-
ied. This involves in particular investigations into the structural aspects of cellulose
and how cellulose molecules assemble in thin films and as well as their effects on
water interaction and biomolecule affinity.
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7.1 Introduction

Throughout the history, polymers have played a crucial role in humanity. Natural
polymers, such as proteins, nucleic acids, and polysaccharides, are integral part
of living organisms; among others, they serve as basic building blocks of cell
components, represent an energy source for cell functions, and play a vital role in
maintaining biological functions [1, 2]. The technological progress in polymer sci-
ence over recent years has triggered remarkable achievements not only in high-tech
industries, but also in the field of biomedicine, where they continue to serve as
crucial components for new medical devices and therapies [3, 4]. Biopolymer-based
materials have already earned their place in modern medicine to treat medical
complications and diseases, as well as to improve the quality of life of patients [3].
Of particular significance to contemporary medicine is the development of artificial
organs [5] and drug/implantable devices in combination with electronics (e.g.
drug-eluting stents [6] and glucose biosensors [7–9]). Biomaterials interact with the
biological system through their surface; therefore, it is of great importance that the
used materials possess a biocompatible character (i.e. biomaterial integrates well
with host tissues) [3, 10]. Unlike traditionally used implantable materials, such as
metals, ceramics, and synthetic polymers, biomaterials do not raise concerns about
their degradation by-products (e.g. hydrolytic product carbon dioxide, which lowers
the local pH) after their administration to the body, which may cause an unwanted
immunogenic response (e.g. as a result of cell and tissue necrosis) [11]. A distinct
and multifaceted class of biomaterials, called biopolymers, are emerging candidates
with a wide range of biomedical applications. The term “biopolymer” implies one
type polymer composed of a few types of repeating units containing carbon that
are used in or originate from living organisms. Referring to this broad definition,
biopolymers encompass natural polymers (i.e. biomass), bio-based polymers,
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which are extracted from biomass or polymerized from bio-based monomers, and
extracted polymers produced in microorganisms [12].

Bio-based polymers are made from renewable sources, which means that they
are replenished by natural procedures at rates comparable or even faster compared
to their rate of use. Another important (bio)polymer feature is its biodegradability,
which specifies deterioration and potentially also a complete degradation of
materials’ chemical and physical characteristics under exposure to microorganisms
(aerobic and anaerobic), as well as other processes [1, 12]. However, both terms
do not go hand in hand, since biopolymers can be also formed from sustainable
(bio-based) crude materials, and are nevertheless not biodegradable, or they can be
synthesized from fossil fuels, and being biodegradable [1]. In addition, compared
to synthetic polymers, they differ on the structural level; biopolymers are (often)
complex molecular assemblies, whereas their synthetic counterparts have a simpler
and more random structure. This complexity of molecular structure that enables
the formation of precise and defined three-dimensional (3D) architectures is a
key property, which makes biopolymers active molecules in vivo [13]. Nowadays,
some biopolymers can directly replace synthetically developed materials in the
conventional applications in food production and packaging, unfolding new
opportunities for commercialization. Thus, established novel biopolymer com-
pounds with unique properties have been under the spotlight also in the area of
biotechnology and biomedicine [1]. Such applications include promising candidate
molecules/materials for development of various therapeutic devices, 3D porous
structures for tissue engineering, and drug-delivery systems. All mentioned can
be realized due to the nonimmunogenic degradation by-products of a wide variety
of base biopolymers [11]. However, there are still some crucial characteristics that
limit their even wider use. These include the normal homeostatic response to the
implantation injury, potential nonfavorable tissue or blood/device interactions (e.g.
clot formation or other complications), and lack of biocompatibility toward target
tissue cells, a limited in vivo functionality on the desired time-scale, including the
shelf-life of implants made thereof [10, 14–16].

The main objectives of this chapter are to provide a basic insight into widely used
(naturally derived) biopolymers for thin-film production in biomedical applications.
Subsequently, biopolymer-based materials with different stimulus responses (e.g.
temperature, pH, and redox reaction) are discussed. A substantial part is dedicated to
the use of these materials in personalized medicine (e.g. bioelectronics and biosen-
sors). A short overview of general approaches to overcome the instability of in vivo
implantable devices is also given.

7.2 Frequently Used Biopolymers

7.2.1 Cellulose

Cellulose is the most abundant macromolecule in the biosphere and is the basic
building block of the plant cell wall. Cellulose is not only found in the flora, but
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can also be produced by other living organisms such as various types of bacteria,
algae, and even some species of fungi [1, 17, 18]. Plant and bacterial celluloses are
chemically the same, β(1→4) linked glucans (Figure 7.1); however, they differ in
polymerization degree and microfibrils forming ribbons [17, 19].

Bacterial (or microbial) cellulose is more favored than plant-based, since it can
be acquired in higher purity and shows a higher degree of polymerization and crys-
tallinity index [1, 17, 19]. Moreover, its greater tensile strength and water-holding
potential compared to plant cellulose make it a more acceptable raw material for con-
structing high-precision acoustic speakers, high-quality paper, dessert foods [1, 20],
wound dressings [19, 21–23], and even skin substitutes [24, 25]. Regardless of the
source, cellulose and its derivatives have been recognized to be nontoxic in both
animal and humans [26, 27].

There are three main types of cellulosic polymers that are generated by chemical
alteration of cellulose for film and fiber fabrications: (i) cellulose esters (e.g. cellulose
nitrate and cellulose acetate, CA), (ii) cellulose ethers (e.g. hydroxyethyl cellulose
and carboxymethyl cellulose, CMC), and (iii) regenerated cellulose [1, 18]. Among
the latter cellulose, ethers are extensively used in various pharmaceutical [28, 29]
and biomedical applications [25, 27].

7.2.2 Starch

Similar to cellulose, starch is a naturally occurring carbohydrate polymer that is
highly available in nature from diverse sources, mainly from cereals (e.g. wheat,
corn, and rice) and from tubers (potato) [1, 30]. The main building blocks are two
homopolymers of D-glucose, amylose, and amylopectin. Amylose (Figure 7.2a) is
almost a linear polymer with α-D-(1→4) glycosidic linkages, while amylopectin
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Figure 7.2 Structure of (a) amylose molecule, and (b) amylopectin molecule.
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(Figure 7.2b) is a highly branched structure of short α-1, 4 chains linked by α-1, 6
bonds at branching points that occur every 24–30 glucose units [31].

Polysaccharides are known for their film-forming properties, which can be
obtained owing to the diversity of available polysaccharides. Starch has been
intensively investigated to achieve renewable and biodegradable films due to its
wide accessibility, low cost, and its functional diversity. The amylose/amylopectin
ratio defines the mechanical properties of starch films; linear amylose favors good
film properties compared to branched amylopectin. Starch films contain residual
water that has a significant effect on the glass transition temperature, therefore
affecting the materials mechanical properties [30].

Native starch normally has a granular structure and a hydrophilic character. For
the various industrial applications of starch films, the native starch must be destruc-
turized. Because of its hydrophilic nature, the internal interactions and morphology
of starch are altered by water molecules [1, 30]. Plasticizers (e.g. glycerol) can be used
to overcome limitations of the destructurized process by improving the processing
and flexibility of starch films. Moreover, the incorporation of plasticizers reduces
the polymers’ intermolecular forces, increasing the mobility of the polymer chains,
enhancing mechanical properties [32–34], and affecting the water barrier property
of the films [35].

The use of starch in the pharmaceutical industry is ubiquitous; it is commonly
used as a copolymer and excipient in controlled drug delivery, as a drug carrier in tis-
sue engineering scaffolds [36], as part of hydrogels [37], and as a solubility enhancer
[33]. In addition, in the form of nanoparticles, it has been applied for noninvasive
delivery of insulin [38, 39]. Functionalized starch films have been also proposed as
part of materials for colorimetric cyanide detection [30].

7.2.3 Chitin and Chitosan

After cellulose, chitin is the second most abundant biopolymer in nature [40, 41]. It
is a primary component of the cell wall of many fungal species, the exoskeleton of
mollusks and crustaceans, it can be also found in the cuticle of insects, and forms the
backbone of squids [40]. It is an acetylated homopolysaccharide (Figure 7.3) made
up of N-acetyl-D-glucosamine groups linked by β(1→4) linkages. Since it is chemi-
cally related to cellulose, its insolubility and low chemical reactivity also resemble
the ones of the latter [1, 40].

Chitosan, which is the most important and practical derivate of chitin, is a
polysaccharide with a high content of amine and hydroxyl functionalities [38]. In
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Figure 7.3 Structure of chitin molecule, showing
two of N-acetylglucosamine units that repeat to
form long chains in β(1→4)-linkage.



7.2 Frequently Used Biopolymers 243

Figure 7.4 Molecular structure of
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contrast to chitin, chitosan is not common in nature; however, a limited number
of zygote fungi can synthesize it, and it is present in the wall of the termite queen.
Chitosan (Figure 7.4) is produced on an industrial scale by partial and controlled
chitin deacetylation. As a result, chitosan is a linear polysaccharide composed
of randomly distributed β(1→4)-linked D-glucosamine (deacetylated unit) and
N-acetyl-D-glucosamine (acetylated unit) [1, 42].

This natural amino-polysaccharide has gained progressive attention in treatment
[43–45] and purification fields due to its high binding capacity, wide availability,
and unique functionalities [38]. Amino and hydroxyl groups of chitosan enable
absorption of anionic dyes, macromolecules, and heavy metals [41]. Beside being
adsorptive, some other properties like solubility in water, high degree of shrinkage
after drying, diversity of derivatives, and high polarity make chitosan a versatile
and advanced biofabrication material [41, 46].

Both cationic polysaccharides and their derivatives have practical applications
in different areas, among others in biotechnology, medicine, and pharmaceutical
industry. The capability to control drug release of chitosan is mainly related to
its swelling property, the partial dissolution or erosion in film structures, and the
often-present drug–polymer interactions. Therefore, chitosan has been utilized as a
tablet binder [47], and as part of unique drug-delivery vehicles [48, 49]. Chitosan
also has a pronounced role in wound management due to its antibacterial activ-
ity [43, 44] and a proven positive effect on wound healing in general [50]. Different
chitosan-based materials were also successfully employed in bone tissue engineer-
ing as a coating or as a source of mechanically stable scaffolds [43]. Chitosan-based
wound dressings or coatings on medical implants distribute bioactive substances
in two routes: (i) by conveying bioactive ingredients or (ii) by their endogenous
activity [1, 43]. In addition to the aforementioned applications, chitin and especially
chitosan films have been found as an important biomaterial in biosensor technology
that incorporates the analyte-selective biological component [46, 51].

7.2.4 Alginate

Also called alginic acid, this anionic polysaccharide is distributed widely in cell walls
of brown algae (e.g. Laminaria sp. and Macrocystis sp.). Apart from that, it is a signif-
icant component of the biofilm produced by two bacteria genera Pseudomonas and
Azobacter. Structurally, alginates (Figure 7.5) are linear unbranched polymers com-
posed of (1-4)-linked β-D-mannuronic acid (M) and α-L-guluronic (G) blocks, which
are (depending on sources) sequentially distributed in either repeating or alternating
blocks [52].
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Figure 7.5 Structure of alginic acid.

Commercially, alginates for large-scale applications are refined from brown sea-
weeds [1], whereas bacterial ones (from Azotobacter vinelandii) are useful for pro-
duction of micro- and nanostructures for medical applications [53]. Alginates from
different species of brown seaweeds often have variations in their chemical structure.
The key property of alginate is its tendency for gelation in presence of cations (com-
monly calcium ions, Ca2+, are used). Only the G-blocks are believed to be involved
in intermolecular cross-linking with divalent cations, and the gelation mechanism
is known as an “egg-box” model. In the presence of Ca2+, chain–chain junctions
are formed between adjacent G-blocks [54, 55]. The mechanical properties of the
gel can be tailored through variation of the composition sequence (i.e. M/G ratio),
G-unit length, molecular weight, and concentration of the polymer in the resultant
gel, as well as with the selection of cross-linking ions. Alginates with a higher ratio of
G-units are prone to yield hydrogels with greater mechanical stiffness and strength
compared to those with a higher M-unit ratio [56].

Sodium alginate is a widely used alginate form across a wide variety of industries,
including production of stabilizers, viscosifiers, and gel-forming, film-forming, or
water-binding agents [57]. Moreover, alginate is used as an ingredient in various
pharmaceutical preparations for controlled drug delivery [58, 59] and for inhibi-
tion of gastric reflux (e.g. Gaviscon) [60]. The scope of its applications also includes
wound management in the form of wound dressings [21, 22, 61]; when alginate
merges with the wound exudates, ion exchange occurs between the Ca2+ of the algi-
nate and the sodium ions (Na+) in the exudates causing the formation of a gel on the
surface of the wound [62].

7.2.5 Gelatin

Gelatin is a single-stranded protein obtained from collagen, which is accessible in
animal connective tissue, skin, and bones, by hydrolytic degradation [1, 63–65]. It
consists mainly of glycine, proline, and 4-hydroxy proline residues. The degree of
hydrolytic degradation depends on the pretreatment and is affected by the temper-
ature and pH during pretreatment, as well as by extraction time. In general, two
different types of gelatin are synthesized depending on collagen sources and the
extraction method, which also contributes to differences in physicochemical fea-
tures. Acid treatment is especially suitable for less fully cross-linked materials (e.g.
porcine skin collagen) and usually requires 10–48 hours.

On the other hand, alkaline treatment is used mainly for more complex collagen
(e.g. bovine skin collagen) and is more time-consuming process (requires several
weeks) in order to destroy certain chemical cross-links still present in collagen. The
gelatin obtained with acid hydrolysis is known as gelatin type A. In contrast, the
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one produced with alkaline hydrolysis is referred as gelatin type B. During the basic
reaction conditions, the amide groups of asparagines and glutamine are hydrolyzed
into carboxyl groups, thus converting many of these residues to aspartate and gluta-
mate [1, 64, 65]. This reaction is characterized with the formation of negative charges
along the backbone of gelatin type B at physiological pH, while gelatin type A is pos-
itively charged. It has been reported that the isoelectric point of gelatin can affect
the biocompatibility. Gelatin type B displays better biocompatibility as compared
to type A, probably due to the more rough basic treatment conditions used for its
preparation [64].

Beyond its traditional use in food and cosmetic industries, gelatin has exhibited
many attractive aspects for applications and improvements in the biomedical field.
Among its main advantages are the low cost, abundance, high biocompatibility,
biodegradability coupled with low immunogenicity, and cell-adhesive structure.
All mentioned benefits make gelatin a desirable candidate to be applied for
drug-delivery systems, tissue engineering, as well as for cell-based therapy [65].
Moreover, the gelling properties of gelatin can be altered by chemical cross-linking,
which is an appealing approach for many researchers in developing controlled
release drug-delivery vehicles [63]. Gelatin films exhibit transparency, flexibility,
strength, and oxygen permeability. Since they are also characterized by rapid
dissolution in gastric fluids, gelatin is still material of choice for the encapsulation
of bioactive substances. Contingent on the types, gelatin can undergo polyion
complexation having positive or negative-charge therapeutic agents [63, 65]. Its
hydrophilic behavior and good gas barrier features make gelatin a valuable biopoly-
mer material also for designing novel wound dressings. Its high absorptive capacity
would prevent fluid accumulation in the wound by absorbing excess water and cell
debris [66]. Gelatin also possesses reversible thermally responsive self-assembling
properties that can contribute to additional functionalities. Recently, gelatin has
been integrated into biosensing and “smart” bioelectronics applications [67].

7.2.6 Polyhydroxyalkanoates (PHA)

Polyhydroxyalkanoates (PHA) are a family of biodegradable and biocompatible
polyesters of β-, γ-, δ-, and ε-hydroxy alkanoic acids that are synthesized by different
bacteria (e.g. intracellular carbon sources and energy-storing granules). They
are distinguished mainly by the location of the hydroxyl group in relation to the
carboxyl group. Apart from that, the length of the side-alkyl chain marks them
off, substituents in the side chains, and an additional methyl group at carbon
atoms between the hydroxyl and the carboxyl groups [68, 69]. Majority of PHAs
are synthesized from renewable materials by fermentation. Often the production,
in general, is found in combination with a shortage of nitrogen (noncarbonaceous
nutrient) [69]. Depending on the nature of carbon source and the metabolic
differences in microorganisms, PHAs are separated in three classes: (i) short-chain
length PHA (scl-PHA, carbon numbers of monomers ranging from C3 to C5), (ii)
medium-chain length PHA (mcl-PHA, C6–C14), and long-chain length (lcl-PHA,
>C14) [69, 70]. Of particular interest are functionalized groups in the side chain
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poly(3-hydroxybutyrate) (PHB), the
first and most widely spread
polyhydroxyalkanoate (PHA).

that allow further chemical modification. Together with the length of the side
chain, they influence the properties of the bioplastic (e.g. melting point, glass
transition temperature, and crystallinity). Moreover, the average molecular weight
and its distribution are dependent on the carbon source [69]. There are presently
many commercially important PHAs available including poly(3-hydroxybutyrate)
(P3HB) (Figure 7.6), poly(3-hydroxybutyrate-co-3-hydroxyvalerate (PHBHV),
poly(3-hydroxybutyrate-co-4-hydroxybutyrate) (P3HB4HB), and poly(3-hydroxy-
butyrate-co-3-hydroxyhexanoate) (PHBHHx), which are obtained from bacterial
fermentation [1].

Alteration of PHA monomers in their structures and composition has led to the
development of biodegradable and biocompatible polymers with highly specific
mechanical features. These are advantageous in numerous biomedical applications,
including drug encapsulation, surgical sutures, wound dressings, tissue scaffolds,
and various surgical and orthopedic implants. Their processable and biodegradable
properties make them the standard choice for drug-delivery systems. In addition,
the porosity and tunable properties (formation of films and nanoparticles) allow
easy containment of bioactive substances (e.g. drugs, vaccines, steroids, and
hormones) [71].

7.2.7 Polylactic Acid (PLA)

Poly(lactic acid) (PLA), also known as polylactide, belongs to the family of aliphatic
polyesters, which are usually produced by the polymerization of lactic acid from
renewable raw materials such as corn starch, tapioca products, or sugar cane. It is a
thermoplastic, high-strength, and high-modulus polymer that is derived from 100%
biodegradable and renewable polymer lactic acid (Figure 7.7) [73]. The latter exists
as two stereoisomers, L- and D-lactic acid, which can be synthesized biologically
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(ROP). Source: Maharana et al.
[72]/with permission of Elsevier.
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(fermentation of carbohydrates by lactic bacteria) or chemically (ring-opening poly-
merization with catalysts, ROP, or polycondensation of lactic acid, PC) [1, 72, 73].

Their thermal, mechanical, and biodegradation properties are largely dependent
on the chirality of the primary monomer (L- or D-lactic acid), as well as relate to
their ratio and distribution within the polymer chains. Polymers with high L-form
produce crystalline products, whereas the higher D-isomers (>15%) result in an
amorphous product. Similar to other polymers, the qualities of PLA depend on
their molecular features and ordered structures, including crystalline thickness,
crystallinity, morphology, and degree of chain orientation [1, 72]. The degree of
crystallinity is the most important speed-determining factor for the biodegradation
of solid polymers. Besides that, biodegradation is also influenced by solid-state
morphology and primary chemical structure [72]. In general, the D- and L/D-forms
degrade more rapidly than the L-form [72, 74].

PLA has become one of the most popular biopolymers in biomedical appli-
cations due to its biodegradability, biocompatibility, good mechanical strength,
thermal plasticity, and potential hydrolysis in the human body. It has been used
for stents, sutures, dialysis media, and also for controlled-delivery devices, such as
microparticles or implants for drugs [1, 75].

7.2.8 Biopolymer Composites

Composites synergistically combine two or more phases (matrix and reinforcing
component) in order to produce a new material with novel properties unique to
either component alone [65]. The term “biopolymer composites” comprises mate-
rials that incorporate one or more component(s) from a biological origin, and in
which at least one constituent is bio-based or biodegradable. For true biocompos-
ites, it is desired that the matrix (i.e. primary phase with a continual character),
which is polymer, be made predominantly from sustainable resources. The matrix
serves as a binder of reinforcing components together, providing mechanical sup-
port, as well as directs most of the physical and chemical properties of the com-
posite. Besides, it blends filler particles and allows for shaping products thoroughly.
However, additional enhancement of selected material qualities is specified by the
reinforcing component. Polymer reinforcements are typically used to improve the
mechanical features of resulting biocomposite by giving the stiffness and strength
to the polymer matrix. In addition to the implementation of mechanical properties,
biopolymers are often blended to reduce the overall degradation time and improve
the water and gas barrier properties [1, 12].

The unique combination of favorable properties of different materials has been
attributed to their establishment in medical applications. In the field of tissue engi-
neering, they are of great significance because they play a critical role through cell
seeding and proliferation, and also the formation of new tissue in 3D [76]. They
are also a suitable material for the development of various medical implants (e.g.
stents and barrier membrane), drug- and bioactive-agent-delivery systems, and bio-
electronics (e.g. biosensors, thin-film transistors, and interfaces) [1, 76, 77].
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7.3 Stimuli-Responsive Biopolymer Thin Films

As the name implies, stimuli-responsive materials possess environmentally sensitive
modalities within their structures that enable conformational and chemical changes
in response to their environment (e.g. temperature, pH, ionic strength, and redox
reactions) [27, 78, 79]. These polymers undergo reversible phase transitions involv-
ing changes in their solubility and/or in their dynamic and equilibrium swelling
properties [78, 80]. The stimuli can be derived from an alteration in polymers’ envi-
ronment, such as temperature, pH, chemical composition, or applied mechanical
force, or that can be triggered exogenously through irradiation with light or expo-
sure to an electric and magnetic field. This stimuli-responsive behavior is playing an
increasingly important part in the design of “smart” biomaterials for diverse biomed-
ical applications, such as drug-delivery systems, diagnostics, tissue engineering, and
biosensors [79]. By modifying molecular structure parameters or external conditions
(e.g. pH, temperature, and redox state), the variety of structures and characteristics
of stimuli-responsive biopolymers can be finely tuned [27].

7.3.1 pH-Responsive Biopolymers

The human body is a complex biological system, and it is known that pH values differ
significantly not only in different tissues or organs (e.g. stomach, liver, and kidney),
but also in pathophysiological states such as ischemia, infection, inflammation, and
tumor development, mainly due to the different rate of glycolysis in abnormal (i.e.
diseased) tissue [81]. Polymers that react to pH changes (i.e. pH-sensitive polymers)
are a class of polyelectrolytes with ionizable (e.g. acidic or basic functional) groups
in their backbone and side or end groups. Hence, the ionization level of the pen-
dant group alters strongly around the pKa, resulting in dramatic changes in their
conformation. These pH-sensitive conformational changes can be formed in three
different ways: (i) dissociation, (ii) destabilization (via collapse or swelling), and in
the case of drug delivery, (iii) changes of partition coefficient between the bioac-
tive agent and vehicle [78, 81]. In biomedicine, polysaccharides are an attractive
source of polyelectrolytes of natural origin due to their biocompatibility, biodegrad-
ability, and similarity to native extracellular matrix (ECM). Natural polyelectrolytes
include numerous anionic macromolecules, such as alginate, hyaluronic acid, and
others, whereas chitosan, an N-deacetylated derivative of chitin, is the only cationic
polysaccharide found in nature [78].

Their importance is related to the potential exploitation of their selective response
to environments with variable pH values. For example, the pH value in tumor and
inflammatory tissues is known to be acidic, and as such, differs from “healthy” cell
compartments. By using layer-by-layer (LbL) films composed of pH-responsive poly-
electrolytes, it is possible to create a pH-triggered drug-delivery system, as shown in
Figure 7.8 [82].

The mechanism behind such drug-delivery systems relies on the embedment of
a drug (or other bioactive substance) into LbL film, which is then released upon
alteration in the pH through enhanced permeability of the film or decomposition
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Figure 7.8 Schematic presentation of a
designed pH-sensitive thin film for
drug-delivery application. Source: Sato et al.
[82]/with permission of Elsevier.

of the film entity. The former may lead to an accelerated diffusion of the incor-
porated (in situ entrapped) drug molecules out of the film [82, 83]. An example
of such an approach was shown by Jiang and Li, who prepared biocompatible
LbL films composed of poly(L-glutamic acid) (PLGA) and poly(L-lysine) (PLL).
These films were used for tuning the release of antibiotic drugs, cefazolin and
gentamicin [83]. This antibiotic-loaded polypeptide films showed antibacterial
properties against Staphylococcus aureus (S. aureus). Authors claimed that proposed
PLGA/PLL films can load both positively and negatively charged drug molecules
[83]. Another example represents the approach reported by Feng et al., who con-
structed pH-responsive drug-delivery nanocarriers combining mesoporous silica
nanoparticles (MNSs) and biocompatible polyelectrolyte LbL films composed of
an alginate–chitosan mixture [84]. Both used naturally occurring polysaccharides
act as pH-sensitive gatekeepers and a biocompatible shell layer. Under specific
pH conditions, the negatively charged carboxylate acid groups of the alginate can
form ionic bonds with the positively charged amino groups of the chitosan to
produce a pH-sensitive polyelectrolyte complex [84–86]. As a proof of concept, the
anticancer drug doxorubicin (DOX) was loaded into such nanocarriers, and the
authors evaluated the pH-responsive in vitro and in vivo drug release. The DOX
release rate was much faster in an acidic environment than under neutral and basic
conditions. At lower pH values, the amino groups on chitosan become progressively
ionized, leading to increased electrostatic repulsion between the DOX molecules
and the ionized amino groups that may cause a rapid drug release. At the same
time, the carboxylated groups on alginate become less negatively charged, which
would contribute to the reduction of the electrostatic attraction between alginate
and DOX and results in increased DOX release [84].

Polyelectrolytic hydrogels that are pH-sensitive are known for their ability to
undergo dramatic changes that influence their volume, elasticity, and mass by
slightly altering the pH of the system [87]. In the form of thin films (2D) can be
used not only as drug-delivery systems but also for the development of sensors
[78, 87]. Owing to their polyelectrolyte character, these hydrogels can be applied
for entrapping bioactive molecules, such as enzymes and antibodies. An elegant
(and also most prominent) example is the immobilization of the enzyme glucose
oxidase (GOx) [78, 88]. In the presence of glucose that diffuses into the hydrogel,



250 7 Biopolymer Thin Films as “Smart” Materials in Biomedical Applications

GOx catalyzes the glucose to gluconic acid, lowering the local pH, which in turn
promotes the swelling of the hydrogel that leads to volume phase transition [88].
This concept was used for designing an insulin-releasing system in response to glu-
cose concentration [89]. The system consisted of poly(acrylic acid)-grafted porous
cellulose film with immobilized GOx; the oxidation of glucose decreases the pH in
pores region, resulting in a collapse of the pH-responsive polymer. Consequently,
that leads to the opening of the pores and the release of insulin [89].

7.3.2 Thermo-Sensitive Biopolymers

The temperature may act as both an external and internal (e.g. elevation of body
temperature during fever) stimuli. Thermo-sensitive polymers, especially hydrogels,
are the most frequently investigated class of stimuli-responsive polymeric systems
[90]. This mechanism exploits a critical solution temperature at which the phase
of the polymer (and hence of the solution) is changed based according to its com-
position [91]. Based on the origin of their thermo-sensitivity they can be classified
into two groups, a lower critical solution temperature (LCST) and an upper critical
solution temperature (UCST), which are temperatures below and above the phase
separation of the polymeric solution. In other words, at temperatures below LCST,
the system is completely miscible in all ratios; otherwise, partial liquid miscibility
occurs [90, 91]. Polymers with LCST are generally more relevant for biomedical
applications. They are most widely used in drug-delivery systems [90, 91] and for
applications related to cell-based biochips [92]. Most of the thermo-responsive
polymer systems are synthetic such as widely used poly(N-isopropyl acrylamide),
PNIPAAm, that exhibits a LCST close to body temperature [91]. As an alternative,
biomimetic approaches have been used to synthesize polypeptides, inspired by
mammalian protein elastin, that possess similar thermo-responsive properties
as PNIPAAm [78]. Recombinant methods have been employed to synthesize
elastin-like polypeptides (ELPs), protein-based biopolymers that show thermal
inverse-phase transitional behavior in response to temperature changes. They
are water soluble at room temperature but precipitate above their LCST (e.g.
around 40 ∘C) due to aggregation caused by hydrophobic interactions. Besides rapid
temperature response, the ELPs have been excelling at two features: (i) reversible
control of cell adhesion and (ii) nontoxic character (Figure 7.9) [78, 92].

The ability to tune the temperature behavior of ELPs, coupled with non-toxicity,
has opened doors for the establishment of these materials in various medical appli-
cations, e.g. in drug- and gene-delivery systems, “smart” surface platforms for the
development of bioelectronics, and in tissue engineering [92–94].

T>Tt

T<Tt

Figure 7.9 Reversibly controlled cell
attachment and detachment on the
thermo-responsive elastin-like polypeptide
(ELP) surface. Source: Na et al. [92]/with
permission of American Chemical Society.
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7.3.3 Redox-Sensitive Biopolymers

Oxidative processes enable simple modification of material’s behavior. Oxidants are
extremely common in biological systems, and they are generally associated with
inflammatory events, where reactive oxygen species (ROS) and reactive nitrogen
species (RNS) can play as signaling and toxic molecules [95, 96]. Redox-sensitive
biopolymers have been recognized as a fascinating class of biomedical materials for
the development of sophisticated drug- and gene-delivery systems [95–97]. These
materials usually contain disulfide bond(s) in the main chain, at the side chain, or
in the cross-linker, which may be prone to rapid cleavage under a reductive environ-
ment via thiol–disulfide exchange reactions [97]. Thiol–disulfide reactions, which
are rapid and readily reversible, are pivotal in maintaining proper biological func-
tions of living cells, such as stabilization of protein structures, enzymatic activity,
and redox cycle. Disulfide groups are frequently incorporated to provide responsive-
ness to conditions characteristics of the intracellular environment. Small variations
in redox potential specify this environmental responsiveness, but it is remarkably
affected by entropy. As a result, such materials will swell/dissolve, or alternatively
shrink/harden [95].

For designing redox-sensitive drug-delivery systems in tumor tissues, one of
the common strategies is the reduction of the disulfide by glutathione (GSH),
specifically in tumor cells. The reason behind this approach is that the cancer
environment displays a more reductive potential compared to healthy tissue due to
lower oxygen partial pressure. The correlated shift in redox potential is associated
with higher concentrations of reduced GSH [98]. Higher concentrations of GSH
are also found in the intracellular compartments that are present in reduced form,
compared to extracellular compartments, which are in the oxidized form [99, 100].
In organisms, GSH is involved in more than one physiological function. Besides
acting as an antioxidant agent, it is also known as a reducing agent, especially
for the disulfide bond. Proteins connected by a disulfide bond or to the protein,
which has an intramolecular disulfide linkage(s), receive electrons from the GSH,
resulting in oxidation of the GSH to glutathione disulfide [98]. Durney et al. [101]
have described a proof-of-concept method to fabricate functional chitosan-based
hydrogel thin film. The authors claimed that the proposed approach could easily
confer stimuli-responsiveness to chitosan films, which have been demonstrated
through a degradation response of synthesized film upon exposure to glutathione
or free amino acids. Such properties expand the scope of potential utilization in
biosensors and actuators [101].

7.4 Biomedical Applications of Biopolymers

7.4.1 Drug-Delivery Systems

Instead of developing new drugs or bioactive compounds (which involve addi-
tional costs), many pharmaceutical companies are keen to improve current
controlled-delivery technologies. Since they are usually biocompatible and easy to
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Table 7.1 Examples of biopolymers commonly used in controlled-delivery systems.

Biopolymer Properties

Collagen and gelatin ● Very good film-forming ability
● Utilized for preparation of sterile films,

ophthalmic films, and sterile sponges
Chitin and chitosan ● Superior film-forming ability

● Chitosan facilitates the transport of polar
drugs across epithelial surfaces

● Cell-binding activity; cationic
polyelectrolyte structure enables binding
to the negative charge to the cell surface

Alginate ● Immobilization matrices for cells and
enzymes, controlled release of bioactive
molecules

● Excellent film-forming ability
● Compatible with most water-soluble

thickeners and resins
Cellulose derivates
(hydroxypropyl methyl cellulose,
carboxymethyl cellulose, hydroxypropyl
cellulose)

● Improved the residence time of alginate
films

● Good compatibility with starch forming
single-phase polymeric matrix film with
improved mechanical and barrier
properties

● Used for controlled and/or delayed
release of drug substances

adapt, biopolymers are the first choice for developing controlled release matrices
(e.g. see Table 7.1).

In addition, compared with the traditional dosage forms, thin films have been
identified as versatile alternative platforms for drug-delivery systems [102, 103].
Designing an ideal release mechanism for controlled drug and/or bioactive com-
pounds remains the weakest link in developing such systems [104]. However, with
careful design of the thin-film formulation and with the phenomenon of “smart”
(i.e. stimuli-responsive) polymer materials, some advances have been made in this
direction [103–105]. Thin-film formulations are useful in several aspects, including
convenient administration through noninvasive routes, ease of manufacturing
process, and cost-effectiveness in the development of formulations. So far, polymer
films/coatings were applied mainly as tools to ameliorate biocompatibility of the
underlying matrices with controlled release capability. Recently, a novel strategy
of surface-mediated drug delivery has emerged, in which polymer thin film plays
double role, (i) as a coating to modulate surface properties for cellular adhesion and
proliferation and (ii) as a reservoir for an active therapeutic molecule [103, 105].
Polymers represent the backbone of film formulations, and they can be used alone
or in composite to achieve the desired film properties. Accessibility of various
polymers allows tailoring specific properties in the films [103, 106]. The kinetics
of drug release from polymer vehicles depends primarily on the material used,
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Figure 7.10 Ibuprofen-loaded chitosan film for potential oral mucosal drug-delivery
system. Source: Tang et al. [107]/with permission of Elsevier.

especially its swelling properties, and the morphology of the designed system.
Release mechanisms (chemical or physical) always involve diffusion. The latter
is primarily reliant on the physicochemical features of used materials as well as
the solvent–polymer interaction [102, 103]. For degradable drug-delivery systems,
controlled release is imposed by the cleavage of the polymer bonds, regardless
of the diffusion rate of the liberated therapeutic molecule [102]. The anatomical
and physiological characteristics of different tissue and organs differ; thus, routes
for the administration and the target sites have an important part in the develop-
ment of controlled-release drug systems. Alterations in pH or temperature may
cause an increase or decrease in the erosion and dissolution rates of biopolymers
(such stimuli-responsiveness is described in previous section). Briefly, upon a
contact with biological fluids, the polymeric films start to swell following polymer
chain relaxation and consequently drug diffusion. The release of drug is directly
correlated with the polymer structure; namely, the linear amorphous polymers
dissolve much faster compared to cross-linked or partially crystalline polymers
[102]. Tang et al. [107] have demonstrated ibuprofen-loaded chitosan films suitable
for oral mucosal drug delivery (Figure 7.10), which were characterized with high
water uptake and antibacterial effects. The ex vivo release study revealed that
proposed formulations could deliver ibuprofen across the rabbit buccal mucosa in
a sustained and controlled route.

While several applications of loading low-weight-molecular drugs into biopoly-
mer thin films are often successful in their own right, some researchers believe that
the success of these undertakings is case-specific limited. In such systems, it can be
increasingly challenging to engineer specific release profiles, especially in terms of
codelivery of multiple drugs [105].

7.4.2 Wound-Healing Materials

As mentioned several times throughout the chapter, biopolymers possess various
beneficial properties, including the ability to absorb large quantities of water when
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Table 7.2 Commonly used biopolymers and their biological role in wound healing.

Biopolymer Biological role

Collagen ● Induces fibroblasts proliferation
● Induces secretion of ECM components by fibroblasts
● Reduces tissue contraction and scarring

Chitosan ● Induces fibroblasts and keratinocytes proliferation and
migration

● Antifungal, antibacterial, hemostatic, and muco-adhesive
properties

Alginate ● Induces fibroblasts proliferation and migration
● Stimulates monocytes
● Absorbs wound exudate and maintains moist

microenvironment
Cellulose ● Retention of moisture, absorption of exudates

● Acidic cellulose promotes healing properties in cutaneous
wounds

in the dry state and donate water when they are hydrated [108]. The latter is an ideal
feature also for skin-related applications (e.g. wound treatment) since it enables the
absorption of excess water and cell debris from the wound and, at the same time,
keeping the moist environment, and hence, promoting the healing process [22, 109].
Moreover, in combination with an analgesic treatment, biopolymer thin films also
represent an excellent platform for functional wound dressings, where a controlled
and targeted delivery of pain-relieving analgesic drugs is a prerequisite [21–23, 61,
110]. Biopolymers that are widely used as wound dressing materials mainly fall into
categories of polysaccharides and proteins (e.g. see Table 7.2). These biomaterials are
also attractive candidates for so-called bioactive wound-healing dressings that play
an active part in the wound-healing process. They have the advantage of forming
part of the native tissue matrix (e.g. collagen), which are biodegradable, and some
of them are actively involved in new tissue formation [109].

The dominant position as a wound-healing biomaterial among polysaccharides
has alginate, which is the first choice for moderate-to-heavily exuding wounds
[109]. The primary reason for its use lies in its potential to absorb 15–20 times its
weight of wound fluid, which is beneficial to maintain wound exudate [111]. In
addition, alginate-based wound dressings can easily be removed from the site of
application, avoiding the wound reopening [109]. This is related to the swelling
mechanism of calcium alginate. On contact with the wound exudate, it comes
to an exchange between sodium ions (Na+) in exudate and Ca2+ in the alginate,
allowing the alginate to solubilize. After this ion-exchange process, the tightly
bound Ca2+ in alginate dressing is replaced with loosely bound Na+ that results in
swollen hydrated alginate dressing [108]. Since they require moisture for functional
efficacy, they are not suitable for dry wounds and those covered with hard necrotic
tissue [109].

Collagen is one of the key components in the natural wound-healing process from
the induction of clotting to the formation and an outward of scarred tissue [112, 113].



7.4 Biomedical Applications of Biopolymers 255

Collagen films have been widely used in wound treatment primarily as a barrier.
Collagen-based wound dressings have a long history in the management of burn
wounds and the treatment of ulcers. A combination of collagen with alginate has
shown positive effects in promoting the inflammatory phase of wound healing while
imparting mechanical strength, which is a feature of collagen fibrils. Collagen dress-
ings that have attached a semi-occlusive polymer film to its outer surface are bacte-
rial resistant as well as to further mechanical trauma, and they provide proper air and
vapor permeability. As such, they reduce contraction and scarring with an increased
epithelialization rate, making them the material of choice for burn care [113].

Chitosan is another natural material with a high potential in wound treatment.
It is of particular interest for burn healing, due to its beneficial intrinsic prop-
erties, including hemostatic, bacteriostatic, and fungostatic activity, as well as
wound-healing acceleration properties [62, 114, 115]. It stimulates cell proliferation
and histoarchitectural tissue organization. As hemostat, it aids in natural blood
clotting and blocks nerve endings, reducing pain. During gradual depolymerization
of chitosan, released N-acetyl-b-D-glucosamine initiates fibroblast proliferation,
assists in ordered collagen deposition, and stimulates the increased level of natural
hyaluronic acid synthesis at the wound sites [62].

7.4.3 Bioactive Coatings for Medical Devices and Implants

Biofouling (i.e. fouling due to proteins, bacteria, etc.) is of great concern in various
applications ranging from food packaging to industrial and marine equipment, and
from biosensors to biomedical implants and devices. The latter are susceptible to bio-
logical erosion, bacterial colonization, and biofilm formation, which can lead to the
inflammatory responses in the host. To some degree, all biomaterials interact with
the surrounding tissue, and these biomaterial–tissue interactions, including both the
effects of the biomaterial on host tissue and the effects of the host on the biomate-
rial, represent a substantial challenge associated with medical devices and implants
[116]. The nature of the biofouling layer is mainly dependent on the surface of the
biosensor or medical implant and the wound-healing state of the surrounding tissue
[117]. Protein fouling on biological implants reduces the device’s efficacy and may
also result in harmful side effects, such as thrombosis. Furthermore, the subsequent
formation of the protein layer on the surface of biological implants creates a cultur-
ing condition for microbial colonization, followed with biofilm formation that can
lead to life-threatening infections [118, 119]. The solution to most of the undesir-
able effects (e.g. biomaterial-mediated inflammatory and biofouling events) lies in
surface modification of the tissue–biomaterial interface. The two major strategies
to prevent surface fouling are based on (i) preventing biofouling molecules from
attaching or (ii) degrading them [116–118]. While protein-resistant coatings/films
may also hinder bacterial attachment and subsequent biofilm formation, in order to
overcome the fouling-mediated risk of bacterial infection, it is highly preferable to
design coating also with bactericidal properties.

Although the immobilization of poly(ethylene glycol) (PEG) is one of the most
typically used strategies to impart protein resistance to a surface, polysaccharides
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(e.g. cellulose, chitosan, CMC) are also regarded as promising materials for creating
antifouling surfaces [118, 119]. Mohan et al. [119] have developed functional coat-
ing based on CMC, chitosan, and partially deacetylated CA that exhibited antifoul-
ing behavior. In the field of biosensors, cellulose and its derivatives are commonly
used for reducing biofouling on biosensors. Conversion of hydroxyl groups of cel-
lulose into acetates or amines significantly decreases complement activation [117].
Ammon et al. [120] found that cellulose-based coating enables prolonged functional
longevity of biosensor in undiluted blood.

Within the clinical environment, bacterial colonization and associated biofilm
formation is one of the main causes of chronic infections. In general, approaches
to eliminate microbial biofouling are to (i) attach biocidal nanomaterials, such as
silver, copper, selenium, and titanium dioxide on the surface or (ii) incorporate
commercial antibacterial agents that are concurrently released from polymer med-
ical devices. However, the ever-growing widespread resistance of microbes toward
antimicrobials emphasizes the development of “green” (i.e. biopolymer-based)
strategies that mitigate the initial attachment of microbes [121]. In this regard, plant
derivatives are ideal candidates due to the polydispersity of essential oils, known
for their antimicrobial properties, without triggering bacterial resistance [122, 123].
Because of their intrinsic antimicrobial properties and applicability to a plethora
of biomedical applications, bioactive chitosan films featuring naturally derived
essential oils are emerging candidates for decreasing bacterial contamination on
medical devices and implants. These natural plant and polysaccharide-based films
can be used, among others, as a bioactive coating on indwelling medical devices
[122, 124].

7.4.4 Bioelectronics (Biocomposites)

Over the past few years, growing demand for economical and reliable medical
diagnostic and environmental surveillance has facilitated progress in fabrication,
a surfeit of organic bioelectronics that allows the estimation of analytes through
biochemical pathways. The idiom “bioelectronics” pinpoints to the integration of
biomolecules within electronic elements to yield functional devices that recognize
and interact with the analyte. These interactions produce a biological signal, which,
with the aid of a transducer element, is converted into an electronic signal. This type
of recognition represents one of the most advanced applications implemented in the
field of biosensor technology since the introduction of bioelectronics [77, 125, 126].
The latter can be in general directed toward (i) identifying or producing a variety
of bioreceptors with ameliorated sensitivity and selectivity by adapting various
molecular biology approaches as well as (ii) designing new materials, which can
maintain the activity of the biorecognition element and efficiently exploit the bio-
logical signal, by employing strategies from material science. Despite the progress,
the most important issue in the biotechnological engineering of biosensors and
implantable devices still represents the interface between living tissues and artifi-
cial human-made implantable devices. To overcome this limitation, biopolymers
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present highly promising and versatile input materials due to their natural origin
and their favorable interaction with living systems [125, 126].

Biosensors present analytical devices that use a biological recognition element
(biochemical receptor) in order to obtain specific quantitative or semi-quantitative
information, without additional separation or processing steps. In this config-
uration, the biochemical receptor provides specificity, whereas the transducer
acts as a converter of a biological signal into a quantifiable electronic signal. The
term “biosensor” is often misleading to refer to a device that measures biological
molecules; the prefix “bio-” alludes to the incorporated biochemical receptor
[127]. Electrochemical biosensors offer the advantages of low detection limit,
specificity, simplicity of construction, and ease of operation, which make them
the most extensively investigated biosensoric devices. Moreover, with the ability of
miniaturization, these biosensors can be designed as lab-on-chip devices for in vivo
monitoring. The efficient utilization of the interaction between the biorecognition
unit and the analyte is the pivotal factor in biosensor development, which can
be achieved through successful immobilization or attachment of a biochemical
receptor to the sensor interface. Therefore, the immobilization matrix should
satisfy many of the prerequisites, such as (i) protecting biochemical receptors from
extreme conditions, (ii) enabling easy diffusion of the analyte to the bioreceptor,
and (iii) preventing leaching of the latter out of the matrix. Aside as a platform for
entrapping bioreceptor (e.g. enzyme, antibody, and whole-cell), biopolymers also
provide good adhesion of as-prepared composite on electrode surface for performing
electroanalytical measurements. In general, they have high permeability toward
the water, enabling efficient diffusion of electrolytes across the biosensor surface.
Despite that biopolymers are characterized by several beneficial properties, there
are certain drawbacks, such as low mechanical strength and chemical resistance,
which limit their application in biosensors development. Many of these restraints
can be overcome by combining biopolymers with functional materials such as
carbon-based materials, metal nanoparticles, silica, metal oxides, and conductive
polymers [125].

The recent discovery of cellulose as a “smart” material paved the way to the use of
cellulose as a potential candidate for biosensor fabrication. Incorporating the metal
oxide into a cellulose matrix remarkably enhanced the sensor characteristics such as
chemical stability, electrical conductivity, and photosensitivity [128]. Mahadeva and
Kim [129] employed cellulose–tin oxide (SnO2) hybrid nanocomposite film to design
an inexpensive, flexible, and disposable glucose biosensor. Enzyme GOx, used as a
biochemical receptor, was immobilized to the cellulose–SnO2 hybrid nanocompos-
ite through covalent bonding between enzyme and SnO2. The authors observed a
linear correlation between GOx activity and glucose concentration, which cover the
clinically relevant values (0.5–12 mM).

Owing to its conductive ability, chitosan gained great recognition as a functional
material for biosensor construction. On account of abundant amino groups, which
have a strong affinity to proteins [51, 130], as well as a good film-forming ability and
capacity to sustain its natural features, it is widely used as an enzyme immobiliza-
tion matrix [51, 130–133]. It has been demonstrated that this biopolymer can serve
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as an effective dispersant of carbon nanotubes (CNTs). For example, CNTs–chitosan
(CNTs-CS) biocomposites present more attractive components as a host immobiliza-
tion matrix for the biosensor fabrication [134–136]. Moreover, CNTs–CS films enable
a reliable determination of nicotinamide adenine dinucleotide (NADH), which is a
reduced form of the nicotinamide adenine dinucleotide (NAD+), a cofactor for a
large number of dehydrogenase enzymes (>300). In such a system, CNTs provide
signal transduction based on the electrooxidation of dehydrogenase cofactor
NADH, while chitosan acts as a biocompatible and chemically modifiable platform
for enzyme immobilization. Hence, as-prepared biocomposites have the potential
to provide operational access to a large group of dehydrogenase enzymes, which
encompass hundreds of members, for designing a plethora of bioelectrochemical
devices [134]. Chitosan-based sensors satisfy all the key points of a reliable sensor,
such as repeatability, sensitivity, recovery, and fast response [1, 133]. The most
challenging task in the fabrication of a biosensor is an efficient immobilization of
the bioactive molecules (e.g. enzyme and antibody) while retaining their bioac-
tivity. Therefore, thorough research activities are being continuously pursued in
the direction of developing new matrices to enhance the direct electrons trans-
fer between the entrapped enzyme and the electrode surface. To achieve a good
microenvironment for loading of enzymes and to obtain rapid electron transfer rates
between the active centers of enzymes and electrons, biocomposites of chitosan
and conductive polymers (e.g. polypyrrole, polyaniline, and polyacetylene) are
becoming the most promising matrices for biosensing applications [130, 132, 133].
Conducting polymers, also known as “synthetic metals,” have been widely used
in the area of bioanalytical science due to their inherent charge properties and
biocompatibility. By regulating the growth of such a polymeric matrix, various
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Figure 7.11 The process of fabrication of (a) an electrochemical glucose biosensor based
on CS-PPy thin film, immobilized with GOx , and (b) TEM image of the CS-PPy
nanocomposites thin film. Source: Fang et al. [130]/with permission of Elsevier.
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requirements can be fulfilled, including polymer layer thickness, electrical prop-
erties, and biomolecules loading. However, the poor processability of conducting
polymers continues to persist as the main obstacle to their practical application,
as well as present an important factor related to their potential irreproducibility.
In order to overcome these limitations, conductive polymers are usually blended
with chitosan [130, 132, 133, 137]. A glucose biosensor that was assembled by
immobilizing GOx on the surface of chitosan–polypyrrole (CS-PPy) nanocompos-
ites film (Figure 7.11), offers along with rapid response and low detection limit
for the glucose concentration, also improved reproducibility and the stability as a
consequence of the high biocompatibility of this designed CS-PPy film [130].

7.5 Conclusions

In the past decades, clinical understanding advancements have directed notable
utilization of natural materials in clinical settings. In addition to their known
biocompatibility and biodegradability, naturally occurring polysaccharides and
proteins allow for maximum mimicry by recapitulating the biological and physic-
ochemical characteristics of the ECM and the existing cell recognition domains
and biomolecule-binding sites. Furthermore, some of them even have inherent
antibacterial and anti-inflammatory properties. The multifunctional behavior and
adaptability of biopolymers to different physical states accelerate their use for a
wide range of pharmaceutical and biomedical applications, from wound dressing
matrices to “smart” coatings in drug-delivery systems and biosensors. Moreover,
the wide variety of selection coupled with the ability to fuse biopolymers or with
synthetic polymers and/or metallic compounds extends an array of strategies that
can be adapted for specific functionality. The physiological compatibility and the
capability to load and control release of bioactive molecules under external stimuli
(e.g. pH, temperature, and redox species) have contributed to revolutionizing
development not only of drug-delivery systems and wound treatment, but also the
fabrication of medical implants.

Better insight into the understanding of the physical, chemical, and mechanical
properties of biopolymers and biopolymers-based thin films opens new frontiers
to efficiently use their advantages to make them an essential component in the
desired application. With the successful mixing of biopolymers and other materials
leading to the synthesis of novel functional materials that allow biocompatibility,
scientific and technological society is faced with an embarrassment of richness.
The future advance of biopolymer-based biomedical applications, particularly
bioanalytical devices (e.g. biosensors), is driven by convergence of improvement
in biopolymer-based material science and the technological progress in design-
ing various configurations for development of controlled drug-delivery system,
functional wound dressing, and (minimally or noninvasive) biosensors. Ever-
lasting investigations on biopolymers provide new capabilities to scientists and
technologists in pursuing the aim, namely creating new formulation and medical
devices that will ease health care.
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8.1 Introduction

Natural polymers, especially polysaccharides, proteins, etc., due to their numerous
applications in packaging, food, paper, textile, medicine, and agriculture, are very
significant in controlling the drift of modern industrial economies [1, 2]. Scientists
hold new strategies that include different polymerization techniques, such as
nanoscience/nanotechnology, which allows a very good control of the molecular
architecture of polymeric molecules to be transformed into smart bio-based nanos-
tructures for different advanced applications, including packaging, food, paper, and
textile industries; medicine; agriculture, etc. [3]. The emergence of nanomaterials
from different renewable feedstock has lifted the research outcome in many areas
of technology. Nanomaterials such as nanowires, nanorods, nanofibers, nanotubes,
and nanosheets are highly important because of the numerous applications in
the above mentioned applications and in controlling the drift of modern indus-
trial economies [4–6]. The exceptional surface-to-volume ratio (aspect ratio), the
fast-absorbing ability of biomolecules, and high porosity possessed by nanofibers
from natural polymers have escalated their demand [7].

The different properties such as biodegradability, biocompatibility, renewa-
bility, low toxicity, and sustainability escalated the utilization of biopolymers
for more advanced research studies [8]. For example, biopolymers derived
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from polysaccharides (starch, cellulose, chitin, and chitosan) and proteins (soy
protein, wheat protein, casein, and gelatin) are natural in origin and the most
sustainable substitute for producing green materials in the near future. For
example, environmental compatibility would be enhanced as no environmental
burdens would be introduced because of their use. In addition, the utiliza-
tion of renewable resources provides an incentive to extend non-renewable
petrochemical supplies. In this chapter, we highlight the uniqueness of differ-
ent nanofibers obtained from different polysaccharides for various biomedical
applications.

8.2 Different Strategies of Nanofiber Development

8.2.1 Drawing

Drawing is a method adopted to produce single nanofibers (Figure 8.1). In this tech-
nique, each fiber is pulled out from a previously deposited polymer solution droplet,
accompanied by evaporation of the solvent, leading to solidification of the fiber [10].

8.2.2 Template Synthesis

In this method, the nanofibers are produced within the pores of a nanoporous
membrane under pressure. Nanoporous filtration membrane acts as a template.
Nanofibers are produced when the polymer is extruded through these nanopores
under pressure (Figure 8.2) [12].

8.2.3 Phase Separation

Three-dimensional networks of nanofiber scaffolds can be prepared by this method,
in which the phase separation of a polymer solution is achieved either thermally or
by using a non-solvent (Figure 8.3). For removing the solvent, the membrane is then
freeze-dried, resulting in the formation of a porous structure [14].

STEP-1 STEP-2

M
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E
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solution drop

Figure 8.1 Schematic representation of nanofiber formation by drawing. Source: Garg
et al. [9]/with permission of Taylor & Francis.
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Figure 8.2 Schematic representation of nanofiber formation by template synthesis.
Source: Patil et al. [11]/with permission of Elsevier.
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Figure 8.3 Schematic representation of nanofiber formation by phase separation. Source:
Wade et al. [13]/with permission of Elsevier.

8.2.4 Self-Assembly

Stable ordered nanostructures can be prepared by the self-assembly method, which
employs non-covalent bonding interactions such as hydrogen bonding (Figure 8.4)
[15, 16].

8.2.5 Electrospinning

It is the most widely used, simple, versatile method for the fabrication of nanofibers
that use the application of electric field for nanofiber production. By using this tech-
nique, layered, porous nanofiber structures can be produced (Figure 8.5).

Nanofiber assembly

Self assembly

Single peptide-amphiphile

Stimulus

Bioactive
domain

Stabilization
domain

Hydrophobic
tail

Figure 8.4 Schematic representation of nanofiber formation by self-assembly. Source:
Wade and Burdick [13]/with permission of Elsevier.
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Figure 8.5 Schematic representation of nanofiber formation by electrospinning. Source:
Wade and Burdick [13]/with permission of Elsevier.

8.2.5.1 Advantages of Electrospun Nanofibers
The assembly of nanofibers produced by the electrospinning method can be used
for a wide range of applications because of their morphology, aspect ratio, and
inter/intrafibrous porosity. The potential applications of the electrospun fibers
include biomedical applications (tissue engineering, wound healing, drug delivery,
and enzyme immobilization), environmental protection (water purification and
air filtration), affinity membranes, nanobiosensors, electronic/optical, food science
(packaging applications and preparation of edible films), and protective clothing
fields. Electrospinning is a simple, cost-effective, versatile technique for the fabri-
cation of nanofibers. In addition to this, it is easy to handle, and the membranes
fabricated by this process have unique properties because of its structural and
functional characteristics such as submicron scale to nanoscale.

8.3 Biopolymers

Biopolymers are natural in origin, and the nanofibers from biopolymers possess
properties such as high surface area and high porosity, which allow its use in
the fabrication of three-dimensional structures that simulate the extracellular
matrix (ECM). Electrospinning is the most suitable method for the fabrication of
nanofibers. However, most of the biopolymers exhibit low spinnability, and this
limits its application. This can be overcome by the use of polymers as a co-spinning
agent.

8.3.1 Chitosan Nanofibers

Chitosan, a linear biopolymer, is obtained by the deacetylation of chitin present in
the exoskeletons of arthropods, in the endoskeletons of cephalopods, and in the cell
walls and ECM of certain fungi, yeasts, and algae [17]. The reactive amino groups
and the hydroxyl group in its structure help the chelating action of chitosan for
metal ions to bind to biomolecules, mammalian cells, and microbial cells. Chitosan
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is polycationic in nature and favors its dissolution in acidic media, and this helps
the electrospinning of chitosan. Chitosan nanofibers can be prepared by using
electrospinning technology. Ohkava et al. [18] prepared the electrospun fibers of
chitosan. They found that trifluoroacetic acid (TFA) was the most suitable solvent
for electrospinning of chitosan as the amino groups of chitosan form salts with TFA,
decreasing the strong interactions in chitosan [19]. The chitosan nanofibers were
also prepared by dissolving chitosan in TFA and dichloromethane [20] and acetic
acid [21]. Min et al. prepared chitosan nanofibers by the subsequent deacetylation
of electrospun membranes obtained by the electrospinning of chitin dissolved in
1,1,1,3,3,3-hexafluoro-2-propanol (HFIP) [22]. Some electrospinning parameters
used in different literature studies are summarized in Table 8.1.

8.3.2 Cellulose Nanofibers

Cellulose is the most abundant natural biopolymer. It is obtained from plants. The
hydrophilicity biodegradability, biocompatibility, and low toxicity make its use in
multiple applications, including biomedical applications [29, 30], environmental
applications [31], cloth-protectant applications [32], as affinity membranes [33, 34],
and among others [35]. Cellulose acetate is the most important derivative of cellu-
lose used for nanofiber applications. Electrospun composite nanofibers from native
cotton cellulose loaded with different hydroxyapatite concentrations were prepared
by Ao and coworkers [29] for bone tissue engineering applications. Recently,
cellulose nanofibers were prepared via electrospinning of cellulose solution by
Otsuka et al. [36]. Lee et al. [37] found that the mixture of dimethylformamide
(DMF)/acetone can be used to fabricate very smooth, bead-free cellulose acetate
nanofibers in the proper concentration of the polymer.

Table 8.1 Electrospinning parameters used in different research studies.

Polymers
Feeding
rate

Voltage
power
(kV)

Distance
to collector
(cm) References

PLGA/chitosan/PVA 0.2 (ml/h) 15 10 [23]
Chitosan–polyethylene oxide
containing bioactive silver
nanoparticles

1 (ml/h) 21 10 [24]

Chitosan dissolved in concentrated
acetic acid solution

20 (μl/min) 40 [21]

Ti3C2Tz/chitosan nanofibers — 20–25 10–14 [25]
Hydroxyapatite-containing chitosan
nanofibers

1.2 (ml/h) 15 15 [26]

Chitosan/poly (vinyl alcohol)
nanofibers

0.13 (ml/h) 16 20 [27]

Core–shell polyurethane/chitosan
nanofibers

0.2 (ml/h) 15 12 [28]
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8.4 Characterization Techniques

8.4.1 Morphological Analysis

Imaging techniques such as scanning electron microscopy (SEM), transmission elec-
tron microscopy (TEM), atomic force microscopy (AFM), etc., were used for the
morphological evaluation of the structure and represent an essential part of char-
acterization of the most materials, including nanofibers. These imaging techniques
are used for the visualization of various places of the nanofibrous sample. Therefore,
the obtained images provide the useful information to compare the local structures
within the whole sample. Imaging methods also play a key role in the evaluation
of in vitro biomedical experiments, depicting the cell cultivation process on various
synthetic substrates.

8.4.2 Scanning Electron Microscopy (SEM)

The basic feature of a nanofiber such as the fiber diameter and the pore size can be
visualized using SEM analysis. For the electrospun nanofibers, SEM analysis pro-
vides a clear picture regarding the surface morphology. Thomas et al. [38] studied
the morphology of the PLA/nanochitosan composite fibers by field emission scan-
ning electron microscopy (FESEM) analysis (Figure 8.6). They explained that the
secondary porous structure developed during the electrospinning process was due
to the evaporative cooling of the solvent on the surface of the fibers and the conden-
sation of water vapor present in the atmosphere on the fiber surface.

8.4.2.1 Transmission Electron Microscopy (TEM)
The surface morphology of nanoscale structures can be analyzed using TEM analysis
(Figure 8.7). Jatoi et al. [39] generated silver nanoparticles (AgNPs) on the surface of
cellulose nanofibers by thermal treatment and DMF as reducing agents. TEM images

(a) (b)

Figure 8.6 Field emission scanning electron microscopy (FESEM) images of (a) neat
polylactic acid (PLA) and (b) PLA loaded with chitosan. Source: Thomas et al. [38]/with
permission of John Wiley & Sons.



8.4 Characterization Techniques 275

Figure 8.7 Transmission electron
microscopy (TEM) images of cellulose
nanofibers with AgNPs. Source: Wahab
et al. [39]/with permission of Elsevier.

50 nm

showed the cellulose nanofibers highly decorated with spherical metallic AgNPs and
very good spatial distribution of AgNPs.

Liu et al. [40] studied the electrochemical behavior and microstructure evolution
of carbon nanofibers (CNFs) during Na+ and K+ insertions using a nanoscale bat-
tery setup inside a TEM. The CNFs are hollow and consist of a bilayer wall with an
outer layer of disordered-carbon (d-C) enclosing an inner layer of crystalline-carbon
(c-C). The sodiation and potassiation responses of c-C and d-C were compared.
Longitudinal cracks are frequently observed near the c-C/d-C interface during
sodiation and potassiation. An in situ TEM study of amorphous Si (a-Si)-coated
CNFs was conducted to further evaluate the mechanical confinement effect on
sodiation and potassiation.

8.4.2.2 Atomic Force Microscopy (AFM)
In AFM, the surface characterization was done by analyzing the sample surface with
the probe of AFM, moving in close proximity of the sample. By using this method,
a three-dimensional image can be constructed for the sample. AFM is widely used
for successful characterization of individual fibers as well as for the accurate mea-
surement of fiber diameter. Zhang et al. [41] performed surface morphology imaging
on the electrospun cholesteryl-succinyl silane (CSS) nanofibers using AFM. The
analysis was done using a Digital Instrument Nanoscope IIID AFM in air at room
temperature. They performed both the AFM deflection and three-dimensional (3D)
imaging of the CSS fibers in the contact mode. From AFM analysis (Figure 8.8), they
found that the CSS fibers displayed swollen diameters ranging from 370 to 600 nm.
Bead-like structures 800 nm in width and 900 nm in height were also observed. They
suggested that the bead-like morphology is due to the weak chain entanglement of
small molecules of lipids in solutions.

8.4.3 Mechanical Characterization

8.4.3.1 Nanotensile Test
It was found to be the most challenging experiment to perform because direct han-
dling of the fiber is required. In addition to this, the right specimen gripping is nec-
essary to prevent the fiber from slipping from grips or breaking at the grips. The use
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Figure 8.8 AFM images of the
electrospun cholesteryl-succinyl silane
(CSS) nanofibers. (a) A representative
AFM deflection image with a data scale
of 50 nm. (b) The 3D AFM image. Source:
Zhang et al. [41]/with permission of AIP
Publishing LLC.

of conventional mechanical grips is not adequate because of the small size of the
samples. Another problem is related to the misalignment of the fibers between sam-
ple axis and loading direction, which may result in unwanted bending moment, and
this may lead to premature sample failure.

8.4.3.2 Nanoindentation
Nanoindentation is the most convenient and simple methods to perform the
mechanical characterization. Here, the sample can be prepared for testing by
simply depositing nanofibers on a hard and flat substrate, with sufficient adhesion
between the substrate and the nanomaterials. Nanoindentation of nanofibers has
not been widely studied because of the difficulty in probing the curved surface
of the fiber. The mechanical properties of single-composite fibers of polymethyl-
methacrylate fibers reinforced with nanocellulose obtained via electrospinning
studied by nanoindentation method showed a modest increase in the mechanical
properties with increasing cellulose nano crystals (CNC) content, up to 17% [42].

8.5 Applications

8.5.1 Tissue Engineering

The necessary requirement for the tissue engineering scaffold is that it should resem-
ble with the native ECM. The biodegradability and biocompatibility of biopolymers
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help for degradation of the scaffold after the formation of a new ECM. A wide range
of natural polymers have been utilized as nanofibrous scaffolding materials for bone,
cartilage, ligament, and skeletal muscle tissue engineering, including hydroxyap-
atite [43], chitin, chitosan [44], cellulose [45], and soy protein [46]. Tan et al. [47] pre-
pared electrospun cellulose acetate butyrate/polyethylene glycol (CAB/PEG) com-
posite nanofibers for tissue engineering applications. They reported that with the
increase in hydrophilicity, the swelling ability of the composite nanofiber increases
by twofold with more rapid biodegradation. The cell viability assay results revealed
that the nanofibers are non-toxic and have better cell attachment compared to pure
CAB nanofibers. Chakraborty et al. [48] fabricated non-woven nanofibrous cellulose
acetate scaffolds (CAS) with average fiber diameters from 300 to 600 nm diameters
via electrospinning and found that the higher aspect ratio, higher swelling abili-
ties, higher porosity, and moderate degradation rates of the scaffolds imparted better
mechanical and chemical properties to the scaffolds. The cell viability tests carried
out by MTT assay analysis gave best results of cell viability and provided a viable
surface for potential bone tissue engineering applications.

Xu et al. [49] introduced chitosan island-structured polylactic acid by electrospin-
ning method and found that the island-like surface topology surfaces were more
favorable for the spread of cells and can be used for improving the interface of tissue
engineering scaffolds.

8.5.2 Drug Delivery

The high surface-to-volume ratio and porosity of polymeric nanofibers makes
them an ideal carrier for the discharge of bioactive molecules and compounds
such as drugs, herbal extracts, etc. These nanofibers resulted in enhanced drug
loading capacity, mass transfer properties, and cell attachment. Electrospinning
process can be employed for the encapsulation of drug into the nanofibrous
membrane. The texture, degradation, and high aspect ratio make them excellent
carriers for therapeutic agents. Drugs can easily be loaded into the polymer
solution before the electrospinning process. The controlled release of any drug
or biomolecule added to the precursor polymer solution can be regulated by
the degradation rate of the polymer shell. Chitosan nanofibrous structures have
been proven to be useful in drug release applications as well. Chitosan possess
hypocholesterolemic and hypolipidemic activities [50]. Along with these properties,
chitosan has antimicrobial, antiviral, and antitumor activity and can be used for
drug delivery [51], tissue engineering [52], and in dentistry [53]. Ibuprofen-loaded
poly(lactideco-glycolide)/poly(ethylene glycol)-g-chitosan (PLGA/PEG-g-Cs) elec-
trospun membranes for controlled drug delivery applications was reported by Jiang
et al. [54]. The presence of PEG-g-Cs significantly toned-down the burst release of
drug from PLGA-electrospun membrane. Toshkova et al. [55] fabricated nanofi-
brous implants containing quaternized chitosan, poly(L-lactide-co-D,L-lactide),
and the antitumor drug doxorubicin by electrospinning. The implants efficiently
inhibited the Graffi tumor growth, and the introduction of these implants increased
the animal survival rate.
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Cellulose and cellulose derivatives have been widely used as potential candidates
for pharmaceutical applications. The electrospun fiber mats of cellulose and cellu-
lose derivatives are used as drug delivery vehicles with useful and controllable dis-
solution properties. Hydroxypropyl cellulose (HPC) is a cellulose ether having both
water solubility and organic solubility. The HPC nanofibers alone or in conjugation
with either poly(vinyl alcohol) (PVA) or poly(vinyl pyrrolidone) (PVP) were used for
the delivery of the drug diclofenac sodium, utilized to relieve pain (inflammation)
and joint stiffness caused by arthritis [56]. Kumar et al. [57] fabricated polylactic acid
and hydroxypropyl cellulose (PLA-HPC) fibers by electrospinning for drug delivery
applications.

8.5.3 Wound Healing

Wound healing is very closely related to the tissue regeneration mechanism, and it
involves a number of symbiotic phases involving cellular and matrix components,
such as homeostasis, inflammation, migration, proliferation, and maturation, for
the reconstruction of lost or damaged tissue. The essential requirement for a mate-
rial to be wound dressing is its antimicrobial activities [58]. Chitosan possesses good
antimicrobial activity because of its positive charge. The polycationic nature of chi-
tosan makes it possible to interact with the negatively charged microbial cell mem-
branes, leading to the disruption of the microbial membrane and subsequently the
leakage of proteinaceous and other intracellular constituents [58–61]. Chitosan is
also used as sponges and bandages for the treatment of wounds because of its bio-
compatible and biodegradable nature. However, the applications are limited because
of its insolubility in water and low reactivity [62]. Ignatova et al. [63] prepared elec-
trospun non-woven nanofibrous hybrid mats based on chitosan and PLA for wound
dressing applications. They found that nanofibers containing cross-linked chitosan
or quaternized chitosan exhibits higher antibacterial activity against Staphylococ-
cus aureus and Escherichia coli than the corresponding solvent-cast films and very
effective in suppressing the adhesion of pathogenic bacteria S. aureus. Li et al. [64]
produced electrospun poly(lactic acid)/chitosan core–shell structure nanofibers and
found that it possesses good cell adhesion and proliferation capacity and can be used
for tissue engineering and wound healing applications. Goh et al. [65] developed
antibacterial poly(lactic acid)/chitosan nanofibers decorated with cerium, copper, or
silver-doped bioactive glasses with excellent antibacterial properties and bioactivity.
A schematic representation of the healing process is given in Figure 8.9.

Xu et al. [67] fabricated chitosan/PLA/PEG hydrogel nanofibers for wound
dressing by solution blowing method. They suggested that the prepared nanofibers
ensure the advantages of both hydrogel and nanofiber mats for wound dressing,
such as the ability to absorb excess exudates, creating a moist wound healing
environment, allowing gas exchange, and possessing excellent antibacterial activity
against E. coli bacteria. To improve the wound dressing capacity of cellulose and
its derivatives, several biomolecules have been incorporated within it. Cellulose
acetate (CA) functionalized with antibiotics, nanoparticles, plant extracts, proteins,
antimicrobial peptide-electrospun dressings, etc., has been used for the treatment



8.5 Applications 279

Drug-loaded chitosan nanofiber

Healing process

Bacteria

Wound

Virus

Neutrophilis
Epidermis

Dermis

Hypodermis

Monocyte

Keratinocyte

Fibroblast

Antimicrobial
agent

Figure 8.9 Representation of the healing process in a wound rat model. Source: Kalantari
et al. [66]/with permission of Elsevier.

of skin wounds. Antibacterial electrospun nanofibers of polyurethane, CA, and
zein incorporated with streptomycin sulfate showed hydrophilicity, excellent cell
attachment, proliferation, and blood clotting ability, together with good antimicro-
bial features [68]. Ahn et al. [69] developed plant-based biomimetic cellulose/soy
protein nanofibrous scaffolds using rotary jet spinning. The properties of this
nanofibrous matrix mimic native ECM in skin and exhibit high water-retaining
capability for enhanced wound healing. The presence of plant-based materials in
wound dressing accelerates in vitro dermal fibroblast proliferation, spreading, and
migration.

8.5.4 Biosensors

Biosensors are used for sensing analytes such as DNA, enzyme, proteins, RNA,
dopamine, cholesterol, and many other biomolecules that use specific biochemical
reactions mediated by a biological recognition [70]. Electrospun fibers can be
used as biosensors because of their large surface area and porous structure that
make them detect with a wide response. Li et al. [71] studied the dependence of
fiber diameter on the sensing performance of sensors developed by the integration
of functional nanomaterials with optical micro/nanofibers (OMNFs). According
to their view, the refractive index sensitivity can be significantly increased and
the biosensing ability of the sensor using an OMNF of 1.0 μm possesses high
sensitivity as well as good mechanical robustness. They found that the ultra-high
sensitivity makes this sensor suitable for small-molecule detection and trace ele-
ment assays. Teepoo et al. [72] prepared electrospun chitosan–gelatin biopolymer
composite nanofibers for horseradish peroxidase immobilization in a hydrogen
peroxide biosensor. They found that horseradish peroxidase immobilization on
chitosan–gelatin composite biopolymer nanofibers had advantages of fast response,
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excellent reproducibility, and high stability. The electrospun fibers of chemically
modified form of cellulose, cellulose acetate [73], are widely used as biosensors
including optical/colorimetric and electrochemical sensors because of their high
thermal stability, biocompatibility, and biodegradability.

8.6 Conclusions

This chapter gives an overview of the preparation and applications of different
biopolymer nanofibers that have been extensively used in a wide range of biomedical
applications. The properties of these functional materials are extremely dependent
on their synthetic pathways and their uniqueness of the structure, which can be
altered using different modification reactions. Chitosan and cellulose are the most
used polysaccharides for nanofiber preparation. Although several techniques are
available for the preparation of nanofibers, it was found that electrospinning is
very effective in structuring the architecture of different natural polymers and in
terms of cost perspective to produce materials for biomedical applications. The
right kind of modification architecture will improve its prospects as a substrate for
making materials that can be used for biomedical, structural, and other industrial
applications.
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9.1 Introduction

Nanoparticles are generally defined as solid, colloidal particles in the range of
10–1000 nm in diameter [1]. Within this chapter, the focus is on spherical polymer
particles. The formation of micelles, polymersomes, or the coating of metal particles
is not the subject of this summary. Therefore, the review of Wen and Oh (2014)
about polysaccharide-based nanomaterials, including self-assembled micelles,
crosslinked microgels/nanogels, three-dimensional hydrogels, and fibrous meshes,
can be considered [2]. Polysaccharide-based nanoparticles are predestinated for
an application in medicine and pharmacy. On one hand, natural biopolymers
are superior to metals or other synthetic polymers due to the low concerns
regarding toxicity, biodegradability, and physiological stability. On the other hand,
polysaccharide-based nanoparticles may decrease uptake by the mononuclear
phagocyte system compared to other types of nanoparticles, i.e. the accumula-
tion on the target is favored since the immune defense is less active against the
particles [3]. Moreover, the bioadhesion of polysaccharides, in particular to mucosal
surfaces, is extended. Hydroxyl-, amine-, or carboxyl groups of polysaccharide-based
nanoparticles allow biomedical multifunctionality by further derivatization. In this
chapter, the self-assembly of hydrophobic polysaccharide derivatives is in spotlight.
Esters, ethers, acetals, and deoxy derivatives of dextran and cellulose may provide
hydrophobicity, functionality, or reactivity.

9.2 Nanoparticle Formation

For the preparation of nanomaterials, two different strategies are generally
applied. On one hand, the top-down approach includes lithography and milling
techniques. On the other hand, the biomimetic bottom-up strategy is based on
self-assembly of molecules to supramolecular structures [4]. The latter method is
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of particular interest in order to yield nanoparticles from dissolved biopolymers.
Polysaccharide-based nanoparticles have been reviewed several times [5–7] pre-
senting preparation techniques such as covalent crosslinking, ionic crosslinking,
and polyelectrolyte complexation. While most of the summaries are focused on
water-soluble, natural polysaccharides, this chapter will highlight self-assembly of
hydrophobically modified polysaccharides. In field of pharmacy, these nanoparti-
cles were classified as aggregates or drug conjugates of amphiphilic polysaccharide
derivatives [8].

The preparation of nanoparticles from polymer solutions was reviewed by
Rao and Geckeler (2011) [9] and comprises the salt-out method as well as the
supercritical fluid technology [10]. Moreover, the preparation methods of organic
nanoparticles including polymer particles were reviewed by Horn and Rieger (2001)
[11]. However, for the preparation of polysaccharide-based nanoparticles, there
are three techniques established, namely nanoprecipitation by dropping, dialysis,
and emulsification–evaporation. Dropping technique and dialysis are often sum-
marized as nanoprecipitation or solvent displacement (Figure 9.1). The formation
of nanoparticles by solvent displacement can be explained by the nucleation of
macromolecules due to concentration fluctuations caused by the interdiffusion of
solvent and nonsolvent [13]. Although the process of nanoparticle formation is not
fully understood, the nanoprecipitation by dropping technique takes most likely
place by the nucleation-and-aggregation mechanism. The nuclei are formed initially
by the contact of hydrophobic material with water at the millisecond timescale
and subsequently undergo an aggregation to primary nanoparticles at the second
time scale. Dialysis and inverse dropping technique (water in polymer solution) are
based on a slow nanoprecipitation by the nucleation-and-growth mechanism [14].

9.2.1 Nanoprecipitation by Dropping Technique

9.2.1.1 Methodology
The nanoprecipitation method [15] is based on interfacial deposition of a polymer
after displacement of a solvent, miscible with water. The preparation is carried out
by dropping technique, i.e. stepwise mixing of a dissolved hydrophobic material
with water. Nonpolar polymer chains become separated as droplets or particles

(a) (b)

ΔTΔt

Figure 9.1 Schematic presentation of nanoprecipitation methods applying dialysis (a) and
the dropping technique under stirring (b). Source: Hornig et al. [12]/with permission of the
Royal Society of Chemistry.
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in the solution with increasing polarity. Due to the increasing turbidity of the
solution during nanoprecipitation, the formation of particles is called “Ouzo”effect.
High initial concentration of the polymer solution causes the formation of nano-
and microparticles (non-“Ouzo” region). Below a certain polymer concentration
(“Ouzo” boundary), there is the formation of nanoparticles only [16]. In practice,
the boundary is observed at the critical overlapping concentration c*. Beyond c*
entanglements between the polymer chains lead to a broad particle size distribution
due to the formation of nanoparticles, microparticles, or macroscopic aggregates.
C* is determined by the crossing of two linear fits from concentration-reduced
viscosity plots (Figure 9.2).

After the first step of nanoprecipitation, the particles formed are existent in a
water–solvent mixture. Therefore, solvents that are easy to remove by evaporation,
e.g. acetone or tetrahydrofuran (THF), are chosen. Moreover, the purification of the
particle suspension by dialysis is an option.
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Figure 9.2 Plot of the reduced viscosity vs. the concentration of cellulose acetate; c*
indicates critical overlapping concentration (a). Particle size and polydispersity index of
nanoparticles obtained by dialysis depending on the concentration of cellulose acetate (b).
Source: Hornig and Heinze [17]/with permission of American Chemical Society.
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9.2.1.2 Examples
One of the first polysaccharide-based nanoparticle suspensions was prepared by
nanoprecipitation of hydroxypropyl methyl cellulose phthalate in acetone/water
[15]. An amount of 2.4% of progesterone was encapsulated in the nanoparticles
with a mean diameter of 250± 25 nm.

A detailed study about nanoparticle formation of cellulose esters by dropping tech-
nique yielded bean-shaped morphologies [17]. Mainly, nanoparticles from cellulose
acetate with different degree of substitution (DS) values were prepared in acetone by
dropwise addition of water to the polymer solution or vice versa. If the acetone solu-
tion of the polymer was dropped into water, small particles and large precipitates
in the millimeter scale occurred (high polydispersity index, PDI). Dropping water
into acetone solution leads to nanoprecipitation without aggregation due to the slow
increase of water content in the mixture (PDI< 0.1). In more detailed studies, the
diameter of cellulose acetate particles depending on the ratio of water and acetone
was investigated. The size of the final particles increased with increasing amount
of added water until a certain water/acetone ratio was reached [13]. Moreover, the
concentration of the polymer solution and the rate of water addition were varied.
However, it was difficult to show regular trends. The dropping technique using ace-
tone/water was also adapted for the preparation of nanoparticles from ibuprofen
dextran esters [18]. The particles possessed a spherical shape and a z-average mean
diameter of about 70–350 nm as determined by DLS.

Beside the slow particle formation by strictly speaking inverse dropping tech-
nique, very hydrophobic derivatives self-assemble into very uniform particles by the
nucleation-and-aggregation mechanism. Cellulose stearoyl esters were shaped into
nanospheres by dropping a polymer solution (THF) into water (Figure 9.3) [19].
A modification of the procedure, i.e. dropping without stirring or pouring, leads to
similar particle sizes of around 200 nm (PDI< 0.1) if polymer solutions of 5 mg/ml
were applied. The authors observed a shrinkage of up to 35% due to the release of
THF accompanied by further crystallization of polymer chains via stearoyl groups.
Extended studied with cellulose stearoyl-, lauroyl-, and caproyl ester showed a
temperature-responsive crystalline structure of nanoparticles [20].

Cellulose stearoyl ester
in THF

Nanoparticles

H2O

Removal of
THF

Dropping or
dialysis
in water

Figure 9.3 Schematic illustration for the nanoprecipitation of cellulose stearoyl ester.
Source: Geissler et al. [19]/with permission of the Royal Society of Chemistry.
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9.2.2 Dialysis

9.2.2.1 Methodology
For dialysis, the polymer is dissolved and placed into a dialysis tube surrounded
by a precipitating medium. The procedure is based on the passive transport of
small molecules through a semipermeable membrane (osmosis) enabling slow
mixing of the polymer solution with the nonsolvent available at the outer side of the
membrane. The displacement of the solvent inside the membrane is followed by the
progressive aggregation of polymer due to a loss of solubility and the formation of
homogeneous suspensions of nanoparticles [9]. The properties of the particles are
influenced by type and concentration of polymer, difference between the dielectric
constant values of the solvent/nonsolvent pair (Δ𝜀), temperature, and “molecular
weight cut off” (MWCO) of the membrane [21]. For instance, the particle size of
poly(phenylacetylene) (PPA) gets smaller with decreasing polymer concentration,
MWCO, and temperature. A decrease in Δ𝜀 leads to formation of bigger and spher-
ical particles, but an increase of Δ𝜀 results in sponge-like structures (Figure 9.4).
For polysaccharide derivatives in particular, the hydrophobic–hydrophilic balance,
arising from DS and nature of the substituent, has to be considered.

9.2.2.2 Examples
In 2005, Liebert and Hornig et al. started extensive studies regarding the particle for-
mation of dextran esters by dialysis from N,N-dimethylacetamide (DMA) solutions
against water (Figure 9.5). Dextran propionate pyroglutamate derivatives could be
shaped into spherical particles possessing a diameter of about 300 nm [23]. Dextran
furoate pyroglutamate was formed into particles of 250–500 nm in diameter,
depending on molecular weight and DS values [22, 24, 25]. Products with low DS
values were propionylated or acetylated to improve the particle formation. Dialysis
procedure was also applied for the preparation of nanospheres from ibuprofen- and
naproxen dextran esters [18]. Depending on the DS value and the substituent, par-
ticle sizes between 100 and 450 nm were measured by DLS. Photochromic dextran
esters of 2-methoxycinnamic acid, [(4-methyl-2-oxo-2Hchromen-7-yl)oxy]acetic

(a)

30 40 50 60 70

Δε

(b) (c) (d)

Figure 9.4 Dependence of particle morphology from Δ𝜀 of solvent pair: (a) DMF/hexane,
(b) DMF/H2O, (c) acetone/H2O, (d) THF/H2O. Source: Chronopoulou et al. [21]/with
permission of American Chemical Society.
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Figure 9.5 SEM images of
dextran furoate pyroglutamate
nanospheres. Source: Hornig
et al. [22]/with permission of
John Wiley & Sons.

acid, and azobenzene-4-carboxylic acid could be shaped into nanospheres with a
diameter in the range from 90 to 300 nm [26, 27].

In addition to dextran esters, cellulose esters could be shaped into nanospheres
by dialysis. Nanoparticles of cellulose stearoyl esters were obtained by dialysis of a
polymer solution in THF against water. The average size of the particles was found
to be larger compared to those obtained by dropping technique [19]. Nanospheres of
less hydrophobic cellulose esters, e.g. acetates, were yielded by dialysis from DMA
solutions against water [17, 28]. Reactive polysaccharide derivatives, namely carbon-
ates [29], tosylates, azides, and NHS-esters, are interesting to enable postmodifica-
tions on nanoparticles. Dextran alkyl carbonates, dissolved in DMA, were shaped
into nanospheres by dialysis against water, and different particle diameters in the
range from 150 to 600 nm were observed [30]. A similar approach leads to nanoparti-
cles of xylan phenyl carbonate [31]. Moreover, reactive nanoparticles were prepared
from (perpropionylated) tosyl dextran and deoxy-azido tosyl dextran [32]. Tosylated
polysaccharides are predestinated to form deoxyamino derivatives, e.g. aminocel-
luloses, which could be assembled into nanoparticles, too [33, 34]. Nanospheres of
the NHS ester of cellulose acetate phthalate, prepared by dialysis, were found to be
reactive with amine-functionalized compounds in aqueous phase. After a reaction
with fluorescent dyes or ethanolamine the covalent bonding was spectrometrically
proofed [28].

9.2.3 Emulsification–Evaporation

9.2.3.1 Methodology
The emulsification–evaporation process can be used for preparation of hydropho-
bic nanoparticles dispersed in water. Anton et al. (2008) reviewed theoretical
and practical aspects of the preparation of nanoemulsions and the formation of
nanoparticles [35]. The loading of nanoparticles with water-soluble drugs can
be performed by double-emulsion solvent evaporation technique. Following this
method, a first emulsion was obtained by sonication of an aqueous solution con-
taining the drug (low volume) with an immiscible organic solvent, e.g. ethyl acetate
or dichloromethane, containing the hydrophobic polymer (Figure 9.6). The first
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Figure 9.6 Schematic
diagram of the nanoparticle
formation by
double-emulsion solvent
evaporation technique.

Organic phase (o) Aqueous phase (w1)

1. Sonication

2. Sonication

Solvent evaporation

Aqueous phase (w2)

Emulsion (w1/o)

Double emulsion (w1/o/w2)

Particle suspension

Polymer solution
immiscible with water

High-volume
containing surfactant

Low-volume containing
the drug

(w1/o) emulsion is dispersed by a second sonication step in an external aqueous
phase containing a surfactant. The organic solvent is removed by evaporation from
the double emulsion (w1/o/w2) to yield solid particles. Subsequent centrifugation
and redispersion in water might be necessary to remove the surfactant. The intensity
and duration of the second sonication step is crucial for the particle formation.
Sensitive drugs, such as peptides and proteins, can be preserved by a gentle
sonication in the first step [36]. An interesting option of the emulsion–evaporation
process is the inverse miniemulsion system. The polysaccharide (e.g. hyaluronic
acid or hydroxylethyl starch) is dissolved in the aqueous phase and sonicated with
a solution of organic solvent (e.g. cyclohexane) with surfactant. Subsequently,
the polysaccharide is cross-linked by a diisocyanate, and particles can be isolated
into an aqueous phase [37]. The emulsification–evaporation technique yields very
small and uniformly distributed particles in short time with excellent reproducibil-
ity. While solvent displacement methods are limited to polymer concentrations
below c*, this procedure allows high concentrations to prepare large amounts of
nanoparticles very efficiently [13].

9.2.3.2 Examples
A prominent example is the nanoparticle formation of acetal-derivatized dextran
[38, 39]. This material is degraded under mildly acid conditions (pH 5.5) and thus
predestinated for drug-delivery systems. For emulsion formation dichloromethane
(solvent) and polyvinyl alcohol (surfactant) were used. The particles were loaded
with 3.7% ovalbumin by double-emulsion technique and possessed an average
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diameter of 230± 93 nm as determined by DLS. Pyrene was encapsulated by
single-emulsion technique with a loading of 3.6% (particle diameter: 258± 70 nm).

A similar emulsification–evaporation procedure was carried out by Wondraczek
et al. [13]. Cellulose esters, e.g. acetates, acetate propionate, butyrate, were formed
into nanoparticles by single-emulsion technique applying dichloromethane and
polyvinyl alcohol. The obtained highly uniform particles possessed z-average
diameters of about 200–250 nm and a PDI below 0.1.

A comprehensive study about the formation of ethyl cellulose (EC) nanopar-
ticles was carried out by Bozic et al. [40]. EC nanoparticles were obtained by
single-emulsion technique with ethyl acetate as chlorine-free organic solvent.
The influence of different polysaccharide-based surfactants, i.e. carboxymethyl
cellulose CMC (ionic), hydroxyethyl cellulose (nonionic), and methyl cellulose
(amphiphilic) with different molecular weights, was studied by scanning electron
microscopy (SEM), dynamic light scattering (DLS), zeta potential measurements,
Fourier-transform infrared spectroscopy (FTIR), rheology, and tensiometry.
High-molecular-weight polysaccharides increased the viscosity of emulsions lead-
ing to less favorable mixing resulting in semi-spherical microscale particle sizes.
Lower-molecular CMC and methyl cellulose took less space in the aqueous solvent,
their small hydrodynamic volume led to favorable mixing efficiency resulting
in smooth spherical nanoparticles (Figure 9.7). Surface-active polysaccharides
interacted with EC and new supramolecular structures were formed, i.e. the
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Figure 9.7 FE-SEM images of ethyl cellulose particles prepared in the presence of methyl
cellulose (MC) at the concentration of 1 wt% as surfactant; (a) low-molecular-weight MC,
(b) high-molecular-weight (MC). Source: Božič et al. [40]/with permission from Springer
Nature/CC BY 4.0.
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surfactants were integrated into the EC particle surface by intra- and intermolecular
hydrogen bonds.

Recently, dextran amino acid ester particles derived from N-protected
S-trityl-L-cysteine were formed into nanoparticles by emulsification–evaporation
technique using chloroform as organic solvent and dextran as surfactant [41]. The
particles possessed an average dry diameter of 325± 118 nm.

9.2.4 Miscellaneous Nanoparticle Formation

Last but not least, there are unconventional examples encouraging to think out-
side the box. The preparation of pure cellulose nanoparticles with diameters of
100–200 nm could be performed by dialysis of trimethylsilyl cellulose dissolved in
DMA or THF against water. As confirmed by FTIR spectroscopy, the silyl groups
are completely removed during this process [42, 43]. The preparation of polysac-
charide composite nanoparticles was carried out by dropping a solution of cellulose
acetate in THF into an aqueous solution containing a water-soluble polysaccharide
derivative. The particle formation was performed by stirring and sonication with
subsequent evaporation of the organic solvent. Functionalization of cellulose
acetate nanoparticles with hydroxyethyl cellulose, CMC, low-molecular-weight
chitosan, and amino cellulose enabled the control of particle size, charge, effective
zeta potential, and stability [44].

9.3 Interaction with Cells

9.3.1 Cellular Uptake

Polysaccharides are predestinated for nanoparticulate drug or gene carriers due to
their inherent biocompatibility and biodegradability. Moreover, they are nontoxic
and tunable for therapeutic application and cellular mechanism. Nanoparticles
may enter living cells by several endocytic pathways or by passive penetration of the
plasma membrane. The cellular uptake of polysaccharide nanoparticles by endocy-
tosis was reviewed by Salatin and Khosroushahi [45] including the explanation of
main pathways such as phagocytosis (cell eating) and pinocytosis (cell drinking),
which can be further subdivided into macropinocytosis, clathrin-mediated
endocytosis, caveolin-mediated endocytosis, and clathrin-caveolin-independent
endocytosis (Figure 9.8). In brief, the cellular uptake is influenced by characteristics
of nanoparticles including size, shape, and surface chemistry. For example, the
uptake of particles increases with decreasing size due to the higher specific surface
area being in contact with the cell membrane. An analogous explanation is used
for an elongated particle shape which can interact more efficiently with the cell
membrane, compared to a nanosphere. However, the cellular uptake of spheric
cellulose nanoparticles was found to be superior to rod-like cellulose nanocrystals
of comparable size. Confocal microscopy revealed the incorporation of cellulose
nanospheres into human fibroblasts without attachment of a receptor selective



296 9 Formation of Polysaccharide-Based Nanoparticles and Their Biomedical Application

Phagocytosis

Pinocytosis

Caveolin Clathrin

Macropinocytosis

Clathrin–Caveolin
independent

Clathrin–dependent

Phagosome Clatherin-coated
vesicle

Caveosome Macropinosome

Caveolin–dependent

Endocytosis

Figure 9.8 Scheme for the main pathways of nanoparticle endocytosis. Source: Salatin
and Yari Khosroushahi [45]/John Wiley & Sons/CC BY 4.0.

molecule, as it is necessary for cellulose nanocrystals [46]. A fast cellular uptake of
cellulose nanospheres possessing an average diameter of 80–260 nm was observed
without transfection reagents.

9.3.2 Nanospheres of Organo-Soluble 6-Deoxy-6-(𝝎-Aminoalkyl)
Amino Cellulose Carbamates

Amino cellulose particles with sizes from 80 to 200 nm were very stable, nontoxic,
and possessed primary amino groups that were accessible for further modifi-
cations in aqueous suspension. For instance, particles could be labeled with
rhodamine B isothiocyanate without any change in size, stability, and shape as
proofed by photocorrelation spectroscopy, zeta potential measurements, SEM,
and fluorescence spectroscopy [33]. Confocal laser scanning microscopy revealed
the uptake of these nanoparticles in human foreskin fibroblasts BJ1-hTERT and
breast carcinoma MCF-7 cells without utilization of any transfection reagent.
Nanospheres of 6-deoxy-6-(2-aminoethyl)amino (AEA) and 6-deoxy-6-(2-bis[N′,N′-
(2-aminoethyl)]-aminoethyl)amino (BAEA) cellulose carbamate with an average
diameter of 80–120 nm possessed significant antimicrobial activity with moderate
cell compatibility [47]. An antibacterial activity against Staphylococcus aureus and
Klebsiella pneumoniae of the particles was found, in a similar range like a solution
of a parent aminocellulose. However, the particles exhibited an improved bio-
compatibility as studied with HaCaT cells. The lower toxicity of the nanoparticles
compared to the solution of the amino cellulose could not be satisfactorily explained
up to now.
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9.4 Release Mechanisms

As discussed in Section 9.5, polysaccharide nanoparticles can be applied in cancer
and inflammation treatment as well as theranostics. However, internal and exter-
nal triggers for on-demand release, such as pH value, redox potential, temperature,
enzymes, or light, have to be considered and were reviewed by Yang et al. (Figure 9.9)
[8]. One feature of hydrophilic polysaccharide chains is their enzyme-responsive
behavior. The overexpression of hyaluronidase in tumor microenvironments pro-
motes the degradation of hyaluronic-acid-based nanomaterials [8, 48]. Moreover,
polysaccharide chains can be reactive oxygen species (ROS)-responsive, i.e. they are
oxidatively depolymerized [49–52].

In addition to the ROS-cleavable polysaccharide backbone, hydrophobic moi-
eties (substituents) may possess ROS-sensitivity. Due to a low concentration of
endogenous ROS, short lifetime (<200 ns), and restricted diffusion range (<20 nm)
[53], light-triggered ROS-generators have been an attractive research field [8]. For
instance, the particle-forming pullulan lipoic acid ester acts as ROS scavenger
and was combined with a chlorin e6 moiety generating ROS to induce DOX
release [53]. Light-responsive polysaccharide nanoparticles could be obtained by
installing photosensitive o-nitrobenzyl succinate groups [54, 55]. Cleavable linkages
to the polysaccharide backbone were designed to be pH- and redox-responsive.
pH-sensitive derivatives are for instance acetals or hydrazones. Disulfide- and
boronic acid-based cross-linkers are redox- and pH-sensitive, respectively [8].
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Figure 9.9 (a) Structural features of amphiphilic polysaccharide derivatives: i. hydrophilic
PS chains; ii. hydrophobic moieties; iii. targeting moieties; iv. linking strategies;
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9.5 Examples in Therapeutics and Diagnostics

Due to the wide spread of dextran in medicine and pharmacy, this polysaccharide
is also extensively used for nanoparticles. One example is intracellular pH mea-
surement by means of dextran-based nanospheres. Dextran was hydrophobized by
propionylation and labeled with sulforhodamine B and fluorescein applying the cor-
responding acid chloride or isothiocyanate, respectively. Human fibroblasts were
loaded with these nanoparticles to enable ratiometric pH measurements in the cells
by fluorescence spectroscopy. The ratio of sensor- and reference dye can be varied to
tune the dynamic range and the sensitivity of the nanosensors [56].

Acetylated dextran is an acid-sensitive material obtained from the conversion of
the biopolymer with 2-methoxypropene [38]. The hydrophobic derivative could be
shaped into nanoparticles loaded with ovalbumin. Due to release of protein under
mildly acidic conditions, the particles are predestinated for immunotherapy. Within
a study, B3Z cells were used to quantify MHC I (major histocompatibility complex
class I) presentation from BMDCs (bone-marrow-derived dendritic cells) after incu-
bation with ovalbumin-loaded particles. The tailoring of acetylated dextran could
improve the MHC I presentation efficiency, and thus, the nanomaterial is superior
to PLGA- or iron oxide particles [39].

Recently, functional dextran amino acid ester particles derived from N-protected
S-trityl-L-cysteine were found to be nontoxic for lung epithelial cells. The parti-
cles are a carrier for the BOC-protected mitotic kinesin Eg5 inhibitor STLC, and
the potential of this material as a drug-delivery vehicle is under investigation [41].
Research on the improvement of chemotherapy with dextran-based nanoparticles
is focused on the controlled delivery of doxorubicin (DOX) and paclitaxel (PTX).
For instance, the lipoic acid ester of dextran forms nanoparticles in water. The core
could be cross-linked by dithiothreitol (DTT). In cancer cells, de-cross-linking is trig-
gered by a high concentration of glutathione (GSH) tripeptides inducing the release
of DOX to the cell nucleus (Figure 9.10) [57]. Another example is the utilization
of folic acid ester of dextran. The drug targeting of DOX-loaded nanoparticles is
performed by folate receptors, which are overexpressed in many cancer cells [58].
Moreover, these two principles based on lipoic acid and folic acid derivatives were
combined in one nanoparticle to enable PTX release [59]. Nanoparticles based on
the deoxycholic acid ester showed a pH-dependent release of DOX, i.e. there was an
increased release with decreasing pH value. Moreover, the in vitro cellular uptake
revealed that nanoparticles based on a polysaccharide from Angelica sinensis were
internalized into HepG2 cells through ASGPR-mediated endocytosis, resulting in a
higher antiproliferation effect than DOX-loaded dextran-based nanoparticles [60].

Finally, nanoparticles of carboxymethyl dextran (CMD) are applicable for release
of DOX under hypoxic conditions present in tumor tissues. The 2-nitroimidazole
derivative of CMD is hypoxia-responsive since 2-nitroimidazole converts to
hydrophilic 2-aminoimidazoles through a series of reductive processes, and the
release rate of DOX is remarkably increased [3, 61]. A similar approach is based on
CMD with a BHQ3 moiety (black hole quencher 3). The release of DOX takes place
under hypoxic conditions throughout the cleavage of the azo bond in BHQ3 [62].
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10.1 Introduction

Developing new methods for artificial fabrication of organ or tissue models, which
mimic the native organism more closely, would be a significant achievement in
biomedical research, as well as would provide a great boost for the development
of novel patient treatment options. Organ and tissue transplantation has become
an important tool in regenerative medicine, saving thousands of patients every
year. In the EU alone, organ transplants have increased by more than 30% over the
past decade, totaling at over 31 000 transplants in the year 2013 and 34 000 in 2017
[1–3]. Despite the rise of donations and improved efficiency in their uptake and
transfer, the demand for organs remains far greater than the available supply. Thus,
approximately 63 000 patients remained on waiting lists in 2013, which dropped to
about 60 000 by the end of 2017 [1–3]. Nevertheless, even if a match is found and
a patient receives a new organ, which is then successfully transplanted, the risk
of rejection remains high, and patients are bound by lifelong immunosuppressive
therapy that is always related with some serious unwanted effects [4–6] and
significantly reduces life quality of the patient. The concept of engineering a tissue
or organ for the specific need of a patient would therefore provide an enormous
improvement for the mentioned challenges, as it would increase supply and (when
patient’s own cells are used as source material) compatibility of transplants. Certain
successfully engineered structures [7–10] are already within preclinical and clinical
trials for transplantation [11], and many more are in early testing stages. However,
currently used structures are limited in their size, shape, as well as cell density and
do not fully recapitulate the functionality of complex tissues. Besides sufficient
quantities of transplants with improved histocompatibility, tissue engineering also
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promises new applications in other areas. Of particular value is the production of
in vitro tissue models that can be used for more accurate disease models, assessing
the pharmacology, and/or toxicology of drugs and cosmetics, while reducing the
need for animal testing [11]. In combination with microfluidic and organ-on-a-chip
devices, new insights into physiology, tissue development, or regeneration can
be gained. By linking several miniaturized tissue models, even systemic body
reactions can be investigated [11]. A new and increasingly important aspect of
tissue engineering is also the prospect of cellular agriculture and the culturing of
animal products such as meat without the negative effects of livestock farming,
such as animal suffering, greenhouse gas emissions, and excessive use of land,
water, as well as antibiotics [12–14].

10.2 General Considerations in Tissue Engineering

To reconstruct the shape and function of native tissues in vitro and create new mod-
els that can be used for research, restoration, or even augmentation of their in vivo
counterparts [11, 15], one needs to consider some general limitations [11, 15, 16]:

● Availability of appropriate and viable cell sources.
● Substrates with suitable bio-physicochemical properties.
● Cell heterogeneity, distribution, and precise spatial positioning.
● Cell–substrate interactions [17, 18].
● Nutrient diffusion and consequent limits in size, requirements for the implemen-

tation of a vascular system [19, 20].

10.2.1 3D Cell Culture

Before tissue engineering became a practical method, two-dimensional (2D) cell
culture was widely used in biological research and has already proven to be an
invaluable tool in the past decades [16]. It is essentially performed by incubating a
cell suspension in a nutrient-rich medium under physiological conditions (typically
37 ∘C and 5% CO2 and high humidity). The cells adhere to their substrate and grad-
ually multiply until they reach confluence, after which further growth is stopped
by contact inhibition [21, 22]. While the traditional approach to cell cultivation
has provided tremendous insights for cell biology, neuroscience, oncology, etc., it
has not been possible to fully recapture the complex three-dimensional (3D) envi-
ronment of cells in vivo [16, 23–26], which limits the usefulness of 2D cell culture
for advanced applications. The flat attachment surface does not support vertical
growth and cell attachment, which prevents the cells from assuming their native
morphology (except perhaps in epithelial cells), forcing the cells into a base–apical
polarity that extends laterally with minimal height. Similarly, the culture vessels do
not mimic other features of the native cell environment, such as surface roughness,
hardness, elasticity, or permeability, and there are no chemical signals through
which the cells typically interact with their environment. In addition, the method
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described is associated with limitations in nutrient uptake and waste removal that
are only possible via the apical surface of the cells [16].

Successful in vitro tissue cultivation requires the cultivation of cells in three dimen-
sions (3D) with the appropriate spatial distribution and without the shortcomings
of traditional 2D cell culture. This requires structural support in vivo by the extra-
cellular matrix (ECM) [16]. In addition to this support, the ECM plays a role in the
proliferation, differentiation, and migration of cells in the tissue. Since the ECM is
produced by the cells themselves, it is an active environment that contributes to the
emerging properties of the tissue. The function, composition, and proportion of the
total volume of the ECM vary according to tissue type, ranging from epithelial tissues
with very little ECM to connective tissues, where the ECM can make up the largest
part of the total volume [27]. The successful establishment of complex de novo tissue
constructs requires new platforms that extend cell culture into the third dimen-
sion. This has led to the development of two main approaches: scaffold-based and
scaffold-free tissue engineering [16].

10.2.2 Scaffold-Free Tissue Engineering

Instead of implementing cells into a matrix with a predesigned shape to determine
the final form, cells are densely accumulated in 3D and stimulated to form their own
ECM [16, 28]. Most commonly, such cell aggregates are formed in a spherical shape
and are hence termed spheroids. However, other forms are experimented with as
well. Spheroids can be arranged using a single or several cell types [29], and sev-
eral approaches have already demonstrated successful spheroid formation. These
include hanging-drop [30] approaches, microfluidics [31], liquid overlay [32], rotat-
ing flask [33], spinner flask [34], magnetic assembly [35, 36], and acoustic assem-
bly [37]. The main advantage of scaffold-free tissue engineering is high cell density
within the structure. However, it is often limited with its maximal reachable size.
On the other hand, the spheroid formation can be combined with additive manu-
facturing or other scaffold-based approaches to overcome its shortcomings. Mironov
et al. have demonstrated an approach where spheroids are extruded through a noz-
zle into a support matrix, which keeps them in place and allows self-assembly of
larger tissue constructs during incubation [38]. By depositing the spheroids in appro-
priate shapes, biomimetic geometries such as blood vessels were established [38].
Alternatively, Ayan et al. established an aspiration-based system, which picks up
individual spheroids from a reservoir and places them at a target position [39]. By
sourcing spheroids from various containers, this method allows the assembly of
highly heterogeneous tissue constructs. Similarly, LaBarge et al. demonstrated that
the same principle can be used for the transfer of several spheroids simultaneously,
increasing fabrication speed [40].

10.2.3 Scaffold-Based Tissue Engineering

The second and more commonly used approach is incorporating cells into ECM sub-
stitutes – commonly referred to as scaffolds – a 3D environment, which holds cells
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in place, provides structural support, and often emulates the physiological proper-
ties of the native ECM. Today many different techniques are used and continuously
developed for scaffold fabrication. Many are based on industrial and rapid prototyp-
ing methods (i.e. additive manufacturing), which have evolved to become compat-
ible with biological or biocompatible materials and can take place at physiological
conditions (e.g. low temperatures, pressures, and absence of toxic compounds) [28].
In general, the advantages of using scaffolds include improved control over the shape
and spatial cell arrangement, as well as the possibility of implementing growth fac-
tors and other modulatory compounds. In combination with imaging techniques,
such as magnetic resonance imaging (MRI) or X-ray tomography, digital fabrication
allows precise reconstruction of damaged or missing tissues and organs [21]. 3D bio-
printing in situ could, therefore, become a real possibility, where advanced wound
dressings are printed directly onto the injured site. Some studies have already shown
progress in this area, by inkjet printing stem cells to treat burn wounds [41] and
bone reconstruction by laser-assisted bioprinting of hydroxyapatite (HA) particles
onto the skulls of mice [42]. Ideally, a scaffold should sufficiently mimic physical,
chemical, and biological tissue-specific properties of the native ECM [11, 28, 43],
including

● Structural and mechanical properties that are retained post-fabrication and during
incubation under cell culture conditions, providing stable cell support, as well as
necessary mobility.

● Porosity, roughness, and surface energy for sufficient cell attachment and diffu-
sion of nutrients, waste products, growth factors, and other molecules.

● Biocompatibility such that the main components or their degradation products do
not cause unwanted effects, but rather stimulate desired ones, such as proliferation
and correct differentiation.

● Controlled degradation that matches cell growth and cellular ECM production.

In the end, the scaffold should be completely replaced by healthy tissue, which
resembles its in vivo counterpart. In addition to fulfilling the above-mentioned
criteria, scaffolding components should be available from sustainable and low-cost
sources, allowing scalable production of scaffolds and in vitro engineered tissues.
Fulfilling all mentioned requirements simultaneously is enormously difficult,
as optimizing one parameter can diminish another. For example, a high elastic
modulus may require a higher molecular density, which in turn impacts degrada-
tion times [28], and inks exhibiting appropriate chemical environments, such as
alginate-based hydrogels [44–47], may be prone to osmotic swelling [48] etc.

10.2.4 Definitions and General Terminology

Before delving into the technical details of this chapter, it is important to clarify some
definitions. As young, rapidly developing, and interdisciplinary fields of research,
tissue engineering, and its supporting technologies such as 3D bioprinting, have
been described multiple times, from several perspectives and with inconsistent
use [49, 50]. Hence, determining a unified nomenclature with clear definitions has
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become necessary. Here we will use the terminology, as compiled and determined
by Groll et al. in 2016 and later extended by Ramos and Moroni [49, 50]:

● Tissue engineering: “The use of physical, chemical, biological, and engineering pro-
cesses to control and direct the aggregate behavior of cells.” [51]

● Regenerative medicine: “Application of tissue science, tissue engineering, and
related biological and engineering principles that restore the structure and function
of damaged tissues and organs.” [52]

● Biofabrication: “Automated generation of biologically functional products with
structural organization from living cells, bioactive molecules, biomaterials, cell
aggregates such as micro-tissues, or hybrid cell-material constructs, through
Bioprinting or Bioassembly and subsequent tissue maturation processes.” [50]

● Bioprinting: “The use of computer-aided transfer processes for patterning and
assembling living and non-living materials with a prescribed 2D or 3D organization
in order to produce bioengineered structures serving in regenerative medicine,
pharmacokinetic and basic cell biology studies.” [53]

● Bioassembly: “Fabrication of hierarchical constructs with a prescribed 2D or 3D
organization through automated assembly of pre-formed cell-containing fabrication
units generated via cell-driven self-organization or through preparation of hybrid
cell-material building blocks, typically by applying enabling technologies, including
microfabricated molds or microfluidics.” [50]

● Bioinks: “A formulation of cells suitable for processing by an automated biofab-
rication technology that may also contain biologically active components and
biomaterials.” [54]

● Biomaterial inks: “Materials that can be printed and subsequently seeded with cells
after printing, but not directly formulated with cells.” [54]

10.3 Building Scaffolds

Today several approaches for scaffold fabrication are in use, exploiting different
mechanisms of cell and material arrangement as well as phase transition principles
between liquid and solid form. The most popular approaches are based on additive
manufacturing (e.g. 3D bioprinting) and were summarized in some excellent
reviews on the topic [11, 28, 43, 55]. However, as the technology is developing
rapidly and there are several possible ways of categorizing its applications and con-
figurations (e.g. solidification mechanism, scaffold shape, etc.), the classifications
vary in structure and comprehensiveness. Here we will attempt to describe scaffold
preparation in a broad manner and classify the approaches based on the mechanism
by which a scaffold is formed, leaving the mechanical aspects of the technologies
mostly aside. For example, microextrusion-based techniques exploit different
mechanisms for dispensing the ink through the nozzle (e.g. pneumatic, mechanical
piston, or screw based) [28], which have their advantages and disadvantages.
However, the properties of the ink and the process of scaffold construction (the
domain of interest in this chapter) stay more or less the same, regardless. Our aim
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Figure 10.1 Classification of scaffold preparation approaches. Compared to common
classifications, which focus on 3D bioprinting processes – in this chart additive
manufacturing, here we attempt to structure scaffold manufacturing methods in a broader
sense as further described later.

here is to give a comprehensive overview of the possibilities, but due to a large
number of papers available, we might unintentionally miss out on certain (more
“exotic”) scaffolding approaches. The described techniques are summarized in
Figure 10.1.

10.3.1 Techniques Without Computer-Aided Design and Manufacturing

The main two groups of scaffold preparation that we can distinguish are methods
that rely on computer-aided design and manufacturing (CAD/CAM) and methods
that do not. While the first group of methods has become very popular in recent
years, the latter group is more heterogeneous and encompasses approaches that are
not necessarily related. These include phase separation, foaming combined with
freeze drying, methods more common in the textile industry, decellularization,
etc. Scaffolds that are obtained using the mentioned techniques are showcased
in Figure 10.2. What most of these approaches have in common is that they rely
mostly on the inherent properties of the starting material and its behavior during
processing conditions. Consequently, they typically allow less control over the
anisotropic properties of the internal architecture.

10.3.1.1 Phase Separation
Phase separation is a process of preparing porous structures by separating a polymer
solution into two phases, one with a high polymer concentration and another with
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Figure 10.2 Scaffold fabrication approaches without the aid of computer-aided design
and manufacturing. (a) A scanning electron micrograph of PVDF scaffolds prepared by
phase separation. Source: From Abzan et al. [56]/with permission of Elsevier. (b) SEM
images of PVA scaffolds prepared by using classical gas foaming (right) or microfluidic gas
foaming (left). Source: Reproduced from Colosi et al. [57]/with permission of American
Chemical Society. (c) Woven PLGA scaffold. Source: Reproduced from Chen et al. [58]/with
permission of Elsevier. (d) Scanning electron micrograph of electrospun polyethylene oxide
fibers. Source: Reproduced from Bhardwaj and Kundu [59]/with permission of Elsevier.
(e) Scaffold preparation using decellularization of a rat stomach before (upper image) and
after (lower image) detergent enzymatic treatment. Source: Reproduced from Zambaiti et al.
[60]/with permission of Springer Nature. (f) Scaffold fabrication using standing waves with
ultrasound patterning of bioink. On the right, a microscopic image is shown using a
live/dead assay with living cells colored green. Source: Reproduced from Chansoria et al.
[61]/with permission IOP Publishing Ltd/reproduced from Zambaiti et al. [60]/with
permission of Springer Nature.

a low polymer concentration. After stabilization (e.g. by freezing), subsequent
removal of the polymer-poor phase, one phase is left with a porous structure, which
can be used as a scaffold for tissue engineering [56, 62]. Several different mecha-
nisms of phase separation are reported in literature, including emulsification [57],
thermally induced phase separation [63], and selective sublimation [64]. The most
appropriate approach for a specific application depends primarily on the selection
of materials and their properties, which has advantages and disadvantages in
regard to the intended use. For example, emulsification-based approaches typically
require the use of organic solvents to remove the oil phase in the later stages of the
process [57].
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10.3.1.2 Foaming
Foaming is the process of trapping gaseous bubbles inside the preferred scaffolding
material, for example, an aqueous solution of a polymer. Typically, a hydrophobic gas
(e.g. N2, Ar, or hexafluoroethane) is dispersed within the medium, and the obtained
foam is rapidly stabilized (e.g. by freeze-drying and subsequent cross-linking) [57].
The described approach is suitable for creating highly porous structures, but allows
little control over bubble size, which translates to a broad distribution of pore sizes.
Alternative approaches to foaming include chemical reactions [65] and supercrit-
ical CO2 [66]. An improved approach to gas foaming has been demonstrated by
Colosi et al. using a microfluidic approach to produce gas bubbles with highly
homogeneous sizes [57].

10.3.1.3 “Textile” Methods
Textile meshes have already found use as implants in regenerative medicine, such as
surgical procedures to treat herniae, pelvic floor dysfunctions, and even as vascular
grafts and heart valve repair [67]. Using appropriate materials and fiber preparation
methods, weaving represents a viable option for scaffold fabrication [58, 68, 69].
Creating a textile mesh is typically a two-step process, composed of fiber forma-
tion and assembly, with many possibilities available for both steps, depending on
the source material and desired scaffold structure. Processes which have been used
in fiber formation for tissue engineering include electrospinning (further described
later), wet spinning, microfluidic spinning, interfacial complexation, and collection
of naturally occurring fibers such as silk [68]. Similarly, several options are available
for scaffold formation, using weaving, knitting, or braiding [68]. By designing the
pattern, the anisotropic directionality of mechanical and topographical properties
can be controlled, making such scaffolds especially suitable for engineering connec-
tive tissues [69].

10.3.1.4 Electrospinning
Electrospinning is a process of creating fibers by accelerating a polymer solu-
tion in an electric field. As the solution body extends between the conductive
nozzle and collector, the solvent evaporates rapidly, leaving behind a fiber in
nanometer-to-micrometer diameters [59, 62, 63], which can be adjusted by solution
composition, voltage, and nozzle to collector distance. Electrospinning has become
a very popular technique for creating fibers, as it is compatible with a wide range of
synthetic as well as natural polymers, including polycaprolactone (PCL), polylactic
acid (PLA), silk fibroin, collagen, and fibrinogen [59, 63]. The technique, however,
also has certain disadvantages, as it is difficult to create larger, 3D structures, and
the scaffold fabrication process is slow and is not suitable for use with bioinks.

10.3.1.5 Ultrasound Patterning
A very exciting technique for scaffold fabrication was demonstrated by Chansoria
et al. using ultrasound-assisted biofabrication for creating aligned three-dimensional
cellular constructs [61]. In their article, they described an experimental set-up where
a bioink composed of alginate and human adipose stem cells (hASCs) is placed
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inside a chamber with an ultrasonic actuator and exposed to standing waves, which
imposes a stable alignment on the bioink, which is then stabilized by cross-linking.
By adjusting the placement of the actuators, more complex lattice shapes can be pro-
duced for higher control of ink distribution and porosity. In addition, the technique
is compatible with 3D bioprinting to form more complex shapes.

10.3.1.6 Decellularized Tissues and Organs
Scaffolds derived from native tissues and organs seem especially suitable for tissue
engineering, as they already exhibit the ideal bio-physicochemical properties for 3D
cell culture. Through the improvement of decellularization strategies, cells can be
removed from the tissue while leaving the architecture and composition of the ECM
intact [60, 70, 71]. Such scaffolds have already been used in the engineering of sev-
eral tissues and organs, including bladder, artery, esophagus, or skin [70]. A study by
Ott et al. has demonstrated successful decellularization of the whole heart, its suc-
cessful repopulation with cells, and restoration of function [71]. Furthermore, Noor
et al. have succeeded in deconstructing decellularized cardiac tissue to develop a
bioink for 3D printing, which was used to fabricate de novo cardiac tissue with basic
functionality [72].

Clearly, in terms of biomimicry, chemical, and structural properties, decellu-
larized tissues seem the superior source of scaffolds for tissue engineering. They
will likely be used as a guiding model for other approaches to scaffold fabrication.
However, they also have a major drawback. Animal-derived tissue sources are prob-
lematic in terms of supply, ethical, environmental, and other aspects of livestock
farming [12, 13]. A viable alternative could come from decellularized plant tissues,
which have been successfully used as scaffolds for both in vitro and in vivo applica-
tions in animal models [73–76]. Plant-derived, decellularized tissue scaffolds exhibit
good biocompatibility and proangiogenic function [75], can even be used to induce
basic cardiac function in vitro [76], and are a significantly more sustainable resource.
On the other hand, due to their mechanical properties and internal architecture,
such scaffolds are limited in their use for tissue engineering of soft and movable
structures.

10.4 Computer-Aided Design and Manufacturing

When scaffold fabrication requires control in terms of shape and dimensions that go
beyond the possibilities of most methods mentioned earlier (e.g. for precise recon-
struction of a bone defect), CAD/CAM techniques represent a feasible and increas-
ingly popular option. The process typically has several steps, including design of
the desired shape, its translation to a robotic toolpath, and optimization of fabrica-
tion parameters, such as tool selection, speed, base materials, and environmental
conditions. The manufacturing process is commonly executed using machines with
computer numerical control (CNC), which allows the movement of manufacturing
tools in several spatial directions. In this sense, two categories can be distinguished:
subtractive manufacturing, where a shape is created by removing material from a
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Figure 10.3 Subtractive manufacturing approaches. (a) Shows two possible approaches to
subtractive manufacturing, machining (left), and laser ablation (right). (b) By integrating
image-guided laser control with laser degradation, Heintz et al. created channel structures
within PEGDA hydrogels. Source: Heintz et al. [77]/with permission of John Wiley & Sons.

piece of raw material; and additive manufacturing, which functions by depositing
or solidifying material in subsequent layers, attaching each new layer to the previ-
ous one.

10.4.1 Subtractive Manufacturing

Subtractive manufacturing techniques (Figure 10.3), such as laser ablation or
machining, allow processing of bulk materials with a broad range of structural
properties, from soft materials, such as hydrogels [78] and polymers, to metals and
ceramics [79]. While subtractive manufacturing does not provide control over the
internal architecture and chemistry of the scaffold, it can still be a viable option
for the preparation of products, especially when used in combination with other
scaffold preparation approaches, especially nonautomated techniques, like those
described earlier. Though without automation, the Pelling group has demonstrated
carving as a viable option of forming scaffolds from plant-derived materials [73–75].

Subtractive manufacturing methods for scaffold fabrication have also been
demonstrated on softer structures. Shahriari et al. reported successful growth of
peripheral nerves in agarose hydrogel scaffolds prepared by CNC machining and
knife cutting [78]. Instead of removing the material mechanically, Heintz et al.
showed that using laser degradation, 3D networks of microchannels can be created
within poly(ethylene glycol) diacrylate (PEGDA) hydrogels, with biomimetic
architecture and size [77].

10.4.2 Additive Manufacturing

As mentioned earlier, additive manufacturing is commonly referred to as 3D print-
ing, and usually works as a bottom-up approach, where the material is applied or
solidified in a single layer at a time, with each subsequent layer supported by and
bonded to the previous one. This type of build-up allows great control over the inter-
nal architecture, porosity and, by changing the material during the process, continu-
ous adjustment of the chemical composition. Consequently, additive manufacturing
provides researchers with more flexibility and allows the fabrication of complex scaf-
folds, which would be significantly more difficult to create by other means. Many
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Figure 10.4 General overview over common approaches to additive manufacturing of
scaffolds for tissue engineering. From left to right: inkjet based, extrusion based,
laser-assisted forward transfer, and stereolithography. Source: Pedde et al. [69]/with
permission of John Wiley & Sons.

approaches and mechanisms of creating structures through additive manufacturing
have been developed over the years, each suitable for a specific application. In terms
of scaffold fabrication for tissue engineering and regenerative medicine, every tech-
nique has certain advantages and disadvantages, which will be discussed in more
detail later. A schematic of the four main groups of additive manufacturing tech-
niques for scaffold fabrication is summarized in Figure 10.4.

10.4.2.1 Droplet-Based Techniques
Droplet-based 3D bioprinting includes methods and approaches of depositing
(bio)inks for tissue engineering in the form of droplets [55]. By exploiting vari-
ous possible drive and ink “feeding” mechanisms, this class of methods is very
diverse. However, we will focus on three main subcategories, namely inkjet-based,
microvalve based, and laser-assisted bioprinting (Figure 10.5).

(a)

Day 4

1000 μm

(b)

Figure 10.5 Droplet-based techniques. (a) 3D Silk fibroin scaffolds printed with sacrificial
alginate. Source: Reproduced from Compaan et al. [80]/with permission of American
Chemical Society. (b) Precisely ordered scaffolds prepared by two-component inkjet printing.
Source: Reproduced from Zimmermann et al. [81]/with permission of IOP Publishing.
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10.4.2.2 Inkjet Bioprinting
The first inkjet bioprinting applications deployed commercial, paper printers,
adapted for bioink deposition [28]. Generally speaking, inkjet printing is the
process of placing small droplets of liquid phase materials with high volumetric
precision in defined arrays on a target substrate [82]. It is typically classified into
two main categories: continuous or drop-on-demand inkjet printing, distinguished
by the physical process by which drops are generated [83]. Continuous inkjet
printing (CIJ) describes a technique where a continuous jet of material is ejected
through a nozzle and breaks into discrete drops as a consequence of surface tension
[83]. In drop-on-demand (DoD) printing, on the other hand, individual droplets
are generated when required, using thermal, piezoelectric, or electrostatic driving
mechanisms [83]. Inkjet printing allows high-speed deposition (up to 10 000 s−1)
of subnanoliter droplets and shows high cell viability after deposition. Therefore,
deploying modified commercial inkjet printers offers a cost-effective solution
[28, 69]. On the other hand, these techniques are limited to the use of liquid inks
and are prone to clogging [28, 69]. Being limited by the range of compatible material
viscosities, scaffold size is an important limitation for inkjet bioprinted scaffolds.
Nevertheless, promising new approaches and workarounds for inkjet bioprinting
show the potential to increase the range of compatible materials and applications.
Compaan et al. demonstrated two-step inkjet bioprinting of silk fibroin bioinks
with alginate as a sacrificial material. Printing onto a platform, submerged into a
CaCl2 cross-linking solution each layer at a time, thick, 3D scaffolds were success-
fully fabricated. After cross-linking the silk fibroin, alginate is dissolved, leaving
behind silk-based fibroblast scaffolds [80]. Zimmermann et al. have demonstrated
successful 3D printing by joining two piezoelectric pipettes for high precision
droplet dispensing of reactive hydrogel precursors onto the same position, where
a hydrogel is formed by mixing of the two components [81]. Using the described
approach, multicomponent fabrication processes can be designed, which facilitate
high precision, printing speed, viability, and control over matrix mechanics.

10.4.2.3 Microvalve-Based Bioprinting
In contrast to inkjet printing, where the material is accelerated by a pulsed mech-
anism, microvalve-based bioprinting characterizes techniques where droplets are
generated by controlled opening and closing of a valve, allowing (bio)ink to escape
from a container under a set pressure [84]. Similar to inkjet printing, it is compatible
with a relatively narrow range of materials in terms of viscosity and is prone to clog-
ging [84]. Compared to inkjet printing, it is somewhat slower (up to 1000 droplets/s)
and less precise. However, it is compatible with the inks of a broader spectrum of
viscosities [55]. Regardless, microvalve-based bioprinting has found valuable appli-
cations, e.g. in high-throughput screening toxicology analysis, fabrication of tissue
spheroids, as well as in vitro tissue models of bladder, lungs, and skin [55, 84].

10.4.2.4 Extrusion-Based Techniques
“Conventional” microextrusion is the most widely used approach to 3D bioprint-
ing. Its working principle is very straight forward: (Bio)ink, which is contained in a
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syringe, or similarly shaped cartridge, is extruded through a nozzle and deposited to
a target surface while changing its relative position in the X, Y, and Z dimensions.
The basic fabrication procedure can be distilled into the following parts:

● Computer-aided design (CAD) of target structures.
● “Slicing” the model into individual layers and generating a sequence of coordinate

positions with movement and (optionally) extrusion rates.
● Printing preparation, including (bio)ink assembly, as well as mounting of the car-

tridge and fixation of a substrate, onto which the printing will occur.
● Printing: typically, scaffolds are fabricated from the bottom-up, depositing each

new layer on top of the previous one.

A substantial part of its functionality is derived from fused deposition modeling
(FDM), which has become widely adopted, especially since the first open-source
licenses for hardware and software became available [85–87]. Consequently, the
technology has become low cost, easy to use, and built with commonly available
components. In addition, microextrusion bioprinting is highly customizable,
allowing the integration of several fabrication heads with multiple materials and
deposition parameters. Of all mentioned approaches, extrusion bioprinting is com-
patible with the broadest range of (bio)inks, gelation principles, and cross-linking
mechanisms [28, 43, 55, 88]. It is also highly adaptable and has already been used
in many important contributions to tissue engineering and regenerative medicine,
further discussed later. Despite its versatility, microextrusion bioprinting also has
certain disadvantages. The minimum width of the deposited filament is limited
with the inner diameter of the nozzle, typically in the range of 100 μm in diameter
[89] and the consequent shear stress, which is higher in narrower nozzles and is
harmful to cells [28]. In addition, the geometrical complexity of target scaffolds
is typically limited to structures where each successive layer receives structural
support from the previous one. Nevertheless, the development of new materials,
fabrication procedures, and hardware are providing solutions and workarounds for
the mentioned challenges. The different approaches to extrusion-based bioprinting
are shown in Figure 10.6.

10.4.2.5 Freeform Embedded Bioprinting
Scaffold fabrication requires a balance between ink fluidity, which facilitates extru-
sion and reduces shear stress on cells on one side, and ink stability after deposition
of the material for high shape fidelity of the designed scaffold [28]. The extent and
duration of the liquid to solid transition significantly limit the control over scaffold
geometry and shape fidelity. However, improvements are possible by adjusting the
ink properties and process parameters. One possible approach to enhancing the geo-
metrical range of microextrusion manufactured scaffolds is printing into a support
bath [90, 95, 96]. Freeform reversible embedding of suspended hydrogels (FRESH),
as termed by Hinton et al., is performed by 3D printing (typically) hydrogels into
a dense suspension of a finely granulated secondary hydrogel. The support bath
allows fluent gliding of a fine nozzle (e.g. gauge needle) while providing structural
support to the deposited material. Additionally, the support bath provides a gentle
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Figure 10.6 Scaffolds fabricated by microextrusion bioprinting. (a) A “woodpile” scaffold
created using conventional microextrusion. Source: Reproduced from Irvine et al.
[88]/Springer Nature/CC BY. (b) The process of freeform bioprinting by reversed embedding
in suspended hydrogels (FRESH). Source: Reproduced from Hinton et al. [90]/American
Association for the Advancement of Science/CC BY 4.0. (c) Sacrificial bioprinting in a
biocompatible matrix used to create a network of perfusable channels. Source: Reproduced
from Wu et al. [91]/with permission of John Wiley & Sons. (d) A schematic of coaxial
printing, showing simultaneous extrusion of hydrogel and cross-linking solution. Source:
Reproduced from Colosi et al. from [92]/with permission of John Wiley & Sons. (e) A
well-defined lattice structure composed of microfibers, created using melt electrowriting
(MEW). Source: Reproduced from Brown et al. [93]/with permission of John Wiley & Sons.
(f) A microfluidic extrusion nozzle with focusing capabilities. Source: Reproduced from
Dickman et al. [94]/with permission of John Wiley & Sons.

cross-linking environment, allowing bonding of a successive layer to the previous
one and stabilizing the structure before releasing it [90]. The described technique is
compatible with various support bath compositions, cross-linking mechanisms, and
significantly improves resolution as well as shape fidelity of a scaffold and allows the
manufacturing of physiologically relevant shapes [90, 95, 96].

10.4.2.6 Sacrificial Bioprinting
Building on embedded bioprinting, the scaffolding and placeholder material
can also be swapped. Thus, instead of printing scaffolds into a support bath and
releasing them afterward, a sacrificial material can be deposited into a scaffold
matrix and evacuated after curing. This is especially useful for fabricating scaffolds
with complex and interconnected channel systems, an important building block
for the engineering of tubular tissue components, especially vasculature, which
is one of the critical challenges for the engineering of large, functional in vitro
tissue models [91, 97, 98]. To obtain perfusable channels, successful extraction of
sacrificial ink is necessary, which, especially for the use of interconnected networks,
requires appropriate rheological properties. Wu et al. used a Pluronic F127 ink, with
optimized shear-thinning characteristics to support smooth flow during deposition
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and stability during curing, but transitioned to a liquid below the critical micelle
temperatures, allowing its complete removal [91]. Štumberger and Vihar used a
similar approach using xanthan hydrogel as the sacrificial ink in gelatin or alginate
matrices [98]. In addition to the above-described method, Kolesky et al. successfully
3D printed a self-supporting sacrificial scaffold (Pluronic F127-Thrombin) inside a
custom-built container and filled the empty spaces with liquid gelatin–fibrinogen
bioink. After curing, the structure was cooled to liquefy and remove the sacrificial
ink, followed by incubation [97]. Their study demonstrated that the process is suffi-
ciently mild to sustain the survival of cells in the used inks. In a breakthrough study,
Skylar-Scott et al. demonstrated sacrificial bioprinting-assembled organoid matrices,
which exhibit high cell density, self-healing, and viscoplastic behavior [99]. Utilizing
the sacrificial writing into functional tissue (SWIFT) method, sacrificial gelatin ink
was printed into a bed of cardiac tissue spheroids, suspended in a collagen–matrigel
matrix. Following spheroid fusion, the researchers obtained a perfusable cardiac
tissue, which exhibited synchronous beating over a seven-day period [99].

10.4.2.7 Core–Shell Bioprinting
Sacrificial printing shows enormous promise, especially for fabricating dense tissues
with integrated vasculature. For applications where loose or porous scaffolds with
directional perfusion are required, other approaches may be beneficial. A possible
and convenient method to fabricating perfusable scaffolds is employing coaxial noz-
zles, which can also be used in a conventional extrusion-based set-up. Nozzles of
varying diameters are aligned on the same axis, such that a wider nozzle encloses a
narrower one [46]. By extruding different inks through separate compartments of a
coaxial nozzle, a “core” and “shell” are deposited, hence the name core–shell bio-
printing. Gao et al. demonstrated a single-step process of fabricating stable channels
within the 3D printing of cell-laden structures [47]. Simultaneously extruding an
alginate hydrogel from the shell compartment and CaCl2 from the core compartment
of the nozzle, the gel was cross-linked at the interface, creating a hollow, yet stable
filament [47]. By spatially controlling deposition, woodpile structures were success-
fully fabricated. While the nozzle design using long and narrow compartments is
expected to facilitate high shear stress on cells, the approach has been successfully
deployed using alginate and decellularized ECM bioinks with endothelial progenitor
cells [100]. A typical coaxial set-up contains a hollow needle, aligned within a wider
hollow needle. In a proof-of-concept study, Attalla et al. report a modified set-up,
where materials can be extruded in multiple layers along the same axis and provide
a protocol for optimizing the flow rate of individual components [45].

10.4.2.8 Multicomponent and Microfluidic Bioprinting
In addition to highly complex internal geometries, native tissues also exhibit
precisely structured, spatially specific cellular and ECM composition. To achieve
relevant biomimicry, the process of biofabrication requires not only spatial control
over deposition but also spatial control over the chemical composition of the
scaffold. Extrusion-based 3D bioprinters have early adopted multiextruder configu-
ration, allowing consecutive change of (bio)inks within the printed scaffold [28, 38].
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However, sequential deposition of discrete units of material cannot fully recapit-
ulate the bio-physicochemical gradients of native tissues. An elegant solution for
this problem could be extruding multiple materials through the same nozzle. In
addition to changing component ratios during ink deposition, specific interactions
between components could be exploited to achieve new and improved existing
scaffold functionality. Liu et al. demonstrated this type of set-up by integrating a
CNC stage with an array of 7 bioink reservoirs, which are pneumatically driven and
routed to a single printhead [101]. By individually controlling the valves in sequence
or simultaneously, structures with complex internal gradients and hierarchical
composition were 3D printed, including complex cell-laden structures and bioelec-
tric circuits [101]. Its own respective field for miniaturization complex biological
and chemical experiments, synthesis, mixing, lamination, encapsulation, etc. is
microfluidics [102]. Allowing work with small quantities of material and adjusting
its properties “on-the-fly” create a powerful tool, also for microfabrication and
3D bioprinting. Using microfluidic bioprinting, Dickman et al. demonstrated the
fabrication of respiratory and intestinal tissue constructs containing smooth muscle
cells that mimic the native contractile function in response to normal physiological
triggers, as well as diseased behavior as a response to fibrosis trigger transforming
growth factor beta (TGF-β) [94]. The development of new microfluidic chips and
nozzles for “on-the-fly” controlled bioprinting will generate new possibilities for
the fabrication of geometrically and bio-chemically heterogeneous scaffolds, with
advanced functionality and biomimicry. Colosi et al. and Costantini et al. reported
the fabrication of scaffolds using microfluidic printing heads with a core–shell
nozzle [92, 103].

10.4.2.9 Melt Electrowriting
As described earlier, electrospinning is a useful tool for fabricating meshes of ultra-
fine fibers as scaffolds for tissue engineering. In a static set-up, the electrostatically
drawn polymer jet deposits fibers over a relatively large area and in a chaotic man-
ner [93]. Fibers electrospun from solution are also restricted in the number of layers,
which can be collected on the same surface area, limiting scaffold thickness [93].
However, by deploying melt electrospinning, while laterally translating the collec-
tor in X and Y directions, fiber deposition can be controlled much more precisely.
By adjusting voltage, distance, and motion velocity, Brown et al. report a direct melt
electrowriting (MEW) process that allows consistent and reproducible deposition of
submicron PCL filaments, constructing 3D scaffolds suitable for biomedical appli-
cations [93]. By optimizing the writing parameters, the thickness of the filament
can be controlled using the same nozzle [104], hence enabling the process adapta-
tion to other polymers [93]. The fabrication conditions of MEW do not allow fab-
rication using bioinks. Nevertheless, the MEW process shows a lot of promise for
high-resolution 3D-printed scaffolds with submicron thick filaments, which can be
used in combination with other bioprinting techniques, producing scaffolds with
advanced composition and functionality. de Ruijter et al. reported the fabrication of
composite scaffolds, by simultaneous MEW of PCL and extrusion bioprinting using
GelMA bioinks and pluronic-based hydrogels [105].
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Figure 10.7 Photolithographic bioprinting methods. (a) Micro- and nanostructures
fabricated using multiphoton STED lithography. Source: Reproduced from Klar et al.
[106]/with permission of IOP Publishing. (b) Interference lithography. Sample structures
(left) and a schematic showing pattern generation. Source: Reproduced from Kamali et al.
[107]/with permission of Proceedings of the National Academy of Sciences. (c) Volumetric
bioprinting using computed axial lithography. Source: Reproduced from Bernal et al.
[108]/with permission of John Wiley & Sons.

10.4.2.10 Photopolymerization
This section describes several approaches to additive manufacturing using light as a
mechanism to create solid objects from typically liquid sources through photopoly-
merization – the process of extending polymer chains by adding reactive monomers.
The term “laser-assisted techniques” is in literature often used to describe pro-
cesses that are used to create and deposit discrete bio-ink droplets by laser pulses,
aimed at a membrane [28, 43, 55], and are further described in a separate cate-
gory below. Examples of techniques exploiting photopolymerization are shown
in Figure 10.7.

10.4.2.10.1 Stereolithography (SLA)
Conventional stereolithography is a process of forming 3D objects by selective solid-
ification of a photosensitive material using targeted irradiation with light, which
causes the formation of reactive species, e.g. free radicals or ions [109, 110]. In turn,
a chemical chain reaction is induced, which bonds smaller molecules into a stable,
cross-linked polymer. As the monomers are typically not sufficient to start the reac-
tion, photoinitiators are added into the solution. Shapes are then produced by UV
light in a single-photon process, which allows producing several centimeter-sized
structures in high resolution [109, 110]. Different sources of irradiation and
consequent set-ups are used, including focused light beams and mask-based set-ups
[109]. With the development of microelectronics and processes, new and more
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convenient methods for irradiation can be used, such as light-emitting diode (LED)
displays [111] or digital micromirror devices (DMD)[112], extending the range of
useful wavelengths and compatible materials. The SLA process takes place in a
narrow plane of light focus, where the ink is exposed to light. The first polymerized
layer is bonded onto a target platform, which is moved away from the light source, as
each subsequent layer is solidified. SLA allows rapid fabrication of extraordinarily
complex structures in high resolution, which is very advantageous for tissue engi-
neering and regenerative medicine [110, 113]. On the other hand, it is quite limited
in the use of biocompatible materials and cell friendliness of the process. Monomers,
photoinitiators, and later on, degradation products, are often toxic to cells [114].
Thus, improving the cell friendliness of the process and the involved materials is
an important focus of stereolithographic biofabrication [115]. One approach in
this regard is reducing the toxicity of photoresists and monomeric components.
Heller et al. demonstrated that using vinyl ester as monomers is a viable option for
creating stereolithographic scaffolds for tissue engineering, compared, for example,
to acrylates or methacrylates [116]. Torgersen et al. composed an excellent review
of biocompatible chemicals for stereolithographic biofabrication [115]. Another
important factor that impacts cell viability during the lithographic process is the
incident light, its exposure, intensity, and wavelength. In this regard, multiphoton
polymerization represents a major improvement in SLA biofabrication.

10.4.2.10.2 Multiphoton Lithography
To begin the polymerization reaction in a conventional SLA set-up, a photon with
a specific wavelength needs to be absorbed by the photoinitiator to shift toward
the appropriate energy state, which allows the process to unfold. However, the
photoinitiator can also be sufficiently excited if it simultaneously absorbs two or
more photons with longer wavelengths [109]. The probability for this to occur
depends on the incident light intensity and is, for example, high in the focal region
of a focused laser [117]. Hence, the term for this fabrication is two-photon or even
multiphoton lithography (MPL), often also referred to as direct laser writing (DLW).
Exploiting this phenomenon causes polymerization solely in the focal region and
significantly increases writing resolution, which reaches the sub-micron, even
nanometer range [106, 109, 118]. However, there is a trade-off between resolution,
numerical aperture (NA), and working range of the objective [119, 120]. For
biological applications, multiphoton excitation systems with low NA objectives are
preferably used [121]. Using this approach, Non-Bulbar Dermal Sheath (NBDS)
cells were successfully cultivated on pentaerythritol triacrylate (PETA) – bisphenol
A glycidyl methacrylate (BisGMA) scaffolds, exhibiting marginal cytotoxicity and
development toward bone-like ECM production [122]. In 2019, an important
breakthrough study by Dobos et al. demonstrated successful scaffold fabrication
using a bioink, composed of Thiol–Gelatin–Norbornen (Gel-NB) and mouse L929
fibroblasts, which survived such printing process and showed positive proliferative
capacity [123].
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10.4.2.10.3 Interference Lithography
Typical layer-by-layer approaches to additive manufacturing are limited in through-
put and may result in mechanical anisotropies [124], which is an important draw-
back for scaling and standardization of the technology. However, by exploiting the
quantum properties of photons, solutions could be on the horizon. A recent article by
Kamali et al. proposed the concept of large-scale metasurface-assisted 3D lithogra-
phy. The approach is aimed at rapid photo-lithography-based fabrication of complex
periodical structures, which are the result of light interference patterns induced by
metasurface masks, which provide orthogonal polarizations, resulting in exotic 3D
patterns [107]. This technique is still a proof of concept and has not yet been trans-
lated into biofabrication or tissue engineering. However, it could be an exceptionally
fast and scalable method for printing high-resolution scaffolds.

10.4.2.10.4 Computed Axial Lithography – Volumetric Bioprinting
Recently, a new light-based approach to additive manufacturing has been proposed
capable of fabricating 3D structures with exceptional speed, without anisotropic
effects [124, 125]. The technique was inspired by computed tomography (CT) image
reconstruction, and intensity-modulated radiation therapy (IMRT) functions by
projecting 2D images at consecutive angles through a rotating container filled
with photosensitive resin. The consequent superposition of exposures results in
a sufficient energy dose to polymerize the material within a bound 3D geometry
[124, 125]. The described computed axial lithography (CAL) or volumetric additive
manufacturing holds immense promise for the fast generation of complex structures
and has already been successfully implemented for 3D bioprinting applications
using photoresponsive gelatin hydrogels [108]. Using a bioink composed of gelatin
methacryloyl (gelMA) and either articular-cartilage-resident chondroprogenitor
cells (ACPCs), endothelial colony-forming cells (ECFCs), or mesenchymal stem
cells (MSCs), respectively, Bernal et al. successfully fabricated cell-laden structures.
The images were projected at a wavelength of 405 nm, resulting in >85% cell
viability and the production of relevant ECM proteins [108].

10.4.2.11 Laser-Assisted Bioprinting
In this section, techniques (Figure 10.8) will be discussed, which require the use of
lasers but do not fall into the categories of lithography or engraving.

10.4.2.11.1 Laser-Assisted Forward Transfer
In most review articles, laser-assisted techniques are classified into a separate group
[28, 43, 55]. However, the further described laser-induced forward transfer (LIFT)
for 3D biofabrication is typically used for droplet-based scaffold manufacturing;
hence in this text, laser-assisted techniques are ordered into this category. In LIFT
3D bioprinting, a pulsed laser beam is focused on an energy-absorbing substrate
(typically a thin layer of ink deposited on a transparent slide or membrane), causing
local vaporization, followed by a pressure rise, which propels a droplet of ink toward
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Figure 10.8 Laser-assisted bioprinting techniques. (a) Basic principle (left) and sample
scaffolds (right) created using selective laser sintering. Source: Reproduced from Du et al.
[126]/with permission of Elsevier. (b) Single-cell bioprinting using laser-assisted forward
transfer. Source: Reproduced from Guillotin et al. [127]/with permission of Elsevier.

a collector [28, 43, 55]. As the laser beam absorption is highly localized and short
termed, the technique is compatible with bioinks with high post-printing viability
[128], whereas avoiding nozzles eliminates the possibility of clogging [28, 55]. In
addition, LIFT has been demonstrated to facilitate the use of bioinks with high cell
densities and a broader range of viscosities (1–300 mPas−1) than other droplets-based
techniques, such as inkjet printing (3–12 mPas-1) or microvalve-based printing
(1–200 mPas−1) [28]. The resolution of laser-assisted bioprinting depends on the
inherent properties of the bioink, such as layer thickness, viscosity, surface tension,
and the set-up parameters, such as substrate wettability, ink-to-surface distance,
and laser fluence [129]. In their study, Guillotin et al. report successful LIFT
bioprinting of individual cells encapsulated in an alginate-based bioink [127],
though accurate positioning can be difficult [28]. An important milestone for in
vivo bioprinting was reached by Keriquel et al. who showcased the use of LIFT for
depositing nano-HA [42] and later on bioinks composed of stromal cells with col-
lagen and HA directly onto deletions in the calvaria of mice [130], stimulating bone
regeneration.

10.4.2.11.2 Selective Laser Sintering
Similar to most additive manufacturing techniques, selective laser sintering (SLS)
is a layer-by-layer fabrication process. Successive layers of powdered material such
as metals, ceramics, or plastics are fused by a focused laser [131]. Requiring high
energies of the incident beam, the process would be highly destructive for cells;
thus, it does not fit directly into the category of 3D bioprinting. Nevertheless, SLS
produced structures do find use in tissue engineering and regenerative medicine,
especially for the manufacturing of hard tissue replacements, implants, or surgical
guides [132, 133].

In addition to SLS, where sintering occurs in successive, individually shaped
layers, bulk material can be sintered under high temperatures or pressures. This
can be useful for finishing additive manufactured objects, which contain powdered
materials held together by binding agents. Combining SLA techniques with
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subsequent sintering has shown promising results in the fabrication of highly
precise ceramic scaffolds, which find applications in bone or dental reconstruction
[10, 79, 134].

With high mechanical strength, metals and ceramics typically find applications
as scaffolds for replacement of “hard tissues,” such as bone or cartilage, to provide
structural support. However, not only the scaffolds need to have the appropriate
shape and sufficient structural strength but also they should closely mimic the
mechanical properties of the target tissue, have good biocompatibility, and allow
sufficient mass transport [135, 136]. To match these properties, highly porous
and chemically heterogeneous scaffolds are required [136]. SLS can be a suitable
technique to achieve these results, as Du et al. demonstrated by fabricating hybrid
HA-PCL scaffolds [126].

10.5 Challenges and Future Outlook

The number of biofabrication techniques has grown and evolved significantly over
the past few years, and researchers are demonstrating the successful fabrication of
increasingly complex tissue models. This can be presumed to increase even fur-
ther with more research groups as well as companies entering the field. Ng et al.
report that since the year 2001, when a single scientific publication was published
for bioprinting, the number has increased to 50 publications per year in 2019 [43].
IDTechEx estimates show that the global bioprinting market will reach US$1.9 bil-
lion by 2028 [137]. It should be noted, though, that applications that will successfully
tackle the challenges of tissue engineering and regenerative medicine will require
additional development of accurate and reliable tools [138].

Currently scalable, yet spatially accurate and biochemically heterogeneous tissue
constructs, which exhibit full functionality, cannot be achieved by any single biofab-
rication strategy. While light-assisted techniques such as lithography or LIFT offer
the highest spatial resolution, and volumetric techniques offer fast manufacturing
of large, complex structures, these can be produced using a homogeneous (bio)ink,
selected from a narrow range of materials. Also, the long-term effects of irradia-
tion and degradation products require further studies. Extrusion-based bioprinting
allows fabrication of human-scale tissue scaffolds with integrated biochemical and
cellular gradients, selecting from a broad range of materials. However, it is also the
most limited technique in terms of resolution.

The above-described fabrication techniques are continually refined to reduce the
extent of their limitations. To rapidly build large, fully functional, and personalized
tissues or complete organs, a viable direction seems to develop hybrid methods,
which combine advantages of several scaffold fabrication approaches. Efforts
have already been made in this direction, for example, by combining MEW with
microextrusion [105] or microextrusion with droplet-based techniques [139]. In this
regard, it will be crucial to consider parallel development of fabrication techniques
with novel (bio)inks, which will, in addition to exhibiting ECM-like properties,
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be appropriately “printable.” In terms of composition, decellularized ECMs are
excellent guides for the design of new scaffolding materials for the engineering
of specific tissue types. A good example of using decellularized ECM as source
material for a bioink design was demonstrated by Noor et al. who 3D printed a
miniature version of the human heart [72].

Another aspect of biofabrication worth noting is the emergence of 4D bioprinting.
The concept is based on the idea that the fabricated scaffold continues to change
over time, adapting its functionality according to time and external triggers,
such as chemical cues and temperature, and has been extensively reviewed by
Gao et al. [140].

At the moment, some of the main challenges in tissue engineering remain to be
solved, including effective vascularization, improved control over scaffold resolu-
tion, shape fidelity, and anisotropic properties in terms of mechanics and biochemi-
cal composition. However, progress is made rapidly, and we can be optimistic about
the future. Current advances and the state of organ manufacturing are further dis-
cussed in Chapter 17.
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11.1 Introduction

Extracellular matrix (ECM) has tissue-specific dynamic composition with dissimilar
internal and external macro- to nano-structural multiscale architecture, biological,
and mechanical characteristics. This is why tissue engineering as originally stated is
“an interdisciplinary field which applies the principles of engineering and life sciences,”
from material sciences, cell biology, biotechnology, and chemistry [1].

Contemporary concept of scaffolding in tissue engineering is to mimic, at least par-
tially, the structure and functions of native ECM [2]. The scaffold’s efficiency is asso-
ciated with its biodegradability upon implantation, ideally at a rate matching that
of the new ECM regeneration, cyto- and tissue compatibility and bioactivity [3, 4],
microstructure with porosity, pore size and pore size distribution for efficient
nutrient and metabolite diffusion, vascularization, and new tissue formation and
remodeling without significantly compromising mechanical properties, surface
properties [5], mechanical stability providing rigidity, stiffness, and elasticity [6],
easy to fabricate into precise desired shape, and structural and biochemical stability
upon sterilization [7]. It becomes clear the ideal scaffolds features should be different
for each tissue type, hard or soft tissues. There are some key factors in controlling the
potential of an engineered scaffold to mimic the native tissue as accurately as pos-
sible. First, material selection in scaffold construct is strongly related to the native
tissue mechanical properties. Potential materials include natural and synthetic bio-
compatible and eventually biodegradable polymers, ceramics, metals, and combina-
tions of these materials, such as reinforced polymeric composites, each of them with
specific chemical, physical, and mechanical properties. Scaffold surface, as the inter-
face for cell and native tissues, plays a key role in guiding cell behavior; a large sur-
face area and an appropriate surface energy (hydrophilicity/hydrophobicity balance)
favor cell attachment and growth, and the surrounding fluids ability to interact along
the surface; moreover, for a better interaction, the biomaterial surface could be even-
tually modified with bioactive molecules. Another important issue is the macro- and
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microstructure of the materials. Highly porous biomaterials with interconnected
pores are desirable for the easy diffusion of nutrients to and waste products to/from
the scaffold and for vascularization. Moreover, the interconnected porous structures
will substantially affect the final mechanical properties. The surface area/volume
ratio of porous scaffolds depends on the density and average diameter of the pores;
the dimensional characteristics of specific cells dictate the minimum pore size and
interconnectivity type. Generally, micro- and mesopores promote cell adhesion and
favor scaffold degradation at controllable rates, whereas macropores support tissue
ingrowth and vascularization [8]. After selecting the most appropriate biomaterial
for scaffold fabrication, it is quite important to select an adequate processing tech-
nique with high levels of control over the macro- and microstructural architecture.
The selection of the most appropriate processing method must meet some key
requirements, such as process accuracy and reproducibility – the obtained scaffolds
have to present consistent pore size and interconnectivity and should not suffer
any physical–chemical variations when produced by the same method. Moreover,
the processing conditions must not alter the properties of the biomaterials, and any
cytotoxic additive used during the process must be totally removed [9].

Conventional techniques (polymer melt-based processing or solution-based
processing, gas foaming, freeze drying, solvent casting or particulate leaching,
and their combinations) usually result in macro- to microstructured bioscaffolds,
whereas electrospinning and advanced techniques (UV or laser polymerizable
systems–stereolithography and selective laser sintering [SLS], and nozzle-based
deposition–fused deposition, and 3D bioprinting) allow the fabrication of more
precise micro- to nanostructure organized scaffolds. The fabrication of biomimetic
hybrid 3D scaffolds by combining micro- and nanotechnologies is a promising
approach to design 3D anisotropic scaffolds that better replicates the anatomical
structures of native extracellular matrices [10, 11].

Hybrid scaffolds, generally consisting of 3D microprinted pores and electrospun
nanofibers, provide the necessary topography and the architecture needed for more
efficient tissue ingrowth. Such 3D scaffolds improve cell entrapment and prolifera-
tion, promote cell differentiation, and favor tissue regeneration. In order to replicate
the spatial gradient of composition, properties, and functions typical to targeted
biological tissues, scaffolds with spatially distributed gradients have also been devel-
oped [12, 13]. The successful scaffold implantation requires the biomimetic structure
to be seeded with corresponding type of cells and charged with specific growth fac-
tors. Both the top-down and the bottom-up approaches have been used for the design
of tissue-engineered in vitro implantable scaffolds. Hence, in top-down strategies,
specifically designed scaffolds have been seeded with cells and cultured on to mimic
the tissue to be replaced in terms of structure, composition, and mechanical prop-
erties. On the other hand, the bottom-up approach supposes the construction of
modular scaffolds, obtained through both microencapsulation and microfabrication
techniques, as well as employing traditional cell culture strategies, to create a more
biomimetic scaffold [14].

This chapter briefly describes some of the most representative biopolymer fabrica-
tion techniques to produce the various types of 3D scaffolds with each characteristic,
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Figure 11.1 Schematic representation of the common techniques for scaffold fabrication.
(A) Conventional methods: (a) phase separation, (b) gas foaming, (c) freeze drying, and
(d) solvent casting/particulate leaching. (B) Electrospinning. (C) Advanced fabrication
methods: (a) stereolithography: (a1) top-down approach and (a2) bottom-up approach;
(b) selective laser sintering; (c) fused deposition modeling.

advantages and limitations or shortcomings, specifying their related potential appli-
cations (summarized in (Figure 11.1) and Table 11.1). Biopolymer composites scaf-
fold fabrication and applications in tissue engineering can be found elsewhere [81].

11.2 Conventional Methods for 3D Scaffold Engineering

11.2.1 Fluid-Based Technologies

11.2.1.1 Melt-Based Processing – Melt Molding
Melt-based processing is used to produce solid implants of biodegradable bioma-
terials [82]. These conventional techniques are simple, easy to scale up, and cost
effective. Orthopedic fixation devices (plates, rods, and screws) are often obtained
using extrusion or injection-molding methods. Melt-based methods involve the
use of molds to produce complex 3D scaffolds of any desired shape by modifying
the mold geometry. Melt-based techniques typically use solid polymers, without
solvents, being useful in fabricating scaffolds from insoluble polymers in organic
solvents [83].

The selection of a melt-based processing method strongly depends on the thermo-
plastic or thermosetting nature of the initial polymeric material. For thermoplastic



Table 11.1 Fabrication methods with their advantages, limitations, and related possible clinical applications.

Fabrication
method

Suitable
biomaterials Advantages

Limitations/
disadvantages

Targeted clinical
applications

Selected
references

Conventional methods for 3D porous scaffolds

Fluid-based technologies
Melt-based
process-
ing – melt
molding

Synthetic polymers;
polymer composites

Macro-shape control;
independent control of
porosity and pore size

High processing temperature
and/or pressure; association
with other conventional
methods

Bone; cartilage; peripheral
nerve; intestine; blood
vessel

[15–22]

Solution-based processing
Phase
separation

Natural and
synthetic polymers

Potential for drug-delivery
applications; bioactive
molecules protected from
solvents; anisotropic
microstructure

Residual solvents; limited
pore sizes; difficult to control
precisely scaffold morphology

Osteochondral; nerves;
pulmonary alveoli

[23–26]

Gas foaming Synthetic polymers Control over porosity and
pore size; free of organic
solvents needed

Inadequate pore
interconnectivity; limited
pore sizes; limited
mechanical property

Cartilage; heart; lung [27–30]

Freeze drying Natural and
synthetic polymers;
polymer composites

Pore interconnectivity;
high controlled porosity;
unidirectional orientated
microstructure

Lower porosity and pore size
than most other procedures;
long processing time

Skin; adipose tissue;
nerves; arterial; muscles;
tendon; bone, cartilage,
and osteochondral

[31–38]

Solvent cast-
ing/particulate
leaching

Natural and
synthetic polymers;
polymer composites

High porosity control;
independent control of
porosity and pore size and
geometry; minimal
material needed for
procedure; minimal steps;
simple procedure

Inadequate pore
interconnectivity; produces
thin membranes with a dense
surface skin; harmful residual
solvents/porogens; possible
acidic polymer degradation
affecting cell viability; poor
mechanical strength

Cartilage [39–42]



Textile technologies for 3D scaffold engineering
Electrospinning Natural and

synthetic poly-
mers – advantage of
material versatility

Control over porosity, pore
size, and fiber diameter;
simple setup, versatility,
productivity, relative low
cost

Uneven pore size; limited
control porosity; poor
mechanical integrity; most
cytotoxic solvents; pore sizes
decrease with fiber
thickness – relatively poor
cellular infiltration

Liver tissue; articular
cartilage; bone; ligaments
and tendons; vascular
grafts, cardiac patches;
muscles; soft tissues
(cornea and corneal
components, skin, nerves)

[43–53]

Hydrogel scaffolds fabrication
Physical or/and
chemical
cross-linking
hydrogels

Natural and
synthetic materials

Immediate implantable;
minimal processing
necessary

Limited mechanical
properties; limited porosity;
harmful polymerization
by-products; limited material
choice

Bone [54, 55]

In situ
polymerization

Functionalized
natural and
synthetic polymers

Injectable application Poor mechanical properties Bone; cartilage [56–59]

Self-assembly methods
Self-assembly Peptides, polymers Laminated layers

constructs
Difficult to construct thick
constructs

Liver [44, 60]

Cell sheet
engineering

Polymers and cells Laminated layers of
cell-seeded constructs

Difficult to construct thick
constructs

Corneal epithelium and
endothelium, vessel
endothelium, myocardial
tissue, and tracheal
epithelium; injectable
applications

[61, 62]

(continued)



Table 11.1 (Continued)

Fabrication
method

Suitable
biomaterials Advantages

Limitations/
disadvantages

Targeted clinical
applications

Selected
references

Microsphere-based scaffolds fabrication
Biopolymers and
synthetic polymers;
inorganic materials

Good mechanical strength
and stability, high porosity
and pore interconnectivity
may be arthroscopically
implanted; allow for
controlled release of
bioactive molecules;
sintering easy quick
fabrication and large-scale
production of complicated
designs

Depending on microsphere
fabrication method: poor size
control; solvent toxicity;
complex and expensive
process; denaturation of
biopolymers due to high
temperature and loss in
bioactivity

Bone; cartilage; skin;
heart; liver; neural tissue

[63–65]

Advanced fabrication methods – solid freeform fabrication – rapid prototyping
Stereolithography Photopolymers Rapid fabrication; very

high resolution; smooth
finish surface

Expensive; support system
needed

Bone; tendon; trachea [66–68]

Selective laser
sintering (SLS)

Heat-resistant
polymers and
composites

High mechanical strength;
complex structure; fine
resolution

High temperature required;
processing and
postprocessing expensive and
time consuming

Bone; heart; skin [69–73]



Fused
deposition
modeling
(FDM)

Limitation on
materials
(thermoplastics)

Low cytotoxicity;
relatively inexpensive

Requires support structure for
overhangs and complex
shapes; postprocessing may
be necessary; low-resolution

Bone [74–76]

3D printing
3D bioprinting

Wide variety of
materials;
deposition of
material and/or
cells

Highly defined porosity
and architecture; accurate
repeatability; allows
incorporation of bioactive
molecules and cells;
automation,
reproducibility, and ability
to print specific shapes

Time-consuming process Cornea and corneal
components; liver tissue
engineering; bone;
articular cartilage

[43–45, 77]

Indirect rapid
prototyping

Wide range of
biomaterials or
combination

Good for prototyping;
material versatility casting
once mold is obtained

Low accuracies/resolution;
mold required for casting;
long time production

Bone–ligament complex;
bone; arterial tissue

[78–80]
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polymers, that are first melted in fabrication method, the softening temperature
and the thermal stability of the polymer dictates the processing method, beside the
geometry and size of the finished product. Injection molding, similar to die casting
used for metals, is usually used for processing thermoplastic polymers. Extrusion is
another method for thermoplastic materials, supposing a simple injection molding
through an open-ended die. Blow-molding process is frequently used to obtain prod-
ucts with thin walls, similar to blowing glass containers. Thermosetting polymers,
usually prepared as linear chains, normally in liquid state, are further cured in a
mold, resulting in polymeric product. Usual, thermosetting polymers are processed
by compression molding, injection molding – also called reaction injection mold-
ing. Curing reaction of thermoset polymers takes place under pressure in the heated
mold, as long as the reaction requires completing. Casting is a method used for both
thermoplastic and thermosetting polymers. In this method liquid polymer (molten
polymers or polymer solutions) is poured into a not heated mold that further physi-
cally (cooling) or chemically (polymerization) solidifies to form a rigid product with
detailed shape and dimensions of the mold cavity.

Melt-based scaffold fabrication techniques are usually combined with some other
methods to generate porous structures in the processed scaffolds for tissue engineer-
ing. One of these methods is particulate leaching, which involves the dispersion of
a porogen within the polymeric material, that is leached out after curing, and pro-
duces a porous scaffold. Porogens particles can also be bonded together to ensure the
pore interconnectivity. As main disadvantage, beside the need of possible cytotoxic
porogens, this method requires long processing time. Gas-foaming method has been
also used to avoid the shortcomings associated with residual porogen and/or solvent
in scaffold fabrication, by dispersing gas bubbles throughout the polymeric mate-
rial, to generate porous structures. As limitation, gas foaming can be applied only
to hydrophobic polymers for the limited solubility of CO2 in hydrophilic polymers.
However, the main shortcoming of these methods consists in poor pores intercon-
nectivity and the formation of external skin layer. To overcome the disadvantages
associated with porogens and gas foaming, melt blending of two immiscible thermo-
plastic polymers in a two-phase material continuous structure has been proposed;
hence, one polymer acts as a porogen generating an interconnected porous structure
in the other polymer.

11.2.1.1.1 Compression Molding
Compression molding is a straightforward melt-molding method where pressure
is applied in a mold shaped in the form of the desired defect geometry to compact
a polymer powder while being heated and reduce the admitted air. The mold is
heated above the melting temperature (for semicrystalline polymers) or, respective,
temperature of glass transition of the polymeric material (for amorphous polymers).
This method provides, beside the advantages of melt molding, a greater capability
to incorporate in polymer material bioactive agents or porogens, when processed at
relatively low temperatures. As advantage, compression molding produces scaffolds
of high density and low material shrinkage and swelling after demolding [84].
Moreover, as compared to injection molding or extrusion, the process involves



11.2 Conventional Methods for 3D Scaffold Engineering 343

low flow stress and smaller deformation; hence the structure is expected to be
more robust. Furthermore, complex 3D scaffolds can be obtained [85]. Porous
scaffolds for tissue-engineering applications have been fabricated by combin-
ing compression-molding method with several conventional pore-generating
techniques.

11.2.1.1.2 Injection Molding
Polymer injection molding is an effective and versatile net-shaped melt-molding
method, suitable especially for high precision and repeatability processing of 3D
shapes with complex architecture and narrow dimensional tolerances. From this
perspective, injection molding represents an almost ideal manufacturing method to
create 3D scaffolds of high porosity and interconnectivity [15, 86]. Nowadays, ortho-
pedic devices (plates, rods, and screws) are often obtained using injection-molding
method [87]. Moreover, injection molding might allow the sterilization of parts
produced with polymeric materials that are not heavily contaminated, avoiding
further sterilization techniques that might damage the polymers [88]. The first
porous scaffold produced by injection molding was reported in 2001 by Gomes and
coworkers. A foamed structure was produced using a blowing agent [89]. Later,
more pore-generating co-techniques have been developed.

11.2.1.1.3 Extrusion
Extrusion is a high-volume, melt-processing method used to obtain continuous
products with a determined cross-sectional profile, defined by a die. Extrusion
generally determines the orientation of polymer chain, increasing the strength
and modulus of elasticity of polymer product. Extrusion methods can be applied
for melt blending of the polymers, using a mixture of polymers as a premixing
stage. The field of tissue engineering has recently gained interest in thermoplastic
polymer extrusion to produce biocompatible porous polymer scaffold, especially in
the obtaining of tubular porous scaffolds [90].

11.2.1.2 Solution-Based Processing
11.2.1.2.1 Phase Separation
Thermally induced phase-separation technique is based on the concentration gra-
dient to separate two phases of polymeric solutions of two different concentrations,
one of rich concentration and the other with lean concentration. The gradient in
the concentration is created by modifying solution temperature that is quickly
dropped to separate the two phases of the solution [91]. The fabrication of porous
scaffolds using phase separation relies on many parameters including solvent type,
polymer concentration, quenching temperature, and aging time. Phase-separation
techniques are compatible with a wide range of materials, scalable, and relatively
low cost.

Phase separation can be achieved as a solid–liquid phase separation by low-
ering the temperature to induce solvent crystallization from a polymer solution
(solid-phase formation in a liquid phase). After the removal of the solvent crystals
by sublimation or solvent exchange, the porous scaffold is formed, with solvent
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crystals acting as porogen. Oriented tubular scaffold with anisotropic mechanical
properties similar to fibrillar tissues, with high porosity and oriented open micro-
tubules, can be obtained using a novel phase-separation technique. It consists in
growing oriented rod-like crystals in a polymer solution. After the removal of these
rod crystals, a parallel array of microtubules is generated [92].

Liquid–liquid phase separation of a thermodynamically unstable polymer solu-
tion can be induced by lowering the temperature under upper critical solution
temperature, leading to the formation of a bi-continuous structure, polymer rich
respective polymer poor phases. The fabrication process begins with the dissolution
of the polymer into a suitable solvent, followed by bioactive molecules addition.
Subsequently, the temperature of the polymer solution is lowered, leading to the
quenching of liquid–liquid phase of the two-phase solid system. In the final stage,
the solvents are removed from the system [93], and the highly porous scaffold with
an open-pore structure is formed. After the solvents removal, porous scaffolds with
the incorporated biomolecules are obtained [94–96]. However, the pores generated
using this technique are reported to be not large enough and often not uniformly
distributed, making the method not suitable for tissue-engineering applications
[97]. Liquid–liquid phase separation confronts the same drawbacks of emulsifica-
tion and freeze-drying techniques. One of the advantages of this method is that it
can be combined with other scaffold synthesis techniques, like particulate-leaching
technique or rapid prototyping (RP), for preparing nanofibrous scaffolds [98].

11.2.1.2.2 Gas Foaming
To overcome the inconveniences related in using organic solvents and chemical
porogens, a technique using gas, termed blowing agent, as a porogen, has been
developed. The gas in the foaming process can be introduced either chemically
or physically. Chemical blowing agents are chemicals that take part in a reaction
or decompose, giving off gases in the process. Physical blowing agents are gases
that do not react chemically in the foaming process and are therefore inert to the
polymer forming the matrix. Often, physical blowing agents are volatile liquids that
evaporate and make the foam expand; pressurized gases such as inert gases – argon
or nitrogen – or air can be directly injected into the foaming medium [99].

Gas foaming by chemical reaction exploits the generation of a blowing
hydrophobic gas in situ the aqueous solution containing a biopolymer and a
surfactant. This approach is applicable exclusively to hydrophilic biopolymers since
a certain number of reactions are available for the generation of hydrophobic gases;
the converse does not hold true. As a consequence, this method is applicable for the
production of scaffolds made of hydrophilic materials.

Scaffolds obtained with this method have inhomogeneous morphology with wide
pore sizes dispersity and reduced interpore connections, since it is difficult to finely
dose the volume of the gas evolved and that effectively remains entrapped within
the foam [100].

An evolution of the chemical blowing approach that avoids the development of
salts as side products and permits dosing the amount of gas introduced is based on
the use of physical blowing agents. The ratio between volume of gas infiltrated
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and scaffold pore volume is not insignificant and can be achieved only by tuning
the rheological properties of the liquid phase of the foam. A typical gas-foaming
process supposes the inflation of gas molecules (e.g. nitrogen, helium, and carbon
dioxide) under high pressure, in order to dissolve into a polymer solution or melt.
A subsequent deflation process lets the gas return to ambient pressure, releasing
gas molecules from the polymer matrix. During the process, gas molecules tend to
minimize their free energy and form clusters, and pores are subsequently formed,
with the diffusion of gas molecules, causing a significant expansion of the polymer
volume, and finally creating a highly porous structure [101].

Different processing parameters influence the gas foaming, including molecular
mass of the polymer and the type of gas used. Polymers with a relatively low molec-
ular mass (low intrinsic viscosity) result in scaffolds with high porosity because
of more homogeneous distribution of gas molecules. However, gas foaming usu-
ally generates not interconnected closed pores. Carbon dioxide has been found to
be a better foaming agent, compared to nitrogen and helium, as it formed more
porous structure, supposing as a result from higher intermolecular interactions with
carbonyl groups of commonly used polymers. The supercritical gas-foaming corre-
sponding process uses supercritical CO2 to obtain microcellular foams. The main
requirement in this case is that CO2 has to dissolve, in a sufficient amount, in the
polymer (excluding the use of polymers with a low affinity for CO2). Compared to
traditional foaming, supercritical CO2-based technique is characterized by larger
mass transfer coefficients and tunability of the CO2 dissolved in the polymer; more-
over, this process does not require any solvent [102, 103].

Advantages of gas-foaming technique include ease of fabrication, simplicity of
necessary devices, and the possibility to produce a large amount of foam in one
preparation that can be casted in molds of anatomically size shaped scaffolds; sub-
sequent steps involving cross-linking and purification are simple and versatile. The
main disadvantages of the method are related to the poor control over the porous
structure, characterized by wide pore dimension and interconnect distributions and
the limited kinetic stability that affects all operations being performed.

To improve the porosity and pore interconnectivity between pores in the
gas-foaming method, this technique has been combined with the salt-leaching
method. The hybrid technique in the first step creates a mixture of the polymer
with a porogen, where, in a high-pressure environment, the polymer and gas are
allowed to mix. The pressure is subsequently decreased to the ambient pressure,
while the gas creates pores within the structure. Scaffold structures produced
using the hybrid method were able to support cellular functions critical for tissue
regeneration [99, 104].

Microfluidics that operate liquid or gaseous flows at microscale offers new
opportunities to generate monodisperse bubbles templates at micro-scales, corre-
sponding to the regime of scaffold pores. Foams at this length scale stay wet and are
spontaneously and rapidly ordered into crystalline structures. Different microfluidic
systems have been used for obtaining monodisperse foams, including co-flowing
of liquids and gas streams, flow-focusing devices, cross-flowing, and T-junction
[105, 106]. Foam templating using microfluidics overcomes the drawbacks of
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conventional gas foaming, offering the opportunity to finely tune the dimension of
pores and their interconnectivity in the scaffolds, eventually independent from the
other, hence better responding to the morphological need required by a particular
cell type. The monodisperse nature of the bubbles extends considerably the foam
stability, which can be collected continuously as it is produced. The main drawback
of microfluidic foaming is the low production rate that limits the scaffold production
only to small samples [107].

11.2.1.2.3 Freeze Drying
Freeze drying, also known as ice templating or lyophilization, consists of dehydra-
tion process where a material solution is freezed to extremely low temperature in the
first step and, in the next step the surrounding pressure is lowered, causing the frozen
solvent to sublime. The initial solution is maintained so that polymerization can take
place. By lowering the temperature of the solution, the solvent is separated in a nega-
tive pressure environment, causing the solvent to sublime, leaving a porous network
in the solid polymeric structure. The porosity of the structure can be controlled by
tuning the pH of the solution and freezing rate. However, the process is time con-
suming, and pore sizes formed have relatively small sizes [108]. The advantages of
this technique are using water as solvent and the absence of any solid porogen, like in
solvent casting and particulate leaching. Furthermore, the process can be combined
with other techniques, such as gas foaming and salt leaching, to improve the proper-
ties of scaffolds [109]. In addition, no heat is required during the process, so any kind
of additives such as protein, drug, or growth factor, sensitive to high temperature can
be loaded [110].

First, a raw polymer is dissolved into a suitable solvent, then water is added to the
polymeric solution, and the two liquids are mixed until an emulsion is obtained. Fur-
ther, before the two phases separate, the emulsion is cast into a suitably shaped mold
and quickly frozen, usually by immersion into liquid nitrogen. The frozen emul-
sion is freeze-dried in the next step to remove the water and the solvent, leaving a
solidified, porous interconnected structure. Emulsification and freeze drying repre-
sent faster preparation steps compared to solvent-casting and particulate-leaching
method, though they require the use of solvents. Moreover, as limitation, pore size
is relatively small and porosity is often irregular. Freeze drying by itself represents
a usually employed technique for the fabrication of natural and synthetic polymer
scaffolds [111]. The ability of producing aligned structure with interconnected pores
is significant especially with applications for anisotropic tissue with hierarchical
structure, such as bone. In addition, the aligned structure can improve mechani-
cal properties of a scaffold without changing composition, by intrinsic or extrinsic
control method [112].

11.2.1.2.4 Solvent Casting and Particulate Leaching
Solvent casting is one of the simplest techniques for production of polymer scaf-
folds. In this process, an organic solvent is used to dissolve a polymer and, subse-
quently, the solvent is allowed to evaporate to generate the scaffold. The process can
be accomplished in two different ways. One, where a mold of desired shape is dipped
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in a solution of polymer and is maintained for suitable time to draw the solution,
resulting in a layer of polymer formation on the mold that is, in a further step, pro-
cessed for fabricating the scaffold. Another way is to pour the polymer solution into a
mold and keep until the solvent evaporates and the mold is filled with a layer of poly-
meric slurry. To enhance the strength and integrity of the scaffold, certain binders
are added to the polymeric solution [113].

One major drawback of this technique is the need for possible toxic solvents; there-
fore, proper attention is required for their complete removal by proper drying of the
scaffold under vacuum post processing.

Particulate leaching is one of the most widely used techniques to fabricate
scaffolds for tissue-engineering applications. Briefly, porogen salt is first ground
into particles of the desired size and transferred into a mold; a polymer solution
in a solvent is then cast into the salt-filled mold. After the solvent evaporation,
the salt crystals are leached away with water to generate the pores in the scaffold.
The method is quite simple and can be achieved by a proper dimensional manage
of pore size by controlling the quantity, shape, and size of the selected porogen.
However, certain critical variables such as pore shape and interpore openings are
not controlled. One of the drawbacks is the lack of control over the interconnectivity
of the pores inside the scaffold structure [114]. Mikos et al. described the hybrid
solvent-casting/particulate-leaching method for the first time to fabricate porous
scaffold for bone tissue engineering [115]. In this method, a porous agent is
dispersed in appropriate solvent and then processed by casting or by freeze drying.

To ameliorate the previously mentioned shortcomings, another method is the use
of melt polymer solutions for the solvent-casting stage, instead of using a polymer
solution in harsh organic solvents. The melt-molding step supposes mixing a ther-
mally stabile polymer powder with salt particles and then melting the mixture [40].
The melting step avoids the need for organic solvents, preventing the contamination
of the scaffold with residual solvent. Another attempt to create better pores intercon-
nectivity is using a method where salt particles are partially merged. This technique
involves merging salt particles by moisture or by heating, hence significantly reduc-
ing the probability of isolated particles remaining in the polymer mixture [40].

11.2.2 Textile Technologies for 3D Scaffold Engineering

Textile technologies allow for scale-up and production at an industrial scale and
offer a superior control over the material design in terms of size, shape, porosity,
and fiber orientation. With various kinds of knitting and weaving techniques, tex-
tile engineering can provide a sheer infinite number of fabric designs. In this con-
text, textile-engineering techniques offer versatile tools to obtain a wide variety of
3D patterns incorporating laces of woven and knitted fabrics. These platform tech-
nologies involve not only design and production of woven and knitted materials,
but also manufacture of nonwoven fabrics via the electrospinning method. More-
over, the manufacturing process confers a high degree of reproducibility, and the
already-present textile manufacturing systems can accelerate the translation of the
research prototype into manufacturable product.
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Textiles have been used in medical field from simple bandages to implantable
devices used in surgery. Nonimplantable medical textiles comprise wound dress-
ings, bandages, pressure garments, prosthetics, etc. Sutures, vascular grafts,
artificial ligaments, skin grafts, and tissue-specific scaffolds [116] are implantable
medical textiles that are referred to as “biotextiles” [117, 118]. Along the new
developments in biomedical engineering, today’s sutures are made of vari-
ous kinds of bioactive, biocompatible, and/or bioresorbable materials. Other
implantable products include vascular grafts, hernia repair meshes, artificial skin,
ligament prostheses, heart meshes, and artificial heart devices in which textile
and tissue-engineering approaches have been combined [119]. Given that textile
engineering provides a quasi-unlimited number of different designs and patterns
of fabrics, it is possible to generate numerous scaffolds patterned after distinct
configurations and with a variety of mechanical properties.

11.2.2.1 Woven, Knitted, and Braided Methods
Conventional textile manufacturing methods, e.g. weaving, knitting, and braiding,
allow precise tuning of the mechanical strength of final products – a necessary
requirement for the biomedical scaffolds that should be robust enough to maintain
the physiological load.

Woven textiles consist of two sets of parallel yarns interlacing with angles. These
provide stiffness and strength, high tenacity, excellent structural stability, and
anisotropy. Because of their lack of elasticity, they can hold shape in time without
losing the original form. The most advanced medical devices for cardiovascular or
orthopedic applications are the main candidates of the strength and manufacturing
flexibility of woven scaffolds. A variety of geometric possibilities of woven polymer
materials are developed to create finer fabrics that meet the performance and
functional requirements for reparative applications, such as vascular grafts, heart
valves, ligament repair, and tendon reinforcement [116].

Knitted fabrics are obtained by interconnecting yarns that are formed into loops.
Knitted textiles have lower stiffness compared with woven textiles, but they present
similar structural stability and strength. Knitted textiles can also present mechanical
properties between axial and transverse directions, emphasizing their anisotropic
features, making this technique the technology of choice for applications, such as
cardiac constructs [120] or creating artificial muscles with enhanced strain [121].
Varied knitting methods include warp knitting [122], weft knitting [123], and cir-
cular knitting [124], in many different configurations, with extra strength without
increasing thickness, flexible mesh with high conformability. Common applications
of knitted scaffolds include surgical meshes for reconstructive and cosmetic surgery
and hernia repair [125], and also urogynecologic replacements [126].

Braided textiles are obtained by intertwining three or more strands of yarns in pre-
cise ways [127]. Braided fabrics possess softness, compression, expandability, and
fatigue resistance. They can maintain their structural composition without affecting
flexibility. For implantable replacements, braided designs can allow a material to
degrade partially over time or maintain a precise geometry [128]. Common braided
medical applications include sutures and sewing threads, tubes and tubing rein-
forcement, catheters, and tendon/ligament fixation [129].
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11.2.2.2 Nonwoven Methods: Electrospinning
Fiber-based technologies have been very appealing for scaffold fabrication because
of their large surface-area-to-volume ratio, early commercial availability, and the
ease of fabrication by industrial processes [130].

Textile fibers in scaffold fabrication were first reported by Mikos et al. [131]. The
process was initially described in multiple steps, including the formation of a mate-
rial of nonbonded fibers embedded in a polymer matrix, further thermal treatment
of the matrix, and finally, selective dissolution of the matrix. The nonbonded fibrous
mesh is obtained by isolating fibers from a thicker multilamellar material, subse-
quently either immerged into another polymer solution, hence ensuring the fibers
are immiscible in the second polymer solution, or the fibers are placed in a mold
and the other polymer solution is allowed to fill the remaining mold volume. After
the solvent evaporates, the mixture is heated above the melting point of the poly-
mer that comprises the fiber network to form welded points at the crosspoints of
the fiber mesh. Finally, the nonfiber polymer is selectively dissolved using a solvent
that is immiscible with the fiber network. The resulting fiber matrix is finally vac-
uum dried to completely remove solvents [131]. Two prominent drawbacks of the
fiber-bonding technique include the inability to control pore size and the need for
harsh solvents. As previously mentioned, harsh solvents and inadequate pore size
could render the scaffold ineffectual for tissue-engineering purposes.

Electrospinning is a versatile technique used to produce continuous fibers from
submicro- to nanosizes in diameter. In a classical electrospinning process, the poly-
mers are dissolved in a solvent and extruded through a needle under a high elec-
trostatic charge that affects the surface tension of the polymer solution, leading to a
thin jet pulled toward a grounded or negatively charged collector of different shape.
Subsequently, the solvent evaporates as the jet moves toward the collector, resulting
in the formation of micro- or nanofibers. The type of collector used is essential to
control the orientation of fibers during electrospinning. The individual fibers pro-
duced are not cross-linked to each other, so often an alternative method is required
to form a stable scaffold. In the last years, there has been increasing interest in melt
electrospinning; instead of using solvents to dissolve the polymer, the polymer is
heated into its viscous phase to allow to be extruded through the needle. This process
allows an even better control of the fiber architecture, compared with solvent-based
electrospinning. However, the fibers formed are generally larger in diameter and
the range of polymers that can be used is more limited [132–134]. The parameters
chosen during electrospinning process greatly influence the collected fibers [135].
These parameters are typically classified into three categories: polymer parameters,
polymer solution parameters, and parameters of the apparatus. The type of polymer
used and its physical properties such as molecular mass and the molecular mass
distribution greatly affect the fibers. Solution properties include polymer solution
viscosity, polymer concentration, conductivity, and surface tension. Important appa-
ratus parameters are applied voltage, distance from syringe needle tip to collector,
type of collector, the type of needle used, flow rate, and the ambient conditions dur-
ing electrospinning [136–138].
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Aligning nanofibers is useful for a variety of applications. When fibers are used
to impart additional mechanical integrity, control of the alignment influences the
degree of structural support the fibers provide. In the area of tissue engineering,
aligned fibers can serve as a physical guide for cellular growth, affect cell adhesion,
and modulate cellular patterns [139]. They are particularly useful to regenerate tis-
sues that require directional recruitment and assembly of cells, e.g. in neural tissue
engineering.

Centrifugal electrospinning is another modified electrospinning method that also
produces highly aligned nanofibers. This process involves loading a spinneret and
nozzle onto a circular disk that is attached to a rotating axle; a metallic cylindrical
shell is then placed around the disk and grounded to serve as the collector. Cen-
trifugal action on the polymer solution provides a uniform distribution of stress,
stretching the polymer into a long fiber. This process also permits the processing
of lower-molecular-weight polymer solutions.

Coaxial or core–shell electrospinning is another common modification to the tra-
ditional electrospinning technique to obtain nanofibrous scaffolds. The fibers can be
spun from different polymers and polymeric combinations, and a variety of mate-
rial (synthetic or natural polymers) can be placed in the core, all aimed at efficient
scaffold formation. Biomolecules can be encapsulated as the core; polymer shell sur-
rounding has the property of tunable biodegradability, depending on its composition
that allows the release of biochemical agents over a favorable time period. The abil-
ity to optimize the release of the molecules in right time promotes more efficacious
behavior of the biomolecules [140, 141].

11.2.3 Hydrogel Scaffolds Fabrication

Hydrogels are composed of a hydrophilic polymer, either covalent or noncova-
lent bonded (ionic interaction, hydrogen bonding, or molecular entanglement).
Hydrogels can absorb large amounts of water and swell, being soft and elastic. The
cross-linked structure of hydrogels allows them to retain their 3D shape and swell
without dissolving; the higher the cross-linking density, the lower the swelling.
Both chemical and radiative cross-linking have been used in hydrogels fabrication
[142, 143]. Hydrogel scaffolds exhibit high flexibility, hydrophilicity, biocompatibil-
ity, and degradability along limited mechanical properties, difficulty of purification,
and sometimes immunogenicity (depending on the polymer source). Their appli-
cations include injectable materials able to adapt the form of the damaged tissue.
Synthetic polymers used for hydrogels bring tunable and responsive physicochem-
ical features like modulus, water affinity, and degradation rate, along potential
cytotoxicity and lack of cell adhesion. Both natural and synthetic hydrogels,
according to their structure, could be amorphous or semi-crystalline. According
to their response to environmental stimuli, hydrogels could be conventional and
smart (intelligent). “Smart” hydrogels reversely modify their swelling behavior or
structure in response to stimuli including light, pH, pressure, temperature, ionic
strength, electric, or magnetic field, making them interesting for the production of
4D scaffolds such as artificial muscles and self-regulating drug-delivery systems.
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Hydrogels represent important biomaterials for scaffolds applications due to the
ability of tailoring the mechanical properties, preventing bacterial invasion, and
adhering or suspending of cells [144]. Their appropriate rheological properties
(dependent on cross-linking) are essential to maintain construct shape without
compromising cell (cytocompatibility) or include bioactive moiety and related func-
tion. Hydrogels are currently used in cell-entrapped scaffolds, bone regeneration,
cartilage healing, wound dress, and drug or growth factor delivery [145].

Injectable hydrogels are highly attractive, especially as injectable fillers of soft
and hard tissues, promoting a good integration into the defect site and avoiding
open surgeries with hard recovery. The high water content of the hydrogels makes
them easy to manipulate for the delivery of cells and growth factors. Usually, the
hydrogel precursors are injected into the wound site in a solution-to-gelation transi-
tion due to physical or chemical stimuli and cross-linking reactions [146]. The most
common physical cross-linking methods for in situ hydrogelation reactions include
thermal gelation, ionic interactions, physical self-assembly, or photopolymerization
[147–149].

Apart from their use as injectable fillers, or in bioprinting technologies, differ-
ent processing methods can be used for turning hydrogels into highly porous scaf-
folds with superior mechanical properties, including solvent casting and particulate
leaching, freeze drying, phase separation, gas foaming, electroforming, and polymer
blending [150–152]. These techniques have been proposed based on different natu-
ral and synthetic polymers depending on their particular chemistry, molecular mass,
solubility, and hydrophilicity or hydrophobicity [153].

11.2.4 Self-Assembly Methods

Self-assembly technique involves an autonomous organization of components into
patterns or structures. Such a structure can be constructed by ionic bonds or com-
plex, noncovalent interactions, such as hydrogen bonding and/or π stacking, van der
Waals forces, electrostatic forces, and hydrophobic interactions [154]. Self-assembly
is used for the preparation of 3D scaffolds for tissue regeneration [155, 156]. Scaffolds
prepared via self-assembly can also be used in engineering nerve tissue and cartilage
tissue [157, 158]. In most assemblies, molecules arrange themselves in a manner that
results in the fabrication of various structures by the bottom-up method without any
external support.

Self-assembly processes mimic the native formation of extracellular matrices and
the self-assembled nanofiber-based structures have been investigated for different
tissue-engineering applications [159]. However, nanofibrous structures formed
by polymer self-assembly are usually short in length and weak in mechanical
properties, which result in difficulties in offering adequate structural cues to
cells. Besides, the complex mechanisms involved make it difficult to control the
nanofibrous structures formed by self-assembly. Amphiphilic peptide sequence
is a common method for the fabrication of 3D nanofibrous structures for tis-
sue engineering like self-assembled rod-like architectures. By modifications in
polymer chemistry, a variety of self-assemblies including layered and lamellar
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structures and by its reversibility properties provides flexibility to the system.
Therefore, the self-assembly technique shows designing potential novel scaffolds
for tissue- engineering applications [160]. In aqueous solution, the hydrophobic
and hydrophilic domains within these peptides interact based on weak noncovalent
bonds resulting in distinct fast-recovering hydrogel. Instead of peptides, synthetic
polymer nanofibers are also prepared by self-assembly of diblock polymers [161].
Self-assembly shows several advantages over electrospinning because it produces
the much thinner nanofiber with very thin diameter [162]. The amino acid residues
used for self-assembly may be chemically modified by the addition of bioactive
moieties. Other advantage of this technique is to avoid the use of organic solvent
and reduce the cytotoxicity because it is carried out in aqueous salt solution or
physiological media. Main disadvantage of this technique is its complicated and
elaborated process [134]. Mimicking the ECM, a viscoelastic network consisting of
nanofibrous proteins, might be the best way to develop next generation of materials
with control over cell adhesion, migration, proliferation, and differentiation [163].

Layer-by-layer (LbL) assembly is an alternative to self-assembled monolayer
assembly. LbL assembly represents a highly versatile and also simple multilayer
self-assembly technique; multilayer coatings can be fabricated, with controlled
architectures and compositions, from extensive choices of materials for biomedical
applications. Various LbL assembly biomaterials have been prepared from different
materials, including polyelectrolytes, biomolecules, and colloids, with remarkable
physical, chemical, and biological properties and functions appropriate in the
field of tissue engineering [164]. Typically, the LbL assembly process includes the
sequential interaction of complementary molecules absorbed on a substrate surface,
driven by multiple electrostatic and/or nonelectrostatic interactions [165, 166]. The
technologies for LbL assembly can be classified into five main categories: immer-
sion, spinning, spraying, electromagnetic-driven, and fluidic assembly. The proper
choice of assembly process is crucial for fabrication and successful applications
of the nanostructured assembly. Between the adsorption steps corresponding to
each layer deposition, steps of washing and drying are usually introduced to avoid
contamination of the next solution, to elute the loose molecules, and stabilize the
formed layers. These sequential deposition and washing steps are repeated until
the desired number of deposition layers is achieved. Fine control of composition,
thickness, and topography can be tuned by adjusting the assembly parameters
related to solution properties, such as concentration, ionic strength, and pH, and
also process parameters, such as temperature, time, and drying conditions. Various
building blocks used for LbL assembly include, but are not limited to, natural
polymers, synthetic polymers, peptides, and polymer gels.

11.2.5 Microsphere-Based Scaffolds Fabrication

Conventionally, microspheres or microparticles, rigid in shape, were used as vehicles
for controlled-release kinetics of loaded drugs or bioactive molecules, due to the ease
of fabrication, and the ability to control their physicochemical properties and mor-
phology. Recently, microspheres have been also used in obtaining tissue-engineering
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scaffolds, where microspheres act as supporting matrices and play an important role
in drug release and cell entrapping, targeting regeneration and repair of a variety of
tissues. Moreover, microsphere approach of anisotropic scaffold design has received
attention and is intensively used in bioactive substances delivery applications, in a
controlled and specific site-targeting manner [167].

Microsphere size, ranging from 1 to 1000 μm in diameter, is a primary factor
governing the kinetic release of loaded drugs, being determined by polymer degra-
dation rate. Microsphere fabrication using traditional methods such as emulsion
or spraying techniques generates, though reproducible, often poorly controllable
microsphere sizes and size distribution. Furthermore, the control over micro-
sphere sizes dramatically influences spatial control over pore sizes and scaffold
porosity.

There are two types of microspheres containing scaffolds, microsphere-based
scaffolds and microsphere-incorporating scaffolds [168, 169]. In the former, micro-
spheres themselves act as the building blocks of the scaffold, via a bottom-up
approach, linked by chemical cross-linking, or cohesive forces, as either injectable
or heat/solvent sintered scaffolds. Microsphere-based scaffolds can be processed
as either injectable (as liquid suspension, colloids, or gels) or sintered as a macro-
scopic scaffold that may be implanted even arthroscopically. Microspheres and
microsphere-based 3D scaffolds were obtained by polymerization in two- or
multiphase systems, using different methods like particle aggregation, oil-in-water
dispersion, solvent vapor treatment, solvent/nonsolvent sintering, and SLS. In
principle, microspheres/microparticles are generated during or after polymer-
ization, aggregation, coalescence, or crosslinking. Microsphere-based scaffolds
can be fabricated by random packing, directed assembly – involves cohesive
forces such as electrostatic forces, hydrophobic interactions, or magnetic forces,
and RP – allows layer-by-layer assembly of microspheres via computer-aided
design (CAD).

In microsphere-incorporating scaffolds, the microspheres represent one compo-
nent of the scaffold, microspheres being dispersed into a continuous phase, such as
solid polymers or hydrogels.

This type of scaffolds is generally fabricated in a multistep process, via a top-down
approach, separately obtaining the bulk scaffold matrix and microspheres, and in the
next step, loading the matrix with microspheres to the final scaffold. Microspheres
generate pores and provide mechanical strength, beside controlling the drug release.
Despite their several advantages, this approach presents numerous challenges such
as the control over biomolecule delivery, cell infiltration and viability, and clinical
handling.

11.3 Advanced Fabrication Methods – Solid Freeform
Fabrication

RP, also known as additive manufacturing or 3D printing technology, refers to
processes of creating a three-dimensional (3D) object of almost any shape or
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geometry, through successive deposition and processing of biomaterial layers, using
computer-controlled machines, based on 2D cross-sectional data obtained from slic-
ing a CAD model of the original object. Furthermore, biomimetic cell-encapsulated
scaffolds can be obtained in predefined patterns using appropriate advanced
methods using both biomaterials and cells, with a cell-level resolution. Standard
terminology for additive manufacturing ISO/ASTM52900-15 defines seven cat-
egories of processes, based on photopolymerization–stereolithography, powder
bed fusion–SLS, material extrusion–fused deposition modeling (FDM), material
jetting, binder jetting, sheet lamination, and directed energy deposition. Most
representative processes for scaffold fabrication are presented.

11.3.1 Stereolithography

Stereolithography (SLA) also known as optical fabrication, photo-solidification, or
resin printing, is a technology that utilizes liquid polymers contained in a vat (or
tank) selectively cured by a concentrated beam of UV light or a laser to form the
designed scaffold [170]. Upon exposure to the UV radiation, the photopolymer is
polymerized to form the corresponding layer. This process is further repeated, over-
laying the previous layer for the next layer, until the entire scaffold structure has
been fabricated. The process can be achieved by two approaches, top-down and
bottom-up. The top-down approach consists of placing the radiation beam above the
vat and the construct is built facing up. The bottom-up technique supposes placing
the radiation beam under the resin vat, while the scaffold is built facing upside down.
The bottom-up approach is generally used in desktop printers, while the top-down
is mainly used in industrial systems. SLA technology generally falls into two cate-
gories: laser direct writing [171] and mask image projection [172].

The advantage of SLA is the reuse of the uncured photopolymer for another print.
In addition, because of the use of lasers, more defined scaffolds of high resolution
can be made [173]. Photopolymerization is successfully applied to scaffolds fabri-
cation, enabling the replication of accurate 3D models of specific anatomical parts
of a certain patient, based on data acquired by computer scans. SLA photopolymer-
ization processes are excellent in producing parts with fine details and a smooth
surface finish. The disadvantage of this technique is that the photopolymers are often
not biodegradable once cured and cross-linked. In addition, photoinitiators are often
toxic and generate free radicals that may be detrimental if not fully removed from
the final structure. SLA was also used in combination with electrospinning to fabri-
cate highly aligned neural scaffolds [174]. This technique was used to overcome the
limitations of high-resolution scaffolds without compromising mechanical proper-
ties. SLA technology provides an opportunity to print complex and defined scaffolds,
where intricacies in the morphology of the scaffold may affect cellular differentiation
and alignment as described for neural cells earlier.

Recently, multiphoton processing was employed for in vivo experiments by
engineering artificial cartilage constructs that may be successfully implemented
for tissue-engineering scaffolding [175]. Two-photon lithography system was
able to print retinal cell grafts seeded with human-induced pluripotent stem cell
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and restore vision to patients with retinal degenerative disease [176]. With the
advancements in SLA technologies such as two-photon 3D printing, the method
can be applicable to a plethora of diseases.

11.3.2 Selective Laser Sintering

SLS, a powder-based RP technology, works by fusing together biopolymer powder
particles, layer by layer, using a high-energy laser [177]. The interaction of the
high-energy laser and the powdered polymer causes the polymer particles to
partially fuse together. After a layer is complete, the device bed is moved down
and a new layer of powder is placed on top of the previous layer, and the process
is repeated [178]. The degree to which the particles are fused together controls the
porosity of the finished object. If the lasers achieve full melting of the particles, the
process is referred to as selective laser melting. The advantage of SLS over other
additive manufacturing techniques is that unsintered powder supports each layer,
and it does not require support material or a separate feeder when forming complex
structures. However, due to the mechanism by which SLS forms objects, different
powders will respond differently to the same set of printing parameters (e.g.
hatching distance, laser strength, and scan speed). This has led to the development
of an improved approach for handling biopolymer powders involving the formation
of microspheres of different desired materials, to get powder that responds evenly to
printing parameters. As a result, increased control over the porosity of the scaffolds
is achieved [179].

11.3.3 Nozzle-Based Deposition Techniques

11.3.3.1 Fused Deposition Modeling
FDM is a popular form of additive manufacturing. In this technique, the material is
extruded from a heated nozzle close to its melting point onto a platform. The process
starts with a CAD file that is then sliced into layers upon exporting to the STL for-
mat [180]. This communicates with the printing head, relaying the parameters for
extruded materials (e.g. printing speed, nozzle temperature) and the platform (e.g.
platform temperature, the thickness of each layer) [181]. The semi-molten material
is extruded from the nozzle, which moves in the XY plane to a desired location above
the platform. A constant feed of material is obtained by two rollers that feed material
from the feedstock to the nozzle, which can be in a filament form or powder form.
Upon the completion of a layer, the platform moves downward in the Z-axis at a
predetermined distance [182]. The process is repeated until the desired 3D object is
formed [183]. Altering the manufacturing variables such as the nozzle diameter, noz-
zle temperature, feed rate, and print speed can lead to finely tuned control over the
object formed. However, these parameters are dependent upon the material being
printed. The use of heat to provide a semi-molten polymer to form structures can
pose a problem for cell printing with FDM. This can be alleviated by using multiple
printing heads to extrude different materials sequentially or simultaneously. One of
the limitations of FDM has always been the optimal printing resolution. A recent
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advancement has been made by adopting principles from a form of electrospinning,
specifically melt electrospinning writing (MEW), which allows for small-diameter
fibers to be formed by adding a high electrical potential to a polymer melt, increas-
ing the microporosity and effectiveness of FDM-manufactured scaffolds. FDM com-
bined with gas foaming was used to develop a hierarchical scaffold with macropores
and micropores scaffolds [184].

11.3.3.2 3D Printing and 3D Bioprinting
Direct 3D printing: The original 3D printer was first developed in the 1990s by the
Massachusetts Institute of Technology (MIT), and it utilized the technology of an
inkjet printer [185]. Through this process, instead of printing in the x–y plane in a
fashion similar to an ordinary inkjet printer, a height-adjustable platform was added
with the capabilities to print in the z-plane, thus allowing structures to be fabricated
in all dimensions. During the development of a 3D printing device, MIT was able to
maintain the workings of an ordinary 2D inkjet printer by use of a printer cartridge
where, instead of ink, the cartridge contained a binder solution that was automat-
ically deposited at the desired spot on a powder bed instead of a sheet of paper.
These binder solutions are the reason that direct 3D printing is sometimes referred
to as “binder jetting” or “drop on powder.” These methodologies have improved
over the years but all follow a similar process where a powder bed, containing the
sifted homogenized material of interest, is initially spread onto the build platform
and then leveled with an automated roller. Once leveled, the binder solution is dis-
pensed from the ink nozzle to a specified position on the powder bed dictated by
the CAD design and printing parameters. Upon solidification of the first layer, the
excess powder is then removed and the build platform is then lowered to allow for a
new, fresh bed of powder to be deposited and leveled. This process is repeated until
the final structure has been fabricated. The advantage of this method of printing
is the versatility of utilizing different powders and binder solutions to fabricate a
defined scaffold with various properties such as mechanical strength, porosity, and
biocompatibility. The different combinations of powder bed materials and binder
solutions ensure that scaffolds can be tailored to specific purposes that may include
the recruitment and differentiation of specific cell types. However, one problem with
using direct 3D printing technology is that some binder solutions use toxic organic
solvents that if not removed completely can be cytotoxic to cells and detrimental to
the tissue-engineering process. Another disadvantage of this type of 3D printing is
the postprocessing time that may be required, such as heat treatment to enhance the
durability of the final structure [186].

3D-Bioplotter printing: In a similar manner to direct 3D printing, 3D-Bioplotter
printing or bio-printing has garnered much attention due to its ability to print
scaffolds with cell-laden gels. The printing process uses a nozzle extrusion system
to extrude soluble materials that have been chemically or thermally treated in a
layer-by-layer format. In this system, the ink cartridge contains “bioink” rather
than a binder solution used in direct 3D printing. With a CAD design programmed
into the printer, the printer has the ability to print different subsets of stem cells
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in designated positions for enhanced tissue engineering. In addition to cells,
drugs can also be incorporated into the bioinks. 3D-Bioplotter printing utilizes a
pneumatic pressurized air system to dispense the bioink in a layer-by-layer fashion.
When printing cell-laden gels, nozzle diameter and pressure must be calibrated
because excess shear stress generated in the nozzle decreases cell viability [187].
The 3D-Bioplotter technology provides researchers with a versatile and convenient
tool to manufacture ready-to-implant scaffolds with high mechanical strength,
interconnectivity, porosity, biodegradability, and the ability to achieve higher rates
of attachment, differentiation, and proliferation for enhanced tissue regeneration.

Four-dimensional (4D) printing emerged as the next generation of fabrication
techniques. Use of intelligent materials that change properties, produce an electri-
cal current, become bioactive, or perform an intended function in response to an
external stimulus, ensures the production of dynamic 3D structures, which is now
called 4D printing [188]. Introduction of the fourth dimension, time, in addition
to the 3D arrangement gives both spatial and temporal control over the fabricated
product. Therefore, 4D printing overcomes one of the major drawbacks of 3D
printing and produces structures that are biomimetically dynamic. 4D-printed
product can change its shape, function, or other physical or chemical properties
in response to the aforementioned stimuli types, eliminating the need for external
devices or methods for postprocessing, and reduce the production duration, and in
some cases, may also aid in the application process [189].

11.3.4 Indirect Rapid Prototyping

Indirect 3D printing or indirect solid freeform fabrication takes advantage of both
conventional scaffolding methods and 3D printing capabilities. The basis of indirect
3D printing consists of using a 3D printer to create a negative mold into which the
desired scaffold material is cast and allowed to harden. The mold is then removed
to retrieve the formed structure [190]. Using 3D printing to generate the mold
allows for scaffolds to be fabricated from conventional techniques with the added
advantage of microarchitecture [191]. Also, noncompatible materials for direct 3D
printing can be combined seamlessly with indirect 3D printing [190]. One main
advantage of indirect 3D printing is that structures with microarchitecture can be
fabricated from a wide variety of materials without the use of potentially damaging
solvents and materials. Furthermore, since mold materials such as plasters are com-
patible with many scaffold materials, optimization and new, specialized equipment
are not required when investigating potential scaffold materials. However, the addi-
tional step of negative mold generation and demolding increases fabrication times,
which may deter use in patient-specific applications [192]. Viscous polymer-casting
solutions limit the intricacy of microarchitecture because incomplete saturation of
the void space results in scaffold deformations [193]. Indirect 3D printing offers
researchers a user-friendly method to fabricate 3D scaffolds for tissue engineering,
but casting solution accessibility and time-intensive mold fabrication limit the
application of this technique.
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11.4 Conclusions and Future Perspectives

3D scaffold fabrication is an emerging multidisciplinary field. Efforts are being made
to design and select the most appropriate materials to achieve the desired proper-
ties of a scaffold. By careful selection of biomaterials and key scaffold characteris-
tics, novel techniques have been developed to produce complex architectures with
desired properties for soft- and hard-tissue-engineering applications. These scaffolds
should be fabricated so that to regenerate and mimic both the anatomical structure
and function of the original soft tissue have to be repaired. Although many types of
scaffolds have been designed and obtained, there are only few of them that are able
to successfully pass the clinical trials and enter the market.

A critical opinion suggests that conventional scaffold concept that had persisted
for 30-year history of tissue engineering represents the wrong approach [194].
Conventionally, a scaffold designates a temporary support necessary to facilitate
the building of a construct and that is subsequently disassembled and eliminated,
without playing any active role at building activity. Instead, it is suggested and
argued that it be replaced with template concept, capable to selectively target the
appropriate cells using a combination of molecular and mechanical signals, since
the signaling ability toward targeted cells does not exclusively rely on chemistry
[195]. The architecture of templates for tissue engineering has been switching
toward hybrid macro- and nanoscale structures, and hydrogel-based tissues,
tissue-derived, or tissue-mimicking components. These include biomimetic hydro-
gels [196] and injectable peptide-based hydrogels [154]. It is important to avoid
undesirable host responses, according to the basic principles of biocompatibility.
The template biomaterial should be compatible with the processing methods that
simultaneously pattern both the material and living cells, or injectable if desired,
with the appropriate rheological properties.

In this respect, an emerging concept in tissue engineering is to get inspiration
from natural processes and products as the most advanced models of smart technol-
ogy. The development of the last generation of biomaterials aims at the biologically
inspired design principles in nano- to micro- to macro-scale hybrid structures by
synthetic routes that allow the obtaining of hierarchically controlled and dynamic
supramolecular assembly, such as 4D bioprinting and functionalities of building
blocks, eventually using adaptive self-assembling, self-shaping, or self-healing
polymer components.
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12.1 Introduction

Skin is one of the vital protective parts of the human body. It serves as an impor-
tant barrier against pathogens and prevents any mechanical, thermal, or chemical
stress. The repair and renewal of tissue after an injury is essential as the restoration of
the damaged part of the skin. Tissue engineering is an important interdisciplinary
field which mainly focuses on the production of engineered tissues for the repair
and replacement of damaged tissues or organs [1]. Tissue-engineering scaffolds play
a major role in the regeneration of tissues. Isolated cells need a surface for attach-
ment, to replicate, migrate, and function, since those cells are unable to form new
tissues on their own. That is, they require the presence of a supporting material that
can act as a template for cell growth. To mimic their natural extracellular matrices,
three-dimensional scaffolds are often used as this supporting material [2]. In the past
few years, increasing attention has been paid to nanocomposites made of biopoly-
mers and bioactive materials as scaffolds for application in tissue engineering [3–5].
Scaffolds can facilitate the organization of cells into a three-dimensional architec-
ture, direct cell behavior, and finally result in the formation of organ-specific tissue.
Scaffolds play a crucial role in tissue engineering because they represent an alterna-
tive to the conventional implantation of organs and tissues. The main goal of scaf-
folds is to provide appropriate base for tissue growth and cell proliferation [6]. A wide
variety of nanocomposites are currently being explored for use as porous scaffolds for
many tissue-engineering strategies. Nanocomposites scaffolds may prove necessary
for reconstruction of multitissue organs, tissues interfaces, and structural tissues
including bone, cartilage, tendons, ligaments, and muscles [7]. Scaffold fabrication
methods aim at the production of highly porous and interconnected pore struc-
tures. To fabricate such tissue scaffolds, a number of fabrication techniques have
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Figure 12.1 Common scaffold fabrication techniques. (a) Porogen leaching, (b) Gas
foaming, (c) Freeze-drying, (d) Solution electrospinning, (e) Melt electrowriting and 3-D
printing. Source: Abbasi [8]/Elsevier/CC BY 4.0.

been developed. Polymer scaffolds with various geometries, such as porous scaffolds
and fibrous matrices, have been prepared by using different processing techniques,
including particulate leaching (PL), freeze drying, rapid prototyping (RP), phase sep-
aration, and electrospinning, as shown in Figure 12.1 [8].

This chapter intends to give a brief description about the solvent-casting (SC) pro-
cess with major focus on biomedical applications. Other applications of solvent-cast
films are also discussed. In this study, we outline the scientific and technical chal-
lenges associated with the fabrication and characterization of solvent-cast scaffolds.
It is worthy to note that the interplay between polymer and solvent affects the mor-
phology, porosity, and overall quality of polymer films.

12.2 Solvent-Casting Technology

Solvent casting is used for the preparation of films containing nanocomposite
scaffolds. This method is widely used because of low costs, shorter preparation
time, and most importantly easy variation in reaction conditions. This method
is called as “solvent casting” because the polymer is completely soluble in the
solvent which ensures uniform distribution, hence fulfilling one of the ideal
scaffold properties. The choice of solvent is the key factor as it can influence the
polymer surface structure, which includes surface heterogeneity, reorientation of
the surface crystal segment, swelling behavior, and deformation rates which may
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influence the application of scaffold in tissue engineering [9, 10]. Solvent casting
is a conventional and rapid technique for the fabrication of free-standing films.
Here polymer is dissolved in an appropriate solvent, like water or chloroform (CF).
Additionally, plasticizers can also be added based on the specific requirement. The
solution is degassed and then poured into glass Petri dish, flat plate, or molds made
of polytetrafluoroethylene (PTFE) or polycarbonate (PC). Then the sample is kept
for drying in oven or at room temperature. The dried films are then peeled off from
the glass plate and stored in vacuum-sealed covers. The drying step is crucial in
several properties of the films and can be performed in an oven or a convection
chamber or even at room temperature. This manufacturing method is suitable
for heat-sensitive drugs due to the rather low temperature used to eliminate the
solvents in comparison with other temperature-dependent extrusion techniques.
The schematic representation of solvent-casting technique is shown in Figure 12.2.

Dissolution or suspension of:
• Biologic
• Polymeric film former
• Solvent or mix solvent
• Other excipients of film formulation

Casting using petri dish of glass or
polytetrafluoroethylene, portioning
by weight

Solvent evaporation by the application
of heat and/or vacuum

Figure 12.2 Schematic representation of solvent-casting process. Source:
Montenegro-Nicolini and Morales [11]/with permission of Springer Nature.
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12.2.1 Solvent Casting/Particulate Leaching

Solvent casting/particulate leaching (SC/PL) is a casting technique that has been
widely used to fabricate 3D porous polymer scaffolds for tissue-engineering applica-
tions. The technique uses porogens, substances that can be dispersed into a molded
structure and subsequently dissolved once the structure has set, resulting in the cre-
ation of pores. Salt (sodium chloride) is the most commonly used particulate (also
called porogen) because it is easily available and very easy to handle. Briefly, this
technique involves producing a suspension of polymer composites in a solvent. Salt
particles are ground and sieved into small particles, and those of the desired size
(most researchers used 100–200 μm range particles) are transferred into a mold. A
polymer suspension is then cast into the salt-filled mold. The solvent is then removed
by evaporation in air and/or in vacuum. After the evaporation of the solvent, the
salt crystals are leached away by immersion in water to form a porous structure, as
schematically shown in Figure 12.3 [12]. In this technique, the pore size can be con-
trolled by the size of the porogen particles, and the porosity can be controlled by the
salt/polymer composite ratio.

SC/PL technique is easy to carry out in the laboratory and flexible to be combined
with other fabrication techniques due to its simplicity and low cost. For example,
combined modified compression molding and conventional particulate-leaching
to fabricate complexly shaped 3D porous scaffolds has been reported. Briefly, a
polymer–particulate mixture was first prepared by the conventional solvent-casting
method and then compressively molded in a specially designed flexible–rigid
combined mold which facilitates shaping and mold release during the fabrication
process. The molding was carried out at a moderate temperature, above the
glass transition temperature and below the flow temperature of these amorphous

Mold Porogen

Evaporation
of
solvent

Porogen
is dissolved

Solvent

Polymer

Porous structure is
obtained

Figure 12.3 The schematic diagram of solvent-casting particulate-leaching techniques.
(a) Density of PLA scaffolds in different solvents (HFIP/DCM/CF). (b) Porosity of PLA
scaffolds in different solvents (HFIP/DCM/CF). Source: Sampath et al. [12]/MDPI/CC BY 4.0.
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polymers. A porous scaffold was then obtained after particulate leaching. Highly
interconnected and uniformly distributed pores both in the bulk and on the exter-
nal surface of the polylactic acid (PLA) and poly(lactic-co-glycolic acid) (PLGA)
auricle-shaped scaffolds were observed, and the porosity could exceed 90% [13].

One of the main benefits of this technique is that the produced scaffold is of high
porosity and with the capability of tuning the pore size, which makes it appropriate
for the development and growth of the 3D cell [14]. Other researchers have also
applied this technique in the scaffold fabrication for different purposes, such as the
combination of natural polymers [15, 16] or the integration of bioactive compounds
into the scaffold [17, 18]. One of the drawbacks of this fabrication technique is its
time consumption since it only uses thin membranes. Layers of porous sheets allow
only a defined number of pore networks between them and may, therefore, limit its
suitability to use because of the limited porous size [17].

12.2.1.1 Effect of Solvents on Solvent Casting
Solvent will inevitably affect the final physical properties of PLA/hyaluronic acid
porous scaffold when varieties of SC/PL technique were used [19]. The most
commonly used solvents are acetone, chloroform, and methylene chloride [20–24].
It was hypothesized that polymer/solvent interactions may affect the microstructure
and physical properties of the resulting scaffolds. Polymer chains that are extended
in solvent may entangle to a greater degree than aggregated bulky chains. This
may increase the stiffness of the resulting tissue scaffold and alter the permeability.
However, the differing rates of solvent evaporation may also dictate or contribute to
observed differences in scaffold morphology.

Choudhury et al. prepared PLA porous scaffolds, using NaCl as porogen in three
different solvents, i.e. 1,1,1,3,3,3-hexafluoro-2-propanol (HFIP), dichloromethane
(DCM), and chloroform (CF) by SC/PL method [25]. The morphology, structure,
and thermal behavior of the PLA scaffolds for porosity measurement were evalu-
ated. PLA/CF scaffold depicted higher porosity factor (93%) along with enhanced
water uptake capacity (220%) as against PLA/HFIP scaffold (75%). However,
PLA/DCM scaffolds illustrated more thermal stability as compared with PLA/HFIP
and PLA/CF scaffold. Figure 12.4 elaborates the density of PLA scaffolds in different
solvents. As evident from Figure 12.4, with increase in density, there is a steady
decrease in porosity of PLA/HFIP scaffolds; further, PLA/CF depicted the higher
porosity in terms of last density, and hence the PLA scaffold followed the increase
in proportionality, i.e. porosity is inversely proportional to density. The PLA/DCM
scaffolds represented a stiffer base as compared to PLA/chloroform or PLA/HFIP
scaffolds. Also, when ensured for permeability, the PLA/DCM depicted lower
permeability and rugged morphology as compared to the other two. However,
with similar content of porogen loading, the PLA/DCM scaffold showed highest
porosity as compared to PLA/DCM and PLA/HFIP scaffolds, a factor that benefits
the requirements in bone-tissue engineering. Hence, chloroform was suggessted
as a better solvent to meet the homogeneity requirements of the scaffold due to
its lower vapor pressure and slower evaporation time. Also, the cost-effectiveness
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Figure 12.4 Density of PLA scaffolds in different solvents. Source: Choudhury et al.
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makes chloroform a preferred solvent along with its simplicity in hazards while
handling the chemical [25].

Wanga et al. prepared hydroxyapatite/polymer scaffolds with proper biomechan-
ical properties and stable 3D porous structure by combining gas foaming with
SC/PL technique, in which novel solid H2O2 was used as a porogen [26]. During
the manufacturing process, they found that the porosity, compressive strength,
and microstructure of the composites are varied from each other, while different
solvents (DCM, acetone, chloroform, and 1,4-dioxane) were used. Porosities of the
specimens increase from 72± 5% to 87± 5% in accordance with the increase of boil-
ing point from 39.75 to 101.32 ∘C, while compressive strength decreased (4.8± 0.7
to 0.5± 0.3 MPa). Interactions of hydroxyapatite (HA)/solvent and PLA/solvent
together with evaporation dynamic tests of different solvents were investigated. The
results show that the evaporation rate of the solvents is the most important factor
affecting the final properties of the scaffolds.

12.2.1.2 Characterization of Solvent Cast Scaffolds
The complete characterization of scaffold structure and properties is essential
to design scaffolds with optimal characteristics for numerous applications. For
tissue-engineering applications, besides scaffold morphology and mechanical and
surface properties, biological characterization of scaffolds by suitable cell-culture
methods is also required. Depending on the final application, scaffold requirements
include matching the structural and mechanical properties with those of the recip-
ient tissue and optimization of the micro-environment to support cell integration,
adhesion and growth, issues that have become known as structural and surface
compatibility of biomaterials [27].

12.2.1.2.1 Morphology and Porosity
Scanning electron microscopy (SEM), micro-computed tomography (m-CT), and
confocal laser scanning microscopy are used to visualize and subsequently quantify
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scaffold structures [28–31]. In particular, m-CT has been widely used as an essential
scaffold characterization tool with the potential to significantly enhance the under-
standing of pore structures in porous material in the millimeter-to-micrometer
range [32, 33].

Porosity assessment via porosimetry is based on the study of the flow of gases or
liquids (or both), across a porous structure. This method, therefore, is only suitable
for the detection of open pores that allow fluid transport. Consequently, standard
porosimetry methods cannot be used to assess total pore volume. Liquid intrusion
methods (e.g. mercury intrusion porosimetry) are based on the pressurized penetra-
tion of a liquid into a porous structure and are capable of determining the total pore
volume exposed to the outside of a structure. As with flow porosimetry, closed pores
are hidden from the test. Other strategies used for scaffold characterization include
gas pycnometry, gravimetry, and gas adsorption [34–37].

Highly porous scaffolds (Figure 12.5) were fabricated by Sola et al. using poly-
methyl methacrylate (PMMA) and polyurethane (PU) [38]. The scaffolds showed a
highly interconnected geometry, as shown in Figure 12.5, and the porosity ranged
from 82.1% to 91.3% for PU scaffolds and 84.3% to 87.4% for PMMA scaffolds. The
polymer-to-salt (NaCl) ratio was taken as 1 : 4 for both polymers. Scaffolds were
prepared using fine-grained (S2) and coarse-grained (S3) NaCl, and compared with
samples made of NaCl that was not sieved (S1). The improved interconnectivity in
samples containing sieved salts with respect to the samples containing unsieved salt
was related to the shape of the S2 and S3 salt particles that were more spherical with
respect to the strictly cubic geometry of S1. It was observed that when the salt content
increased, the structural continuity deteriorated.

12.2.1.2.2 Mechanical Characterization of Scaffolds
Clearly, understanding the correlation between pore structure, porosity, and scaffold
mechanical properties is crucial in the process of optimization of scaffold architec-
ture. In most of the cases, compressive mechanical testing is used to measure the
mechanical strength of a scaffold. It can be considered that scaffolds for bone regen-
eration should have a minimum compressive strength of 2 MPa and a minimum
modulus of 50 MPa, which are at the low range of properties for trabecular bone [39].

In the engineering of soft tissues, scaffolds with high elasticity and strength cou-
pled with controllable biodegradable properties are necessary. To fulfill such design,
researchers tried two kinds of biodegradable polyurethane ureas, namely poly(ester
urethane)urea (PEUU) and poly(ether ester urethane)urea (PEEUU) from poly-
caprolactone (PCL), polycaprolactone-b-polyethylene glycol-b-polycaprolactone,
1,4-diisocyanatobutane, and putrescine. PEUU and PEEUU were further fabricated
into scaffolds by thermally induced phase separation using dimethyl sulfoxide
(DMSO) as a solvent. The effect of polymer solution concentration, quenching
temperature, and polymer type on pore morphology and porosity was investigated.
Scaffolds were obtained with open and interconnected pores having sizes ranging
from several millimeters to more than 150 mm and porosities of 80–97%. By
changing the polymer solution concentration or quenching temperature, scaffolds
with random or oriented tubular pores could be obtained. The PEUU scaffolds were
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Figure 12.5 Microstructure of the optimized scaffolds: PMMA-S2 (a), PMMA-S3 (b), PU-S2
(c), and PU-S3 (d). Scale bar: 1 mm. Source: Sola et al. [38]/with permission of Elsevier.

flexible with breaking strains of 214% and higher and tensile strengths of approx-
imately 1.0 MPa, whereas the PEEUU scaffolds generally had lower strengths and
breaking strains. Scaffold degradation in aqueous buffer was related to the porosity
and polymer hydrophilicity. Smooth muscle cells were filtration seeded in the scaf-
folds, and it was shown that both scaffolds supported cell adhesion and growth, with
smooth muscle cells growing more extensively in the PEEUU scaffold. Figure 12.6
represents typical tensile stress–strain curves for PEUU scaffolds [40]. These
biodegradable and flexible scaffolds demonstrate potential for future application as
cell scaffolds in cardiovascular tissue-engineering or other soft-tissue applications.

12.2.1.2.3 Wettability Studies of Solvent Cast Films
Surface wettability is a measure of the surface energy of a material and is an impor-
tant parameter that affects biological response to a material. It affects cell behavior
on biomaterials like cell growth, protein adsorption, and platelet adhesion. Usually,
good cell adhesion is observed on surfaces that are moderately hydrophilic, whereas
poor cell attachment is seen on highly hydrophobic surfaces. Wettability is usually
expressed in terms of contact angle. Generally, higher contact angles imply higher
hydrophobicity and vice versa. Ammann et al. compared the wettability of PCL films
fabricated by solvent casting, spin coating, and melt press [41]. The solvent-cast film
exhibited highest roughness thus being highly hydrophobic having contact angle
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Figure 12.6 Typical tensile
stress–strain curves for poly(ester
urethane)urea (PEUU) scaffolds.
Source: Guan et al. [40]/with
permission of Elsevier.
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about 104.1∘. This was contrary to the results obtained by Deng et al. who observed
that gelatin/zein nanofibrous film fabricated by electrospinning had a hydrophobic
surface (water contact angle of 118.0∘), while the solvent-casted gelatin/zein film
had a hydrophilic surface (water contact angle of 53.5∘) [42].

12.2.1.2.4 Biological Characterization of Scaffolds
The scaffolds designed for tissue engineering should be biocompatible and degrad-
able. The scaffolds act as template that supports the growth and adhesion of cells
and further their proliferation. So an ideal scaffold is one that necessarily mimics the
native extracellular matrix (ECM) as well as promotes complete regeneration. The
scaffold should provide structural support for the cells to reside and provide bioac-
tive cues for the cells to interact with their microenvironment. Another important
consideration is that the scaffold should degrade as regeneration is achieved. The
interaction of cells with the scaffolds can be analyzed in vitro by culturing cells on the
scaffolds and evaluating their cell viability after predetermined intervals. PCL films
doped with PLGA was fabricated by solvent casting [43]. The adhesion and growth
of osteoblasts on the PCL surface analyzed by laser scanning confocal microscopy
revealed excellent attachment of osteoblasts on the polymer surface.

Vascular smooth muscle cells cultured on PEUU and PEEUU scaffolds were quan-
tified by measuring the MTT absorbance of the seeded scaffolds (Figure 12.7). The
relative cell number in the PEUU scaffold did not change from one to seven days
(p1/4 0 : 42), whereas the cell number in PEEUU scaffolds at seven days was signifi-
cantly higher than at one day (p1/4 0 : 03). Comparing the cell number in PEUU and
PEEUU scaffolds, there was no significant difference at day 1 (p1/4 0 : 11). However,
by day 7, the PEEUU scaffolds had significantly higher cell numbers (p1/4 0 : 01).
Electron micrographs showed that both scaffold surfaces covered were populated
with cells that had started to spread after one day. By seven days, the cells had formed
dense confluent layers on the surface. The cellular ingrowth was examined by hema-
toxylin and eosin (H&E) staining. Smooth muscle cells were uniformly distributed
in the scaffolds and generally retained a rounded morphology after one day of cul-
ture. Cells at seven days were spread and had a slightly higher density in PEEUU
scaffolds.
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Figure 12.7 Hematoxylin and eosin (H&E) staining of vascular smooth muscle cells in the
cross-section of PEUU (a, c) and PEEUU (b, d) scaffolds after one day (a, b) and seven days
(c, d) of culture. Source: Guan et al. [40]/with permission of Elsevier.

A single solvent-based film-casting process for fabricating porous polymer films
was developed by Hossain et al. [44]. Figure 12.8 shows the schematic diagram of
methodology used for the preparation of porous PLA films.

Here concentrated PLA/chloroform solution (20 wt%) and fresh chloroform sol-
vent were mixed at various ratios and three types of films PLA1 (1 : 2 v/v), PLA2
(1 : 3 v/v), and PLA3 (1 : 4 v/v) were produced. After incubation of the films with
cells, PLA surface was covered by cells as seen in Figure 12.9a,b. After three days, the
cells showed well-spread morphology with lamellipodia extending onto the porous
surface as seen in Figure 12.9c. After eight days, the PLA surface was completely
covered by cells. The viability of G63 cells on PLA films was evaluated using Alamar
Blue assay. PLA1 showed higher cell viability than PLA2 and PLA3, which could be
due to their smaller pore size (Figure 12.9d).

Antibacterial activity is required to protect the damaged skin in case of injury
and to prevent bacterial adherence. Polymer films are usually loaded with bio-
materials or metal/metal oxide nanoparticles like gold, silver, and zinc oxide in
order to impart antibacterial activity. Mandapalli et al. compared the antibacterial
activity of various polymer films. He showed that chitosan films loaded with gold
nanoparticles (AuNPs) inhibited the growth of Escherichia coli bacteria similar to
the control used tetracycline antibiotic [45]. Blank films of chitosan and zein also
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Figure 12.8 Schematic diagram showing methodology used for the preparation of porous
PLA films. Source: Hossain et al. [44]/with permission of John Wiley & Sons.

showed antibacterial activity, whereas blank PCL film did not show inhibition zone
against any bacteria.

Nano-biocomposite, based on PLA, surfactant-modified cellulose nanocrystals,
and silver nanoparticles (Ag) to be applied for fresh food antimicrobial active pack-
aging, was designed by Fortunati et al. Silver nanoparticles (Ag) were synthesized
by selective reduction of silver nitrate (AgNO3) in the presence of polyvinylpyrroli-
done (PVP). Antibacterial studies were evaluated on two types of bacterial strains
namely, E. coli and Staphylococcus aureus. The antibacterial activity was greater on
E. coli than on S. aureus cells [46].

12.2.2 Surface Modification of Solvent Casted Films

Surface properties are of importance in certain applications such as tissue engi-
neering. Several techniques have been used to modify the surface properties of
solvent-cast films without affecting their bulk properties. The surface properties
like wettability and biocompatibility need to be improved prior to application to
meet the desired requirements. Several studies showed that tuning the surface
properties affects the durability and functionality of materials. Chemical methods
for modification involve aminolysis, grafting functional monomers or polymers, and
incorporation of functional groups using plasma, radiation, etc. Plasma treatment
has gained widespread importance due to its relatively simple process that is
clean, solvent-free, fast, and environment friendly. Surface modification by plasma
treatment is achieved using different gases such as air, oxygen, nitrogen, argon, and
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Figure 12.9 SEM micrographs of MG63 cell morphology: (a) after three days incubation,
(b) eight days incubation, and (c) cells at day 3 are seen to attach and extend lamellipodia
through the larger pores (≈6.4 μm). (d) Bar chart representing metabolic activity of MG63
cells measured using Alamar blue assay after one, three, and eight days of cell seeding
(seeding density 40 000 cells/cm2) on PLA porous films having different pore sizes and
tissue culture plate (TCP) was used as a positive control. Source: Hossain et al. [44]/with
permission of John Wiley & Sons.
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Table 12.1 Different surface modification techniques employed in solvent-cast films.

Matrix used Modification used Property achieved References

Polyvinyl alcohol Dipping with
chitosan solution

Hydrophobic surface [48]

Poly-L-lactide
(PLLA)

Oxygen (O2) and
tetra fluorocarbon
(CF4) plasma

Hydrophilic with O2
plasma and
hydrophobic with
CF4 plasma

[49]

Polyhydroxyalkanoates
(PHA)

Oxygen plasma
treatment and
insulin-immobilization

Increased cell
proliferation

[50]

Poly(lactic) acid Induced photo
polymerization
process

Improved wettability [51]

Zein Atmospheric cold
plasma (ACP)

Increased wettability
Enhanced
mechanical and
thermal properties

[52]

helium. Surface-treated polymers have found widespread use in textiles, biomedical
applications, electronics, water treatment, and energy industries [47]. Different
strategies used for surface modification of solvent-cast films are listed in Table 12.1.

12.2.3 Degradation of Solvent Cast Films

Biodegradable polymers have a high potential for applications as medical implant
materials. The biodegradation process is a biological activity of living organisms
to decompose the complex structure of organic compounds to nontoxic products
with lower-molecular weights. The end products of the biodegradation process
can be used as an energy and nutritional source for anabolism of nonproducing
organisms [53, 54]. Many factors such as microbial activity, polymer composition,
molecular weight, crystallinity, temperature, moisture, pH, nutrient content, and
oxygen can affect the biodegradation process [55, 56]. In addition, the surface area
of polymeric materials can have an effect on the biodegradation rate where a lower
surface area can restrict the microbial growth [57]. Petroleum polymers contribute
to nondegradable waste materials, and it would therefore be desirable to produce
ecofriendly degradable materials. Biodegradation of polyhydroxybutyrate (PHB) in
the presence of oligomer hydrolase and PHB depolymerase gave 3-hydroxybutyric
acid which could be oxidized to acetyl acetate. Biodegradation of PHB studies
showed a significant decrease in the molecular weight (Mw), number-average
molecular weight (Mn), and the dispersity (Mw/Mn) for all the film formulations.
Nanofibers of PHB and its composites showed faster degradation compared to other
films and displayed complete degradation after three weeks. Such changes were
due to the growth of microorganisms that secreted PHB depolymerase enzyme
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Figure 12.10 The degradation percentage of PHB films up to six weeks. Source:
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Figure 12.11 The microbial number in soil at the buried site for different PHB films.
Source: Altaee et al. [54]/Springer Nature/CC BY 4.0.

which led to the biopolymer films degradation. Figures 12.10 and 12.11 show the
degradation behavior of PHB films.

With a view to the potential of chitosan in the regeneration of nerve tissue, the
influence of n degree of deacetylation (DDA) on the growth and health of olfactory
ensheathing cells (OECs) was investigated [58]. There was a linear increase in OEC
proliferation as the DDA increased from 72% to 85%. Variation in degradation for
solvent-cast films of different commercial chitosan samples with different DDAs, as
measured by weight loss from original is given in Figure 12.12.

12.2.4 Porosity of Solvent Cast Films

Porous membranes are utilized in many scientific fields due to their applicability
in varying applications, such as surface coating, separation sciences, biosensors,
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Figure 12.12 Variation in degradation for solvent-cast films of different commercial
chitosan samples with different DDAs, as measured by weight loss from original (%):
(a) 72%; (b) 73%; (c) 75%; (d) 77%; (e) 79%; and (f) 85% DDA (37 ∘C, pH 7.4, 120 rpm; white
circle: abiotic degradation in phosphate buffered saline (PBS) and black circle: biotic
degradation in PBS with 2% w/v lysozyme). Source: Foster et al. [58]/PLOS/CC BY 4.0.

optoelectronic devices, biomedical devices, and tissue-engineering applications.
Fabrication of porous structures from either polymer or metal or ceramics with
diverse pore sizes (from nano-to-micrometer range) has been explored extensively.
For example, nano, micro, and macroporous polymer films have proven to be
suitable for gas separation, biosensing, and drug-release applications, and metal
and ceramic films have been utilized as thermal barrier coatings [44, 58, 59].

By considering a mixture of poly(methyl methacrylate)–tetrahydrofuran–water
(PMMA–THF–H2O), Pervin et al. report an experimental approach to tune the
distribution of pores in polymer films formed via evaporation-induced phase
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separation (EIPS) [59]. They showed that the drying-induced composition and
microstructural changes that occur due to the evaporation of the solvent (THF)
and the nonsolvent (H2O) delineate the ultimate polymer film morphology. The
temporal evolution of the microstructure, the phase behavior, and the change in
the composition of the PMMA–THF–H2O mixture at air–solution (top surface) and
solution–substrate (bottom surface) interfaces is monitored to provide insights into
the origin of the pore distribution in the final polymer films. The effects of various
parameters such as nonsolvent and polymer concentration in the casting solution,
casting solution thickness, relative humidity, and temperature on the final film
morphology are investigated to correlate how the composition path (CP) change
under various conditions ultimately dictates the film morphology. Depending on
the change in the composition of the polymer solution (evolution of CP) and the
water/PMMA ratio at the time of phase separation, the morphology of the final
film formed varies as – (i) nonporous, i.e. dense film, (ii) a film with pores only
at the bottom surface, (iii) an asymmetric film, i.e. films with a top dense layer
(nonporous) supported by porous sublayers, (iv) a porous film with uniform pores
distributed across the entire film thickness, and (v) a film with pores only at the top
surface. Figure 12.13 shows the average porosity of the film (a) and average pore
diameter and (b) of the film surface in contact with the glass substrate obtained
under different experimental conditions [59].

Hossain et al. showed that with increase in volume of solvent used (chloroform),
the pore size increased. Here the pores were generated only on the top surface of
the PLA film, while the bottom surface was seen to be fairly smooth (with no visible
porosity) [44].

12.2.5 Advantages and Disadvantages of Solvent Cast Films

The oldest technology in plastic films manufacturing, the continuous solvent-cast
process was developed more than hundred years ago driven by the needs of the
emerging photographic industry [60]. In the years after 1950, new film-extrusion
techniques of thermoplastic polymers became the dominant production method for
plastic films and the importance of solvent-cast technique has declined. Nowadays,
the solvent-cast technology is becoming increasingly attractive for the production of
films with extremely high-quality requirements. The advantages of this technology
include uniform thickness distribution, maximum optical purity, and extremely low
haze. The optical orientation is virtually isotropic and the films have excellent flat-
ness and dimensional stability. The cast film can be processed in-line with an optical
coating design. The tremendous growth of new liquid crystal display (LCD) appli-
cations has incited the development of new materials and improved processes for
solvent-casting and -coating techniques.

However, solvent-casting technique has four main disadvantages. First,
this technique usually involves organic solvents which are not favorable for
tissue-engineering applications due to potential harmful influences on cells and
tissues. Organic solvents also in many cases preclude the possibility of adding phar-
macological agents to the scaffold during the fabrication. Second, certain critical
variables such as pore shape and interpore openings are still not well controlled in
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Figure 12.13 Average porosity of the film (a) and average pore diameter (b) of the film
surface in contact with the glass substrate obtained under different experimental
conditions. Source: Pervin et al. [59]/Royal Chemical Society/CC BY 3.0.

this technique. Third, when applying this technique to polymer/ceramic composite
scaffolds, the polymer–organic solvent solutions may coat the bioactive ceramic
surfaces, hinder their exposure to the scaffold surface, and decrease their direct
contact with osteogenic cells that are crucial for osseointegration. The last but not
the least, if nanophase ceramic particles were used to make nanocomposite scaffolds
in this technique, nanoparticles may interfere the porogen-leaching process, which
will result in residual porogen particles in the final tissue-engineering products.
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12.2.6 Applications of Solvent-Cast Films

A variety of natural and synthetic polymers have been used to fabricate
tissue-engineering scaffolds. These materials must be inherently biocompati-
ble, biodegradable, and highly cell adhesive. Additionally, the polymers must be
porous and mechanically stable and exhibit a three-dimensional (3D) structure
that can be obtained via facile manufacturing processes. Aliphatic polyesters, such
as PCL, PLA, polyglycolic acid, and related copolymers, are most extensively used
in biodegradable scaffolds because of these polymers’ excellent biocompatibility,
biodegradability, bioresorbability, and mechanical strength. Most importantly, they
are used as scaffolds, some other applications are discussed later [60].

12.2.6.1 Photographic Application
The largest areas of solvent-cast films are produced for photographic use. About
300 million square meters of cellulose triacetate film base are used every year for
35 mm amateur films, movie films, and other film types. The market is rapidly
declining since 2002 because of the fierce competition of digital photography.

12.2.6.2 Liquid Crystal Display (LCD) Applications
Optical polarizers are based on polyvinylalcohol films cast from an aqueous solu-
tion [60]. This film is stretched and doped with iodine or organic dyes to provide
the polarizing function. The polyvinyl alcohol polarizing layer is usually protected
against mechanical and other environmental effects using materials such as cellu-
lose triacetate films having very low birefringence [61]. The fastest-growing area of
solvent-cast films with more than 20% growth per year is the production of cellu-
lose triacetate film for manufacturing polarizers for liquid crystal (LC) displays. The
quality requirements are much higher than for photographic tri acetate cellulose
(TAC) film base. A recent application is the use of LC displays for televisions (TVs)
(up to 62 in. screen). This will rapidly increase the use of cellulose triacetate-based
solvent-cast film in the near future. Polycarbonate is used for several specialty films,
some of them designed for optical purposes. Two sets of LCD panels were made using
solvent-cast polyimide (PI) films prepared using two different precursors, polyamic
acid (PAA) and prepolymerized polyimide (PI) solution [62]. For LCD panel with
PAA-type polyimide film functioning as alignment layer, the luminance decreased
sharply on voltage removal. In case of LCD panel with PI-type polyimide film, a slow
change was only observed demonstrating that the residual charges remained on PI
film for longer period. In such situations, the displayed image gets retained even
after the voltage is switched off which is undesirable in case of LCD. However, in
PAA-type film, higher ionic conductivity was achieved, allowing the residual charges
to dissipate along the film; thus, there is less chance of causing sticky image.

12.2.6.3 Other Optical Applications
Cellulose diacetate, soluble in acetone, is converted to films by means of solvent
coating mainly in thicknesses between 14 and 200 μm. Since about 1950, big volumes
have been used for applications such as print lamination, graphic arts, windows in
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food stuff boxes, photographical sleeves, goggles, and visors. The advantages of this
film type are high gloss levels, excellent transparency, and a good balance between
moisture resistance and water permeability. That makes it an ideal film especially
for the combination together with paper or carton.

12.2.6.4 Electrical and Electronic Applications
Other advantages of cast film technology are important for electrical and electronic
applications. Electrical properties that are stable at high temperatures over the long
term can only be achieved with polymers with high or no melting temperatures.
Processing of highly purified and filtered polymers with high glass transition tem-
peratures, high bulk resistivity, and a low dissipation factor is possible. It is often
not feasible to produce these films using thermoplastic manufacturing methods. In
some cases, a soluble polymer such as poly(amide carboxylic) is cast from solutions
in dimethylacetamide to form a film, which is subsequently cross-linked with acetic
anhydride during the casting process. Typical products are base materials for flexible
printed circuits, insulation films, wrappings, capacitors, etc. Polymers such as poly-
carbonates and polyimides are used for these purposes. Consumption of this type of
film is increasing with the growth of the electronic industry and the development of
new, more sophisticated electronic devices. The field of flexible and stretchable elec-
tronic devices has been highly explored during the recent years. Solvent casting was
used to transfer graphene patterns from a rigid or flexible substrate onto a polymeric
film surface. The process involved preparation of graphene-based patterns or films
on the molds, casting of polymer solution on the graphene patterns formed on the
mold surface, peeling of films after drying, thus transferring the pattern from mold
to the polymer film surface [63]. The graphene patterns were highly conductive and
stable, thus offering great promise in the field of stretchable electronics.

12.2.6.5 High-Temperature Applications
Depending on the temperature requirements and the chemical composition of the
polymer, cast film techniques can be used for release films. Polyimides, cellulose
triacetate, and others are the typical raw materials. Another emerging area is the
application of high-temperature resistive films for LCDs and as substrate materials
for organic light emitting diode (OLED) displays. Feasible trial films have been made
on the basis of polyether sulfone, polycarbonate, cyclic polyolefins, polyarylates, and
polyimides [60].

12.3 Conclusions

Solvent-cast technology is considered as a versatile tool for the production of
polymer or biomaterial films. Solvent casting enables tunability of various char-
acteristics like mechanical properties, barrier properties, and optical properties of
the film through the variation of processing parameters such as solvent-casting
time and temperature. However, in many cases, the toxicity associated with organic
solvents that remain in the casted polymer even after long-aging times poses severe



390 12 Solvent-Casting Approach for Design of Polymer Scaffolds and Their Multifunctional Applications

environmental concern. Hence, the choice of cost-effective and nontoxic solvent
is a major factor that needs attention while using the approach of solvent casting.
Much more theoretical and experimental insights into the structure–property rela-
tionships of solvent-cast films along with in-depth understanding of their biological
interactions are necessary to explore their potential in various applications.
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This chapter will give a background in freeze-casting principles and parameters,
while the emphasis will be given on the freeze-casted scaffolds, based on biopoly-
mers (nanocellulose, gelatin, and composites thereof), used in regenerative
medicine. Site-specific control over the porosity enables processing of scaffold
with different properties in different regions and formation of functionally graded
construct, which can more closely mimic the cells niche giving the expected mech-
anistic and biochemical clues for regeneration processes. As such, freeze-casting in
all its variations (unidirectional, bidirectional, electrical or magnetic fields assisted,
etc.) has big success in material science research, yet progress in commercialization
is yet to be seen, mainly due to stringent medical device regulations.

13.1 Introduction

The mechanism behind freezing of colloids is highly ubiquitous in nature and well
introduced in many disciplines and (bio)physics, chemistry, biology, pharmacy, food
engineering, material science, medicine, and even mathematics. In frozen state, the
molecular motions are slowed down to the point where most of activity stops, pre-
serving cells, tissues, and even whole organisms, for years. As such, it is a perfect tool,
intensively used in food storage and cryopreservation of cells and bacteria. Also, it
can supplement in water-cleaning process, as molecules, particles, bacteria, cells,
and impurities can be easily condensed and rejected by ice crystals in formation.

At freezing, the apparently single, homogeneous solutions or dispersions undergo
phase separation, which concentrate water (or other solvents or dispersants)-lean
phase, out of liquid-rich phase, aiding removal of solvent/dispersant (e.g. ice) phase
by means of sublimation or washing. This ultimately leaves behind a templated
material construct with isotropic or anisotropic microstructure. Such process may
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facilitate processing or rather complex structures, being hardly processable through
traditional processing routes.

Nowadays, the freeze-casting count as environmental friendly processing tech-
nique; it is rather simple process, where a material suspension is frozen and
then sublimated, leaving behind an unique porous architecture as a replica of
frozen solvent crystals formed at freezing stage [1]. It is a versatile, shape-forming
technique, which offers optimal control over the pores’ size and distribution, per-
centage of porosity, and morphology of pores. This processing route is extensively
investigated in recent years for the fabrication of ceramics-, metals-, polymers-,
biomacromolecules-, and carbon-based materials, endowing them with novel, dis-
tinct physic/mechanical attributes, thus making them widely applicable. According
to recently established repository for freeze-casting experimental data, available
through the web interface FreezeCasting.net [2], near history of freeze-casting dates
back to 1954, when was used by NASA as material processing technique. Next
prominent research in this area was work of Mahler, using the freeze-casting for
processing of silica fibers out of aqueous polysilicic acid [3]. From the start of new
century, the freeze-casting was again put in focus of many material scientist, which
uncover the versatility of this processes, which in turn broaden its applicability.
Freeze-casting has seen a surge of interest over the past two decades, as can
be anticipate from Figure 13.1, in technical application, as fuel cell electrodes
[4], dye-sensitized solar cell electrodes [5], stretchable circuits [6], lithium ion
battery electrodes [7], metallic foams [8], graphene monoliths [9], ultrafiltration
membranes [10, 11], and biomedical applications, in processing of biomaterials
[12], scaffolds [13], pharmaceuticals [14], etc.

13.1.1 Principle of Freeze-Casting

Freeze-casting, also known as freeze-drying, lyophilization, cryodesiccation, or
ice-templating, presents segregation-induced templating of a solution, suspen-
sion, or gel phase, where under specific conditions, the assembling of a second
phase (polymeric, particulate) occurs, triggered by the progressive concentration
increase in the intercrystal space. This yields fine, porous structures with a wide
range of morphologies as a replicate to structure of ice crystals being formed at
freezing stage. In general, freeze-casting proceed through main steps, depicted in
Figure 13.2, which are formulation of (liquid) colloid, freezing (solidification) under
temperature and pressure manipulation, removal of solvent/dispersant phase by
sublimation, and posttreatment (e.g. densification).

The first and very essential step is the preparation of colloid or solution, containing
solid material (metal, ceramic, carbon material, polymer, and hybrids thereof in the
form of nano-particles, fibers, tubes, plates, or sheets [16]) as main body of structure
in development, the freezing agent, and additives. Due to feasibility, environmental
friendliness, and cost-effectiveness, the water is most often used as solvent or disper-
sant; in such case, thee freeze-casting equalize with ice-templating process. Beside
water, the organic solvents are next choice for materials not soluble in water (e.g. for
casting of traditional ceramic suspensions and preceramic polymer solutions [17]),
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Figure 13.2 Schematic diagram of the freeze-casting principles. (a) Suspension, (b)
freezing, (c) Sublimation, and (d) sintering. Source: Deville et al. [15]/Taylor & Francis/CC
BY 3.0.

such as dimethyl sulfoxide, cyclooctane, cyclohexane, dioxane, dimethyl carbon-
ate, and tert-butyl alcohol. The crosslinkers [18], binders, dispersants, and plasti-
cizers are often added as accessional additives to facilitate the processing as well as
improving the stability of final porous construct. Other additives that may also inter-
fere with the solvent, promoting morphology changes during solidification are glyc-
erol, ethylene glycol, propylene glycol, methanol, ethanol, dimethyl sulfoxide, and
acrylamide.

Next step, being crucial in pores form and shaping, is the freezing step. When
solvent is rapidly freezed (e.g. upon immersion into liquid nitrogen), the structure
of dissolved or dispersed material can be preserved, yet, after sublimation, the
powder-like material is obtain, rather than upstructured solid material. Opposite,
the slower freezing procedure, followed by sublimation allows formation of ice
templates, as sublimation step avoids formation of a liquid/vapor interface and
thus the creation of a capillary pressure that can deform or collapse the porous
structure [19]. The speed of solidification, promoting the states between particle
entrapment and rejection, is possible to manipulated by chemical (solvents, addi-
tives, and salts) or physical (temperature, velocity, mold surface and shape, and
external force fields) means.

When water is used as a solvent or dispersant, the temperature reduction below
freezing point allows the formation of ice crystals and their nucleation, where the
liquid molecules start to cluster, and arrange within define crystalline structure. This
hardly occurs at theoretical freezing point since large energy barrier needs to be over-
come to bring the water molecules closer than they are in liquid water. Moreover, the
nucleation of ice presents the most significant and in the same time uncontrolled
variable in processes closely related to freezing, such as freeze-casting. According
to Morris and Acton [20], the ice nucleation in undercooled liquids may occur by
two distinct processes. First and more frequent is heterogeneous (or facilitated) pro-
cesses, which is catalyzed by a solid or liquid substrate (including impurities and
containers) in contact with the water, which allows clusters of water molecules to
take up configurations that can promote ice formation. During heterogeneous nucle-
ation, the nucleation site can be a physical disturbance, impurity, presence of salt, or
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even roughness of the mold or freezing container. The second, much less frequent
type is homogeneous nucleation, which occurs in absence of nucleation site. In such
case, the ice crystals nucleate simultaneously, without any predefined nucleation
site, and no favorable location. In consequence, the ice arrangements are random,
with short-range alignments. Conditions required for homogeneous nucleation are
rare, as, practically, completely pure water (having freezing temperature of∼−40 ∘C)
does not exist.

During freezing step, the dispersed particles are expelled from the newly formed
solid, stacking between the ice crystals, which interact with dispersed particles
by short-range thermomolecular forces induced by van der Waals or electrostatic
interactions [21]. According to single-particle model, the suspended particle will
be rejected by the solidification front only if interfacial free energies satisfy this
following thermodynamical condition:

Δ𝛾0 = 𝛾ps − (𝛾pl + 𝛾sl) > 0 (13.1)

where 𝛾ps, 𝛾pl, and 𝛾sl are the interfacial free energies associated with the
particle–solid, particle–liquid, and solid–liquid interfaces, respectively. This energy
balance facilitates the analysis of systems where suspended particles experience the
repulsive (FR) and attractive (FA) forces with respect to the advancing freezing front
arising due to interparticle van der Waals interactions at the liquid–solid interface
and viscous drag, respectively.

FR = 2πrΔ𝛾0(𝛼0d)n (13.2)

FA = 6π𝜂vr2d (13.3)

where r is the radius of the solid particle, v is the freezing front velocity, 𝛼0 is the mean
distance between molecules in the liquid phase, d is the thickness of the liquid layer
between the solid–liquid interface and the particle (i.e. the distance between the ice
front and the particle), 𝜂 is the dynamic viscosity of the liquid, and n is an empirical
correction factor for the repulsive forces that generally range from 1 to 4.

Third step following the freezing is sublimation, i.e. solid–gas transition, or direct
vaporization of structured ice, bypassing the liquid phase, which occurs at atmo-
spheric or reduced pressure. This process, also known as lyophilization, consists of
primary and secondary drying that occurs due to water vapor concentration gradi-
ent between the drying front and the condensate. The sublimation of water occurs
below its triple point (temperature of 0.0098 ∘C and pressure of 611 Pa).

13.1.2 Special Types of Freeze-Casting

The microstructure of freeze-casted construct is controlled by several independent
or interconnected, structural, kinetic, and thermodynamic factors, which are
divided between internal and external types [22]. The internal acts in a way to
alter the repulsive and attractive forces that a particle experiences when interacting
with the freezing front, impacting the morphology of the ice crystals and conse-
quently the pore size and shape. Their effect is distributed to whole suspension,
and as such is hardly possible to obtain complex microstructures in absence of the



400 13 Freeze-Casted Biomaterials for Regenerative Medicine

second, external type of factors. The most dominant internal factors are composition
of freezing system (nature of solvent-single or cosolvent, proportion and concen-
tration of additive and impurities, geometry of particles and their aspect ratio) and
the operational conditions (freezing temperature, cooling rate, and temperature
gradient) [16]. The external factors (including freezing surface, assisting external
magnetic, electric or acoustic fields, and thermal radiation) affect the freezing
process, by application of exterior/additional forces or energies, altering the entire
microstructure rather than individual pore size and shape.

The generation of diverse ice morphologies translate into myriad of microstruc-
tures and macroarchitectures, including isotropic porous, honeycomb of
fish-bone-like, anisotropic: lamellar, radial, nacre-mimetic, and many more. They
are accomplished by different means of freezing, including unidirectional, bidirec-
tional, radial, radial-concentric freezing, dynamic, random, and freeze–thawing.
Among most conventional is unidirectional freezing, where suspension starts freez-
ing under a single temperature gradient. Cooling is applied to one end of a colloidal
suspension, allowing formation of planar freezing front as advancing interface
between solidified solvent crystals and liquid suspension. This causes nucleation
of ice to occur randomly, resulting in the formation of microscale crystallites. Their
preferential orientation is direction of freezing, forming a small-scale lamellar
structure [23]. In contrary, at bidirectional freezing, the nucleation and growth
of ice crystals are guided by dual temperature gradients allowing ice propagation
in both directions. In this case, the large-sized single-domain aligned lamellar
structures are formed [24]. At radial, or radial concentric freeze casting, suspension
is exposed to two temperature gradients, resulting in longitudinally and radially
aligned porosity.

Zhao et al. recently presented example of different nucleation patterns directly
affected by the chemistry of molds surface [25]; the rich designability of surface
wettability patterns was harnessed to process bulk materials with bioinspired
complex architectures. Same study proposed the possible mechanism for control-
ling freeze-casted structures by surface wettability, where ice crystals “nucleate
successively” from the hydrophilic to the hydrophobic region. In consequence,
the colloidal particles aligned, causing preferential growth of ice crystals being
restricted by them, ultimately forming an aligned microstructure.

Beside presented examples of intrinsic control over the freeze-casting processes,
external factors, such as exposure to magnetic, electric, and acoustic fields, as well
as light irradiation may further manipulate freezing process, through their effect on
chemical states of suspension media or solid particles during or after solidification.

13.1.2.1 Magnetic Freeze-Casting
Magnetic freeze-casting relies on the use of magnetic fields to manipulate matter
during the solidification of colloidal suspensions. Although water is a diamagnetic
material, its magnetic susceptibility is relatively small, and weak magnetic fields
have a minimal effect. According to Tang et al. [26], the magnetic fields weaken
the hydrogen bonds between clusters of water molecules, leading to the growth
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of smaller ice crystals, and hence decreased pore sizes (in diamagnetic slurries).
Magnetic fields generated by permanent magnets arranged in a variety of spatial
orientations can produce scaffolds with different microstructural patterns when
used in the freeze-casting of magnetic particles or other building blocks, function-
alized with magnetic nanoparticles. Recent research into magnetic freeze-casting
has demonstrated the utility of diverse types of magnets and magnet-positioning
techniques, including rotating magnets, to control field strength and produce
freeze cast structures of various tailored forms including helical scaffolds, uniform
scaffolds, and functionally graded materials.

13.1.2.2 Electric Freeze-Casting
The effect of the electrostatic field on ice crystal growth was observed during
directional freezing of aqueous, ceramic slurries. It was found that even weak
electric fields can cause the ceramic particles to move, which can form the gradient
porous structure after freeze-casting and sintering, as well as increase of com-
pressive strength along the electrostatic field direction, comparing to conventional
freeze-casting [26]. The electric field can be also used to control the growth path
of ice crystals, by affecting the temperature gradient, where the electric fields
oriented perpendicular to the freezing direction can produce long-range alignment
of lamellar walls through the formation of angled ice crystals, while applying
electric fields parallel to the solidification direction, producing scaffolds with
bilayer dense/porous regions. Both electric and magnetic require extremely high
field strengths (20.0 kV/m and 80.0 kOe, respectively) and do not easily scale to
cover large areas or volumes, which limits the viability of these techniques to
manufacture larger samples. Also, they require use of electrically conductive and/or
ferromagnetic materials, which restricts material choice.

13.1.2.3 Ultrasound and Acoustic Freeze-Casting
Recent work combines freeze-casting with ultrasound directed self-assembly, to
fabricate bioinspired materials that mimic the concentric rings of natural materials
such as osteons and Liesegang rings [13]. The ultrasound-directed self-assembly
allows organizing user-specified patterns of micro/nanoparticles dispersed in
a liquid medium using the acoustic radiation force associated with a standing
ultrasound wave field, working independently from material properties. The
acoustic radiation force creates a standing pressure wave, while regions of high
and low pressure can be imparted in freeze-casting processes. As particles are
driven to low-pressure regions of the standing wave, the resulting scaffolds exhibit
a distribution of alternating dense/porous rings. Next novel approach utilizing
external tuning of freeze-casting is light irradiation, which drives the reactions and
rearrangement between polymeric building blocks in the obtained frozen state.
Same was utilized in work of Obmann et al. [27], where porous polysilazane-derived
ceramics were formed, combining freeze-casting of a liquid preceramic polymer
with a photo-induced thiol-ene “click” reaction, occurring at low temperature
(<−10 ∘C).
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13.2 Freeze-Casted Scaffolds for Regenerative Medicine

Porous scaffold are the major components in regenerative medicine and tissue engi-
neering. Same have prominent role as coherently structured matrices, which can
regulate cell behavior, starting from initial attachment to proliferation and differ-
entiation at latter stage, by delivering the unique combination of physicochemical
and mechanical cues for residing cells and allowing proper exchange of nutrients
and metabolic waste [19]. By presenting a synthetic cellular niche, scaffolds should
closely mimic the native extracellular matrix (ECM) in term of morphology (shape,
microstructure, porosity, and pattern), topography, biomechanical characteristics,
as well as the composition. Fate, efficiency, and safety of scaffold constructs when
implanted into biological environment to large extent depend on above-mentioned
properties, where the microstructuring (% porosity, pore size, and interconnectivity)
is among most influential. High porosity and large pores were found important
at stage of cell infiltration and colonization. On the other hand, the open and
interconnected pores were beneficial for growth, proliferation, and migration of the
cells, the ECM production, and vascularization. The microporosity was required for
efficient cell adhesion and spreading, and micromechanics, facilitating the initial
mechanical strength between the scaffold and the tissue [28].

Several processing techniques have been utilized in fabrication of scaffolds.
Among them, solvent evaporation technique [29], using organic solvents or noncy-
totoxic porogens (i.e. salt, wax, sugar, and gelatin), showed relatively limited control
over sample thickness and pore interconnectivity, diminishing its applicability.
Similar limitations were recognized using techniques, based on self-organization
of nanofibers in (nano)lamellar structures or 3D printing, using layer-by-layer
processing [30], the latter being particularly difficult for generation of pores with
dimension of few 10 μm, required for cells proliferation. On the contrary, scaffolds
with large surface area for cell’s fixation and excellent porosity are developed
by different spinning and knitting processes [31]. Freeze-casting appears to be a
promising technique, allowing porosity manipulation by freezing temperature,
temperature gradient [32], speed of freezing [33], number of lyophilization steps
after the freezing [34, 35], etc. Porosity of scaffolds can be additionally influenced
by additives as acetic acid, EtOH [36], metal tubes [37], or even oriented crossing
of heat [38]. Involving compulsory displacement of polymeric precursor into a
nonfrozen microphase and concentration of polymeric gel in the pore walls [39],
these processes allow modulation of porosity, pore-wall surfaces biochemistry, and
degradation rates [40].

The structure–property–processing correlation for directionally freeze-casted
scaffolds is critical for optimal scaffold design. In study of Divakar et al. [41],
collagen scaffolds were obtained by freeze-casting of collagen solutions, applying
three different cooling rates (10, 1, and 0.1 ∘C/min) and two freezing directions
(longitudinal and radial). Scanning electron spectroscopy (SEM) microscopy
(Figure 13.3) identified aligned, regular pores in longitudinally frozen scaffolds,
while those in radially frozen ones exhibit greater variations in pore geometry
and alignment. The porosity parameters, i.e. lamellar spacing, pore area, and cell
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Figure 13.3 SEM micrographs of transverse (a) and longitudinal (b) cross-sections in the upper region of scaffolds freeze-cast longitudinally (A:
10 ∘C/min, B: 1 ∘C/min, C: 0.1 ∘C/min) and radially (D: 10 ∘C/min, E: 1 ∘C/min, F: 0.1 ∘C/min). Source: From Divakar et al. [41]/with permission of Elsevier.
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wall thickness, were found to increase with decreasing cooling rate. The freezing
direction influences mechanical strength, where longitudinally and radially frozen
scaffolds possess higher mechanical strength when loaded parallel rather than
perpendicular to the ice-crystal growth direction. In conclusion, such scaffold
profile was found ideal for tissue regeneration applications.

The use of unidirectional freeze-casting to impart aligned porous structures has
been conducted in various established biomaterial systems including bioactive poly-
mers, ceramics, or complex building blocks, such as multiwall carbon nanotubes,
graphene sheets, ceramic nanofibers and nanosheets, and metallic nanowires. The
biocompatible polymers represent major domain of implantable biomaterials, where
freeze-casting technology is largely applied. They include collagen, chitin, gelatin,
polylactic acid (PLA), poly(lactide-co-glycolide) (PLGA), poly(2-hydroxyethyl
methacrylate) (poly(HEMA)), agarose, sericin, alginate, cellulose, etc.

13.2.1 (Nano)cellulose Scaffolds

Semi-crystalline nanofibrils and crystalline cellulose nanocrystals have been grow-
ing in importance over the last decade as abundant and renewable nanomaterials
that combine a lightness, large surface areas, high strength and flexibility, low
thermal expansion coefficients, proven biocompatibility, biodegradability, the
chemical inertness, and OH− groups abundance for chemical modifications [42].
Due to all above, this nanomaterial, when shaped within diverse forms and compo-
sitions (nanocomposites/hybrids, nano-additives, nano sensors, and nano-filters),
becomes profoundly investigated and already applied in diverse technical and
(bio)medical applications. Formation of self-standing foams/porous solids by freeze
casting, out of cellulose nanoparticles as single components, is highly dependent
of length/diameter aspect of cellulose nanoparticles, their concentration, as well as
freezing speed. During the freezing of nanocellulose suspensions, as already men-
tioned, the ice crystals gradually grew in the direction of the temperature gradient,
generating ice patterns parallel to freezing front, simultaneously squeezing, and
expelling the nanoparticles into the space between ice crystals. Being constrained,
and at certain concentration level, the cellulose nanoparticles re-aligned and
self-assembled into compact pore walls, where strong hydrogen bonds and van
der Waals forces keep them together at lyophilization stage [43]. Even possible,
the single-component cellulose nanoparticles are not investigated as scaffolding
systems, as they lack important biochemical cues, crucial for cellular recognition
and positive immunological response [44]; therefore, they are often combined with
amino acids, peptides, or proteins [45].

In the work of Gorgieva et al. [46], the cellulose nanofibrils were combined with
protein-gelatin, using the freeze-casting process, supplemented with carbodiimide
crosslinking chemistry. Highly porous scaffolds with diverse morphologies were
processed using identical freezing regime and different components’ ratio, as
depicted on micrographs in Figure 13.4. It was found that in the absence of cellulose
nanofibrils, the scaffold with the relatively large pore size (∼200 μm) on top side
was formed, while addition of 50% gelatin reduces the pore size more than twice.
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Figure 13.4 Fluorescence micrographs of the scaffolds’ top (a) and bottom (b) surface
prepared from combination of cellulose nanofibrils and gelatin. Green and red spectral
mappings were used for imaging of the fluorescein isothiocyanate (FITC)-labeled gelatin
component and rhodamine B isothiocyanate (RBITC)-labeled cellulose nanofibrils content,
respectively. Source: Reproduced from Gorgieva et al. [46]/with permission of Elsevier.

Dominant presence of cellulose nanofibrils induces unidirectional, close to parallel,
lamellae-like alignment of pore walls due to intensive hydrogen bonding in cellulose
nanoparticle-rich segment. Instead, the freezing plate-exposed surface remained
isotropic in all cases, with pore sizes of ∼50 μm, sufficient to allow diffusion of
nutrients and wastes. Scaffolds were further seeded with mesenchymal stem cells,
where Ca deposition in five weeks’ study was demonstrated as marker for osteogenic
differentiation.

In another work of Gorgieva and Hribernik [47], the bacterial-originated cellulose
was combined with gelatin, using a successive periodate oxidation, freeze-casting/
carbodiimide crosslinking procedure in the formation of membrane-like scaffold.
The micrographs in Figure 13.5 demonstrate anisotropic structuring due to the pres-
ence of dense bacterial cellulose membrane and porous gelatin component. Inten-
tion was to build the barrier membrane, which can stop proliferation of gingival
cells and allow inclusion of periodontal cells, as required by guided tissue regener-
ation (GTR) procedure. Fluorescent microscopy images were preprocessed for data
demonstrating distribution of pore size and wall thickness. It was found that size of
pore generated within the gelatin phase during unidirectional freeze-casting process
follows a certain relation, i.e. it is larger on top than bottom, increases with reduction
in the gelatin concentration, and is smaller in case when oxidized bacterial cellulose
is underlying the gelatin phase. Same study identified that presence of nanofibrillar,
bacterial cellulose membrane arrests the progression of freezing front from freezing
plate-contacting surface to sample top surface, at the same time enlarging the time
frame for ice crystals growth. Such procedure results in the formation of homoge-
neous pores, whose size ranges between 30 and 100 μm (i.e. above size threshold for
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cell trafficking), according to [48], depending on preparation conditions (preoxida-
tion of bacterial cellulose and different concentration of gelatin used).

13.2.2 Gelatin Scaffolds

Gelatin chronology as biomaterial dates back to ∼1970s; even its benefits to health
may have been recognized in the Middle Ages (∼1150). Originating from ECM
protein, the collagen, gelatin has attracted substantial research interest over recent
years and consequently biomedical applications regarding tissue regeneration. Its
merits such as desirable cellular response, engagement with the cell-adhesion-
promoting Arg–Gly–Asp (RGD) sequences, its nonimmunogenicity and noncyto-
toxicity, biodegradability and bioresorbability, and finally its immense capacity for
modifying at the level of amino acids make this protein one of the most exploited in
biomaterials fabrication.

Subjecting the gelatin solutions to freezing under directional thermal gradient
results in directional ice templating. Same was utilized in work of Gorgieva and
Kokol [49], where porous gelatin cryogels were processed by spatiotemporal and
temperature-controlled (−12 and −16 ∘C) freeze-casting procedure, followed by
zero-length crosslinking, utilizing the media (100% phosphate buffered saline [PBS]
or 20/80% PBS/EtOH mixture) and time variations (1–24 hours). Resulting gradient
microporosity was influenced by crosslinkers’ concentration and ethanol addition.
The SEM data (Figure 13.6) reveal appearance of thin, nonporous, skin-like surface
near the top of scaffolds, which was assigned to the interfacial tension caused by
solvent evaporation. As skin formation is a common feature and often a problem
in case of pharmaceutical formulations, the one hypothesis is that skin is formed
due to nonsufficient freezing, which allows nonfrozen solution to be expelled at the
surface [50]. Even so, the visible contours of pore wall appear as micropits, which
may be attributed to the phenomenon known as “syneresis.” In contrary, the bottom
surface was full of pore openings with a dimension of∼20 μm, while disclosed pores
are observed in cross-section images showing an interconnected pore system and
pore size gradient as an important feature (from 100 μm near bottom up to 1000 μm
near top surface). Such a structure with different pore-size domains originated
from the gradient in velocity of water crystals growth, being mostly dependent on
freezing end temperature and the distance from the cooling plate [49].

Fluorescence microscopy images of same samples (Figure 13.7) reveal distinct
features (shape of pores and their cross-points) within scaffolds microstructure
in function of preparation parameters, i.e. from round, and radially organized to
isotropic pores with smaller dimensions. The introduction of ethanol in crosslinking
medium enlarges the pore wall thickness due to denaturation effect and induction
of closer interaction between gelatin molecules. On the other hand, decrease in
crosslinker concentration allows higher swelling and thus, round-shaped pores
with higher dimensions were identified.

Combining freeze-drying and gel-casting using gelatin is a promising tool in the
production of porous ceramics, as the same enables the scaffolds with dense walls
excluding apparent tiny pores or defects, giving rise to well-tailored microstructure
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Top surface

Cross section
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Figure 13.6 SEM images of unidirectionally frozen 10% gelatin samples, with contact
plate freezing set at −12 ∘C.

with enhanced mechanical properties. Thus, it also improves the micro-morphology
of scaffolds, thereby addressing the lowered strength of the scaffolds. In the work
of Wang et al. [51], the gelatin was infiltrated into boron carbide ceramic scaffolds,
and unidirectionally oriented, nacre-like architectures were obtained through
gelation–freeze-drying technique. The study indicates the possibility of adjusting
both the microstructure and mechanical properties of ceramic scaffolds by varying
the concentrations of gelatin, providing type of composite scaffolds as bioinspired
materials.

The effect of porosity in similar type of gelatin scaffolds (out of 10% solution,
unidirectional freezing, and carbodiimide crosslinked chemistry) was inspected by
Podlipec et al. [52], where the molecular mobility, rather than porosity profile (the
average wall thickness and pore size), was found to most strongly correlate with
growth of L929 fibroblasts, which did not exclude the effect of microstructure, but
point at more influencing factors than porosity.

Gelatin was also used as a coating on polypropylene mesh, forming a com-
posite after O2 plasma activation of synthetic mesh (used in hernia treatment)
and freeze-casting process [53]. Obtained micrographs (Figure 13.8) depict the
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or 20/80% PBS/EtOH as reaction media. Source: Reproduced from Gorgieva and Kokol [49]/with permission of John Wiley & Sons.
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Source: From Gorgieva [54]/with permission of American Chemical Society.
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Figure 13.9 SEM (a) and fluorescent microscopy images from cross-sections of dry (b) and in wet membranes (c) with different chitosan/gelatin weight
ratio, from 1/1 (A) to 1/20 (D), after crosslinking with 0.5 wt% genipin. Upper insets (c) are photographs from respective wet membranes. Source:
Reproduced from Gorgieva et al. [55]/with permission Elsevier.
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differences in the microstructuring of gelatin phase when different volumes of
10% gelatin (3 and 6 ml) and different freezing temperatures during unidirectional
freezing (−16 and −30 ∘C) were applied [53].

Uniformity of pores in term of shape, on both the freezing plate contacting surface
and the air expose surface, results from the knitting pattern of polypropylene mesh
itself, over which the gelatin was casted. The presence of polypropylene mesh influ-
ences the temperature gradients throughout the sample, forming the pores between
50 μm (when frozen at −16 ∘C) and ∼100 μm (at −30 ∘C). Irrespective of prepara-
tion conditions, the all polypropylene–gelatin composites were found not cytotoxic
toward human-adipose-derived stem cells (ASC) as a relevant cell source for treating
abdominal hernias [55].

Gelatin–chitosan bilayer membranes were prepared by successive solvent– and
freeze–casting procedures and genipin crosslinking chemistry [55], with potential
use in GTR. The inspection of cross-sections by SEM (Figure 13.9a) demonstrates
composition-dependent microstructure formed at identical freezing conditions, yet
different solution composition. Herein, dense skin was observed on bottom segment
of all samples, irrespective of composition, as a result of lyophilization process. The
composite A, having dominant chitosan presence, mostly differs among the samples,
due to specific, sheet-like, anisotropic structuring, parallel freezing plates surface,
which was similarly as in nanocellulose addition, was to assigned close molecu-
lar arrangement and intensive H-bonding of the carbohydrate (chitosan) compo-
nent. The gelatin fraction increase contributes to scaffold density and homogeneity.
The fluorescent microscopy images in both dry and wet states (Figure 13.9b,c) were
obtained, utilizing the developed fluorescence signal from (genipin) crosslinking
products. Composite with lowest gelatin content (A) demonstrates layered struc-
ture, parallel to freezing surface, while increase of gelatin component induces the
formation of isotropic system and interconnected porosity. The exposure to phos-
phate buffer saline causes significant swelling (Figure 13.9c), which deteriorates the
pores to large extent, especially in sample A due to lack of interconnections between
layers. Data extracted from the images reveal pores with diameter up to 130 μm. It
was concluded that at same freezing conditions, the composition did not affect the
pore sizes significantly, while pore wall thickness was increased with gelatin content.

13.3 Summary and Outlook

As the human body itself possesses highly graded organization, the gradients in pore
size and architecture of scaffolds overall become focus domain in scaffolds (material)
research, being of particular importance when formation of multiple tissue and tis-
sue interfaces is of interest. The freeze–casting found profound role in processing of
scaffold materials out of solutions or particulate matter, allowing formation of archi-
tecturally complex structures. The cellular templating, resulting from freeze-casting
processes, can be endowed with vast morphologies, and as such is a logical route
toward the design of nature-inspired synthetic materials. The recent development
of this procedure allows use, not only of solutions or dispersions, but also building
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blocks with low dimensions (nanoparticles, nanotubes), the latter developing and
thus feeding the development and performance of freeze-casting technology itself.
Identifying new routes for manipulation with freezing process as external magnetic
or electrical fields enlarges the length scale on which controlled variation of struc-
ture parameters (pore size, geometry, and directional heterogeneity) is enabled. Such
procedure can easily go ahead with other manufacturing procedures, or simply sup-
plement their capacity in forming complex, and hierarchically ordered scaffolding
systems. By combining freeze-casting with electrospraying, electrospinning, extru-
sion, tape-casting, or additive manufacturing during the solidification process, other
forms, then monoliths, such as beads, microspheres, fibers, meshes, films, and mem-
branes can be shaped, drawing inspiration from functional biological systems.
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14.1 Introduction

All living organisms are active toward a variety of environmental changes called
stimuli, such as light, heat, sound, chemical, or mechanical contact, to which they
react in a rapid, reversible, and repeated manner. Response to stimulus is a basic pro-
cess of living systems. The ability to react or to adapt to the environmental changes is
called stimuli responsiveness [1]. Stimuli-responsive materials (SRMs) also known
as “smart” materials, with the ability to respond and change according to specific
stimuli, have recently gained significant interest and are presenting one of the most
rapidly evolving classes of materials. SRMs are defined as materials designed with
one or more properties that can significantly change upon stimuli in a controlled
fashion [2]. The most common external stimuli and consequent material responses
are presented in Figure 14.1. Smart materials respond with changes in their inter-
nal structure and intrinsic properties such as color, shape, stiffness, viscosity, energy
absorption capacity, damping, or optical properties like transparency or opacity [2].
There are numerous publications dealing with development of synthetic and natu-
rally occurring materials with stimuli-responsive properties [4]. The responsiveness
of smart polymers can be an inherent property, or it can be due to the presence of
additives, as in composite materials [5]. Commonly, these changes are reversible
when the stimulus is removed and can be repeated many times.

Polymers, which respond to their environment by changing their physical and/or
chemical properties, like shape, solubility, surface characteristics, and molecular
assembly, are referred to as stimuli-responsive polymers (or smart/intelligent poly-
mers) [6]. Stimuli alter the levels of various interaction energies, thus altering molec-
ular interactions and hydrophilic–hydrophobic balance in these materials, leading
to reversible changes in their microstructure [7].

According to the abundance of possible responses and stimuli, the far most
studied and understood response is to temperature. Thermoresponsive polymers
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Figure 14.1 Graph of the transition phenomena connecting stimulus and response.
Source: Esther et al. [3]/with permission of Agnese Piselli.

undergo a reversible coil-to-globule transition in water after which the chains
collapse and aggregate into bigger globules when passing to above its lower critical
solution temperature (LCST) [8]. Critical solution temperature can be defined as
a critical temperature at which the polymeric solution shows a phase separation,
which moves from the isotropic state to the anisotropic state [9]. The most studied
polymer system in biomedical applications is the temperature-responsive smart
polymer poly(N-isopropyl acrylamide), or PNIPAAm. PNIPAAm exhibits LCST
at ∼32 ∘C, which is close to the human body temperature. PNIPAAm chains
are subjected to reversible phase transition above the LCST, going from swollen
hydrated state to a shrunken dehydrated state, losing about 90% of its volume [10].
For individual polymer chains, the thermoreversible behavior can be thermody-
namically controlled by adjusting the polymer composition, shifting the LCST to
higher or lower temperature by copolymerization with a hydrophilic or hydrophobic
monomer, respectively [6, 11].

The pH is the most commonly used trigger and modulator for the release of
drugs in medicine. pH-responsive polymers are a series of stimuli-responsive
polymers that can respond to external pH change by effecting the physical and
chemical nature. The mechanism of pH-responsive polymers can be defined as
polyelectrolytes that contain, in their polymer chain, either weak acidic groups or
basic groups that favor protonation or deprotonation depending on the surround
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pH values. The acceptance and release of protons of functional groups depending
on the pH are associated with their pKa value [12].

14.2 Stimuli Responsiveness in Polysaccharides

It is known that polysaccharides are intrinsically biocompatible due to resem-
blance of their structure with many body components. From the viewpoint of
polyelectrolytes, polysaccharides can be divided into polyelectrolytes and nonpoly-
electrolytes. In polyelectrolyte group, we have positively charged (e.g. chitosan) and
negatively charged polysaccharides (e.g. alginate, heparin, hyaluronic acid [HA],
pectin, etc.) [13]. Polysaccharides with their unique structure are able to work as
SRMs due to their chain conformation, dependent on pH, ions, temperature, and
concentration of certain molecules. Therefore, polysaccharides, either in neat or
modified form, respond to physiological changes triggered by pH, temperature, light,
sounds, ions, solvent composition, pressure, electric and magnetic fields, antigens,
and enzymes. The outcomes of their responses may be alterations in phases, shapes,
optics, mechanics, electric fields, surface energies, recognition, reaction rates, and
permeation rates (Table 14.1) [14]. Due to the presence of various functional groups

Table 14.1 Polysaccharides and their responses.

Polysaccharide Stimuli

Gellan gum Temperature, ions, pH
Carrageenan pH, temperature (with other polysaccharides and metallic particles),

ions
Chitosan Ions, pH, electric field, surfactants, light (grafted with anthracene),

temperature (grafted with poly(N-isopropylacrylamide) – PNIPAAm,
or poly(ethylene oxide) – PEO, or poly(propylene oxide) – PPO, or
block copolymers – PEO-PPO-PEO), redox (if thiolated), magnetic
(with magnetite – Fe3O4), and specific molecules such as dynamic
Schiff bases

Scleroglucan pH, ions
Alginate Ions, pH, electrical field, surfactant, light (grafted with anthracene),

temperature (grafted with PNIPAAm), redox (if thiolated), magnetic
(with Fe3O4)

Agar Ions, pH
Chondroitin sulfate Ions, pH, colon enzymes
Cellulose ethers Ions, pH, temperature
Guar gum Ions, pH, temperature
Heparin Ions, pH, redox (if thiolated)
Hyaluronic acid Ions, pH, electrical field, surfactant, light (grafted with anthracene),

temperature (grafted with PNIPAAm), redox (by itself and if thiolated)
Pectin Ions, pH, colon enzymes
Xanthan gum Ions, pH, temperature

Source: Ngwuluka [14]/with permission of Elsevier.
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on macromolecular chains, they can be easily modified chemically, thus offering
the possibility of obtaining newer polysaccharide derivatives [15].

14.3 Nanofibrous Materials and Electrospinning

Nanofibrous materials can be defined as materials formed from nanofibers with
a fiber diameter in nanometer range, possessing properties such as high surface
area-to-mass ratio and high density of pores [16]. These unique properties offer
them possibilities in different application areas. Due to their unique structure, they
are mimicking important features of the native extracellular matrix, showing great
promise to restore functions or achieve favorable responses for tissue regenera-
tion [17]. The production of nanofibrous materials is done by several techniques
and among them, electrospinning is recognized as one of the most efficient [18].
Electrospinning technique is suitable for the production of pure biopolymer
nanofibers and in composition with several additives such as nanoparticles,
therapeutic agents, drugs, natural extracts, and dyes, holding promise for dif-
ferent biomedical applications, like tissue engineering, drug delivery, for sensor
applications, as well as food processing and microelectronics [19, 20].

Electrospinning is a spinning technique that exploits electrostatic forces for the
formation and design of fine fibers from polymer solutions or melts [18]. Formed
nanofibers have the diameter from few nano- to few micro-meters with theoretically
infinitive length, distinguished also by large active surface area compared to fibers
formed by conventional spinning process [21]. The basic electrospinning setup is
assembled from power supply (source of electric voltage – few 1000 V), dosing unit
(usually needle with syringe), and grounded collecting surface (Figure 14.2).

By looking closer at the polymer solution’s path between the dosing unit and the
collecting surface, when exposed to an electric field, the path can be divided into four
areas. The first area, located right next to the tip of the spinning nozzle, is an area
where the polymer Taylor cone formation takes place. Geometry of cone is governed
by the ratio of surface tension to electrostatic repulsion. The second region is the

Polymer
solution

(a) (b)

2 μm

Taylor cone
formation

Collector
electrode

Whipping
elongation

process

High voltage
(up to 30 kV)

Syringe
pump

Figure 14.2 (a) Needle electrospinning set-up and (b) scanning electron microscopy (SEM)
image of cellulose acetate nanofibers (5 wt% CA).
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region of the stable jet, followed by the region of jet instability, due to exposure to
numerous forces, stretching the polymer jet and thereby thinning the fiber diameter.
This is also the zone of polymers transformation from liquid to solid. The last area of
the jet’s path is the collecting electrode, where the formed nanofibers are deposited
(Figure 14.3).

14.3.1 Taylor Cone Formation

When the spinning solution is pushed through the spinning nozzle of the dosing
unit, a spherically shaped droplet is formed at the tip of the nozzle due to the action
of surface tension forces. When the polymer solution is exposed to electrical volt-
age, the droplet is charged and, in addition to the surface tension forces, electrostatic
repulsive forces begin to act, causing stress inside the droplet due to the influence of
an electric field. By increasing the electric voltage, the forces of the electric field start
to strengthen, affecting the electrostatics of the reflecting force in the droplet, allow-
ing the droplet to stretch into a conical shape, called the Taylor cone. Upon formation
of the polymer solution into a Taylor cone shape, the surface tension forces and the
electrostatic repulsive forces in a droplet are in equilibrium. The tip of the Taylor
cone acts as a trigger surface for spinning jet formation (see Figure 14.4) [23, 24].

14.3.2 Polymer Jet Formation

As the electrical voltage increases, we arrive at a critical point where the balance
between forces of surface tension and electrostatic forces is disturbed and a charged
polymer jet is formed at the top of the conical droplet. The diameter of the jet
decreases with increasing jet’s traveling distance toward the collecting electrode.
During the journey to the collecting surface, the polymer jet is firstly stable and

Taylor cone

Convective flowOhmic flow

Spinning tip

+ or – kV

Slow acceleration

Geometry of cone is governed
by the ratio of surface tension
to electrostatic repulsion

I II III

Rapid acceleration

Zone of transition between
liquid and solid

Target

IV

Figure 14.3 Spinning solution’s path in electrospinning process. Source: Joanna Gatford,
Wikipedia [22]/CC BY 3.0.
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Figure 14.5 Schematic presentation of polymer jet instabilities.

then becomes unstable due to exposure to a number of forces causing three types
of physical jet instability. These instabilities affect the diameter, geometry, and
morphology of the formed nanofibers [24, 25].

– Rayleigh instability occurs when the electric field is weak. In this region of insta-
bility, the polymer jet splits into small droplets. The critical value of the surface
charge in a polymer jet is called the Rayleigh limit.

– Axisymmetric instability is caused by a change in the surface charge density. As a
result of this instability, fibers with beads or, e.g. pearls on a string are formed.

– Bending instability and vortexing occur under the influence of a strong electric
field. In this instability, due to the uneven distribution of the charge, a dipole
moment is created perpendicular to the polymer jet, which causes the jet to bend
and consequently swirl (Figure 14.5).
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14.3.3 Parameters Affecting Electrospinning Process

Morphology and size of electrospun nanofibers are determined by the combination
of different parameters affected by solution composition, as well as process and
ambient parameters (Table 14.2). Several major parameters need to be controlled
and optimized in order to fabricate high-quality electrospun materials. Ideally,
electrospun fibers will display consistent diameter, be free of surface defects and
beads, and be continuous and collectable [18]. The relationship between fiber
morphology and electrospinning parameters is not universal for each type of
biopolymer and solvent [26]. By using different electrospinning technologies as
well as changing parameters, versatile types of fibers (porous, hollow, core–shell
structured, nanocomposite, etc.) and fibrous structures (nonwoven, aligned fiber,
multilayered, etc.) can be formed.

Although polysaccharides are very attractive excipients for nanofiber produc-
tion, it has generally not been possible to achieve high polysaccharide contents
in nanofibers. Typically, the formation of electrospun polysaccharide fibers is
dependent on the degree of their chain entanglements, the viscosity of the solu-
tion, and requires weak shear thinning properties to favor the breakdown of the
liquid jet when pulled and extended by the electric field [27]. In case of charged
polysaccharides, the chains will repel each other due to their repulsive electrostatic
interactions [28]. To obtain nanofibers, the polymer jet must remain unbroken until
it reaches the collector plate; therefore, a combination with another uncharged
polymer will lower the repelling forces between the polysaccharide chains, and thus
enable nanofiber formation. For a number of polysaccharides, the most commonly
used copolymers are poly(ethylene oxide) and poly(vinyl alcohol), as nonionogenic,
linear, water-soluble, and flexible polymers, showing significant improvement in
the spinnability [27–29].

Kurečič et al. [30] reported on the effect of polymer and solvent concentration on
cellulose acetate (CA) nanofiber’s morphology. They observed beaded morphology
with biconcave-shaped disk, connected with very fine strings (Figure 14.6a–d) at
lower polymer concentration. A rather low solution viscosity influences the polymer
jets in the electrospinning chamber in a way to disintegrate the jet into droplets
and to increase the effect of surface tension (electrospraying). This phenomenon
is described well by Roemhild et al. [31] in the case of needleless electrospinning.
The first step in the formation of the hollow sphere is the formation of a polymer
skin during the Taylor cone formation by evaporation of solvent. After the polymer
droplet ejects from the electrode, the droplet is disrupted by evaporation of trapped
solvent on a pathway to the collecting electrode, which causes the formation of
biconcave-shaped discs. By increasing the CA concentration to 15 and 17 wt%,
more uniform and smooth fibers are formed, with an average fiber diameter of
237± 130 and 312± 212 nm, respectively (histogram in Figure 14.6e–h). Formation
of smooth nanofibers is attributed to the increase in solutions’ viscosity, indicating
a larger number of chain entanglements affecting the stabilization of the polymer
jet. Stabilization of the polymer jet is connected with the formation of the internal
structure, enabling the jet initiation and elongation [32].



Table 14.2 Effects of solution, process, and ambient parameters on nanofiber morphology.

Polymer solution parameters
Viscosity (depends on the polymer
concentration and molecular weight of
the polymer)

Low – Micro/nanoparticle (electrospraying)
– Fibers with beads

Ideal – Uniform fibers
– Thin fibers

High – No fibers, the polymer jet cannot branch
off from the Taylor cone

Molecular weight (entanglement of
polymer chains affect the continuity of
the polymer jet)

Low – Fibers with beads

Ideal – Uniform fibers
– Thin fibers

High – Microfibers in the form of spiral strip

Concentration (affects the spinning
solution viscosity)

Low – Micro/nanoparticles
– Fibers with beads

Ideal – Uniform fibers
– Thin fibers

High – Microfibers in the form of spiral strip

Surface tension (depends on the
solvent composition)

Low – Uniform fibers
– Thin fibers

High – Fibers with beads

Conductivity (depends on the polymer
and solvent used and addition of salts)

Low – Fibers with beads

High – Uniform fibers
– Thin fibers

Process parameters
Electric voltage (depends on the
concentration of polymer solution and
the distance between electrodes)

Low – No fibers, unable to form Taylor cone
and jet

High – Thinner fibers due to splitting of the
origin jet into smaller jets



Dosing speed (affects the time for
solution to polymerize and fibers drying
time)

Low – Uniform fibers
– Thin fibers

High – Fibers with beads
– Fibers with large diameter

Electrode distance (affects the fibers
drying/solvent evaporation)

Short – Wet fibers
– Fused fibers

Ideal – Uniform fibers
– Thin fibers

Long – Fibers with beads

Nozzle size
Increasing the nozzle diameter affects the diameter of formed fibers,
which is proportionally increased

Nozzle shape (affects the final fiber
morphology and product properties)

Needle electrospinning – Single needle
– Multineedle
– Coaxial
– Triaxial

Needleless electrospinning – Wire with knots
– Cone
– Spiral coil
– Round
– Cylinder
– Disc

Ambient parameters
Temperature High – By increasing the temperature thinner

fibers are formed
Humidity Low – Increase in solvent evaporation rate

High – Thicker fibers due to the neutralization
of jet’s charge

– Porous fibers
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Figure 14.6 Effect of polymer and solvent concentration of nanofiber morphology. SEM
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nanofibers. Source: From Kurečič et al. [30]/with permission of Springer Nature.

14.4 Needleless Electrospinning

Despite the enormous application potential, needle electrospun nanofibers meet
difficulties in broad applications in practice, due to the lack of an economic and
efficient way to scale up the electrospinning process [33]. Needleless electrospinning
has emerged as a new electrospinning mode showing ability to produce nanofibers
on large scales [34]. Needleless electrospinning is featured as electrospinning of
nanofibers directly from an open liquid surface on which numerous polymer jets
are formed simultaneously, without the influence of capillary effect that is normally
associated with needle-like nozzles [18, 35]. The first needleless electrospinning
system was patented in 1979, and it is used a ring as spinneret for electrostatic
production of fiber fleece [36]. In 2005, a horizontal rotating cylinder was invented
as a generator of multiple jets from liquid surface, for mass electrospinning of
nanofibers, and this technique was rapidly commercialized by Elmarco Co. with a
brand name “NanospiderTM” [37].

By comparing technology of needle and needleless electrospinning, the main
advantage of this technology is initiation of Taylor cones and solution jets naturally
in the optimal position, next to each other, on the surface of the rotating spinning
electrode emerging from the polymer solution. The waves of an electrically con-
ductive liquid self-organize on a mesoscopic scale and finally form Taylor cones
and polymer jets when the applied electric field intensity is above a critical value
(Figure 14.7) [38, 39]. Polymer jet initiation and resulting fiber morphology are
highly influenced by the electric field intensity profile around the spinneret and
in the electrospinning zone, governed by the applied voltage and the shape of the
needleless spinneret [30].



14.5 Electrospinning Techniques for Preparation of Stimuli-Responsive Nanofibers 429

High voltage
(up to 80 kV)

Rotating 
electrode

Polymer
solution

Support
material

Take-up cylinder Collector
electrode

Needle-less electrospinning

Figure 14.7 Needleless electrospinning set-up.

The rotating needleless electrospinning setup uses mechanical forces to assist in
the jet initiation from the surface of the polymer, while in the case of stationary
needleless electrospinning the initiation of jet occurs from the liquid surface with the
use of external forces, such as magnetic fields, gravity, and the flow of gases [40]. The
rotation of spinneret has two functions: loading the polymer solution onto electro-
spinning sites and enabling electrospinning of loaded solution into nanofibers [41].
Formation of polymer jets in needleless electrospinning has been proposed as four
steps [42]:

(1) Formation of polymer solution’s thin layer on the spinneret surface due to its
partial immersion in the solution and rotation

(2) By spinneret rotation the perturbation occurs on the solution layer, inducing the
formation of conical spikes on the solution surface

(3) By applying the high voltage, the conical spikes concentrate electric forces and
intensifying the perturbations to form Taylor cones

(4) By increasing the voltage, numerous polymer jets are distributed over the elec-
trode surface with certain periodicity and stretched out from Taylor cones. This
process is driven by a high electric field and enormous number of solution fila-
ments is generated from the roller surface, resulting in fibers on the collecting
electrode (Figure 14.8).

14.5 Electrospinning Techniques for Preparation
of Stimuli-Responsive Nanofibers

14.5.1 Blend Electrospinning

Blend electrospinning is a conventional electrospinning technique that allows
exploitation of the favorable characteristics from two polymers or mixing of
active agents with polymer solutions. In this relatively simple technique, the
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Figure 14.8 Formation of Taylor cones and polymer jets on a rotating electrode.
(a) Formation of Taylor cones and polymer jets on rotating electrode, (b) scheme
interpretation of Taylor cone and polymer jet. Source: Yalcinkaya et al. [43]/with permission
of SAGE Publications.

drug/biomolecules are dispersed or dissolved in the polymer solution, resulting in
the development of nanofibers with drug/biomolecules dispersed throughout the
fibers [44]. Blend electrospinning has been tested for a wide range of substances
such as antibiotics, cytostatic, and anti-inflammatory drugs. The technology is
especially useful for the delivery of small molecules. Blend electrospinning was
successfully used for encapsulation of antimicrobial peptides. Utilization of blend
electrospinning for delivery of proteins is problematic due to harsh environment
during encapsulation [45]. Although this method is simple in contrast with other
electrospinning methods, the solvents used for the dispersion of bioactive molecules
can lead to protein denaturation or loss of biological activity. In addition, the inher-
ent charge of the biomolecules can often result in their migration on the jet surface
and thereby result in their distribution on the surface of the nanofibers rather
than the encapsulated matrix [44]. Blend electrospinning can be used to develop
nanofibers with burst release, while coaxial and emulsion electrospinning can be
used to generate core–shell nanofibers that can assist in sustained drug release [45].

14.5.2 Coaxial Electrospinning

A coaxial electrospinning setup allows the encapsulation of bioactive agents into
the polymer nanofibers developing core–shell matrices [46]. It uses a dual-solution
feed system allowing injection of inner fluid – nonpolymeric Newtonian liquid
or even powder (core) and outer fluid – polymer solution (shell) to spinneret
(Figure 14.9) [48]. Under high voltage, the electrospinning liquid is drawn out from
spinneret forming Taylor cone with a core–shell structure, allowing the formation
and collection of core–shell fibers [49].

In the process of coaxial electrospinning, spinning parameters have a high impact
on the formation of a coaxial jet, and furthermore, affect the properties of the
collected fiber. Low fluid viscosity makes it difficult for the core layer to follow
the bending and vortexing action of the shell fluid, and therefore perfect core–
shell nanofibers with uniform structure are unattainable. When the shell fluid of
a polymer matrix has a very high concentration, the efficient coaxial electrospin-
ning is also difficult. For the preparation of coaxial composite nanofibers with
superior morphology, a common approach is to reduce the concentration of the
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Figure 14.9 Schematic presentation of core–shell electrospinning. Source: Jiang et al.
[47]/with permission of Elsevier.

electrospinning solution to be as low as possible. However, a high enough
chain-entangling density in the working solution is necessary to prevent capillary
breakup and Rayleigh instability, which is the principal factor for producing thinner
nanofibers with uniform structures [50].

Core–shell structured nanofibers made by coaxial electrospinning have many
applications in bio-medicine, optoelectronic devices, and absorption filtration. In
the field of medicine, they can preserve unstable biological reagents or viruses effec-
tively, to prevent the decomposition of unstable compounds. Core–shell structured
nanofibers also serve as molecular drug slow-release materials. By adjusting the
shell’s thickness of the nanofibers, the drug-release rate can be controlled [50]. The
main advantages of the process are the possibility of core/shell nanofiber formation
from miscible and immiscible polymers, the high loading capacity of bioactive
molecules, the sustained release from fibers, and a less harsh process enabling the
delivery of susceptible compounds [51].

14.5.3 Emulsion Electrospinning

In comparison with coaxial electrospinning, emulsion electrospinning is a method
for production of core–shell fibers, using an ordinary single-nozzle spinning setup
(Figure 14.10). It is a modification of the blend electrospinning process based on
the mixing of immiscible solvents. The dispersed drops in the emulsion form the
core in the electrospun fibers, and the continuous polymer becomes the shell [51].
This technique is used for incorporation of functional additives (e.g. food bioac-
tive compounds, enzymes, peptides, flavonoids, proteins, and drugs) into biodegrad-
able polymer fibers, forming core–shell structures [46]. The application of emulsion
nanofiber system has been reported to result in the sustained release, good bioactiv-
ity, and effectiveness of encapsulated drugs after delivery and release, and to simplify
the metabolism, proliferation, and differentiation of cells [52].

Emulsion-based systems are useful for encapsulating, protecting, and releasing
valuable ingredients consisting of oil, surfactant/cosurfactant, and water. Emulsion
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Figure 14.10 Schematic presentation of emulsion electrospinning. Source: Nikmaram
et al. [52]/Royal Society of Chemistry/CC BY 3.0.

systems can be categorized into oil-in-water (O/W) and water-in-oil (W/O) emul-
sions, depending on the organization of oil and water phases. In an O/W emulsion,
oil droplets are dispersed in the continuous water phase, while W/O emulsions are
dispersions of aqueous droplets in the oil phase. The substance that makes up the
droplets in an emulsion is referred to as the “dispersed phase,” while the surround-
ing liquid substance is called “continuous phase” [52].

During the emulsion electrospinning process, the solvent from the region close to
the surface evaporates more quickly than the central part of the polymer jet, result-
ing in a rapid increase in the viscosity of the outer layer compared to that of the
inner layer. Subsequently, the inward movement of emulsion droplets is induced
from the surface to the center, and the droplets are simultaneously condensed and
stretched into elliptical shapes in the axial direction of nanofibers under the force of
a high-voltage electric field [53].

However, both coaxial and emulsion electrospinning have several disadvantages
in the current setup. The main limitation is the productivity of the method associ-
ated with the needle-based process and the rapid burst release of embedded func-
tional additives. Therefore, there have been already some attempts to upgrade the
emulsion electrospinning in needleless technique (e.g. needleless emulsion electro-
spinning) [51].

14.6 Stimuli-Responsive Polysaccharide-Based
Nanofibrous Materials for Wound Dressings Application

Electrospinning, as a technique for production of nanofibers with high ratio of active
surface area to volume, is particularly attractive for biomedical applications, taking
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advantage to increase drug loading and cell attachment attributes. This technique
is attractive in a variety of biomedical applications such as drug release, tissue engi-
neering, and wound dressings for its high loading efficiency, flexibility in surface
functionalities, versatility of drug incorporation, simple procedure, feasible massive
production, wide range of usable polymers, and low cost [6]. In addition, electrospun
nanofibers can reduce the burst release of drug in vitro to some extent, regulated
via selecting different polymer matrix. Moreover, electrospun nanofibers can encap-
sulate different drugs, from antibiotics, anticancer, to anti-inflammatory [54, 55].
By combining electrospinning technology with SRMs, “smart” nanofibrous materi-
als can be produced [56, 57]. Such materials can effectively control or manage the
delivery of drugs from nanofibers not only in vitro but also in vivo conditions [58]
(Figure 14.11).

Nanofiber-based drug-delivery systems are widely applicable for specific drug
release, according to the target location and timing, to achieve the desired
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Figure 14.11 Loading and release of drugs from electrospun nanofibers: (a) different
loading methods and (b) their release mechanisms. Source: Gao et al. [58]/with permission
of Royal Society of Chemistry.
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therapeutic effects [59]. Kajdič et al. prepared a review paper on various types of
nanofibers from the latest available literature, based on their composition and drug-
release properties, where only few examples can be found dealing with
polysaccharide-based nanofibers. Namely, Li et al. reported on the prepara-
tion of thermosensitive drug-delivery system prepared by blend electrospinning.
The first criterion for developing an effective delivery system is to ensure the excess
release of the encapsulated drug into the physiological environment. In their study,
they reported on the use of thermosensitive polymer poly(di(ethylene glycol)methyl
ether methacrylate) (PDEGMA), having similar thermoresponsive properties as
N-isopropylacrylamide (NIPPAM), in combination with ethyl cellulose (EC) to
prepare “smart” nanofibrous materials. As a model drug, they used ketoprofen
(KET). In vitro drug-release studies showed that KET was released over a prolonged
time period with the fibers having different profiles at 25 and 37 ∘C, reflecting their
thermosensitive properties (Figure 14.12). Furthermore, the materials were found
to have good biocompatibility toward L929 fibroblasts [60].

Khorshidi et al. developed an antibiotic-loaded electrospun materials with
improved drug delivery via acoustic stimulation. Ultrasonication with ultrasonic
stimuli at 15 W/cm2 intensity increased drug release from material due to distur-
bance of ionic crosslinking of alginate network. These alginate nanofibers revealed
three times more drug-release properties with ultrasonic stimuli and endowed
higher percentages of bacterial DNA synthesis inhibition in both in Escherichia coli
and Staphylococcus aureus, enhancing bactericidal and bacteriostatic activities of
antibiotics [61].

Slemming-Adamsen et al. reported on the preparation of thermoresponsive drug
release from PNIPAAm/gelatin nanofibers in the presence of the crosslinking
agents 1-ethyl-3-(3-dimethyl-aminopropyl)-1-carbodiimide hydrochloride (EDC)
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Figure 14.12 In vitro release profile of KET upon different environment temperature.
Source: From Li et al. [60]/with permission of Elsevier.
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and N-hydroxysuccinimide (NHS) and described a straightforward approach for
encapsulating and releasing drugs. In situ EDC/NHS crosslinked PNIPAM–gelatin
nanofibers show dynamically and reversibly swelling/deswelling properties.
When an anticancer drug doxorubicin (DOX) was loaded, the fibers were able to
release DOX evidently on demand of a temperature rise, and the released DOX
could effectively lower the viability of human cervical cancer Hela cells [62]
(Figure 14.13).

Devarayan and Kim reported on the development of an eco-friendly, reversible
pH sensor based on electrospun cellulose nanofibers functionalized with a natural
pigment from red cabbage (RC) [63], while Pakolpakçıl et al. reported on the use
of RC in preparation of pH sensoric nanofibrous mat from mixture of alginate and
polyvinyl alcohol (PVA) [64]. In Figure 14.14 are presented results of prepared CA
nanofibrous mats with halochromic behavior for the purpose of monitoring wound
healing upon pH change. Nanofibrous mats exhibited color change upon exposure
to different pH conditions [63].

Behnaz et al. fabricated pH-sensitive composite nanofibers using chitosan (CS),
polyethylene oxide (PEO), and graphite oxide (GO) using glyoxal as a crosslink agent
and DOX model drug (Figure 14.15). The π–π stacking interaction between DOX and
GO with fine pores of nanofibrous scaffolds exhibited higher drug loading (98%) and
controlled release of the DOX-loaded PEO/CS/GO nanofibers. The results of DOX
release from nanofibrous scaffolds at pH 5.3 and 7.4 indicated strong pH depen-
dence. The hydrogen-bonding interaction between GO and DOX could be unstable
under acidic conditions, which resulted in faster drug-release rate in pH 5.3. Thus,
the prepared nanofibrous scaffold offers as a novel formulation for treatment of lung
cancer [65].

Schoolaert et al. reported on the fast-responding and user-friendly biocompatible,
halochromic nanofibrous sensors, successfully fabricated by incorporat-
ing the halochromic dyes Methyl Red and Rose Bengal inside a chitosan/
poly(ε-caprolactone) nanofibrous matrix. The commonly applied dye-doping
technique frequently suffers from dye-leaching, which not only reduces the sensor’s
sensitivity over time but can also induce adverse effects. Therefore, in this work,
dye immobilization is accomplished by covalent dye modification of chitosan
before blend electrospinning. It is shown that efficient dye immobilization with
minimal dye leaching is achieved within the biomedical relevant pH region,
without significantly affecting the halochromic behavior of the dyes. Moreover,
the nanofibers show high and reproducible pH sensitivity by providing an instan-
taneous color change in response to change in pH in aqueous medium and when
exposed to acidic or basic gases. The results stated within this work are of particular
interest for natural (bio)polymers for which covalent modification combined with
electrospinning provides a universal method for versatile dye functionalization of
large area nanofibrous membranes with proper dye immobilization [66].

Kurečič et al. reported the preparation of multifunctional bio-based nanofibrous
mats containing the commonly used pain reducing local anesthetic benzo-
caine (BZC) and the in situ pH-detecting dye bromocresol green (BCG), by
using large-scale needleless electrospinning. Such material can serve as a dual
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Figure 14.14 (a) SEM images of prepared CA/RC nanofibers, regenerated CA/RC nanofibers
(b). Color schemes of (c) RC extract solution and (d) CA/RC regenerated nanofibrous mats at
pH 1–14. Source: From Devarayan and Kim [63]/with permission of Elsevier.

nano-carrier system for wound-healing applications, especially in the treatment of
infected wounds. BZC and BCG were introduced into CA-based nanofibers using
a single-step blend needleless electrospinning process. Results from the in vitro
drug-release studies showed a pH dependent (i.e. controllable) release of BZC
and confirmed the expected maximum drug-release rate at pH 9.0, which would
correspond clinically to the pH of an infected wound. The accompanying color
change of the nanofibrous mats, provided through the encapsulated BCG (from
yellow to blue), is noticeable within a few seconds after the pH changes from acidic
to alkaline (Figure 14.16). Due to their rapid coloration (noticeable within a few
seconds) upon pH change and response of non-steroid anti-inflammatory drugs
(NSAID), the use of the developed materials in actual clinical settings could enable
potential patients, as well as treating physicians, a faster response to complications
during wound treatment [30].



Graphene oxide/DOX

DOX

π–π interaction

Graphene oxide

(a) (b)

(d) (e)

(c)

PEO/CS GO/DOX PEO/CS/GO/DOX

0.05

0.04

0.03

0.01

0.02

0
0 20 40 60 80

0.06

GO/DOX, pH 5.3

PEO/CS/GO, pH 5.3

1

2

3

4

5

6
× 102

0
0 20 40 60 80

Time (h)

GO/DOX, pH 7.4

PEO/CS/GO, pH 7.4

D
O

X
 r

el
ea

se
 r

at
e 

(m
g/

h)

D
O

X
 r

el
ea

se
 r

at
e 

(m
g/

h)

200 nm

Time (h)

Nanofibers

Syringe pump
Solution

High voltage

Collector

Figure 14.15 Scheme of PEO/CS/GO/DOX nanofiber preparation and release profile of DOX upon different pH environment (a) polymer solution
preparation scheme, (b) SEM images of formed electrospun nanofibers, (c) SEM images of morphology of EO/CS/GO/DOX nanofibers, (d) scheme
of electrospinning process, (e) DOX release profiles; effect of pH. Source: From Ardeshirzadeh et al. [65]/with permission of Elsevier.



12 wt% CA

Release at pH 9.0

pH 7

pH 4

pH 2

pH 10

pH 9

–20 –10

50

40

30

20

10

0
a

100 20

b

–10

–20

–30

Release at pH 7.4

Release at pH 3.7 “V
is

ib
le

” p
H

-s
en

si
m

g
t (min)

C
on

tr
ol

le
d 

re
le

as
e

C
on

tr
ol

le
d 

m
or

ph
ol

og
y

R
el

ea
se

d 
B

Z
C

 (
%

)

* CA – cellulose acetate
* BZC – benzocaine

17 wt% CA

* BCG – bromocrezol green

120

100

80

60

40

20

0
0 500 1000 1500

Electrospinning

Figure 14.16 Prepared CA nanofibers and their release profile combined with color change upon different pH. Source: From Kurečič et al. [30]/with
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14.7 Conclusions

SRMs with their ability to respond and change upon a certain stimulus are gaining
significant interest in many application fields, not only as stimuli-responsive
polymers, but also as composite materials. Beside well-known synthetic-responsive
polymers, polysaccharides, with their intrinsic biocompatibility and structural
resemblance with many body components, are finding applications in biomedical
field, especially as nanofibrous materials. Electrospinning, as a technique for
production of nanofibrous materials, with their porous structure and large active
surface area, is taking advantage of drug loading and cell attachment attributes. The
production of nanofibers is far from an easy method, due to variety of parameters
affecting the spinning process (formation of Taylor cone, polymer jet instability,
fiber diameter, etc.). Formation of uniform and defect-free nanofibers can be tuned
with polymer solution parameters as well as process and ambient parameters.
Stimuli-responsive polysaccharide-based nanofibrous materials are reported as
drug-delivery systems, for specific targeted location and timed drug release as well
as pH sensors for wound-healing monitoring and lately as multifunctional materials
with combined properties of simultaneous wound monitoring and healing.
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15.1 Introduction

Combining scaffolds, cells, and biologically active molecules into functional tissues
is the key element of tissue-engineering approaches. The goal of tissue engineer-
ing is to assemble functional constructs that restore, maintain, or improve damaged
tissues or whole organs. The most important is the design of scaffolds that is even-
tually controlling the cells’ responses. Generally, groups of cells make and secrete
their support structures called the extracellular matrix (ECM). This matrix, or scaf-
fold, does more than just support the cells; it also acts as a relay station for various
signaling molecules. Thus, cells receive messages from many sources that become
available from the local environment. Each signal can start a chain of responses that
determine what happens to the cell. By understanding how individual cells respond
to signals, interact with their environment, and organize into tissues and organisms,
researchers have been able to manipulate these processes to mend damaged tissues
or even create new ones.

Electrospun fibers are one of the most commonly applied in tissue engineering,
as their structures remind cells’ ECM, and thus are commonly studied and used
in many tissue culture products [1]. The number of published research on using
electrospun fibers is increasing every year. As the electrospun fibrous scaffold has a
very large surface-area-to-volume ratio, such modifications and controlled surface
and bulk properties will be extremely useful to generate new nanostructured mate-
rials with novel functionality for biomedical applications. Tissue engineers aim to
recapitulate developmental processes in vitro, but this is a challenging task when
those processes are not well understood, in particular cell responses to substrate
properties. Many fundamental studies are performed on polymer film or grooved
film structure [2]. The generation of tension by actin stress fibers is known to be
necessary for the formation of focal adhesions [3]. The focal adhesion is important
for contact guidance and the formation of actin stress fibers. Therefore, surface
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properties in biomaterials are one of the most influential parameters in cells,
and a lot of effort in tissue engineering is focused on surface modifications with
roughness [4, 5], by generally changing the architecture of scaffolds [6, 7], or
designing antibacterial or antimicrobial properties [8]. The dynamic cell–material
interaction is a complex process, controlling not only cells’ fate but also their adhe-
sion and differentiation [9], by specific surface properties including topography
[10], potential, and charge [11, 12]. Each type of cell has its unique characteristics
including how cells respond to surface charge [13]. This peculiar property allows us
to design and adapt biomaterials surfaces to a specific application. Surface charge
determines the amount, type, and refolding degree of absorbed proteins and thus
the following cell adhesion process [14].

The surface of a cell is composed of thousands of different lipids, proteins, and
carbohydrates, all intricately (and dynamically) arranged in three dimensions on
multiple length scales. This complexity presents both a challenge and an oppor-
tunity to materials scientists and chemists working on bioactive interfaces. The
protein adsorption is strongly related to so-called RGD motif, which is the tripeptide
Arg–Gly–Asp consisting of arginine, glycine, and aspartate. RGD sequence is in
ECM proteins. Cell adhesion proteins called integrins recognize and bind to this
sequence, which is found within many matrix proteins, including fibronectin,
fibrinogen, vitronectin, osteopontin, and several other adhesive ECM proteins.
During cell–substrate or cell–cell interactions, integrins recognize the RGD proteins
within the ligands causing the binding reactions [15].

Cells must nevertheless exert a tractive force on the substrate via filopodia as the
leading and trailing edges of cells were often extended along the top of the ridges or
the floor of the grooves. Filopodial guidance by the failure of lamellipodia to reach
adjacent ridges, becoming effectively trapped in the groove, may contribute to inhi-
bition of lateral spreading. Cell alignment resulted from anisotropic cell spreading
as cells extended and retracted lamellipodia preferentially along the direction of the
patterns. Similarly, the alignment of the cells is observed on the aligned scaffolds,
which was verified with 3D imaging using advanced microscopy techniques such as
3D tomography based on dual beam: scanning electron microscopy and focus ion
beam (FIB-SEM) [16]. Additionally, the pore shape and size restrict cell prolifera-
tion which we verified for both cases – random and aligned electrospun scaffolds [7].
The current state of applying polymer fibers in tissue engineering still lacks funda-
mental understanding, which can be clarified by advanced microscopy and surface
characterization techniques.

15.2 Electrospinning

Scaffolds used in the regeneration processes have not only supporting function
but also importantly help in cells’ signaling path [17]. Scaffold geometry is critical
in tissue engineering, enabling building complex tissues [6]. Cells need to first
develop suitable morphology and physical features such as filopodia in the in vitro
conditions and can reorganize materials properties, such as topography [18, 19],
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mechanical strength [20], and surface potential [21, 22], to facilitate their growth.
Pore size or voids between fibers affect mostly cell proliferation inside the scaffolds
and metabolic circulation [23, 24]. Therefore, the shape and morphology of the scaf-
folds are crucial in controlling cell behavior, development, and proliferation [25].
Apart from many other methods used to produce scaffolds for tissue engineering,
we focus here on electrospinning.

The electrospinning technology platform can indeed offer the versatility and
unique nanostructure features beyond most existing technologies [26]. Electrospun
scaffolds showed great promise and potential for many biomedical applications,
such as tissue engineering, wound dressing, immobilized enzymes, and controlled
delivery of drugs [27]. Successful creation of fibrous scaffolds must start with the
proper selection of materials, a judicious and realistic fabrication pathway, and
possible post modification with a functional reagent. The polymer material selection
plays a key role in the fabrication of scaffolds. Many desirable properties can be
achieved by polymer mixing (natural and/or synthetic polymers), copolymeriza-
tion, or a hybrid of materials and processing techniques [28, 29]. Multicomponent
mixtures can be miscible or immiscible, containing different phases (liquid or solid).
Several newly developed innovative electrospinning methods have been described,
including oriented scaffolds, multilayer electrospinning, mixing electrospinning,
fabrication of dual-porosity scaffolds, two-phase electrospinning, and fabrication of
core–shell fibers [30].

As mentioned previously, the surface area of produced electrospun fibers is large;
therefore, they easily find application in tissue engineering for artificial skin or carti-
lage, drug delivery or bone scaffolds, and in biodegradable bandages [26, 27, 31, 32].
Electrospun fibers mimic ECM that plays an important role in adhesion and prolif-
eration of osteoblasts. Natural ECM is built of fibers with a diameter in the range
of 50–300 nm and plays an important role in cell activities and functions. Moreover,
proper communication between cells through ECM allows the proper function of tis-
sues and organs. Cells, after adhesion to the substrates, create focal adhesion points,
vinculins, and stress fibers, which allow cell movement, and cell migration is recog-
nized by filopodia formation. Importantly, ECM is able to control cell proliferation
and thereby their division [33]. Nanofibers are used for cell culture as scaffolds not
only to support cells but also to control cell shapes, functions, proliferation, and dif-
ferentiation [6]. Apart from tissue-engineering applications, nanofibers are used in
gene therapies to transfer DNA to cells. In the chemical industry often they are used
in filtration processes or are integrated with textiles or in composites for reinforce-
ments [34–36]. Nanofibers have a complex 3D structure, and their size and shape
can be controlled [37]. Often, they are used in membranes and standard air filters,
increasing the cleaning performance due to the large surface area and porosity above
90%. Nanofibers are easily modified with additional functionalities such as antibac-
terial or antimicrobial properties [38].

The electrospinning itself is a process that uses an electric field to draw the
polymer solution while solvents are evaporating [39, 40], see the schematics in
Figure 15.1. In electrospinning, we apply charge at the liquid jet–air interface
during the expulsion of the polymer solution so that spinning with a negative
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Figure 15.1 Schematic of electrospinning process with the examples of random and
aligned fibers in the produced membranes shown in the SEM micrographs.

polarity causes accumulation of the negative charge at the surface of the liquid jet,
whereas the positive charge accumulates at the liquid jet surface when spinning
with a positive polarity [41]. Manipulation of the polarity of the applied voltage used
during electrospinning changes not only the chemical functionality of electrospun
nanofibers [42, 43], but also the mechanical properties of produced fibers [44].
Therefore, the wetting effects on electrospun fibers produced with positive or
negative charges are different as we previously showed on PA6 fibers characterized
by different surface chemistry [41, 45].

Electrospinning is one of the most commonly used methods to produce polymer
fibers in nano- and macrosizes, but it is also possible to produce ribbons [46] having
large surface-area-to-volume ratio [47]. Different types of collectors used in electro-
spinning allow controlling distance between fibers and pore sizes [48, 49] together
with the controlled fiber diameter [50]. Noteworthy, electrospun nanofibers have
specific mechanical and surface properties that vary from those produced by con-
ventional fibers, e.g. by extrusion or injection molding. Another concept is coax-
ial electrospinning where we are able to mix polymers and produce a well-defined
core–shell structure of fibers.

Stretching of the jet reduces fibers’ diameter [51] and controlling of applied
charges allow the reorientation of molecules in polymer chains according to their
electronegativity. Additionally, the stretching of polymer chains aligns them along
the main axis of produced fibers [52], which increases their mechanical perfor-
mance. There are many parameters influencing nanofibers morphology during
electrospinning. These parameters can be controlled during solution preparation:
viscosity, conductivity, surface tension, and dielectric constant, a polymer used,
and its molecular weight, the concentration of the polymer in the solution, and
choice of solvent. Polymer solutions with low concentration produce droplets
(electrospray) instead of fibers. High polymer concentration increases the viscosity
of a solution, making it difficult to push it through tiny nozzles and often causing
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drying droplets at the nozzles or blocking the nozzle before electrospinning starts.
Low-concentration solutions are responsible also for the formation of beads on
electrospun fibers. If the molecular weight is low (below 60 kDa), beads occur
more often on polymer fibers [53]. Other sets of parameters can be controlled via
the electrospinning setup. These include applied voltage, type of collector, nozzle
diameter, the distance between a nozzle and a counter electrode, and flow rate
[54–56]. To obtain a stable electrospinning process, the flow rate has to be adjusted
according to applied voltage and distance between the needle and collecting elec-
trode. Increasing this distance increases the space for the jet to travel and stretch,
so the solvent has more time to evaporate, producing smaller diameter nanofibers
[52]. Apart from that, environmental conditions, e.g. humidity, temperature, gas,
and type of atmosphere, have a huge influence on electrospinning. By changing
humidity we can control nanofibers morphology [57].

Electrospun nanofibers have good mechanical properties (tensile strength, elastic
modulus, and extension) compared to polymer films made out of the same polymer
or fibers produced with conventional polymer-processing methods. Significant
improvement of mechanical properties is observed for nanofibers with a diameter
smaller than 100 nm [58–62], which is related to polymer chains alignment or
confinement in the direction of stretching in the electric field along the main
axis. In nanofibers with a smaller diameter, the fraction of aligned polymers is
usually higher and the solvent evaporation is more rapid during electrospinning,
causing freezing of the polymer chains alignment. This is an excellent example of a
structure–properties relationship, showing the improved mechanical properties via
an increased Young’s modulus of nanofibers with an increased fraction of aligned
polymer chains [60]. Aligning fibers at the macroscopic level is performed by
using a drum or parallel-plate collectors. A parallel-plate collector consists of two
metal plates with an adjustable gap, where the aligned fibers are deposited. Here
alignment depends mainly on the gap distance. The degree of alignment in the case
of a rotating drum collector depends on its speed and drum diameter, and is most
often used to obtain specific fibers’ arrangements [63].

For a large production rate of nanofibers surface-free electrospinning (or also
called needleless electrospinning) is usually used, where voltage is applied to the
rotating drum or wire with a thin layer of polymer solution [64–66]. When the
voltage is applied, a polymer solution surface starts perturbating, causing droplets
formation that transfer into cone-jet spinning, like in the case of a single nozzle
presented in Figure 15.1. Needleless electrospinning allows mass production of
nanofibers. Currently, in the market, there are a few producers of needleless
electrospinning equipment [64, 67–70].

15.3 Surface Geometry and Typical Cell Responses

PMMA scaffolds were prepared in the form of nanofibers, microfibers, and ribbons
and were compared with spin-coated films to verify the geometrical effect on cells,
see Figure 15.2. In this study, osteoblasts were used to observe how cells integrate
with fibers and change their shapes [46]. The surface roughness of electrospun
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scaffolds, often correlated with fiber diameter [71], is considered as a key parameter
to enhance the interactions of the cell with fibers. Importantly, surface roughness
affects the wetting properties of the membranes [72–74]. Microfibers exhibit a
higher contact angle above nanofibers [46], which is reflected with further cell
interaction with them. In the case of nanofibers, the distances between fibers are
limited to what facilitates more spreading of cells on the top of the surface in
comparison to microfibers. The diameter of fiber exceeding 3 μm provided the right
geometry and enough spacing for cell migration inside the 3D scaffold structure,
which was initiated by filopodia attachments to underneath fibers. The 3D structure
is preferable by osteoblast [75], while fibroblast spreads on top [76].

The SEM micrographs of fibroblasts in Figure 15.3 show their behavior in three
types of electrospun meshes: on hydrophobic polystyrene (PS) with an average
diameter of approximately 5 μm, hydrophilic nylon 6 (PA6) nanofibers with the

(a)

(c)

(g)

2 µm 2 µm

(e)

2 µm

2 µm

2 µm

(b)

(d)

(f)

(h)

2 µm

2 µm

2 µm

Figure 15.2 SEM micrographs showing cell attachment to a different type of scaffold,
after three days: (a, b) nanofibers, (c, d) microfibers, (e, f) ribbons, and (g, f) film; cells are
colored in red. Source: Ura et al. [46]/MDPI/CC BY 4.0.
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Figure 15.3 SEM micrographs focused on cell–fiber attachment after the third day of cell
culture on (a) PS microfibers, (b) PA6 nanofibers, and (c) hierarchical PS-PA6 composite
meshes. Source: Krysiak et al. [76]/MDPI/CC BY 4.0.

diameter of 100 nm, and composite PS-PA6 combining micro- and nanofibers.
Spreading and cells anchoring to scaffolds are crucial for tissue development
[77, 78]. When PA6 nanofibers are added to PS meshes the surface roughness
decreases [71, 76], which favors fibroblasts attachment [79, 80], spreading, and
migration [81]. PA6 nanofibers are hydrophilic which eventually enhances cell
development, their flattening, and proliferation [82, 83]. Controlling of surface
properties of the fiber network by mixing hydrophilic/hydrophobic properties of
polymers can be done through surface roughness of nanofibers. Simultaneous
electrospinning of two different polymers with different surface properties and
mechanical properties can be performed with the two-nozzle set-up [76].

The proliferation and attachment of cells strongly depend on scaffolds geometry
[84]. The deeper penetration into electrospun scaffolds by cells is controlled with
pore size [7] allowing enhanced material integration with the living systems. The
arrangement of electrospun fibers often defines the pore size, and it is possible to
control via collecting drums used during electrospinning. Several types of collec-
tors have been used to increase the size of the pore such as ice drum by introducing
low-temperature electrospinning [49, 85]. Electrospinning in cryogenic conditions
allows ice crystals formation in between fibers, which are subsequently removed by
freeze-drying, creating large voids between electrospun fibers. Also using the col-
lector with various patterns and holes increased the formation of voids between
electrospun fibers [48]. Using a similar principle, the salt crystals are used in electro-
spinning too [86, 87]. Also, the self-organization of electrospun fibers in electrospin-
ning allows us to obtain the honeycomb-like structures or 3D foams with the wide
pore gradient range, which is dependent on electrospinning time [88–90]. Foam-like
structure is also obtained, while electrospun fibers are directly deposited in fluids,
such as water or oil [91–93]. Other foamy structures can be also done with electro-
spun fibers following a few postprocessing steps [94, 95]. The introduced additional
voids between electrospun fibers give more 3D structure to scaffolds and facilitate
cell infiltration inside, which is an important step for tissue regeneration processes.

The integration of cells with electrospun fibers requires also 3D visualization
which enables the understanding of cell development. The commonly used confocal
microscopy is often limited to cell observation mainly; however, so-called dual
or cross beam microscopy, FIB-SEM, and “slice and view” tomography allow the
material and cell visualization in 3D reconstructions at the same time [16]. The
interaction between resident cells and electrospun nanofibers is critical in deter-
mining resultant cell proliferation and activity in orthopedic tissue scaffolds. The
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use of techniques to evaluate cell–nanofiber interactions is crucial in understanding
scaffold function, with visualization promising unparalleled access to spatial
information on such interactions. 3D tomography FIB-SEM was used to examine
electrospun scaffolds to understand the features responsible for (osteoblast-
like MC3T3-E1 and UMR106) cell behavior and resultant scaffold func-
tion. 3D imaging of cell–nanofiber interactions within a range of electrospun
poly(D,L-lactide-co-glycolide acid) (PLGA) nanofiber scaffold architectures indi-
cated a coherent interface between osteoblasts and fiber surfaces, promoting
osteoblast filopodia formation for successful cell growth. Coherent cell–nanofiber
interfaces were demonstrated throughout a randomly organized and aligned
nanofiber network. The penetration depth of cells into aligned fibers scaffolds was
much smaller, 4 μm, compared to randomly deposited fibers reaching 7 μm The
sizes of fibers, around 1 μm, using other 3D imaging techniques such as micro-
computer tomography (μCT), could not be applied to visualize the cell–scaffold
interconnections [96].

15.4 Surface Potential Importance and Typical Cell
Responses

Understanding the effect of surface charge is key to designing biomaterials for spe-
cific tissue-engineering applications. However, the current knowledge on surface
charge and its potential impact on cell–material interaction is still rather limited.
The surface potential of materials in contact with liquids is described by 𝜁 poten-
tial, depending on the functional groups at the surface promoting the formation of
the electrical double layer (Stern–Graham and Gouy–Chapman diffuse layer). The
𝜁 potential is typically measured at the shear plane between the two layers [97]. The
isoelectric point (IEP) defines the pH value where the 𝜁 potential is zero and is used
to describe protein adsorption [98]. Protein adsorptions control cell responses and
cell–biomaterial electrostatic interactions related to cell adhesion and focal adhesion
formation [99, 100]. The integration of cells with the scaffolds is further responsible
for cell development increase for osteoblasts – collagen formation – and is crucial
for bone mineralization process, hence, of the calcium phosphate crystallization too
[101]. The surface charge of biomaterials is often controlled via chemical modifica-
tions [102] on many biopolymers applied in tissue engineering [103].

As previously mentioned, the electrospinning with positive and negative voltage
polarities allows controlling surface potential on polymer fibers used as scaffolds
in tissue-engineering applications. The successfully produced scaffolds from
polyvinylidene fluoride (PVDF) and polycaprolactone (PCL) showed for PVDF(−)
with the surface potential of −95 m in comparison to PVDF(+) with surface
potential reaching −173 mV and in the case of PCL(+) and PCL(−) it was a few
hundred of mV, which was directly measured using Kelvin probe force microscopy
(KPFM) [11, 104]. These measurements were also repeated for two morphologies
of PCL fibers, porous and smooth, and films showing similar differences, as shown
in Figure 15.4. Importantly, the obtained results are correlated with the 𝜁 potential
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Figure 15.4 KPFM results showing (a–e) surface topography, (f–j) map of the surface
potential for the smooth PCL(+) and PCL(−), the porous PCL(+) and the PCL(−) fibers and
the PCL film, (k) the graph of the surface potential measured with the KPFM, (l) titration
curves measured in the function of pH in KCL solution, (m) 𝜁 in the function of time in the
SBF solution in pH 7.4, and (n) ARXPS surface chemistry showing close to the linear relation
of the O=C/O—C intensity ratio and the measured 𝜁 potential. Source: Metwally et al.
[105]/Elsevier/CC BY 4.0.
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data defining the charges interactions in liquids such as simulated body fluids
(SBF), see Figure 15.4l.

The surface potential varies according to the polymers used and voltage polarity
applied in such a single-step electrospinning approach. This innovative and facile
way of fibers production regulates the interfacial properties to enhance cell adhesion
and filopodia formation on fibrous tissue scaffolds for possible bone regeneration, as
indicated in SEM micrographs presented in Figure 15.5. Tuning surface chemistry
by altering voltage polarity during electrospinning allowed to double the surface
potential on fibers up to 145 mV for PCL(−). The obtained surface potential on PCL
fibers is directly correlated with surface chemistry analyzed at the grazing angle
by X-ray photoelectron microscopy (XPS), showing lower oxygen content at PCL
fiber surfaces, produced with negative voltage polarity, PCL(−), see Figure 15.4n.
The fibers with controlled surface potential create well-engineered scaffolds that are
able to increase significantly cell proliferation that was visualized with fluorescence
microscopy, and filopodia formation on positively charged fibers, investigated with
high-resolution SEM.

We have proved that the surface potential of electrospun fibers regulates not only
specific biological functions, anchoring, and proliferation of cells but also stimulates
cells for collagen production for further remineralization processes, see Figure 15.5.
The surface potential of PVDF(−) scaffolds was very similar to the one reported for
osteoblast-like cells MG63 potential of −60 mV that was used in our cell culture
study. Importantly, adjusting the surface potential of the scaffolds gives enormous
possibilities to tune the mineralization process without any presence of hydroxya-
patite or tricalcium phosphate incorporated in the scaffolds, to start the nucleation
process of collagen mineralization notably within seven days of cell culture. To a
great degree surface potential of scaffolds has the ability to control many cell pro-
cesses. This is seen through the high-resolution 3D images of the detailed morphol-
ogy of cells filopodia formed on PCL fibers, Figure 15.6. Through a simple and effi-
cient approach to alter voltage polarity during electrospinning, it was possible to
achieve stable surface potential over a long time. The results have a great impact on
the development of scaffold interfaces to enhance bio-integration in many biomate-
rials applied in tissue engineering.

15.5 Conclusions

Surface properties of materials used in tissue-engineering scaffolds are the key
to enhance the integration of the cell with the biomaterials. Electrospinning is
a versatile method that allows the scaffolds’ production by applying positive-
and negative-voltage electrical polarity to the nozzle. The changing polarity of
the applied voltage enables control of the molecular orientation of the chemical
functional groups in the polymer’s chains in the fibers, which affects the surface
potential. Adding also the geometrical effect to electrospun fibers by changing the
porosity of fibers and creating a hierarchical structure intensifies the integration and
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Figure 15.5 SEM micrographs of cells growing on smooth, porous PCL fibers and after:
(a–e) one day, (f–j) three days, and (k–o) seven days of culture (red arrows indicate collagen
fibrils). (p) Graph of the capture percentage of the cells adhered after one, two, and four
hours and (q) Sirius Red absorbance indicating collagen formation after one, three, and
seven days of cell culture on the smooth PCL(+), PCL(−), the porous PCL(+), and the PCL(−)
and the PCL film. Statistical significance was calculated with a one-way ANOVA followed by
a post hoc Tukey test with significance level p< 0.05. In (q) the significant difference among
all the tested groups is displayed. Source: Reproduced from Metwally et al. [105]/Elsevier/
CC BY 4.0.
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Figure 15.6 3D reconstructions from FIB-SEM tomography of cell interaction with the
scaffolds after three days of culture: (a) cell attached to the smooth PCL(−) scaffold,
growing between the fibers with zoom-in on long filopodia overlapping the fibers and
(b) cell growing on top of the fibers with zoom-in on cell internalizing the pores on the
surface of the porous PCL(−) scaffold. The voxel size of the 3D reconstructions was
10× 10× 30 and 5× 5× 15 nm3 for the smooth and the porous PCL(−) scaffolds,
respectively. Cells in red and fibers in blue. Source: Metwally et al. [105]/Elsevier/CC BY 4.0.

anchoring of the cell to scaffolds. The combination of both high surface electrical
potential and surface topography is enhanced by pores, and increased roughness
determines cell proliferation and adhesion. Paying attention to these parameters
in the design scaffolds results in a faster regeneration process such as collagen
and calcium mineralization in bone tissue. Electrospun scaffolds demonstrate
high potential in tissue engineering as their surface properties can be tuned in
single-step manufacturing method, thereby reducing postprocessing steps and the
cost associated with their production.
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16.1 Introduction

Nature has evolved over millions of years and produced extremely precise architec-
tures in the form of biopolymers with functional features. Biopolymers are defined
as the polymers synthesized by living organisms or chemically synthesized using a
biological material [1]. Polysaccharides are the enzymatically synthesized biopoly-
mers, in which monosaccharide units are the building blocks. They can be further
differentiated into homopolysaccharide (only one type of monosaccharide) or het-
eropolysaccharide (different types of monosaccharides). Based upon the origin or
source, the polysaccharides can be isolated from plants (e.g. cellulose, hemicellu-
lose, lignin, starch, pectin, and guar gum), seaweeds (agar, alginate, carrageenan),
animals (chitin, hyaluronan, and chondroitin sulfate), and bacteria and fungi (dex-
tran, pullulan, cellulose) [2]. Depending upon the presence of functional moieties,
they can be further classified as neutral (cellulose, dextran), acidic (hyaluronic acid,
alginic acid), basic (chitin, chitosan), or sulfated (heparin sulfate, chondroitin sul-
fate) [3]. The polysaccharides are involved in various pivotal functions in the living
organisms, for instance from providing structural support and cellular communica-
tion to energy storage. These biopolymers have found numerous applications from
construction to the biomedicine, and still the scientific community is involved in
exploring top-down and bottom-up approaches to design advanced materials for
value-added applications. Owing to the properties such as biocompatibility, pro-
cessability, and possibility of chemical functionalization, the biopolymers have been
transformed into various forms such as fibers, films, beads, and composites. The
beads designed from any biopolymer can be defined as a spherical particle prepared
via dissolution, shaping, and regeneration of the biopolymer. The size may vary from
μm to mm depending upon the source of biopolymer droplet ejection. The poten-
tial of designing pristine as well as functional beads from the biopolymers such as
agarose, cellulose, dextran, and many more has provided a platform to utilize the
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entities in the various biomedical applications such as protein purification, drug
delivery, and immunodiagnostics. The beads are now also explored in the area of
cell encapsulation for therapeutics and diagnostics. This chapter focuses on the most
utilized biopolymers, their chemical functionalization, the technological evolution
in beads design, and the potential biomedical applications.

16.2 Agarose

Agarose is a biopolymer isolated from seaweed agar and is a linear polysaccha-
ride consisting of 1,3-linked β-D-galactopyranose and 1,4-linked 3,6-anhydro-α-
L-galactopyranose. It has a double helical structure with 0.95 nm axial periodicity, as
revealed by X-ray diffraction measurements [4]. The presence of four free hydroxyl
groups in each agarobiose unit provides opportunity for introducing functional
moieties that can have effect on cross-linking capacity and hydrophilicity. The disso-
lution, melting, and gelation behavior of agarose are highly temperature dependent.
It dissolves in water at 90–100 ∘C, melts at around 80–95 ∘C, and forms a gel at
32–45 ∘C. During gelation the random coiled structure of agarose transforms into
double helix initially followed by clusters of helices in the final gel [5]. The agarose
has been designed in the form of beads and has found applications in separation of
biomolecules, vehicles for drug delivery, scaffolds for tissue engineering, actuators
for optics and fluidics, and model extracellular matrices for biological studies.

16.2.1 Agarose Beads Preparation and Applications

Over the past two decades, the research in the area of agarose beads design and
functionalization has provided solutions to the scientific community especially in
the area of biochromatography to purify complex biological fluids. Agarose beads
can be defined as hydrogel microspheres of varying particle diameter prepared from
different concentrations of agarose. There have been various techniques patented
to design agarose beads. The most studied techniques are (i) emulsification in
a stirred vessel or high shear mixer [6], (ii) membrane emulsification [7], and
(iii) spray gelation [8, 9].

In general, the agarose is dissolved in water and mixed with a hydrophobic solvent
of choice. The emulsion formed is agitated to design droplets, which are stabilized
by surfactant. Finally, the droplets are solidified by gelation and washed to remove
any traces of solvents and surfactants. A more detailed explanation of previously
mentioned emulsification techniques to design agarose beads is explained in the next
paragraph.

(i) Emulsification in a stirred vessel or high shear mixer: The emulsification in a
stirred vessel technique can be utilized to design composite beads. For example,
researchers have prepared porous agarose-coated zirconia–silica particles by
a three-phase emulsification process in which solid zirconia–silica particles
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Figure 16.1 General method of making porous agarose beads via emulsification in a
stirred vessel. Source: Nweke et al. [10]/Elsevier/CC BY 4.0.

(120 μm average diameter) were suspended in an aqueous solution of agarose
that was emulsified in an oil–surfactant mixture in a stirred vessel to yield
composite droplets, which upon cooling resulted in spherical particles. The
agitation speed, surfactant concentration, oil viscosity, and slurry composition
regulate the beads properties such as size, shape, and surface smoothness [6]
(Figure 16.1).

(ii) Membrane emulsification: The membrane emulsification also utilizes the basic
principle of emulsification where the aqueous solution of agarose at tempera-
ture above 50 ∘C is permeated through uniform pores of microporous mem-
brane into the oil phase by the pressure of nitrogen gas to form uniform W/O
emulsion, followed by cooling to form stable beads, as shown in Figure 16.2a.
The mechanism of fine beads preparation from a coarse agarose emulsion is
shown in Figure 16.2b. Different sized beads can be prepared by using mem-
branes with different pore sizes [7, 11].
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Figure 16.2 (a) Pictorial presentation of equipment for premix membrane emulsification
and (b) principle of premix membrane emulsification for preparing W/O emulsion. Source:
Zhou et al. [11]/with permission of Elsevier.



468 16 Biopolymer Beads for Biomedical Applications

(iii) Spray gelation: The spray-gelation method utilizes a nozzle to spray the hot
aqueous agarose solution that results in the formation of droplets. The droplets
turn spherical mostly due to surface tension and after coming in contact with
the nonsolvent transforms into stable beads, as shown in Figure 16.3 [8, 9].

The initial concentration of agarose in the solution also affects the matrix pore
size of the designed beads. The agarose concentration in the commercially available
beads varies from 4% to 9%. Higher the agarose concentration, smaller are the pore
sizes in the beads. The beads can be further cross-linked with cross-linking agents
such as epichlorohydrin [12], 2,3-dibromopropanol [13], and divinyl sulfone [14] to
enhance the mechanical properties and pressure stability as shown in Figure 16.1.
The highly cross-linked beads can be used for fast protein liquid chromatography
(FPLC).

The presence of hydroxyl groups provides the opportunity for chemical func-
tionalization of the agarose beads. The agarose beads can be functionalized to
introduce various types of functional moieties such as amine, carboxylic, thiol,
and hydrazide [15]. Various types of activated agarose beads can also be designed
by introducing functional groups such as aldehyde, cyanogen bromide (CNBr),
N-hydrosuccinamide (NHS), and carbonyldiimidazole (CDI) for specific coupling
chemistries with various biological components [15, 16]. Surface functionalization
of beads is comparatively easier than core due to poor reactivity and unavailability
of the inner hydroxyl groups, which are already involved in the bead network
formation. The core functionalization of beads could destroy the internal network
structure causing beads shape deformation, reduction in mechanical strength, or
final biopolymer dissolution. Therefore, the derivatization needs to be performed
in such a way that it enhances the beads properties for any applications without
disturbing the strength or mechanical properties of the beads.

Hot
agarose
solution Coilar

Cooling
water

Ether

Ice

Water

Figure 16.3 Pictorial representation
of spray-gelation technique to design
agarose beads. Source: Prescan et al.
[9]/with permission of Elsevier.
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16.2.1.1 Agarose Beads in Protein Purification
There are numerous commercial suppliers of agarose beads worldwide. For example,
Sepharose is the GE trademark for cross-linked agarose beads. In protein chromatog-
raphy, agarose beads are used to purify components based on various principles, e.g.
size exclusion, affinity chromatography, and hydrophobic interaction chromatogra-
phy. In size exclusion, the proteins are purified based on their molecular weight
and the size exclusion limit of the beads is governed by the initial concentration of
the agarose employed in the solution. For example, 4% initial agarose concentration
beads have the size exclusion limit for globular proteins c. 30 000 kDa, whereas 9%
have c. 150 kDa. In immobilized metal affinity chromatography (IMAC), transition
metal ions such as nickel (Ni2+) and cobalt (Co2+) are immobilized to the agarose
beads matrix through a chelating ligand, e.g. nitrilotriacetic acid (NTA) or iminodi-
acetic acid (IDA). They are especially used for the purification of his-tagged proteins
[17, 18]. Agarose beads decorated with hydrophobic groups such as phenyl, octyl, or
butyl are also another well-established mode to purify proteins. The mode is known
as hydrophobic interaction chromatography, and the purification mechanism relies
on the surface charge and hydrophobicity of the protein.

Agarose beads are also used for immunoprecipitation and antibody purification.
They have been used as a support to attach a specific antibody, which is responsi-
ble for the purification of an antigen from the complex biological fluid [19]. The
Protein A–bound agarose beads have been used to purify classes, subclasses, and
fragments of immunoglobulins as well as isolation of immune complexes, while
Protein G–bound agarose beads have been used for antibody immunoprecipitation
and immunoglobulins or IgG fractions purification [20, 21]. The SA beads are also
highly suitable as a solid support for microfluidic immunoassays as investigated [22].
Therefore, the protein purification niche of the agarose beads is already an estab-
lished area, but still a lot of new investigations are ongoing to develop new functional
beads for future applications.

16.2.1.2 Agarose Beads in Drug Delivery
Agarose beads have also been investigated for the drug loading and delivery. In a
study, to achieve sustained release of ibuprofen or indomethacin from agarose beads,
placebo beads were designed by dropwise addition of a hot aqueous agarose solution
into a beaker of chilled mineral oil and water. The ethanolic solutions of drugs were
used to load the drugs into the beads. The beads were further dried at room temper-
ature. The drug release was followed at various temperatures and pH conditions.
The results showed that the drug release was primarily diffusion controlled, and
the release mechanism for indomethacin and ibuprofen is governed by swelling
of the beads, dissolution of crystallized drug, and diffusion of dissolved drug from
the beads [23]. Another study showed the potential of cyanogen-bromide-activated
agarose beads to conjugate mitomycin C (MMC) for the timed release of the deriva-
tive of MMC for cancer chemotherapy. The MMC released successively for longer
period from MMC–agarose beads in vitro and in vivo after intraperitoneal injection
to mice. The MMC–agarose beads also exhibited almost identical inhibitory effect
against the growth of Ehrlich ascites carcinoma (EAC) cells to free MMC [24].
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Still none of the systems are commercial for any drug delivery to the clinical
patients. Therefore, more investigation and research need to be performed in the
future.

16.2.1.3 Agarose Beads in Cell Encapsulation and Tissue Engineering
The biopolymer-based hydrogel beads for biomedical applications have gained atten-
tion due to the potential of cells encapsulation in the biohydrogel matrix. Agarose
provides an attractive platform for cell encapsulation due to its tendency to form
hydrogels upon mild gelation with extensive intermolecular hydrogen bonding [25].
In a study, compressive bioreactors were used to design tissue-engineered cartilage
using an agarose hydrogel. The designed hydrogel has almost matched the mechan-
ical properties and sulfated glycosaminoglycan content of native articular cartilage
[26]. The major drawback of agarose is the lack of receptors in the mammalian cells,
which could bind to the agarose matrix thus overruling the potential use of agarose
for any biomedical applications.

16.3 Cellulose

Cellulose is the most abundant biopolymer on earth and it consists of linearly
arranged D-anhydroglucopyranose units (AGU) linked via β-(1,4) glucosidic cova-
lent bonds at the molecular level. Each repeating AGU possesses three hydroxyl
groups, one primary and two secondary. The primary hydroxyl group is present
at C-6, and the secondary is at C-2 and C-3 positions. The shaping of cellulose in
the form of beads, fibers, and scaffolds requires dissolution in a suitable solvent
followed by regeneration. An extensive review on cellulose solvents can be found
in the literature [27]. Broadly, the cellulose solvents can be classified as derivatizing
and nonderivatizing solvents. Derivatizing solvents are the class of solvents that
chemically react with the cellulose, and the intermediate formed is soluble in
various solvents, e.g. carbon disulfide (CS2) and formic acid. On the other hand,
nonderivatizing solvents can dissolve cellulose directly without any stable interme-
diate formation, e.g. ionic liquid (IL) 1,5-diaza bicyclo[4.3.0]non-5-enium acetate
([DBNHH][OAc]), organic liquid salt solution N-methylmorpholineoxide-water
(NMMO/H2O), and aqueous or protic solvent 7–10% sodium hydroxide (NaOH)
in water. The dissolution process is based on the fundamental mechanism of
disruption of extensive inter- and intramolecular hydrogen bonding, van der Waals
forces while regeneration is based upon reformation of the same network. The
structure of cellulose at the macromolecular level is fascinating and decides various
properties of cellulose such as solubilization and functionalization.

16.3.1 Cellulose Beads Preparation and Applications

Spherical cellulose beads were first prepared by Jr. John J. O’Neill in 1947. The vis-
cose solution was used to prepare the beads in an aqueous coagulation medium and
termed as cellulose pellets. A patent application was filed in the same year, which
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was granted in 1951 [28]. Until now various procedures for designing cellulose beads
have been developed with diameters ranging from about 10 μm to 1−3 mm using
different solvents and techniques to obtain spherical particles.

The basic principle to design beads involves four steps: (i) cellulose or cellulose
derivative dissolution in the solvent, (ii) spherical shaping of the biopolymer solu-
tion, (iii) solidification or sol–gel transition of the beads, and (iv) water washing
and hygienic storage. The cellulose beads design technique has evolved from hand
dropping the viscose solution into the coagulation bath as patented by J. O’Neill to
the automated systems such as spinning drop atomization and spinning disc atom-
ization. A detailed review on cellulose beads design and application is written by
Martin Gericke [29]. In brief, cellulose beads can be designed by dropping or dis-
persion techniques, as shown in Figure 16.4c–g. The dropping technique involves
the formation of spherical droplets of the cellulose or cellulose derivative solution
followed by solidification of the droplets in a coagulation bath of a nonsolvent. For
large-scale production, automated systems are employed, and the techniques such
as spinning drop atomization and spinning disc atomization are useful. The beads
properties such as shape and size are governed by solution viscosity, ejection speed,
rotational speed, falling height, nozzle, or pore size [30]. Another automated tech-
nique to design beads is jet cutting, in which at high velocity constant stream of
biopolymer solution comes out and a rotating knife apparatus cuts the stream into
spherical particles.

In dispersion technique, the cellulose or cellulose derivative solution is mixed with
an immiscible solvent under high rotational speed, thus resulting in the formation of
an emulsion that is stabilized with the aid of surfactants [31]. The emulsion contains
droplets of biopolymer, which can be solidified in coagulation medium. The size
of the beads is governed by mixing speed, viscosity of the dispersion medium and
cellulose solution, ratio of hydrophobic to hydrophilic solvent, and the amount of
surfactant. The cellulose beads prepared by dispersion technique are generally 10
times smaller as compared to the beads prepared by dropping techniques.

The functionalization of cellulose beads is a prerequisite for any applications such
as protein purification and water treatment. Thus, the three hydroxyl groups in an
AGU provide the opportunity for introduction of the desired functional moiety.
Heterogeneous mode of functionalization is the best approach to design functional
beads. The cellulose beads are functionalized based upon the application. For
example, anionic beads decorated with carboxymethyl or sulfoalkyl groups are
used as ion exchangers [30, 32]. Hydrophobic cellulose beads can be designed by
reaction with trimethylsilyl chloride or hexamethyldisilazane [33, 34]. The selective
oxidative cleavage of C2–C3 with NaIO4 results in the generation of carbonyl
groups, which have been utilized for the enzyme immobilization [35]. Carboxylic
cellulose beads can be designed by 2,2,6,6-tetramethylpiperidine 1-oxyl radical
(TEMPO) catalyst-mediated oxidation, which results in the oxidation of C6 hydroxyl
group [36]. The same system can also be explored to design zwitterionic beads by
exploiting the carbonyl groups generated as intermediate during the reaction along
with carboxylic groups. The carbonyl groups can be further coupled with hydrazide
reagents to introduce cationic moieties in the beads [37]. Functional cellulose
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Figure 16.4 (a) Molecular structure of cellulose showing hydroxyl groups available for
functionalization in an anhydroglucose unit, (b) possible functionalization of the cellulose
beads, schematic drawings of the procedures to prepare cellulose beads by different
techniques: dropping (c), jet cutting (d), spinning drop atomization (e), spinning disc
atomization (f), and dispersion (g). Source: Gericke et al. [29]/with permission of American
Chemical Society.

beads can be designed by blending with other compatible polymers [38]. There are
various cellulose beads manufacturers and suppliers worldwide. Cellufine from
JNC corporation and Viscopearl from Rengo company are the well-known suppliers
of varieties of cellulose beads.

16.3.1.1 Cellulose Beads in Biochromatography
The cellulose beads have been extensively applied as a stationary phase in biochro-
matography due to spherical shape, lesser flow resistance, and high mechanical
strength [39]. The porous cellulose beads have been utilized in size exclusion
chromatography, where the separation is based upon the size of the hydrodynamic
radii of the macromolecules and independent of any charge or ionic interaction [40].
Cellulose beads are also promising entities for immobilizing enzymes due to their
biocompatibility, sustainability, and can be chemically modified. Generally, the
immobilization of proteins is performed by coupling of their functional amino
acid residues with reactive groups on the cellulose beads. Cellulose beads have
also been used as bioaffinity matrix to purify antibody or its target by coupling the
corresponding counterpart to cellulose beads [41, 42]. The cellulose beads modified
with lysine, poly(lysine), or poly(ethyleneimine) have been applied for the removal
of endotoxin and DNA from different biological samples, including blood [43, 44].
Dextran-sulfate-coated cellulose beads packed in a column are commercially used
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for blood purification [45]. Cellulose acetate beads column known as Adacolumn
(JIMRO, Takasaki, Japan) is used to purify the blood by selectively removing
granulocyte and monocyte without disturbing either lymphocyte or platelet con-
tent [46]. Cellulose sulfate beads have shown the potential in binding different types
of virus and virus-like particles [47, 48]. Now the latest inventions are more focused
on utilizing cellulose or cellulose-based nanobeads for immunochromatography. A
fast and easy immunochromatography assay was developed using dye-labeled cel-
lulose nanobeads (CNBs) to detect proteins with hexahistidine tag (His-tag) and to
characterize recombinant proteins during purification. The same assay can be used
to detect other His-tagged proteins without protein-specific antibodies [49]. The
commercial production of CNBs has been done by Asahi Kasei Fibers and named
as NanoActTM CNBs. These beads can be used for lateral flow immunoassay and
other assay applications [50]. Cellulose-based nanobeads modified with α-tubulin
were also used for the detection probe of competitive immunochromatographic (IC)
assay for preliminary diagnosis of kidney injury [51]. In future, cellulose beads can
still be explored to find potential application in the immunochromatography area.

16.3.1.2 Cellulose Beads in Drug Delivery and In Vitro Disease Models
Cellulose powder and granules have been used as a filler in the food and pharmaceu-
tical industry due to their nontoxic nature. In case of drug delivery, sustained release
of drugs is a prerequisite for any disease treatment. Cellulose beads are advanta-
geous over conventional granular materials due to their higher surface area and can
be loaded uniformly with high amounts of drugs [7]. Cellulose beads decorated with
carboxymethyl or phosphate have shown the potential of being utilized as tablet
matrix for the gradual release of poorly water-soluble drug prazosin hydrochlo-
ride [52]. Apart from drug-delivery carrier, pristine or other biopolymer mixed cellu-
lose beads have the potential to be explored as in vitro disease models for drug testing
by encapsulating the disease model cells. In a study, TEMPO-oxidized nano-fibrillar
cellulose (ToNFC) macromolecules were transformed into beads via ionotropic gela-
tion in calcium chloride (CaCl2). OSTEO-1 rat bone cells were loaded into the beads
and shown to maintain the viability of the cells for two weeks. These beads can have
considerable potential application in cell therapy and regenerative medicine [53].

16.4 Alginate

Alginate is the most abundant marine biopolymer with polyanionic character and
is extracted from various species of brown seaweeds and bacteria, Pseudomonas
and Azotobacter [54]. It occurs in the form of calcium, sodium, and magnesium
salts of alginic acid in the seaweeds. It is composed of (1,4)-linked β-D-mannuronic
(M block) and α-L-guluronic (G block) acids [55]. The ratio between the G and M
blocks depends on the seaweed source from which it is extracted and the culture or
growth conditions. High content of guluronic blocks (G block) has been reported
in alginates derived from seaweed stems, whereas alginates derived from seaweed
leaves have shown higher content of mannuronic blocks (M block). Alginates with
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higher content of GG blocks are shown to form stronger gels than those with a high
content of MM blocks due to their greater ability to bind calcium [56]. The G blocks
are known to provide rigidity to the polymeric structure, and higher concentration
of G blocks in alginates results in the formation of stronger gels [57, 58]. Due to
the polyanionic nature, alginate forms complexes with positively charged species
such as metal cations. It is believed that cations prefer to bind the G blocks of the
chains, but recent studies also suggest that the M block also plays a crucial role in
cross-linking the polymer chains [59]. The main difference at the molecular level
between algal and bacterial alginates is the presence of O-acetyl groups at positions
C2 and/or C3 in the bacterial alginates [60].

16.4.1 Alginate Beads Preparation and Applications

The unique properties of alginates such as nontoxicity, biocompatibility, biodegrad-
ability, stability at high temperature, and hydrophilicity make them one of the most
suitable biopolymers of choice for designing beads for biomedical applications.
The alginate bead generation can be performed by external or internal mode
of gelation. The external gelation method involves the diffusion of cations for
alginate cross-linking exogenously. The simplest technique to design alginate beads
externally involves the dissolution of sodium alginate in water followed by dropping
beads manually or through automated system in the gelation solution mostly in
calcium chloride of known concentration (Figure 16.5) [62].

A study was performed to design scalable alginate beads by dropwise method,
which yielded up to 3500 gelled beads per minute of 2.8± 0.15 mm diameter and
very narrow size distribution, as shown in Figure 16.4. The standard extrusion head
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Figure 16.5 Schematic presentation of scalable alginate beads design system. Source:
Swioklo et al. [61]/Elsevier/CC BY 4.0.
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Figure 16.6 Different stages of the preparation of alginate beads by
emulsification:internal gelation method. Source: Poncelet et al. [63]/with permission from
Elsevier.

was customized to increase the number of droplets formation by including multiple
needles. The increasing concentration of alginate in the solution resulted in the for-
mation of beads with enhanced mechanical strength that could be clearly related to
the increased gel network formation due to higher alginate concentration.

In internal gelation method, an insoluble source of cross-linking ions is required
within the alginate solution. In a study, the internal gelation of the alginate solution
was achieved rapidly through the release of calcium ions from an insoluble dispersed
calcium complex in the aqueous phase. The authors described the beads formation
in five steps, as shown in Figure 16.6 [63].

(a) Sodium alginate solution is mixed with calcium carbonate to prepare insoluble
dispersed calcium complex in aqueous phase.

(b) The alginate–calcium–salt mixture was dispersed in canola oil by stirring, which
resulted in the formation of beads.

(c) The calcium ion release from the beads was initiated by lowering the pH of the
solution via gentle acidification using canola oil containing glacial acetic acid,
which is an oil-soluble acid.

(d) The oilbead suspension was added to the calcium chloride solution. This
resulted in external gelation of the beads due to coalescence between the
aqueous droplets containing pregelled alginate beads and those containing the
calcium chloride solution.
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(e) After adding into a water in oil (w:o) emulsion of some critical volume of calcium
chloride solution, the phase inversion in the emulsion occurs. After complete
partitioning of beads to the aqueous phase, the oil was discarded, the beads were
washed with 1% Tween 80 and filtered on a 30 mm sieve.

Alginate has also been tested in various biomedical applications, such as treatment
of brain tumors [64], protective barrier to enhance cell therapies [65], and drug deliv-
ery. Alginate or alginate–copolymer beads have also been explored in biomedical
applications such as drug delivery and cell encapsulation [61, 66].

16.4.1.1 Alginate Beads in Drug Delivery
The Food and Drug Administration (FDA) has approved several alginate salts
as well as propylene glycol alginate derivative as GRAS (generally regarded as
safe) ingredients for oral administration [67]. Pure or derivatized alginate or
alginate–copolymer beads have been explored in drug-delivery applications. A
study utilized periodate-oxidized sodium alginate to design beads with calcium
ions to entrap flurbiprofen drug. The beads were covalently cross-linked with
adipic dihydrazide (ADH). The oxidized alginate beads having degree of oxidation
1 mol%, entrapped 89% flurbiprofen and released almost all of its content within
1.5 hours in pH 7.2 phosphate buffer solution. The results showed stable nature of
flurbiprofen in the beads; therefore, the authors propose the potential of oxidized
beads as sustained oral delivery system for the drug [66].

In a study, pH-sensitive starch-g-poly(acrylic acid)/sodium alginate (St-g-PAA/SA)
hydrogel beads were prepared for the controlled release of diclofenac sodium (DS)
by cross-linking sodium alginate using calcium ions in the presence of the St-g-PAA
superabsorbent. The pristine SA-DS hydrogel beads showed disintegration within
three hours in phosphate buffer solution (pH 7.4), whereas the SA-DS beads disin-
tegration was delayed by introducing a relevant amount of the St-g-PAA superab-
sorbent [68]. A research work showed the design of buoyant alginate beads design
by mixing sodium alginate with vegetable oil and chitosan to study the release of
incorporated metronidazole drug in the artificial gastric juice and guinea pigs gastric
environment, respectively. The authors claim that the release properties of alginate
gels are applicable not only for sustained release of drugs but also for targeting the
gastric mucosa [69].

Carrageenan-sodium alginate (Caralgi) interpenetrating polymer network (IPN)
hydrogel beads were prepared under mild conditions to study the release of
water-soluble drug betamethasone acetate. The system exhibited a loading effi-
ciency that is dependent on the pH and temperature. Maximum loading efficiency
(71%) was achieved at pH 4.8 and 55 ∘C [70].

Alginate–guar gum hydrogel beads cross-linked with glutaraldehyde were
designed to study the controlled delivery of protein drugs. The beads having an
alginate to guar gum percentage combination of 3 : 1 showed better encapsulation
efficiency of protein model drug (BSA) and bead-forming properties in the prelim-
inary studies. Freeze-dried beads showed swelling ratios most suitable for drug
release in simulated intestinal media and protein release was minimal at pH 1.2
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(approximately 20%) and significantly higher (approximately 90%) at pH 7.4. The
researchers propose that the presence of guar gum and glutaraldehyde cross-linking
increases entrapment efficiency and prevents the rapid dissolution of alginate in
higher pH of the intestine, ensuring a controlled release of the entrapped drug [71].

In a recent study, pH-responsive calcium alginate–chitosan (CHT) microbeads
are designed to study the programmed release of encapsulated risedronate
(RIS-antiosteoporotic drug) through a microfluidic device. The microbeads are
resistant to the acidic environment of the stomach and may improve the therapeutic
effectiveness and could reduce the gastric adverse effects associated with RIS by
preventing its decomposition in the acidic condition of stomach [72]. Therefore,
copolymers also play a crucial role in designing efficient biopolymer beads for the
drug-delivery applications.

16.4.1.2 Alginate Beads as Cell Encapsulation Systems
Since alginate is biodegradable, nontoxic, and has controllable porosity, which is
well suited for any cell encapsulation system, alginate beads have been extensively
studied for microencapsulation of therapeutic agents and cells [73–75]. The first use
of hydrogels for cell encapsulation was pioneered by Lim and Sun. They created
calcium alginate microspheres for the encapsulation of islet cells as an approach to
treat diabetes and were able to correct the diabetic state of rats for several weeks [76].
The work truly paved a way to the potential for cell encapsulation within hydrogel
biomaterials to develop advanced hydrogels for the transplantation of therapeutic
cells. A study was performed to design scalable alginate-encapsulation beads system
to heighten the preservation of human adipose-derived stem cells (hASCs) during
hypothermic storage. The encapsulated hASCs in the beads displayed no loss in cell
viability and had a uniform distribution after high-volume production. After storage
the released cells were able to attach and recover a normal morphology in culture
conditions [61].

Another study showed the potential of utilizing alginate beads designed by inter-
nal method of emulsification for mouse insulinoma 6 (MIN6) cell immobilization
and survival, similar to the beads designed by extrusion process, i.e. external gelation
method. The authors claim that the emulsion process yielded 90± 2% MIN6 cell sur-
vival, and the cells expanded at the same rate in both bead types to form pseudo-islets
with increased glucose stimulation index compared to cells in suspension. Thus, the
emulsification process could also be a mode of choice for the production of immo-
bilized or encapsulated cellular therapeutics on a clinical scale [77].

Alginates can also be mixed with other biopolymers to design beads with
enhanced material properties. For example, RGD peptides conjugated to alginate
improved human umbilical vein endothelial cell (HUVEC) proliferation and
adhesion when compared to a nonmodified alginate group [78]. A study showed
the potential of alginate hybrid beads design by mixing the calcium alginate with
poly(ethylene glycol) (Alg-PEG-M) followed by extrusion process under physiolog-
ical condition. A solution mixture of sodium alginate (Naalg) and multiarm vinyl
sulfone-terminated PEG (PEG-VS) was extruded into a bath containing calcium
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ions and a thiol cross-linker resulting in the formation of gelled spherical calcium
alginate (Caalg) matrix [79].

16.5 Chitin and Chitosan

Chitin is the second most abundant biopolymer on earth, found in crustaceans,
mushrooms, molluscs, cephalopods, and fungal mycellae, and is chemically
composed of poly-N-acetylglucosamine. Chitosan is a derivative of chitin obtained
after deacetylation, and chemically the major component is β-1,4-linked poly-
mer of glucosamine (2-amino-2-deoxy-β-D-glucose) with minor amounts of
N-acetylglucosamine. The dissolution of chitosan is pH dependent owing to the
presence of amino groups that gets protonated. Chitosan is soluble under acidic
conditions and solubility diminishes with increasing pH [80]. The chitosan can
form complexes with polyanions such as alginate, pectin, and inorganic salts, and
the ability to form complexes with polyanions is dependent upon the degree of
deacetylation [81]. The degree of deacetylation, i.e. the availability of the free amino
groups, influences the physical, mechanical, and biological properties of chitosan
[82, 83]. Chitin and chitosan have been processed in the form of films, sponges,
hydrogels, and beads for various biomedical applications, as shown in Figure 16.7
[84–86].

16.5.1 Chitin and Chitosan Beads Preparation and Applications

The chitin/chitosan beads design also follows the same principle as discussed in pre-
vious biopolymers agarose and cellulose. The biopolymers need to be dissolved in
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the best solvent composition followed by gelation in an antisolvent. To introduce
certain specific characteristics such as anionic content, inorganic particles, and mag-
netic properties, the chitin/chitosan can also be blended with compatible polymers
of choice.

Organic solvent salt mixture N,N-dimethylacetamide (DMA) and N-methyl-2-
pyrrolidone (NMP) with LiCl at temperature above 100 ∘C has shown the potential
of dissolving chitin. The LiCl forms a coordination complex with chitin that is
dissolved in DMA and NMP. Inorganic bases such as NaOH, LiOH, and KOH as
aqueous solutions are also the solvent systems of choice to dissolve chitin [87]. The
addition of urea in the aqueous-based systems reduces the deacetylation reaction
in chitin [88]. Ionic liquids (ILs), such as 1-butyl-3-methylimidazolium chloride
(BminCl) and 1-butyl-3-methylimidazolium acetate (BminAc), are considered as
green solvents due to nonvolatility, excellent solvation power, strong polarity and
stability of end products, and wide temperature ranges in the liquid phase [89]. Chi-
tosan is readily soluble in organic acidic solvents such as 1% acetic acid, L-glutamic
acid, lactic acid, succinic acid, and formic acid [90]. The ability of acidic media
to protonate the free amino group of the chitosan mainly controls the solubility.
In case of inorganic acids, such as sulfuric acid, chitosan forms insoluble ionic
complexes [91].

In a study, chitin beads were designed by dissolution in dimethylacetamide
(DMAc)/lithium chloride (LiCl) or N-methyl-pyrrolidone (NMP)/LiCl solvents
and coagulation in antisolvents water, ethanol, and acetone. The study showed
that DMAc-based chitin solutions provided better quality beads as compared
to NMP-based chitin solutions, and ethanol served as the best antisolvent for
coagulation [92]. In a similar study, chitin beads were designed in the same solvent
system, i.e. DMA/LiCl described before followed by surface carboxymethylation of
the chitin beads. The carboxymethylation was performed with activation of beads
in 50% (w/v) NaOH solution followed by reaction with 1.9 M monochloroacetic
acid/2-propanol [93]. Another functionalization approach to introduce poly(4-vinyl
pyridine) (P4VP) moiety was performed by grafting the chitin with (P4VP) using
potassium persulfate (K2S2O8) (KPS) as a redox initiator under homogeneous
conditions. The potential of the grafted chitin to design physical beads was explored
in ethanol as antisolvent. Similarly, organic titanium was used as cross-linking
agent to design chitosan beads. The modified chitosan-titanium gel beads showed
increased adsorption capacity, good mechanical behavior, strong acidic and alkali
resistance as compared to the pristine chitosan beads [94]. There have been various
cross-linking agents explored such as glutaraldehyde, epichlorohydrin, and genipin
to design chitosan beads with enhanced mechanical properties [95]. Another study
showed the design of physical chitosan-ZnO nanocomposite hydrogel beads that
have higher swelling ratio in different aqueous solutions in comparison with neat
hydrogel for drug-delivery applications [96].

16.5.1.1 Chitin/Chitosan in Drug Delivery
The chitin and chitosan beads have been explored in the area of drug delivery. The
(P4VP)-grafted gel beads showed higher cholesterol and Fe3+ adsorption capacities
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due to microporous bead surface and chemical modification than chitin beads [97].
Sometimes, the beads have also been termed as microspheres or hydrogel beads.
Chitin dissolved in ionic liquid followed by sol–gel methodology to design micro-
spheres was also evaluated for drug-delivery system. Dexamethasone was used to
perform the experiments and showed sustainable release of the drug from the micro-
spheres [98]. A study showed the potential of utilizing carboxymethyl chitosan to
design hydrogel beads in 30% alcohol-aqueous binary solvent for entrapment and
release of hydrophobic nutrients or drugs. The hydrogel beads were loaded with
vitamin D3, and 96.9% encapsulation efficiency was obtained [99].

16.5.1.2 Chitin/Chitosan in Cell Encapsulation and Tissue Engineering
Chitosan and chitosan-based hydrogel beads have also been tested for cell culture
for various applications. In an invention, the design of macroporous chitosan
beads having 5–200 μm in size has been claimed with relatively large and uniform
pores that are distributed from surface to core region. The macroporous chitosan
beads were proposed to be utilized for cell culturing [100]. In another invention,
alginate–chitosan hydrogel beads were prepared by combining the biopolymers
together with the cartilage-forming cells [101]. A study shows the design of
chitosan–cellulose-based hydrogel beads design in aq. NaOH–urea–water solvent
system and different acidic mediums (2 M acetic acid, 2 M hydrochloric acid, and
2 M sulfuric acid) as antisolvent. The use of different acids as antisolvent has a clear
impact on the retention of the chitosan in the hydrogel beads. The hydrogel beads
have shown the potential for future testing in the area of breast cancer and bone cells
culturing [81]. A study was performed to evaluate the blood compatibility of the
pristine chitosan and polyelectrolyte complex having anticoagulant activity coated
chitosan beads. The polyelectrolyte-coated beads showed improved compatibility
with blood in comparison with the uncoated chitosan beads [102].

16.6 Conclusion and Outlook

The biopolymer beads design and their applications involved continuous progressive
research efforts from different scientific communities such as chemistry, biotechnol-
ogy, chemical engineering, biology, and many more. The pristine or functionalized
biopolymer beads prepared from agarose, cellulose, alginate, chitin, or chitosan have
found applications in various biomedical areas. There are various parameters that
affect the final properties of the designed beads for any application. The choice of
the solvent system for biopolymer dissolution, presence of a copolymer, the method-
ology to design beads and the gelation system, and the functionalization chemistry
govern the beads shape, porosity, and mechanical strength. Also the postprocess-
ing conditions such as solvent exchange, air drying, and lyophilization also affect
the beads final properties. The availability of commercial biopolymer beads for var-
ious applications, especially biochromatography, provides a substantial motive for
pursuing more research to find applications of the beads in tissue engineering, cell
therapies, and in vitro drug testing. The future needs more strategic researches to
design and develop precise application-based biopolymer beads.
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17.1 Introduction

The loss or failure of tissues or organs due to natural aging and disease is a critical
medical challenge and a difficult and expensive problem in the healthcare system.
Transplantation from living or deceased donors is currently the main treatment for
organ or tissue failure, but the problem of organ shortage has escalated over the past
30 years. Many patients waiting for an organ transplant have died due to the short-
age of suitable donors. At the same time, recipients with successful transplantation
are subjected to continuous immunosuppression to prevent acute and chronic graft
rejection [1]. Patient-specific artificial 3D replacement tissue/organs made from the
patient’s own (autologous) cells offer the possibility of overcoming current obstacles
[2] and also minimize the risk of tissue/organ rejection and the need for lifelong use
of immunosuppressants. The main goal of regenerative medicine (RM), which is to
restore or replace diseased or damaged tissues/organs with healthy, functional alter-
natives, combined with the limited supply of organs worldwide [3], has motivated
TE research to develop 3D support structures (scaffolds) that promote the regenera-
tion of various tissues and organs, such as skin, bones, muscles, tendons, cartilage,
and cardiac tissue [4]. The use of suitable scaffolds that support cell attachment, pro-
liferation, differentiation, and tissue formation is currently the most promising TE
approach for the successful fabrication of artificial tissues and organs. Scaffolds pro-
vide transplanted cells with the necessary mechanical support and physical structure
to attach, grow, and maintain their physiological functions [5]. A suitable scaffold
material must have favorable biocompatibility or cytocompatibility to provide a sur-
face for attachment, proliferation, and differentiation of cells as well as subsequent
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secretion of the extracellular matrix (ECM), which contains structural proteins and
bioactive molecules, including glycosaminoglycans (GAGs), collagen, fibronectin,
various growth factors, and cytokines. The overall porosity of the material, pore
size, and interconnectivity of the scaffold also play an important role in cell adhe-
sion and migration, vascularization, and ingrowth of new tissue [6]. In addition, an
“ideal” scaffold suitable for RM must simultaneously support the growth of differ-
ent cell types and tissues, each with specific mechanical properties, chemical gra-
dients, cell populations, and geometric structures. The scaffold-based approach to
construct artificial tissues and organs is also advantageous for achieving the required
mechanical properties and degradation kinetics and allows the targeted delivery of
biomolecules and growth factors embedded in the scaffold [7].

However, the use of scaffolds still presents some challenges, such as the poor
homogeneity within large porous 3D constructs and low initial cell-seeding density.
Conventional TE scaffold production methods such as chemical/gas foaming, fiber
bonding, particle/porogen salt leaching, solvent casting, freeze-drying, thermally
induced phase separation, membrane lamination, foam gel, and electrospinning
have severe limitations. They can only control the bulk properties but are often
insufficient to fabricate precise pore size, shape, network, internal architecture,
topology, and high mechanical strength constructs. In addition, pore size, porosity,
and pore interconnectivity are random and heterogeneous, resulting in reduced
reproducibility between scaffolds. The specific requirements for porosity and inter-
connectivity cannot be easily achieved even with traditional TE approaches. Other
limitations are also the suboptimal distribution of cells due to the inaccuracies
associated with the process of manual seeding the cells. This becomes problematic
because the cells may need to be precisely arranged according to the needs and
functions of the tissue [8]. The inability of classical TE methods to fabricate
complex biomimetic structures leads to oversimplified tissue constructs, making
the engineered tissues inaccurate with unrealistic cell microenvironments [9].

The field of TE is ready to address unmet clinical needs by developing new fab-
rication approaches and complementary strategies. Additive manufacturing (AM)
and, in particular 3D printing, an important type of AM technology, is increasingly
recognized as a possible solution for the construction of complex scaffolds, which
are capable of promoting the regeneration of functional tissue. 3D bioprinting has
several advantages over traditional TE methods and is a particularly promising
approach to produce patient-specific autologous tissues and organs. Assisted with
computer-aided design (CAD) technologies, bioprinting can produce complex
3D structures from the nano- to the micro-range efficiently and cost effectively
[10]. However, the difference between “3D printing” and “3D bioprinting” must
first be clarified, as these two terms are used interchangeably in the scientific
community [11]. 3D printing is a rapid prototyping and AM technique used to
fabricate complex 3D architectures with high precision through a layer-by-layer
building process [12]. This automated, additive process facilitates the production
of 3D products with precisely controlled architecture (external shape, internal pore
geometry, and interconnectivity) with high reproducibility and repeatability [13].
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And while both methods build a 3D object layer-by-layer from a 3D model, 3D
printing technologies do not use cells or biological materials but can create porous
polymer scaffolds for subsequent cell seeding. In 3D bioprinting, on the other
hand, cell-laden bioinks and other biologicals are used directly to fabricate living
tissue. The concept of 3D bioprinting is essentially an extension of AM techniques.
Through the layered deposition of substrates such as living cells, nucleic acids,
drug particles, proteins, components of the ECM, growth factors, and other bio-
logical factors, 3D bioprinting has the potential to produce complex, sophisticated
biomimetic tissue constructs. Some of the many advantages of this technology
are automation, high precision, high reproducibility and repeatability, geometric
freedom and control (macro-morphology, pore size, porosity, interconnectivity),
customizability, printability of a wide range of materials, the ability to incorporate
and place proteins, growth factors, drugs, DNA, other biochemical cues, and cells
with high spatiotemporal precision. The technology also enables the utilization of
a wide range of cell densities and possibility of creating biochemical, mechanical,
and cell density gradients that are present in native tissues [14, 15].

In 3D bioprinting, a comprehensive understanding of the composition and
organization of its components is essential for the reproduction of the complex,
heterogeneous architecture of functional tissues or organs [16]. This makes medical
imaging technology an indispensable tool to provide information about the 3D
structure and function at the cellular, tissue, and organ levels, thus supporting the
design of patient-specific constructs. Medical imaging usually includes noninvasive
imaging modalities such as computed tomography (CT) and magnetic resonance
imaging (MRI). CAD, computer-aided manufacturing (CAM) tools, and mathe-
matical modeling are also used to capture and digitize the complex topographic
and architectural information of tissues [17]. The imaged tissue or organ model
is divided into horizontal two-dimensional (2D) slices that are imported into a
3D bioprinter system for layer-wise deposition. Considering the available 3D bio-
printing techniques, the cell types (differentiated or undifferentiated), biomaterials
(synthetic or natural), and supporting biochemical factors are then selected. The
configuration of these printing components drives the construction of the 3D
tissues and organs. This integrated approach (imaging–design–fabrication) can
reproduce more complex structures and incorporate mechanical and biochemical
cues that are critical for the overall tissue/organ architecture and functionality [18].
Furthermore, by mimicking the natural, highly dynamic yet variable 3D structures,
mechanical properties, and biochemical microenvironments, researchers can create
tissue- or organ-specific 3D microenvironments, including vessels and neural net-
works, for the development of the specific functions of 3D bioprinted tissue/organ
analogs [19].

To fully appreciate the speed at which the field of 3D bioprinting is evolving,
we need to look back to its beginnings. The revolution in 3D models began a few
decades ago when printing technology moved from 2D printing to an additive pro-
cess in which successive layers of material are distributed to create 3D shapes [20].
3D printing, as one of the 3D manufacturing technologies, was introduced only
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34 years ago, when Charles Hull invented it in 1986. He received a patent for
the liquid, photopolymer-based manufacturing technology of stereolithography
(SLA) [21]. Later that year, a PhD student Carl Deckard developed selective laser
sintering (SLS) [22]. Together, these two pioneering efforts are considered to be the
birth of 3D printing, which has since been adopted as a biotechnological technique
with widespread application in TE and RM [23]. In the early 1990s, a powder-based
free-form manufacturing method was developed, which represents a significant
development for 3D printing. In the initial phase, 3D printing technology was
mainly used for rapid tooling with metals and ceramics [24]. However, in 2003,
Tom Boland and coworker were the first to propose a cellular bioprinting technique
based on traditional 2D inkjet technology [25]. The next big step for the industry
came in 2009 when Organovo and Invetech created one of the first commercial
3D bioprinters [26]. Finally, in 2016, the Food and Drug Administration (FDA)
issued draft guidance titled “Technical Considerations for Additive Manufactured
Devices” that provided guidance on 3D printing techniques and products [27].

Currently, as mentioned earlier, organ shortage is still one of the biggest problems
in the health sector [28]. And although the demand for organ transplants has
increased significantly, supply cannot keep up with the growing demand. TE has
great potential for solving this ever-growing crisis of organ shortage. Over the past
two decades, bioprinting has been developed primarily to directly or indirectly
fabricate scaffolds for the field of RM. By accurately positioning multiple cell
types and biofactors in complex, multiscale architectures that better reflect the
structural and biochemical complexity of native tissues, the technology offers an
excellent alternative to produce biomimetic scaffolds that can be used for tissue
regeneration. Due to its potential to produce functional 3D tissue constructs, it
is also widely used in healthcare and pharmaceutical research, including disease
modeling, drug discovery and testing, and high-throughput screening [29]. Given
the ethical concerns and high costs associated with animal testing, bioprinted
tissues could also be used as advanced in vitro model systems to reduce the need
for animal testing [14]. Consequently, research in the field of bioprinting has
increased considerably over the past decade. The number of publications related to
3D bioprinting has increased by more than 3000% in the last five years, indicating
the rapid growth of this field [30]. In addition, with a compound annual growth rate
of 26.5%, the global market potential for 3D bioprinting is expected to grow from
US$ 411.4 million in 2016 to US$ 1.82 billion in 2022 [26, 31]. Recent advances and
growing global awareness and need have led to the increased commercialization of
3D printing devices. The expanding bioprinting market has seen more and more
companies enter the market, and the expiration of key patents for 3D printing is
making 3D printers more accessible and affordable. For example, a fused deposition
modeling (FDM) printer costs less than US$ 1000, compared to US$ 10 000 before
the FDM patent expired in 2009. Several key patents for 3D printing (including SLS
and SLA) have also expired between 2013 and 2015. This will lead to a new wave
of open-source 3D printers that will drive research and product development while
reducing production costs. The current focus is on bioprinting functional, living
human 3D constructs with biological and mechanical properties closer to those of
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native tissue/organs. Due to the high printing speed and the wide range of printable
bioinks, the extrusion-based bioprinting approach is the most promising and
widespread method to achieve this goal [32]. More than 30 000 extrusion-based 3D
printers are sold worldwide each year, and academic institutions are increasingly
buying and using micro-extrusion technology, particularly for research into tissue
and organ engineering [33]. Considerable progress has been made to achieve this
ultimate goal of TE, organ printing, but the fabrication of fully functional organs
still has a long way to go [34]. The main challenges remain the reproduction of the
complex microarchitecture of ECM components and the recapitulation of critical
cell–cell and cell–ECM interactions within the bioprinted 3D constructs. Although
tissue and organ printing is still in its infancy, 3D bioprinting represents a promising
approach for the scalable and reproducible production of patient-specific constructs
and for the further development of TE toward organ fabrication to ultimately
address organ shortages and save lives [35].

In this book chapter, we give an overview of the latest advances in 3D bioprint-
ing to produce polymer-based scaffolds for tissue and organ regeneration. First, the
basic principles of the 3D bioprinting process are briefly explained. The prepro-
cessing steps, which are important for the design of tissue-relevant constructs and
include imaging and 3D modeling, are discussed in more detail. Next, the most used
bioprinting technologies, namely stereolithography, light-based, droplet-based, and
extrusion-based bioprinting, are discussed. We review the current state of the art
for each printing modality and the advantages and limitations of each process. We
will also present a novel 3D printing approach called four-dimensional (4D) bio-
printing, which will be crucial for the development of dynamically responsive tissue
constructs. We will then give an overview of the commonly used polymer-based
materials that can be used as bioinks to create biomimetic scaffolds. We discuss the
limitations of bioinks and describe common solutions to the problem. Due to the spe-
cific structural and biochemical requirements of tissues, a universal bioink cannot
exist. However, very similar characteristics need to be considered in the optimiza-
tion process for respective applications. Throughout the overview, we will also focus
on solving the main limitations that hinder the development of thick tissue, namely
the problem of vascularization.

17.2 Fundamental Principles of the 3D Bioprinting
Process

A typical bioprinting process can generally be divided into three phases, namely pre-
processing, processing, and postprocessing, as shown in Figure 17.1. Preprocessing
includes imaging of the tissue or organ using CT, MRI, and ultrasound imaging tech-
niques as well as the reconstruction of 3D models from the image. The generated 3D
models are then converted into an instructions file, containing a sequence of coordi-
nates and other process parameters, which can be accepted by the printer. The pro-
cessing step begins with harvesting primary cells from patients, which are cultivated
and expanded ex vivo for the bioprinting process. Although cancer cell lines and
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Figure 17.1 A typical bioprinting process consisting of three steps: (i) preprocessing (medical imaging with computed tomography [CT], X-ray imaging,
magnetic resonance imaging [MRI], or ultrasound; 3D modeling and slicing; preparation of cell-laden bioink), (ii) processing (actual 3D bioprinting
process), and (iii) postprocessing (tissue maturation in a bioreactor). Source: Vijayavenkataraman et al. [36]/with permission of Elsevier.
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other nonhuman cells are used, the ideal prerequisite for fabricating transplantable
living tissues would be the use of patients’ cells. Suitable bioinks with properties
that mimic the tissue to be printed are selected and the cells are suspended in these
bioinks. The cell-laden bioinks are then, according to the 3D model, fabricated using
a bioprinter into the desired tissue/organ. During postprocessing, the bioprinted tis-
sue/organ is incubated in a bioreactor for tissue maturation before it is transplanted
into patients or used as in vitro models for disease modeling or drug testing.

17.2.1 Preprocessing: The Design of Scaffolds with Tissue- and
Organ-Level Complexity

An essential prerequisite for reproducing the complex, heterogeneous architecture
of functional tissues and organs is a comprehensive understanding of the compo-
sition and organization of their components. Preprocessing includes the selection
and preparation of bioinks and their structuring parameters as well as preparation
of instructions for the bioprinter itself [33]. For more information on the selection
of bioinks and the basic properties they must have, see Section 17.4 in this chapter.
Preparing instructions for the bioprinter depends on the required geometrical
features of the final scaffold. It can be achieved through several approaches with
varying complexity: in the simplest form, the printing instructions (e.g. g-code)
can be created directly, which is suitable for simple geometries (cubes, cylinders)
with smaller sizes design (up to a few cm). When more complex structures are
required, the process typically involves the construction of a 3D model, which is
then translated into printable data, often by “slicing” the model into individual
sequential layers. Furthermore, a 3D model can be obtained either by direct
modeling using CAD [37] or by reconstructing data from medical imaging data.
This provides information about the anatomy, histological structure, composition,
and human organ topology and is of crucial importance when scaffolds have to
precisely mimic the shape of a target or damaged tissue [38]. These technologies
include most noninvasive imaging modalities, with CT and MRI being the most
common, and ultrasound imaging and optical microscopy being less common.

The most common technique for obtaining medical images, CT imaging is used for
both diagnostic and interventional procedures. It is based on the variable absorption
of X-rays by different tissues. The X-ray source rotates around the object, and as the
X-ray beam passes through the body, sensors measure the intensity and angle of the
transmitted beam and record the data as a collection of pixels representing a small
volume (voxel) of tissue [39]. This imaging method produces closely spaced axial
sections of tissue architecture that, after surface rendering and stereolithographic
processing, fully describe the tissue volume. Recently, an advanced CT technique
(micro-CT) with high resolution from 1 to 200 μm has been developed and used to
characterize the mechanical properties of scaffolds and microstructures [40], to visu-
alize changes in bone density, and to assess tissue regeneration [41]. A second com-
mon approach, MRI, can also provide high spatial resolution in soft tissues, with
the advantage of increased contrast resolution, which is useful for imaging soft tis-
sues close to each other without exposure to ionizing radiation. MRI uses nuclear
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magnetic resonance: a strong magnetic field causes a small fraction of the nuclei in
the tissue to align with the magnetic field [42]. By detecting the excited radiofre-
quency signal of the hydrogen atoms in the samples via a magnetic resonance coil,
images can be generated after processing by computer software. Two less frequently
used imaging techniques are ultrasound imaging and optical microscopy. In the lat-
ter, images of 3D tissue models can be obtained by stacking many 2D images taken
with an optical microscope. To do this, the modeling software must reassemble the
prepared histological sections and align them precisely in the correct position [1].
Using optical microscopy methods, individual cells and tissues can be distinguished
by staining. Ultrasound technology, on the other hand, uses the sound energy to
scan the sample by emitting sound waves. The reflected waves are detected by a
receiver and processed to generate computer images. Compared to MRI or CT, it
has a limited resolution (1 mm× 1.5 mm× 0.2 mm); however, ultrasound imaging is
a safe and simple method for differentiating the structure of the target tissue/organs,
as there is no radiation exposure [43].

Since imaging methods mentioned earlier generate 2D data, these data usually
have to be further processed and stacked to create a 3D model that can be further
modified, e.g. by adding or removing details and surface smoothing. Finally, the 3D
model is digitally sectioned in the desired planes, which can either be used directly
(e.g. in certain stereolithographic applications) or converted into suitable fabrication
instructions that can be used directly by the bioprinter. The types of instructions are
highly dependent on the fabrication technique. However, perhaps the most common
type is the g-code, which contains the sequence of spatial coordinates, movement
speeds, and other printing parameters.

17.2.2 Processing

In 2010, Guillemot et al. defined 3D bioprinting as “The use of computer-aided
transfer processes for patterning and assembling living and non-living materials with
a prescribed 2D or 3D organization in order to produce bioengineered structures
serving in regenerative medicine, pharmacokinetic and basic cell biology studies”
[44]. As such, bioprinting is an umbrella that covers several different processes
and can be divided into different categories in many different ways. Arguably the
most straightforward way to divide 3D bioprinting for TE applications is into two
forms, with living cells (cellular printing) and without incorporated living cells
(acellular printing). With cellular 3D bioprinting, living cells are used directly in
the manufacturing process of the constructs, along with the inherent advantages of
rapid prototyping based on 3D printing. Different techniques have been developed
to create 3D analogs of living tissues/organs, and each has different characteristics
(strengths and limitations) in relation to the available conditions such as biological
materials, resolution, printing speed, and cell viability. Depending on the printing
modality (bioink deposition mechanism), the most representative techniques of
cellular bioprinting are droplet based, extrusion based, and SLA. These techniques
can also use acellular inks to create scaffolds. Still, after printing, an additional
cell-seeding technique can be used to create artificial 3D scaffolds loaded with
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cells for tissue/organ regeneration [45]. Variations in bioprinting technologies can
influence the properties of living tissue/organ constructs. In comparison, acellular
bioprinting technologies (e.g. laser-assisted bioprinting [LAB]) offer a wider range
of applications for tissue regeneration, such as a wider choice of materials and
manufacturing methods [12]. More importantly, without considering cell viability
or bioactive components, 3D printing techniques involving higher temperatures,
chemicals, and other harsh environments can be used to produce scaffolds [45].
Taking into account the specific requirements for the properties of the tissue/organs
to be printed, the design of the process must take into account the capabilities and
characteristics of the bioprinting systems (both bioinks and bioprinters). A more
detailed description of some of the most important printing technologies can be
found in this chapter under Section 17.3.

17.2.3 Postprocessing

Postprocessing includes the development of biomimetic structures, mechanical
supports, and biological functionality. Still, the main purpose of this phase is the
maturation (cross-linking, removing excess and toxic substances, etc.) of bioprinted
tissue constructs for living applications [46]. Several additional manufacturing
techniques, including substrate carriers and sacrificial templates, are potentially
required to create higher mechanical elasticity/strength, more precise and complex
structures, or multiple biological functions, as current printing techniques are
limited [47]. More importantly, in vivo implantation, in vitro culture techniques
(preferably in a bioreactor), or even in situ bioprinting can be used to induce and
enhance construct maturation, thereby transforming constructs into functional
tissues/organs [18].

17.3 Recent Advances in 3D Bioprinting Approaches
and Their Application

Murphy and Atala [33] divided the bioprinting approaches based on the working
principles into three main categories, namely droplet-based (e.g. inkjet bioprinting)
[48], extrusion-based [49, 50], and laser-assisted bioprinting [51]. Several other
papers [26, 36, 52, 53], which classify bioprinting in more detail, add several
other categories. For example, Vijayavenkataraman et al. [36] add SLA to the
classification, while Ng et al. [52] include microvalve-based printing as a fifth
main category. Each of these techniques has different ranges of the resolution,
manufacturing times, and limitations. In short, droplet-based bioprinting processes
include methods for depositing bioinks in the form of droplets, which can be gen-
erated in various manners, e.g. by inkjet-based techniques, using micro-valves or
laser-assisted forward transfer. Extrusion-based bioprinting is typically a continuous
deposition process, where bioinks are forced through a nozzle by a driving mech-
anism, typically pneumatic, piston, or screw based. In addition to laser-assisted
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forward transfer, light-based techniques are also used for photopolymerization,
e.g. stereolithography, SLS, or related techniques. Here we briefly describe the core
principles and discuss the advantages, limitations, and applications of four of the
most frequently used 3D bioprinting methods (SLA, droplet based, extrusion based,
and laser assisted) for the fabrication of scaffolds for the construction of tissues and
organs. While this is not the subject of this review, we will also briefly discuss the
topic of 4D bioprinting, which promises to overcome some of the limitations of tra-
ditional 3D printing approaches by providing the ability to fabricate constructs that
can change over time.

17.3.1 Stereolithography

Stereolithography (SLA), classified as a photolithographic technique, is the original
AM process after the technology was first developed in the mid-1980s by Charles
Hull. It is based on the spatial solidification of liquid resin by photopolymerization
and offers a high degree of spatial resolution and accuracy but is limited by the
need for a photocrosslinkable material. The SLA process (vat photopolymeriza-
tion) uses spatially controlled irradiation with light (UV) or laser to solidify a 2D
geometric pattern that is layered by selective photopolymerization of the bioink in
the reservoir. Based on the building process, SLA is commonly divided into two
different types. In the bottom-up printing process, the photocurable resin is cured
from below through a window at the bottom of the container using a beam spot via
a light source. The building platform is lifted out of the resin vat, and a “peel” step
is required between the individual layers. Alternatively, in the top-down approach,
the building platform is lowered further into the solution after completion of the 2D
cross-section so that the laser can cross-link and/or polymerize the next layer over
the previous one. A CAD file usually controls the movement of the light, and the
final 3D construct is built successively on 2D-patterned layers in a layer-by-layer
method. At the same time, the building platform is moved vertically [54]. Once
the structure is fabricated, the uncured resin can be easily removed. The top-down
SLA approach is gaining traction over the traditional bottom-up SLA approach
because it achieves higher printing speeds, requires less resin, reduces oxygen
inhibition, and results in a smoother surface finish [55]. The overall mechanical
properties of the bioprinted structure are mainly determined by the type and
concentration of the bioinks, the scanning speed, and the laser power. When
multiple layers are printed, the first layers can be repeatedly exposed to the laser,
resulting in uneven mechanical strength or unwanted 3D structures/patterns. Still,
the scaffold can be post-cured in a lightbox to strengthen the structure or convert
any remaining monomer residues. Stereolithography printing offers the highest
resolution (∼6 μm) of all 3D print methods. The resolution depends on the exposure
conditions (size of the laser spot, wavelength, power, exposure time/velocity, and
the occurrence of absorption or scattering of the laser beam) as well as on the
selection of the photoinitiator or possible UV absorbers [15]. With the development
of micro-stereolithography (μSLA) a resolution of about 5 μm in the x/y-plane and
10 μm in the z-axis could be achieved [56]. Stereolithography, based on two-photon
polymerization (2-PP), in which the polymerization process only takes place when
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an atom absorbs two photons simultaneously, goes one step further and achieves
a very high resolution in the nanometer range (∼200 nm) [57]. The first study
showing the possibility of producing cell-loaded hydrogel constructs with 2-PP was
recently conducted by Ovsianikov et al. [58], where the biodegradable 3D tissue
scaffolds (Figure 17.2) were prepared by photopolymerization of gelatin modified
with methacrylamide moieties, which then supported the adhesion, proliferation,

(a)

(b)

(d)

(c)

Figure 17.2 Examples of cell-laden scaffolds produced with various bioprinting
techniques. (a) Images of the 2-PP-produced high-resolution gelatin scaffolds laden with
human adipose-derived stem cells show intracellular lipid accumulation by Oil Red O
staining. Source: Ovsianikov et al. [58]/MDPI/CC BY 3.0. (b) Micropatterned hydrogel
constructs with incorporated dorsal root ganglia were fabricated by SLA. The images show
polymerized PEG constructs (gray) with neurites labeled with Beta III tubulin (green).
Source: Curley et al. [59]/with permission of MyJoVE Corporation. (c) Schematic
cross-section and fluorescence micrographs of vascular-like channels created by DOD inkjet
printing. A representative cross-sectional fluorescence microscopy image highlights the
overall architecture of a multilayered vessel model after four days of dynamic cultivation;
ECs are homogeneously distributed in the inner part of the lumen, surrounded by
fibroblasts and SMCs. (Phalloidin in green, prelabeled fibroblasts in red, prelabeled smooth
muscle cells [SMCs] in yellow, DAPI in blue.) Source: Schöneberg et al. [60]/Springer
Nature/CC BY 4.0. (d) Complex silk fibroin-based scaffolds fabricated with LAB and
incorporated with human chondrocytes exhibited superior histological cartilage-like
properties (cell organization and ECM distribution), including collagen (blue-Masson’s
Trichrome staining) and proteoglycan (red-Safranin-O staining) in vitro. Source: Kim et al.
[61]/Springer Nature/CC BY 4.0.
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and differentiation of primary stem cells derived from adipose tissue into the
expected lineage.

A recent development in the SLA printing field involves the continuous liquid
interface production (CLIP) facilitated by a well-controlled oxygen-inhibited dead
zone (persistent liquid interface), which prevents the resin from attaching to the
UV window. CLIP uses an oxygen-permeable curing window (a thin, amorphous
Teflon film) below the UV image projection plane to create an oxygen-containing
zone between the solid part and the liquid precursor where solidification cannot
occur. The rate of resin replenishment in this dead zone, the initiation efficiency,
and the resin reactivity together determine the speed at which the construct can
be formed continuously rather than layer by layer [62]. By using CLIP, Tumbleston
et al. [63] could utilize SLA in a way that surpasses any 3D printing process. The
novel implementation also surpasses conventional SLA techniques in terms of fab-
rication time and is only limited in terms of production time, which is based on the
curing rates and viscosity of the resin, and not on the gradual layering seen in typ-
ical SLA. Their approach allowed the production of scaffolds in minutes (speeds of
more than 1000 mm/h) instead of the hours required by traditional SLA techniques
(typical speed of only a few mm/h) and the production of structures of a few tens of
centimeters in size, which can contain features with resolutions below 100 μm. The
range of photocurable resins is quite wide with CLIP. Still, the viscosity and reactiv-
ity of the monomers are more critical as they affect oxygen diffusion within the resin
and the permeable curing window. There is also a compromise in this system where
increasing the production speed leads to 3D objects with lower resolution.

As mentioned earlier, the main advantages of SLA techniques are their ability to
produce complex designs with high resolution easily and to print constructs rapidly
without the need for a substrate. Since it is a nozzle-free process, the problem of noz-
zle clogging is eliminated, and bioinks with high cell concentrations (>106 cells/ml)
can be used. Despite several advantages that this process offers, it suffers from seri-
ous limitations that hinder its use in the bioprinting of cells and tissues. Firstly,
although there are many materials to work with SLA, there are few biocompatible
biomaterials that can be used [54]. Only photopolymerizable bioinks or bioinks con-
taining a UV-activated photoinitiator can be used. Commonly photocurable mate-
rials include derivatives of polyethylene glycol (PEG) acrylate, polyethylene glycol
methacrylate (PEGMA), poly(vinyl alcohol) (PVA), acrylated hyaluronic acid (HA),
dextran methacrylate, acrylated, capped poly-1-caprolactone co-trimethylene car-
bonate, and polypropylene fumarate (PPF) [64]. Although there has been some work
on the development of biodegradable photopolymerizable bioinks [65, 66], most
photoinitiators are cytotoxic, and the viability of the cells after printing is rather
low, so it is essential to use a cytocompatible photoinitiator. Recently, Grigoryan
et al. [67] exploited the use of food dyes, which are widely used in the food industry,
and showed that they could be used as potent photoabsorbers for the biocompati-
ble photopolymerization of photocrosslinkable hydrogels. They showed that the use
of such food dyes leads to increased resolution and reduced light diffusion in the
constructs. This enabled them to create complicated alveolar-like vascular struc-
tures and perfuse them with red blood cells. However, it is important to note that
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the hydrogel itself was not directly loaded with cells during fabrication. This hints
to the second limitation of SLA, namely that the cells are exposed to UV radiation
and are susceptible to cell lysis and DNA damage. Since photopolymerization is a
radically induced chemical reaction, the free radicals can also damage the cell mem-
brane, proteins, and nucleic acids. This limits the application of the technique and
is the reason why studies in which the SLA bioprinting was performed directly with
cells are sparse. These include the bioprinting of human dermal fibroblasts [65] and
embryonic dorsal root ganglia (Figure 17.2) [59] as well as murine mesenchymal
progenitor cells and embryonic fibroblasts [68]. Finally, SLA cannot form horizon-
tal gradients in the constructs, and sometimes it is difficult to remove the supporting
structure/remaining resin completely [54].

17.3.2 Droplet-Based Bioprinting

The main feature of droplet-based bioprinting is that the droplets of the cell-laden
bioink are generated and deposited at predefined locations on the substrate. As a
noncontact bioprint process, it offers a high-throughput method for the deposition
of multiple cells and cell types or biologics in small droplets at a specific spatial
position. Droplet-based techniques are usually divided into microvalve-based and
inkjet bioprinting. However, some also include electrohydrodynamic jetting and
acoustic-based bioprinting in this category. Inkjet bioprinting is further subdivided
into continuous inkjet printing (CIJ) and generally preferred drop-on-demand
(DOD). The latter DOD approach includes thermal, piezoelectric, electrostatic, or
acoustic printing and is described later [69].

Inkjet bioprinting, which is granted with the earliest cell printing patent, has
its origins in commercial 2D inkjet printing. In this noncontact technique, the
bioink (consisting of biomaterials, bioactive factors, and cells) is stored in a car-
tridge or reservoir and then transferred to the ink chamber to eject picoliter-sized
droplets [25]. By adjusting the properties of the bioink and the print patterns, inkjet
bioprinting can easily create gradients within a 3D structure. All these properties of
inkjet bioprinting allow its use for in situ production of heterocellular tissue [70].
As mentioned earlier, based on the droplet actuation mechanism, there are four
existing approaches to inkjet droplet extrusion, namely thermal, piezoelectric,
acoustic, and electrostatic inkjet printing. Among these, thermal and piezoelectric
printing are the most commonly used methods for producing scaffolds [71]. The
thermal actuation is based on a heating element that can superheat the bioink to
generate steam bubbles to eject the droplets. Although the temperature reaches
200–300 ∘C, the process lasts only a few microseconds (∼2 μs), resulting in an
overall temperature increase of ∼10 ∘C in the print head. Many results have shown
that this temperature increase has minimal impact on the viability of both the
printed cells and other integrated biologics [72]. The thermal inkjet printer can be
easily modified for bioprinting and has the advantages of high throughput, low
cost, and wide availability. It has, therefore, been used in numerous applications
in biofabrication and biomedicine [70]. However, the risk of exposing cells and
materials to thermal and mechanical stress, the low droplet directionality, the
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uneven drop size, the frequent clogging of the nozzle, as well as the potentially
unreliable cell encapsulation, are major disadvantages for the use of these printers
in 3D bioprinting [33]. In piezoelectric technology, voltage causes a rapid change in
the shape of the piezoelectric material, creating a pressure pulse in the liquid that
forces an ink droplet out of the nozzle. Unlike thermal technology, the piezoelectric
method does not use heat, so there is no coagulation or clogging of the nozzle [73].
In addition, the shape and size of the droplets can be adjusted by tuning the applied
voltage to the piezoelectric material. It is also possible to use a greater variety of
inks than with thermal inkjet printers because no volatile components are required.
However, the voltage applied in piezoelectric bioprinting is about 15–25 kHz, which
can cause lysis of the living cells similar to (ultra)sonication [74]. Other inkjet
printers use an acoustic radiation force associated with an ultrasonic field to eject
liquid droplets from an air–liquid interface. However, the acoustic frequencies used
in these printers have the potential to cause damage to the cell membrane and cell
lysis [75].

Overall, the advantages of inkjet bioprinting are the high resolution (∼50 μm),
the relatively high viability of the cells after printing (>80%), the ease of processing,
the affordability, as well as the fact that it allows rapid fabrication with highly
repeatable patterns (up to 10 000 droplets per second) [76]. Another advantage is
the possibility to introduce concentration gradients of cells, materials, or growth
factors in the entire 3D structure by changing the droplet density or size. Recent
developments in this technique have reported control of droplet sizes and depo-
sition rates from 1 to 300 pl in volume at up to 10 000 droplets/s [77, 78]. Droplet
bioprinting also shows great potential for “scaffold-free” bioprinting by depositing
cell layers in a sacrificial mold [15]. However, inkjet bioprinters still have limitations
in terms of material viscosity, cell density, and mechanical strength. A general
disadvantage of inkjet bioprinting is that the biological material must be in liquid
form to allow droplet formation. Only low-viscosity bioinks (∼3–12 mPa s) can be
printed to avoid clogging of the nozzles and high shear stresses, which also limit
the cell concentration in the bioink to <106 cells/ml [76]. The process, therefore,
often requires an additional cross-linking step. In most cases, chemical, pH, or
photocrosslinking gelation mechanisms are involved to ensure the stability of the
bioprinted constructs [79]. Chemical modifications of naturally occurring materials
and various cross-linking mechanisms alter both the chemical and material prop-
erties of the bioinks. They may even require products or conditions that are toxic
to the cells. This, in turn, slows down the bioprinting process and leads to reduced
viability and functionality [80]. One of the most recent successful applications
of droplet-based bioprinting was performed by Schöneberg et al. [60] where they
were able to successfully reproduce the three layers of a blood vessel (tunica
intima – endothelium, tunica media – elastic, smooth muscle cells [SMCs], and the
tunica adventitia – matrix of fibroblasts) using a natural cross-linking mechanism
(Figure 17.2). In the study, they separately deposited droplets of gelatin with
endothelial cells (ECs) to form the core of the structure, followed by a fibrinogen
layer with SMCs and an outer thrombin layer. Once the process was complete, the
collagen–fibrinogen-based bioink containing fibroblasts was rapidly cross-linked
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with thrombin. Other remarkable examples of the inkjet bioprinting approach are
the printing of cells and tissue constructs from bone [81], cartilage [82], skin [83],
cardiac [84], and nerve tissue [85], as well as the in situ regeneration of functional
skin [86] and cartilage [87].

17.3.3 Laser-Assisted Bioprinting

The LAB approach encompasses SLS and the more widespread laser-induced
forward transfer (LIFT), which is discussed in more detail [88]. A typical LAB/LIFT
system consists of a laser source (pulsed or continuous) with a focusing device, a
laser-transparent printing ribbon (with or without a laser energy absorbing layer,
e.g. gold or titanium) coated with a layer of biological material (e.g. hydrogel
and/or cells), and a substrate or collector slide placed on a motorized table. The
lasers irradiate the ribbon, causing the liquid biological materials to evaporate and
reach the receiving substrate in droplet form, which is why it is often classified
as a droplet-based technique. The receiving substrate contains a biopolymer or
cell-culture medium to maintain cell adhesion and continued growth after the
cells are transferred from the ribbon [89]. LIFT uses nanosecond lasers with UV or
near-UV wavelengths as an energy source for printing hydrogels, cells, proteins, and
ceramic materials [90]. The method has many unique advantages. It is a noncontact
process and therefore leads to high cell viability after printing (>95%) [91]. Since it
is a nozzle-free approach, the problem of clogging is also eliminated. The resolution
of LIFT features in the pico- to micro-range. It is influenced by many factors,
including laser fluence (energy emitted per unit area), surface tension, substrate
wettability, the air gap between the ribbon and substrate, and the thickness and
viscosity of the biological layer [92]. In addition to high resolution, the ability to
print a single cell per droplet, the ability to print high cell densities (up to 108 cells
per ml) compared to those observed in living tissues, and compatibility with a range
of viscosities (1–300 mPa s) are some of its other advantages [51, 76].

There are several reports on the successful use of LIFT to print cells, pep-
tides [93], and DNA [94] in a 3D spatial arrangement. Some of the experiments
with the patterning of living human cells include HaCaT keratinocytes and NIH3T3
fibroblasts [95], dermal fibroblasts [96], human umbilical vein endothelial cells
(HUVECs), and human umbilical vein smooth muscle cells (HUVSMCs) [97] as
well as rat Schwann and astroglial cells [91]. Although less common than inkjet
or microextrusion bioprinting, its high resolution and reproducibility make it
a viable option for tissue- and organ-engineering applications [33]. In addition
to simple cell patterning, the production of multilayered tissue constructs, such
as skin tissue [98, 99] and corneal structures [100], has also been demonstrated
using LIFT. In the latter study, Sorkio et al. [100] were the first to demonstrate
the feasibility of using LIFT for corneal applications. They produced three types
of human corneal structures, using recombinant human laminin and human
collagen I as the basis for the functional bioinks. The bioprinted cornea-like tissues
showed that they promote cell proliferation and viability, have morphological
features similar to those of the human ocular epithelium, express key markers
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of differentiated corneal epithelium, and form organized corneal stroma-like
structures. In addition, the fabricated stromal structures attached to the host tissue
and the migration of adipose tissue-derived stem cells into the host corneal stroma
after transplantation in porcine organ cultures were observed. LIFT was also
used by Kérourédan et al. [101] for vascularization and bone regeneration, where
they deposited high cell density of endothelial progenitor cells using LIFT onto
a collagen hydrogel previously cultured with stem cells from the apical papilla.
They observed the formation of a capillary-like network [101] and, in a follow-up
study after implantation, found significantly higher rates of vascularization and
bone regeneration when ECs were cultured in specific patterns and densities than
when they were randomly seeded [102]. On the other hand, Kim et al. have shown
that naturally occurring polymers can be used as bioinks and have equivalent
strength and stability properties to their synthetic alternatives. They created a
silk fibroin-based bioink by a methacrylation process. These hydrogels showed
excellent mechanical, rheological, and biocompatible properties, which makes
them useful for possible application in various TE structures. When incorporated
with human chondrocytes and bioprinted into a trachea-like form (Figure 17.2),
these architectures showed cartilage-like properties, including cell organization
and a matrix rich in proteoglycans and collagen [61].

Despite the numerous advantages of LAB over other bioprinting methods, there
are also many challenges. The high resolution of LIFT requires rapid gelation kinet-
ics to achieve high shape fidelity, resulting in a relatively low total flow rate [103].
In addition, there is always a risk of photonic cell damage, and the effect of laser
radiation on the cells cannot be eliminated [104]. The high cost of these systems is
also a concern for basic TE research, although, as with most 3D printing technolo-
gies, these costs are decreasing rapidly. The scalability of the process and the low
throughput, as well as the time-consuming production of the laser printing ribbon
and the complexity of controlling the laser pulses, add to the list of disadvantages
of this method. The nature of the method makes it unsuitable for the production
of full-scale tissue constructs suitable for RM, which limits its applications. How-
ever, as already mentioned, the method can be used for high-resolution structuring
of multicellular microenvironments at the cellular level [105].

17.3.4 Extrusion-Based Bioprinting

Extrusion-based bioprinting is the most widespread and affordable of all bioprint-
ing modalities. The bioprinter is usually driven by a pneumatic or mechanical sys-
tem (piston or screw) to extrude bioinks discretely or continuously (in the form of
cylindrical filaments) through the nozzle orifice. The printing process is repeated
layer by layer to finally produce complex 3D constructs. The relatively high reso-
lution of the process enables the bioprinter to accurately fabricate complex struc-
tures designed with CAD software and to facilitate the patterning of multiple cell
types. Compared to droplet-based bioprinting, extrusion-based bioprinting enables
fast printing, ease of use, and a wide selection of bioinks, including cell aggregates,
cell-laden hydrogels, microcarriers (MCs), decellularized matrices, and synthetic
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Figure 17.3 Extrusion-based 3D bioprinting of tubular structures. (a) Extrusion-based
bioprinting was used for layer-by-layer deposition of agarose cylinders and multicellular
smooth muscle cells cylinders (left) for the fabrication of hollow branched structures (right).
Histological images show a concentric double-layered vascular wall made of HUVSMCs and
human skin fibroblasts. Source: Norotte et al. [114]/with permission of Elsevier. (b) An
easy-to-manufacture core–shell nozzle prototype (left) was used to bioprint perfusable
alginate-based scaffolds (right) in a single processing step by cross-linking the hydrogel
with CaCl2 at the interface. The cross-sectional images of the scaffolds clearly show hollow
strands that support the attachment and growth of HUVECs and can serve as artificial blood
vessels. Source: Milojević et al. [115]/with permission of MyJoVE Corporation.

polymer fibers. This approach has been used in the bioprinting of cells, tissues, organ
modules, and organ-on-a-chip devices for TE, cancer research, drug testing, and
transplantation [36]. Several tissue types, including skin [14], skeletal muscle [106],
bone [107], cardiac tissue [108], liver [109], cartilage [110], nervous tissue [111], in
vitro pharmacokinetic [112], and tumor models [113] as well as branched vascular
trees (Figure 17.3) [114], were fabricated using this technique.

Based on the dispensing drive, extrusion bioprinting can be classified into three
types: more complex solenoid-based and simpler pneumatic and mechanical (pis-
ton or screw)-based extrusion [11]. Solenoid (electromagnetically driven) systems
use electrical pulses to open a valve by canceling the magnetic pull force generated
between a floating ferromagnetic plunger and a ferromagnetic ring magnet [116].
Pneumatic-based systems use compressed air to extrude filaments. They provide a
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simpler method of controlling bioink extrusion and are force limited only by the
air pressure capability of the system [117]. On the contrary, mechanically driven
mechanisms have smaller and more complex components. Due to the delay of the
compressed gas volume in pneumatic systems and the high complexity of electro-
magnetically driven systems, they also offer more direct control of the material flow
and allow greater spatial resolution, albeit with reduced maximum force capability.
While piston systems, which usually consist of syringes and needles, are generally
better suited for bioinks with lower viscosity, the screw system can generate higher
pressures for dispensing bioinks with higher viscosity. In the latter system, how-
ever, a large shear force along the nozzle can potentially damage the laden cells [11].
Microextrusion methods have a very wide range of fluid properties compatible with
the process, with a wide range of biocompatible materials. Materials with viscosities
from 30 to >6× 107 mPa/s [118] are compatible with microextrusion bioprinters,
with higher viscosity materials often providing structural support for the printed
construct and lower viscosity materials providing a suitable environment for main-
taining cell viability and function [15]. Researchers often use materials that have
shear-thinning properties and/or can be thermally cross-linked. Shear thinning is
a non-Newtonian material behavior that causes a decrease in viscosity in response
to an increase in shear rate [119]. The high shear rates present at the nozzle during
biofabrication allow these materials to flow through the nozzle. During the deposi-
tion, the shear rate decreases, which leads to a strong increase in viscosity. Materials
that flow at physiologically suitable temperatures (35–40 ∘C) but cross-link at room
temperature are particularly useful for bioprinting applications [120]. Alternatively,
some biocompatible materials flow at room temperature, which allows them to be
extruded together with other biological components, but cross-link at body temper-
ature to form a stable material [121]. The demand for bioinks with shear-thinning
properties for successful printing limits the versatility of the bioinks that can be used.

Extrusion-based bioprinting has many advantages. The most important are the
ability to continuously deposit highly viscous bioinks (∼600 kPa s) at high printing
speed and tolerance for heterogeneous formulations, which allows physiologically
relevant cell densities [122]. This ultimately facilitates scalability, i.e. the ability to
print tissue on a human scale, which is not possible with any of the other bioprinting
methods. Although scalability is the biggest advantage of this technology, it comes
at the expense of resolution. Extrusion-based bioprinting has the lowest resolution
of all bioprinting systems [123]. The minimum feature size of the technology is gen-
erally over 100 μm. The best nonbiological microextrusion printers can achieve a
resolution of 5 μm at a linear speed of 10–50 μm/s [33]. System resolution could
be improved by reducing the nozzle diameter, but the increased shear force could
damage the cells. Cell viability after microextrusion bioprinting is lower than with
inkjet bioprinting and is typically 40–95% [76]. It depends on the viscosity of the
bioink, cell concentration, and nozzle size, and the rate generally decreases as extru-
sion pressure increases and nozzle diameter decreases [52]. Although overall cell
viability, which is essential for achieving tissue functionality, can be maintained
with low pressures and large nozzle sizes, the drawback can be a significant loss
of resolution and printing speed. Nozzle clogging is another inherent problem in



17.3 Recent Advances in 3D Bioprinting Approaches and Their Application 507

extrusion-based bioprinting. Another limitation of the process is the need for bioinks
with shear-thinning properties for successful printing, which limits the versatility of
the bioinks that can be used [15].

17.3.4.1 Solving the Problem of Vascularization Using Extrusion-Based
Bioprinting
Probably the greatest disadvantage of extrusion bioprinting for the production of
tissue-relevant scaffolds is the inability to produce hollow tubular structures of inter-
connected 3D networks that would allow blood perfusion and promote oxygen and
nutrient diffusion [124]. Such channels can be additionally seeded with ECs and
serve as artificial blood vessels [125]. Progress has been made toward larger tis-
sue constructs, but the bottleneck remains the availability of bioinks as the neces-
sary structural integrity, resolution, and biocompatibility have yet to be achieved.
Recently, 3D extrusion of two different materials in a core–shell approach using
coaxial needles for extrusion has gained attention [126–129], as it allows the pro-
duction of tubes with hollow channels. Similar to conventional 3D microextrusion,
core–shell printing is performed with a coaxial nozzle where two needles of dif-
ferent diameters are aligned on the same axis so that the wider needle encloses
the narrower one. In this way, two materials can be extruded simultaneously, with
one serving as the central filament or “inner” core and the other as the “outer”
shell [129]. Up to now, coaxial bioprinting has been used to produce structures with
solid material [130], core/shell [131], and hollow strands [128, 132]. The technique
offers the possibility to combine materials with different mechanical properties, with
the stiffer material supporting the softer one. More importantly, if the scaffold mate-
rial (e.g. carboxymethyl cellulose, alginate) is extruded as a shell, while the core,
which consists of the cross-linking agent (e.g. calcium chloride), is dosed from the
inner capillary and rinsed out after printing, a continuous hollow tube can be pro-
duced [133]. Recently, a group of researchers introduced an easy-to-manufacture,
simple-to-use, customizable core–shell nozzle with luer compatibility that can be
used with a wide range of materials to directly fabricate hollow structures shown
in Figure 17.3. They demonstrated its use by 3D printing alginate-based scaffolds
in which the filament was cross-linked with a liquid core of CaCl2. The latter was
removed after printing, resulting in scaffolds with hollow filaments that supported
the adhesion and growth of ECs [115]. Attalla et al. [134] have further developed the
idea and presented a new nozzle design suitable for multiaxial extrusion to 3D print
and pattern two- and three-layer hollow channel structures. Their nozzle design
allows fast, easy, and cost-effective embedding of the structures in layers of gels
and ECM. They demonstrated the ability to print distinct concentric layers of differ-
ent cell types, namely ECs and fibroblasts. By embedding various layers of different
cell-friendly materials (collagen and fibrin) next to materials with high mechanical
strength (alginate), they were able to increase the long-term viability and growth of
the cells without compromising structural integrity. These highly complex hetero-
geneous and hierarchical architectures show a great potential for the application of
artificially produced tubular or fiber-like structures, including applications in vas-
cular and nervous tissues. Kang et al. [135] presented a complex extrusion-based
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3D printing technology called integrated tissue–organ printer (ITOP), which can
produce stable, human-scale tissue constructs. They demonstrated the capabilities
of ITOP by fabricating mandible and calvarial bone, cartilage, and skeletal muscles.
The ITOP can produce complex, mechanically stable tissue scaffolds by printing
cell-laden hydrogels together with biodegradable polymers in integrated patterns
and anchoring them on sacrificial hydrogels. The system is also capable of incor-
porating microchannels into the hydrogel structure, which, through the supply of
nutrients, led to a viability of up to 97%.

17.3.5 Combining Multiple 3D Bioprinting Approaches

Finally, it is important to stress that each of the bioprinting methods highlighted in
this section has its advantages and disadvantages. No approach can achieve the goal
of fabricating fully functional tissues or organs on its own. This makes it clear that
for the successful bioprinting of physiologically relevant functional tissues, it will be
crucial to develop hybrid bioprinting systems that combine the advantages of several
bioprinting methods. Kim et al. [136] were among the first to report on a hybrid bio-
printing system that can print simultaneously with extrusion- and inkjet-based dis-
pensing methods. They demonstrated one-step bioprinting of a 3D model of human
skin using this hybrid system, which consists of three printing methods – melt extru-
sion was used to print a poly(ε-caprolactone) (PCL) mesh that serves as a scaffold or
support structure, extrusion-based bioprinting for the dermal layer, and inkjet-based
bioprinting to pattern the keratinocytes over the dermal layer that forms the epider-
mal layer. Next, Lee et al. [137] used an already-developed hybrid system [138] of
inkjet printing (for hydrogels) and FDM (thermoplastics) to improve the mechan-
ical stability of scaffolds. They printed PCL and cell-laden hydrogels while using
PEG as a sacrificial layer to construct complex-shaped scaffolds for ear regeneration.
Using these complex ear-shaped scaffolds, positive in vitro results of chondrogene-
sis and adipogenesis were obtained from the coprinted chondrocytes and adipocytes.
We recognize that the future of bioprinting lies in the development of such hybrid
bioprinting systems that are capable of using different bioprinting modalities simul-
taneously, taking advantage of different methods and exploiting their limitations to
bioprint fully functional, physiologically relevant tissues and organs with complex
multilayered, multicellular architecture.

17.3.6 4D Bioprinting

In principle, 3D bioprinting only considers the initial state of the printed object and
assumes that it is static and inanimate. However, engineered tissue constructs can
undergo transformation (swelling, degradation, etc.) after the printing has finished,
and controlling this transformation would be of enormous benefit to both RM and
biomedical research. As a result, the concept of 4D bioprinting, which integrates
time with 3D bioprinting as the fourth dimension, has recently entered the research
discourse in TE. Here, time refers to the fact that smart biomaterials and bioprinted
constructs can evolve their shapes and functionalities over time through externally
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applied stimuli. The unique additional dimension of time provided by 4D bioprinting
promises dynamic temporal control in addition to the spatial hierarchy in the fab-
ricated tissues. It offers the possibility to create an immense variety of structures
with the highest complexity and resolution [139]. Gao et al. define two types of 4D
bioprinting. The first involves the printing of materials with inherent properties or
functionalities that can reshape or transform in response to external stimuli. The
second refers to the maturation of manufactured constructs in a time-dependent
process [19]. Although the latter is proving to be a promising strategy for better
reconstruction of native tissue and for overcoming the limitations of 3D bioprint-
ing, it is a general principle of any TE process. Therefore, 4D bioprinting is better
addressed when there is an active time-dependent change in biological constructs
that leads to improved functionality beyond conventional tissue maturation [140].
Ramos and Moroni [140] categorize the shape transformation in 4D bioprinting
into three main approaches. The first is comparable to the traditional scaffold-based
approach and involves the shape transformation of cell-free constructs and the sub-
sequent seeding of cells. This method is less attractive because living cells limit the
choice of materials to be used and the fabrication method. The second approach
involves first depositing cells on the 3D-printed scaffolds and then shape transform-
ing the already cell-laden construct. This is a promising strategy to provide structural
and topographical, time-dependent cues to the seeded cells. The third technique is
the direct fabrication of a construct with a cell-laden material, followed by its shape
transformation. Due to the limitations in controlling cell deposition during the 3D
bioprinting process, this method proves to be the most challenging. However, since
the shape transformation takes place while the cells are already incorporated into
the construct, the second and third approaches have many advantages [140]. Broadly
speaking, there are four categories of triggering stimuli: (i) manual transformation,
(ii) spontaneous shape transformation, (iii) stimulus-responsive, and (iv) cell con-
traction [141]. Of all mentioned, the stimulus-responsive approach offers the most
advantages since it allows precise temporal control of the shape transformation.
It also allows the folding of multiple objects made of different materials at different
scales. The process can be triggered by temperature, pH, moisture, electromagnetic
fields, and light [139].

For applications in bone TE, Parameswaran-Thankam et al. [142] have synthesized
an injectable thermoresponsive hydroxypropyl guar-graft-poly(N-vinylcaprolactam)
copolymer and modified it with nano-hydroxyapatite. In addition to the excellent
injectable and thermo-gelling properties suitable for osteoblastic cell growth, the
guar-based hydrogel also enabled controlled drug delivery and formed apatite-like
structures. Zhao et al. [143] also used thermoresponsive materials. They modified
them with HA and chitosan to create novel injectable scaffolds with osteoinductive
and osteoconductive activities to support the formation of new vascularized bone.
To support the survival and proliferation of mesenchymal stem cells (MSCs) and
to induce the early bone-forming marker alkaline phosphatase (ALP) as well as
osteogenic regulators and the expression of bone markers, the authors combined
the thermoresponsive hydrogel with graphene oxide. In addition, the in vivo
transplantation of scaffolds resulted in well-mineralized and highly vascularized
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trabecular bone formation. For applications in cartilage TE, Betsch et al. [144] have
incorporated iron nanoparticles into a bioink based on agarose. During printing,
they applied a magnetic-based mechanism to create constructs with alternating
layers of random and aligned fibers (Figure 17.4). The chondrocyte-laden con-
structs with alternating layers of aligned and random fibers expressed significantly
more collagen II compared to the exclusively randomly aligned fiber constructs.
Furthermore, hydrogel mixtures with unidirectionally oriented collagen fibers
showed significantly higher compression moduli compared to hydrogel mixtures
with random fibers. The authors confirmed the importance of the structural and
architectural properties of bioinks. Zhang et al. [146] also incorporated iron (Fe3O4)
nanoparticles into a tetra-PEG/agar hydrogel and produced magnetically responsive
dressings suitable for use in soft-tissue injuries.

In addition to the excellent biocompatibility, in vivo drug release studies showed
that these hydrogels performed better than commercially available ointment
systems in terms of restoring the injured soft tissue. A proof-of-concept patch
with great potential for cardiac regeneration was recently demonstrated by Miao
et al. [147]. Using a unique photolithographic–stereolithographic tandem strategy
with smart soybean oil epoxidized acrylate inks, they created novel hierarchical 4D
micro-patterns. The cardiomyogenic behavior of human mesenchymal stem cells
(hMSCs) was regulated by the distinct topographic properties of the scaffolds, and
the external stimulus exerted immediately after printing. The MSCs grew actively
and were highly aligned along the micropatterns, forming an uninterrupted cell
sheet. When external stimuli were applied, a 4D shape change was observed that
transformed a 2D design into flower-like structures. In addition, the scaffolds
possessed a shape-memory effect beyond the 4D features. Using SLA-based 4D
printing, the same group also developed novel, multiresponsive architectures based
on the same smart soybean oil epoxidized acrylate inks that use a universal concept
of stress-induced shape transformation to achieve 4D reprogramming. The mecha-
nism of the internal-stress-induced shape-changing process is shown in Figure 17.4.
In addition, different pattern designs led to different 4D transformations, and the
printed designs showed reversible dynamic shape changes and a shape-memory
effect (Figure 17.4). The biomaterials have an enormous potential for applications
in the regeneration of nerve tissue. They demonstrate this with a smart nerve
guidance conduit on a graphene hybrid 4D construct, which offers excellent
properties for nerve regeneration, including physical guidance, chemical cues,
dynamic self-entubulation, and seamless integration (Figure 17.4) [145]. Using a
“staircase effect” strategy to produce 4D anisotropic skeletal muscle tissue, the same
group also studied the effects of topographic cues on skeletal muscle differentiation.
Using a layered coating together with a shape-memory polymer, smart constructs
with shape fix and recovery processes were produced. The topographic cues of such
constructs significantly increased the expression of myogenic genes, suggesting
their potential for use in TE constructs with highly organized and anisotropic ECM
components [148].
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17.4 Materials Used in 3D Bioprinting

In addition to the bioprinting techniques selected based on the targeted tissue
requirements, appropriate bioink selection, including biomaterials, cells, and
biochemical signals, is necessary for the successful fabrication of the construct. A
bioink is defined as an “A formulation of cells suitable for processing by an automated
biofabrication technology that may also contain biologically active components and
biomaterials [149].” Different types of bioinks can be used depending on the
specific bioprinting technique. They differ in composition and include, for example,
cell-encapsulated gels, cell suspensions, or even tissue spheroids. It is important
to note that the cells are the obligatory component of a material to be classified as
bioink [149].

However, due to their beginnings in industrial prototyping, most 3D printing pro-
cesses lack sufficiently developed biocompatible input materials [10]. Therefore, one
of the major challenges in this area has been to find materials that are not only com-
patible with bioprinting and biological materials (e.g. cells, growth factors, surface
ligands) but that can also provide the desired mechanical and functional properties
for tissue constructs. Materials commonly used in the field of RM or as biomaterial
inks for 3D printing are predominantly based either on naturally derived polymers,
often isolated from animal or plant tissue, or on synthetic molecules [56]. Compared
to metallic and inorganic materials, polymers are suitable candidates for TE appli-
cations due to their high biocompatibility, favorable physical properties such as
lower density, easy modifiability, controlled degradability, low cost, and reduced
environmental impact [150]. Among the different types of bioinks, polymer-based
hydrogels have attracted attention due to their specific properties, such as a
hydrophilic 3D structure capable of absorbing and retaining large amounts of water,
adjustable physical and biochemical properties, biomimetic characteristics, biocom-
patibility, biodegradability, effective mass transfer, and the ability to form different
shapes [151]. Hydrogels offer perfect “soft-material” systems for imitating the native
ECM [152]. Except for the stiffest tissue types such as bones and teeth, hydrogels can
mimic a range of elastic modulus values of most soft tissues in the body by manip-
ulating the chemistry, cross-linking density, and polymer concentration. Therefore,
they have been extensively used in a variety of biomedical applications, including
the fabrication of tissue and organ scaffolds [153]. The most suitable methods for
hydrogel printing are inkjet, light-assisted, and especially extrusion-based 3D print-
ing systems [154]. The physicochemical properties and gelation method of hydrogels
can be adjusted by chemical, physical, and enzymatic mechanisms or modulated
by thermal/pH sensitivity [155]. However, there are only a limited number of
suitable hydrogels that can act as bioinks, and modifying their properties remains
a challenge [122]. In general, common hydrogels for 3D bioprinting are made from
natural polymers such as alginate, agar, gelatin, cellulose, collagen, fibrinogen,
fibrin, and HA [156]. Various key properties such as concentration, molecular
weight, viscosity, gelation kinetics, and stiffness are important determinants when
selecting a hydrogel for 3D bioprinting. Comprehensive overviews of the properties
of hydrogels for 3D bioprinting can be found under references [122, 156, 157].



17.4 Materials Used in 3D Bioprinting 513

The biggest limitation of hydrogels remains their mechanical strength, which is
essentially poor. Moreover, their composition can vary from one hydrogel to another,
making it impossible to use the same hydrogel composition for many different
specific applications. On the other hand, hydrogels made of synthetic polymers
such as PEG, poly(acrylamide) (PAAM), poly(ethylene glycol)diacrylate (PEGDA),
natural gelatin methacrylate (GelMA), and PVA have controllable chemical and
mechanical properties [56]. In addition, the use of synthetic polymers such as PCL
and poly(D,L-lactic-co-glycolic acid) (PLGA) and their combination with naturally
derived hydrogels for scaffolding has led to higher mechanical strength, better
processability, and controllable degradation rates [158]. However, these synthetic
polymer scaffolds have a relatively low biological activity and are hydrophobic by
nature. They must therefore be modified in such a way that they become bioactive
by the incorporation of adhesive molecules during polymerization. In addition, the
restriction of polylactone-type polymers is the release of acidic by-products during
degradation, which causes inflammation of the surrounding tissue [159]. The
recent progress of natural and synthetic biomaterials and bioinks for 3D printing of
tissues and organs has been extensively investigated by Ng et al. [52].

Given the above considerations, it is not surprising that the four most common
bioinks so far are made of hydrogels. According to the number of publications,
these are the following: alginate, collagen, gelatin, and GelMA [52]. Due to its fast
cross-linking properties, good printability, and low cost, alginate is still by far the
most popular material for the production of bioinks and an excellent candidate for
the bioprinting of large tissues [160]. The gelling properties of this versatile polysac-
charide can be induced either by adding divalent cations as gelling agents [160]
or by chemical modification of alginate-dialdehyde (ADA) with gelatin [161]. The
viscosity of the alginate solution can be adjusted by changing the average molecular
weight, molecular weight distribution, and average chain segment ratio [162].
Alginate is biodegradable, and although its degradation rate is slow, it can be
increased by oxidation. However, it is bioinert due to the lack of cell adhesive
moieties. This can be modified by adding cell adhesion signals, such as RGD
(arginine–glycine–aspartic acid), to the polymers [163]. Cellulose, a plant-derived
polysaccharide, is another widely used polymer for TE and RM purposes. As it is
the most abundant organic compound on earth [164], it is a sustainable natural
resource for the production of functional tissue scaffolds. In addition, cellulose
can be made thermoresponsive by conversion into cellulose ethers, namely methyl
cellulose, hydroxypropyl cellulose, and hydroxymethyl propyl cellulose [164].
However, processing into structures with complex architecture and high cellulose
content remains a challenge. This limitation has prevented cellulose-based bioinks
from reaching the level of structural control and mechanical properties. To solve
this problem, Hausmann et al. [165] developed a simple approach to produce
complex cellulose-based scaffolds that combines the shaping capabilities of 3D
printing with a wet densification process. After the printing process, the structure
density was increased by exchanging water with a poor solvent for the cellulose
particles, which induces attractive interactions between the cellulose nanoparticles.
This increased the concentration of cellulose in the 3D-printed structure to a
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previously inaccessible value of 27.35 wt%. The cellulose-rich scaffolds (Figure 17.5)
obtained by this process exhibited highly aligned microstructures and mechanical
strength that was significantly higher than the one obtained by earlier additively
manufactured cellulose-based materials.

Another popular polysaccharide is HA, which exhibits excellent biocompatibility
and biodegradability. By modification with the methacrylate group, HA hydrogels
can be formed when exposed to ultraviolet light [169]. Due to its strong mechanical
strength, it could be a good candidate for printing hard tissues such as bones
and cartilage [170]. In second place behind polysaccharides in terms of usability
are the structural proteins, which can form highly complex, hierarchical, porous
structures and provide essential cues for the regulation of cellular behavior and
functions [33]. The main structural protein of the ECM is collagen, which is why
bioinks based on collagen (collagen, gelatin, and GelMA) are widely used due to
their excellent biocompatibility and broad availability. Collagen, a biocompatible
and biodegradable polymer to which cells adhere and proliferate in, has been
widely used to regenerate skin, bone, cartilage, and pancreatic islets [98, 122, 171],
and has been widely used for 3D bioprinting [4]. A recent study has shown that
highly complex hierarchical porous structures can be created by using a DOD inkjet
bioprinting approach and collage-based macromolecular bioinks that manipulate
the porosity within the bioprinted 3D collagen matrix [172]. In contrast, gelatin,
a denatured form of collagen that is water soluble, biodegradable, noncytotoxic,
and nonimmunogenic, is highly unstable at physiological temperature due to its
thermoreversible cross-linking mechanism. However, using a cross-linking process,
as demonstrated by Laronda et al. [166], who were able to produce functional
ovaries (Figure 17.5) and restore fertility in mice, or by Irvine et al. [167], who
have applied a novel enzymatic cross-linking approach of gelatin-based bioinks
(Figure 17.5) by microbial transglutaminase to facilitate the printing of cell-laden
hydrogels with high accuracy and structural fidelity. Gelation of gelatin can also
be modified by adding methacrylate groups to the amine side groups of the gel.
The modified gelatin gel is photocrosslinkable in the presence of a photoinitiator.
The rheological property of GelMA can be chemically modified. For example,
acetylation of free amino groups could change the viscosity of GelMA [173]. GelMA
hydrogels with high cell viability have been printed and used to produce cartilage
and cardiovascular structures [109]. Another popular protein-based material is
fibrin because it can bind to many growth factors [174]. Fibrin gels have been
printed to release vascular endothelial growth factor (VEGF) and promote vascu-
larization [175]. It has been used to print tubular tissue structures such as proximal
renal tubules [176] and thick vascular networks [177].

17.4.1 Combining Materials

Initially, 3D printing focused on processing pure polymers only, but as the tech-
nology grew, the development of composite inks evolved. The main objective of
using composite inks is to improve the properties of the ink, such as processabil-
ity, printability, mechanics (stiffness, strength, anisotropy, etc.), and bioactivity
(improvement of cell function and tissue integration). Inzana et al. demonstrated
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the feasibility of the process. They used a ZPrinter® 450 to fabricate scaffolds for bone
regeneration (Figure 17.5), made from a composite of calcium phosphate and type I
collagen. The scaffold showed improved mechanical properties and cellular benefits
in vitro [168]. Composites also play an important role in increasing the mechanical
properties of hydrogels. For example, composite hydrogel scaffolds, such as those
made with ceramic or glass particles, can retain their hydrophilic polymer network
to mimic those of the innate tissue while increasing their mechanical strength to
resist the compressive forces caused by cell proliferation and differentiation [5].
Composites can be the most important biomaterials for 3D printing of ECM-like scaf-
folds. For example, hydroxyapatite composites are widely used in bone TE. Hydrox-
yapatite is the most important inorganic composition of bone and has excellent
biodegradability, osteoconductivity, and osteoinductivity. Hydroxyapatite–polymer
composite hydrogels for 3D printing were prepared by mixing hydroxyapatite
particles with polymers such as silk, collagen, and alginate [168, 178].

An alternative approach to increase the mechanical strength of hydrogels and
increase the overall tissue stiffness is to deposit them next to thermoplastic polymers
(e.g. PCL), resulting in so-called hybrid scaffolds. PCL is often chosen as a reinforce-
ment thermoplastic polymer because of its good biocompatibility, relatively long
degradation time (∼2 years), and low melting temperature of 60 ∘C [179]. Due to its
relatively low specific heat capacity and high thermal conductivity, it has a rapid
cooling capability. This allows simultaneous printing with cell-laden hydrogels
immediately after extrusion without significantly damaging the surrounding
cells. A multinozzle deposition system has been developed that can deposit both
biopolymers and thermoplastic polymers to create heterogeneous tissues with
sufficient mechanical strength. In addition, different types of PCL scaffolds could be
implemented to adjust the mechanical properties of the printed constructs without
affecting the viability of the encapsulated cells within the hydrogel network [116].
For example, PCL/alginate-based hydrogels with increased mechanical strength
for osteochondral tissue were bioprinted using a multihead tissue/organ building
system. The desired stiffness was achieved by fabricating the PCL framework and
filling the pores between the stacking lines with alginate. Osteoblast and chondro-
cyte cell types were successfully encapsulated in the pores of the PCL network [180].
More recently, Boere et al. [181] reinforced GelMA with a thermoplastic polymer
mixture of poly(hydroxymethylglycolide-co-ε-caprolactone)/poly(ε-caprolactone)
(pHMGCL/PCL) functionalized with a methacrylate group. The thermoplastic
polymer mixture covalently bonded to the GelMA by photopolymerization led
to a significant increase in the interfacial bond strength between the materials.
Therefore, the reinforced hydrogels showed improved resistance to axial and
rotational forces.

17.5 Designing the Ideal Bioink

The search for the optimal material or composition to fabricate 3D printed scaffolds
is a constant challenge. As the variety of biological materials for TE applications
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increases, the list of required material properties has become more specific and
complex. First, the materials must have appropriate cross-linking mechanisms to
facilitate deposition, and they should meet several physicochemical properties,
such as the right viscosity and sufficient mechanical strength after cross-linking, to
retain their 3D shapes after printing [156]. Such biocompatible materials are used to
fabricate polymeric frameworks (scaffolds) or sacrificial parts to create complex 3D
structures while maintaining high pattern fidelity [182]. In addition, the material,
while protecting the cells from external forces by encapsulation [114], must have
suitable swelling behavior and the short-term stability required to maintain the
original mechanical properties, so that tissue structures such as pores and channels
do not collapse. More importantly, the material should not only exhibit high bio-
compatibility but also provide the spectrum of biochemical (i.e. chemokines, growth
factors, adhesion factors, or signaling proteins) and physical cues (i.e. interstitial
flow, mechanical and structural properties of the ECM). This supports cellular
attachment and promotes a favorable environment for cell survival, proliferation,
motility, differentiation, and function [183]. The most important material properties
that should be considered when designing a bioink are (i) biocompatibility, (ii)
printability, (iii) material mimicry, and (iv) physicochemical properties, which
include structural and mechanical properties, degradation kinetics, and swelling
characteristics.

17.5.1 Biocompatibility

Biocompatibility and biological activity of the material are the first parameters to
be considered when selecting a material for a bioink as they are necessary for tissue
development and remodeling during (especially long-term) in vivo implantation.
Since the materials must accommodate the encapsulated cells or facilitate engraft-
ment with the endogenous tissue without generating an immune response, this
crucial requirement considerably limits the number of suitable materials. Recent
developments in TE have upgraded the goal of biocompatibility from the simple
need for a material to play a passive role in tissue without causing unwanted local
or systemic effects to the expectation that implanted materials passively enable or
actively generate desired effects in the host [184]. While being cytocompatible, the
material must provide a spectrum of biochemical signals (i.e. chemokines, growth
factors, adhesion factors, or signaling proteins) that promote an environment for cell
survival, motility, and differentiation. This also enables interaction with the body’s
own tissues and/or immune system, supports the corresponding cell activity, and
facilitates molecular or mechanical signaling systems, all of which are essential for
successful transplantation and function [33]. Naturally derived hydrogels are partic-
ularly attractive materials for bioprinting tissue/organ transplants, as they generally
meet these requirements and provide an equally suitable environment for cells.

17.5.2 Printability

An important property of a suitable material is that it can be deposited with the
desired spatial and temporal control, precisely and accurately. Printability refers
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to the ability of the material to support manufacturing and rapid solidification.
Properties that facilitate handling and deposition by the bioprinter include viscosity,
gelation methods (cross-linking mechanisms), and rheological properties. Another
key dilemma of the bioprinting process includes the selection of an optimal bioink
concentration without compromising the print fidelity (requires high bioink
concentration) or long-term cell viability (requires low bio-ink concentration).
Some types of bioprinting technology, such as microextrusion, may require specific
cross-linking mechanisms or shear-thinning properties of the material in order for
the material to flow steadily and then rapidly stabilize upon deposition to form a
3D structure [79]. As mentioned earlier, microextrusion can also use highly viscous
materials to maintain a 3D shape after deposition, with the final cross-linking
occurring after fabrication. For other printing modalities, the deposition of highly
viscous materials can be facilitated by adjustments to the curing process during
bioprinting. Viscous inks that have kinetics that prevents deposition in the solution
phase can be extruded as microparticles (e.g. poly(dimethylsiloxane), PDMS) that
are cured before deposition [185]. On the other hand, inkjet printing is limited by
material viscosity and requires materials with a fast cross-linking time to facilitate
layering of a complex 3D structure. For low-viscosity solutions, the low degree
of covalent cross-linking before extrusion can facilitate precise control of the
rheological properties of bioinks to ensure printability. The printing process can
also be designed to allow photocrosslinking through a transparent nozzle, allowing
low-viscosity materials to be printed as stable filaments. Exposure after deposition
leads to material flow, and exposure before extrusion leads to material fracture [186].
Further modifications to the printer hardware, such as photopermeable nozzles and
switchable print heads fed from multiple reservoirs, will expand the possibilities
for materials and complexity in biofabrication [157]. However, the printability
and interrelation of bioinks in different bioprinters and on related substrates must
always be first carefully evaluated to produce accurate, high-resolution patterns.

17.5.3 Biomimicry

17.5.3.1 Incorporation of Bioactive Molecules
The main objective of TE is to develop a biomimetic microenvironment that
provides a complex site-specific combination of biochemical and mechanical cues
that actively influence the attachment, migration, proliferation, differentiation,
and function of both endogenous and exogenous cells [187]. The inclusion of
bioactive factors, enzymatic recognition sites, gradients, and adhesion factors are
among the conventional approaches used to modify biomaterials and improve
their biomimicry [188]. For example, the encapsulation of bioactive molecules
(e.g. growth factors or cytokines) in bioinks and their subsequent diffused release
after bioprinting is a simple way to regulate cell behavior [189]. Techniques such
as microspheres and hydrogels can be combined into 3D bioprinted scaffolds to
achieve an efficient, sustained release of various bioactive factors [190]. Poldevaart
et al. [191], for example, investigated the controlled release of VEGF from gelatin
microparticles (GMPs) as a means to prolong VEGF activity at the preferred site
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within 3D bioprinted scaffolds and the effects on subsequent vascularization.
They used an extrusion bioprinter with a pneumatic dispensing system to produce
Matrigel-alginate scaffolds with built-in VEGF-loaded GMPs. They showed that
GMPs are suitable for the fabrication of scaffolds with sustained-release profiles
of bioactive VEGF and that they can be used to create defined differentiation
regions in 3D bioprinted heterogeneous constructs. In murine models, the use of
GMPs to control the release of VEGF in a continuous, sustained manner (up to
three weeks) resulted in significantly higher vascularization compared to scaffolds
without growth factors and scaffolds with rapid release of VEGF. Biomimetic
materials also control cell attachment and proliferation. Adding surface ligands to
a material is a frequently used method to further improve both processes [192].
Additional approaches such as surface modification by physical adsorption or
chemical bonding are typically used to increase cell attachment and proliferation
and to regulate cell differentiation by interaction with cellular surface ligands
and/or modulation of signaling pathways. However, the bulk modification of
the material may affect its physicochemical properties and those of the resulting
scaffolds. Conversely, postprocessing surface modification of printed scaffolds only
changes the interactions between cell/tissue and material surface [193, 194].

To perfectly emulate native tissue, it is not only important to incorporate cells
and bioactive components into a material, but also to mimic their native 3D spatial
distribution in a construct (scaffold), which ensures the correct spatial distribution
of cells and biochemical signals to control tissue formation and remodeling [195].
The creation of precise patterns of bioactive molecules can be achieved by various
methods such as prepolymer mixing, modular assembly, and, more importantly,
various 3D bioprinting techniques [196]. In the latter case, the development of
aqueous bioinks has opened up the possibility of incorporating bioactive molecules
and cells into 3D-printed scaffolds. It has been shown that scaffolds with multiple
bioactive molecules and precise architecture can be created by SLA. Although
SLA has the advantage of excellent resolution, it is difficult to print with multi-
ple materials, which could limit the range of biochemical gradients that can be
achieved. To achieve spatial control of more than one bioactive molecule, multiple
resins loaded with different bioactive molecules must be used. In addition, the
incorporation of different resins requires multiple washes and successive pho-
topolymerization steps to remove uncrosslinked monomer. Using SLA, Gbureck
et al. were able to produce calcium-phosphate-based scaffolds with VEGF and
copper ions. They placed these factors precisely at the end of the closed pores within
the implants and showed that both VEGF and copper improved vascularization
compared to the unloaded controls [197]. One of the first studies to underline the
significant influence of bioprinting bioactive molecules on the performance of
scaffolds was conducted by Ilkhanizadeh et al. [198]. They used inkjet bioprinting
to fabricate hydrogel scaffolds containing gradients of fibroblast growth factor
2 (FGF2) and ciliary neurotrophic factor (CNTF). The authors investigated the
effect of these bioactive factors on the differentiation of neural stem cells. They
showed that the concentration of cells increased in a way that correlated with the
concentration gradient of CNTF. In a recent proof of concept, Liu et al. [199] used
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extrusion bioprinting and described a novel design that can be used to create a
hydrogel scaffold with simultaneous spatial control of up to seven different bioinks
as seen in Figure 17.6. The design combines seven separate capillaries in a single
point in the print head. Independently controlled pressure can be applied to each
capillary, allowing the bioinks to be printed independently or simultaneously
in any desired combination. The authors constructed a cylindrical scaffold with
inwardly decreasing concentrations of hydroxyapatite through seven concentric
circular GelMA and alginate rings. They also demonstrated a technique that allows
different hydrogel concentrations, cell populations, or any other type of bioink to
be contained in a controlled portion at different positions in a continuously printed
fiber.

17.5.3.2 Mimicking the Native Physicochemical Properties
Furthermore, both the choice of material and the characteristics of the 3D bioprinted
construct on all size scales (macro-, micro-, and nanoscale) influence the size and
shape of the cells, which inevitably affects the differentiation process [202, 203].
Being the primary interface for cell interaction, the material surface plays a key
role in guiding cell behavior and fate. The presence of micro- and nanotopologi-
cal features such as ridges, steps, and grooves also influences cell attachment and,
through cytoskeletal reassembly, proliferation, and differentiation [204]. It is known
that especially micro- and nanoscale properties of materials influence cell adhe-
sion, cell orientation and spatial positioning, expression of surface antigens, and
thus cell motility. The resulting changes also lead to cytoskeletal re-arrangement,
which modulates intracellular signaling pathways and ultimately influences tran-
scriptional activity and gene expression [205, 206]. Ideally, the surface characteristics
should be closely tailored to the critical aspects of the native or pathologically altered
tissue. Recently, Milojević et al. [207] presented a simple approach for adjusting
the surface properties of scaffolds. They created hybrid hydrogel formulations from
commonly used materials (alginate, carboxymethyl cellulose, nanofibrillated cellu-
lose [NFC]) and incorporated variable concentrations of nickel-copper nanoparticles
into the hydrogels. They showed that the nanoparticles could be an effective tool not
only for controlling the surface properties of scaffolds but also for manipulating the
hydrogel viscosity and swelling as well as the degradation kinetics. 3D printed scaf-
folds also promoted cell adhesion, cell aggregation, and migration and supported the
long-term growth of pancreatic cells, which also had a more physiologically relevant
morphology.

17.5.3.3 Decellularized Extracellular Matrices
The application of these principles is useful in controlling the differentiation of
cells in a scaffold to a specific phenotype. Still, the strategy to develop biomimetic
materials for specific physiological functions requires a comprehensive understand-
ing of the native tissue-specific composition and the localization of the bioactive
components of the ECM in the tissue in question. Although bioinks provide
critical biochemical cues that regulate cell behavior, most existing bioinks are not
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Figure 17.6 3D bioprinting of biomimetic scaffolds. (a) A continuous multimaterial extrusion bioprinter was able to print multimaterial constructs with
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components (collagen and GAGs) and DNA contents of native and dECM tissues. The bottom images show cdECM, hdECM, and adECM 3D bioprinted
scaffolds consisting of dECM bioinks. Source: Pati et al. [200]/with permission of Springer Nature. (c) Digital designs and corresponding 3D scaffolds with
incorporated channels. Cross-sectional and top view fluorescent images show hUVECs cultured within the perfusable channels. Source: Ji et al. [201]/with
permission of Elsevier.
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able to fully emulate the complexity of the native ECM. The ability to reproduce
materials and scaffolds identical to the ECM using a bioprinting approach would
be a breakthrough in TE and RM. Tissue decellularization methods [208] could
provide intact ECM scaffolds (decellularized extracellular matrices, dECM) for a
detailed analysis of ECM composition, localization, and biological functions [33].
dECM refers to the natural extracellular matrices obtained from different parts of
native tissues and/or organs through a decellularization process. Such matrices
closely mimic the complexity of the ECM, which plays a crucial role in regulating
cell–cell and cell–biomaterial interactions [209]. The dECM for each tissue type
can be obtained by different decellularization protocols. The protocol usually
involves lysis and removal of the cellular components of the tissue by perfusion
with deionized water or detergents. This leaves behind a tissue-specific ECM.
While the composition and material properties of the dECM may vary depending
on tissue source and processing method, the composition usually consists of
common proteins/macromolecules such as collagen, laminin, fibronectin, elastin,
and their tissue-specific GAGs, cytokines, and growth factors [210]. Over the years,
various bioinks from dECM of different tissues and/or organs have been used
for 3D printing. Some examples include adipose [211], cardiac [212], vascular
[213], corneal [214], liver [215], muscle [216], and pancreatic [217] tissues as well
as skin [218], dentin [219], and tendon [220]. In a recent study, Pati et al. [200]
demonstrated, for the first time, the ability of dECM bioinks to be incorporated into
3D-printed cell-laden scaffolds capable of harboring cells and creating functional
tissue. They developed a multihead tissue printing process to create cell-laden
scaffolds using novel dECM bioinks made of decellularized fat, cartilage, or cardiac
ECM (Figure 17.6). Human adipose-derived stem cells (hASCs) were cultivated
in scaffolds from decellularized adipose tissue, human inferior turbinate-tissue
derived mesenchymal stromal cells (hTMSCs) in decellularized cartilage and
myoblasts in decellularized cardiac tissue. This approach allowed them to generate
in vitro tissue analogs with either adipogenic or chondrogenic potential. They
showed that hASCs or hTMSCs could be printed by encapsulation in a dECM gel
and that in vitro culture did not modify cell survival and proliferation, but increased
the commitment of stem cells toward either adipogenic lineage within the dECM
from adipose tissue or chondrogenic lineage within the cartilage dECM. In addition,
increased structural maturation of myoblasts was observed in constructs prepared
with dECM from cardiac tissue. A major advantage of this method is the application
of the tissue-specific ECM, which provides crucial cues for cells engraftment,
survival, and long-term cell function.

However, even the best dECM bioinks are not able to perfectly replicate the com-
plex ECM, since the highly specific spatial positioning of each structural protein
within the native tissue is disrupted during preparation [52]. One of the challenges
in tissue decellularization is to find a balance between the complete removal of cel-
lular components and the preservation of fine vessels and other tissue structures. In
addition, some toxicity has been observed when cells are grown on decellularized
tissue scaffolds, possibly due to retention of the decellularization detergent within
the ECM [221].
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Since the cells produce and deposit the tissue ECM, bioprinted, self-organizing
cell spheroids can create an environment that is best suited for their function. This
provides a more native-like environment for cells and promotes better cell–cell inter-
action. By exploiting this process, scaffold-free TE has emerged in recent years, in
which spheroids with high cell densities are cultivated without the use of a carrier
material. Although the resulting structures are small, they can be assembled into
larger structures. This approach might be of particular interest for induced pluripo-
tent stem cells (iPSCs) until new hydrogels are discovered that can better maintain
the viability and differentiation state of iPSCs [140].

17.5.4 Physicochemical Properties

17.5.4.1 Designing the Required Mechanical Properties
In addition to the decisive physicochemical parameters such as viscosity, wetting/
swelling behavior, degradation kinetics, by-products, and gelling time [33], a suitable
bioink should have appropriate mechanical properties that support the 3D structure
after bioprinting [151]. Native tissues and/or organs also have unique anatomical
structures that should be reproduced in a 3D construct because they perform highly
complex and specific functions [222]. A suitable material is essential not only for
maintaining the required 3D structure but also for producing specific mechanical
cues. Therefore, the maintenance of these properties is essential for the function of
the printed construct [79]. Hydrogels meet most of the required criteria and typically
have good printability and have therefore been widely used for bioink design. On the
other hand, hydrogels are usually soft and do not have self-supporting properties for
printing complex 3D structures. They are susceptible to a variety of external condi-
tions that, under their own weight, lead to melting, dissolution, or material defor-
mation. This can be mitigated by postprocessing fixation methods, which usually
involve physical or chemical cross-linking and can improve the mechanical stability
of the structures. The most commonly used method is the covalent cross-linking
of hydrogels, but this is not a favorable solution as the chemical cross-linking is
irreversible and can lead to the formation of toxic by-products [223]. To adjust the
mechanical properties of hydrogels and to obtain suitable hydrogels with desired bio-
physical properties, several parameters need to be controlled simultaneously, includ-
ing temperature, reaction conditions, chain and functionality, chemical structure,
methods, and degree of cross-linking, pH, and ionic strength [151, 224]. However,
deviating from physiological conditions during scaffold preparation usually has a
negative impact on most of the biologically active components of the bioink and
reduce cell viability [225]. In addition, additives that are normally incorporated into
bioinks to improve their mechanical stability can lead to inhomogeneity in the poly-
mer network [226].

One approach to overcoming these limitations is the use of sacrificial materials
(so-called fugitive inks), which improve the quality and fidelity of the printing
process and only temporarily provide the required structural and mechanical
properties [227]. Fugitive inks are used in two ways: either (i) during printing
around the structure (in the form of a carrier bath) to support their formation in
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open space and allow sufficient cross-linking in the structure [228, 229], or (ii)
they can be incorporated within the structure and allow internal channels to form
or function until the endogenously produced materials can adequately perform
their function [33, 177]. The potential application for the development of vascular
tissues using sacrificial materials was recently demonstrated by Ji et al. [201].
First, they constructed methacrylate alginate or methacrylate HA hydrogels with
incorporated sacrificial ink (Pluronic). Using a sequential printing process, the
photocurable hydrogel was printed layer by layer, each layer being exposed to
light for a short time to create partially cross-linked, self-supporting layers. At the
desired thickness, immediately after the deposition of the layer (before the partial
cross-linking step), the sacrificial hydrogel was printed directly inside this viscous,
uncrosslinked layer. The layer was then exposed to light to enclose and support the
sacrificial hydrogel. Once the system was fully cross-linked, the sacrificial hydrogel
was washed away, forming a channel, as can be seen in Figure 17.6. The authors
also incorporated MSCs into the bioprinted matrix hydrogel and seeded ECs into
the hollow channels, which were later perfused. After attachment within the
channels, the ECs formed circumferentially confluent layers. The novelty of their
method results from the fact that the matrix hydrogel and the sacrificial ink were
not mixed during the deposition process, which enabled a high resolution of the
final channel after perfusion. Recently, a new strategy called “Freeform Reversible
Embedding Suspended Hydrogels” (FRESH) [230] has been developed. It uses a
support bath made of a material that exhibits Bingham plastic behavior, which
flows like a viscous liquid at high shear stresses but behaves like a rigid body at
lower shear stresses. This property of the bath allows the syringe nozzle to move
through the substrate with negligible resistance while supporting the extruded
material and maintaining the geometry of the printed structure. In FRESH, the
carrier material usually consists of a slurry of GMPs that is melted and removed
after the structure is completed by simply raising the temperature to 37 ∘C. In
addition to core–shell printing, FRESH presents another viable bioprinting strategy
for the creation of 3D-printed perfusable microchannels. In a recent study, xanthan
gum was deposited into CaCl2-infused gelatin to form sacrificial earlobe-shaped
channels. Using this method, the authors created complex 3D structures that were
stable enough to support themselves and complex channel geometries that were
uniformly perfusable [230]. Along with gelatin, another frequently used “fugitive”
material is Pluronic F-127 (PF127), a synthetic polymer based or poloxamer. Due
to its higher printability, the use of PF127 bioink results in significantly smaller
microchannels (≥100 μm diameter) compared to gelatin channels (≥700 μm
diameter) [177].

Another interesting approach for improving materials mechanical properties
is the addition of laponite nanoclay to a bioink, which causes a rapid increase
in viscosity when shear stress is reduced and gives the bioprinted structure good
structural stability. The incorporation of laponite nanoclay does not influence the
cross-linking mechanisms, so that hydrogel composites, which can retain their
complex 3D structures with self-supporting properties, can be produced even before
complete cross-linking [231].
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17.5.4.2 Physicochemical Gradients
Secondly, materials must be carefully selected based on the required mechanical
properties of the final construct, and different requirements are needed for dif-
ferent types of tissues [232]. To fully mimic the properties of native tissues, the
mechanical properties of a 3D-printed construct should mimic those of the in
vivo tissue, which also encompasses physical gradients that are not only present
at boundaries between different tissue types but are also present within a single
tissue [233]. Physical gradients are defined as changes in physical properties such
as material porosity, morphology, or stiffness throughout the ECM. Such gradients
of mechanical properties at both the macroscopic and microscopic levels play
a crucial role in regulating cell behavior and allow the formation of complex
anisotropic tissues [151]. The biomechanical cues and interactions between cells
and substrate also control the cell phenotype and genotype [234]. In particular,
substrate stiffness influences cell proliferation, adhesion, contractility, growth,
and migration and is the key regulator of phenotypic and genotypic responses of
a wide range of cell types [235]. For example, it has been shown that substrate
stiffness controls the differentiation and migration of MSCs into different cell types
such as myoblasts, osteoblasts, and neurons [236]. Furthermore, cells exposed
to stiffer substrates experience a higher modulus of elasticity in their plasma
membrane with a better-organized actin cytoskeleton. Cells cultivated on stiffer
substrates proliferate faster and migrate more slowly than cells cultivated on
soft substrates [237]. In fact, Hadjipanayi et al. showed that the cells migrate to
stiffer surfaces, a phenomenon that has since been referred to as durotaxis [238].
The development of tissue scaffolds with heterogeneous mechanical properties
would thus serve better to imitate the native cellular environment and further
support the function of specific cell populations. There are a limited number
of studies that use extrusion-based 3D printing to create gradient scaffolds and
investigate the influence of mechanical gradients on tissue formation. Recently,
Di Luca et al. [239] investigated the influence of scaffolds with stiffness gra-
dients on osteochondral regeneration. They created stiffness-gradient scaffolds
by bioprinting PLA, PCL, and poly(ethylene oxide terephthalate)/poly(butylene
terephthalate) (PEOT/PBT) copolymers in different ratios. They showed that cells
on homogeneous scaffolds showed higher activity of ALP compared to cells on
gradient scaffolds. Within the gradient scaffolds, however, microenvironments
were created that showed regions of high ALP activity. The authors concluded
that these high activity regions are due to the surface energy gradients generated
by the different materials within the constructs. Other approaches to modify
mechanical properties could use changes in cross-link density using SLA or other
light-based approaches or changes in extrusion parameters to change the fiber
or layer thickness. In addition, most tissues exhibit anisotropy, which further
complicates the physical requirements of scaffolds [240]. The effects of anisotropic
materials on tissue regeneration have only been researched to a limited extent since
the production of anisotropic materials using classical manufacturing methods has
been an extremely difficult task until now. However, AM allows precise control
over the scaffold design, so that anisotropic materials can be reliably designed
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and fabricated. Recently, Cox et al. [241] have fabricated a hydroxyapatite-based
scaffold using powder-fusion pressure. They showed that the anisotropic behav-
ior of the scaffolds could be easily controlled by changing the architectural
design.

Another important physical gradient to be considered when designing a scaffold
for tissue regeneration are pore gradients. The success of tissue ingrowth into a scaf-
fold is strongly dependent on the pore size and overall porosity [242]. Highly porous
biomaterials support de novo tissue regeneration by (i) providing a large surface area
for cell attachment and growth, (ii) promoting the transport of nutrients and waste
products, (iii) facilitating mechanical interlocking with adjacent tissue, and (iv)
allowing vascularization of the construct [243]. Although native tissue is inherently
porous, it is not homogeneously distributed. Instead, it is distributed in a way that
maximizes the overall performance of the tissue [244]. Therefore, a scaffold with
only one uniform pore size would have functional limitations. Scaffolds with pore
gradients have been shown to prolong static culturing by increasing accessibility
to nutrients and oxygen [245]. An ideal scaffold should have a tissue-specific
graded porosity that maximizes the regenerative potential of the scaffold [246].
3D bioprinting opened the possibility of precisely controlling the pore geometry,
interconnectivity, and pore size and, in particular, creating regions with variable
pore size within a single scaffold. Although there are not many examples that
focus on gradient generation, SLA, and other light- or laser-based printing methods
have the potential to create constructs with gradient pore sizes and concentrations.
The high resolution of these techniques could allow very specific and targeted
placement of pores within a scaffold [247]. Several other methods have also been
developed to create functional gradient architectures [248–250]. For example,
Sobral et al. [251] have applied 3D extrusion bioprinting and investigated the
influence of pore size gradients on cell-seeding efficiency. Scaffolds with alternating
pore sizes of 100 and 750 μm were produced by the deposition of PCL. It was shown
that a graded pore structure increases seeding efficiency compared to an ungraded
architecture. The authors hypothesized that this effect is due to more tortuous
channels within the heterogeneous scaffolds, which increases the residence time
of the cells and increases the probability of contact between the scaffold and
the cell.

17.5.4.3 Swelling and Degradation Behavior
Other important physicochemical parameters for the fidelity of the bioprinted
construct are its swelling behavior, contractile characteristics, and degradation
kinetics. The first parameter is mainly determined by the degree of cross-linking
and charge densities [225] and influences the final shape and size of the printed
3D construct [121]. In general, the use of high degrees of cross-linking in hydrogels
results in lower swelling ratios, which leads to smaller pore sizes [252], reduces the
diffusion of oxygen and nutrients required for cell survival, and limits the removal
of waste products from the encapsulated cells [253]. Although highly cross-linked
hydrogels offer good shape retention after bioprinting, they are not always optimal
from a biological point of view due to the impairment of cell migration and
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proliferation and thus inhibit the remodeling and functional integration of the
construct [122]. A possible solution to this problem is the use of already-mentioned
hybrid scaffolds that combine tissue-specific optimized hydrogels with materials
that offer mechanical stability and facilitate shape retention [182]. On the contrary,
over-swelling materials can potentially lead to the absorption of fluid from the sur-
rounding tissue. In contrast, high contraction leads to the closure of pores or vessels,
which are essential for cell migration and nutrient delivery. The understating of
these responses is important when using multiple materials with different swelling
or contraction behavior, as this could potentially lead to loss of layer integrity or
deformation of the final construct.

Ultimately, if a 3D bioprinted construct is to differentiate into functional tissue,
the cells must eventually proliferate and replace the printed material with new
ECM. Nondegradable hydrogels may have the disadvantage of being elastic when
interacting with cells. At the same time, the ECM of various human tissues such as
the brain, liver, and adipose tissue is viscoelastic and has a certain degree of stress
relaxation [254]. Besides, in vitro cellular studies have shown that cell morphology,
proliferation, and migration in hydrogels are inhibited if the hydrogels are not
degraded over time [255]. As the material degrades, the embedded cells drive
the remodeling process by secreting proteases that initiate the degradation of the
biomaterial or, in the case of hydrolytic polymers, by remodeling the matrices
during the loss of the biomaterial [26]. The cells then produce ECM proteins that
define the new tissue [256]. Several aspects of degradation should be carefully
considered. The first is the ability to control the rate of degradation, which should
ideally match the cells’ ability to produce their own ECM to replace the material.
This is a challenge because materials with appropriate functional and mechanical
properties for a given tissue may not match the cells’ ability to replace the mate-
rial during degradation [33]. In addition, as scaffolds degrade, they can further
influence the remodeling process, depending on whether toxic by-products are
produced during degradation. The second important factor to consider is therefore
degradation by-products, which usually define the biocompatibility of degradable
materials. Ideally, the degradation products should be nontoxic, easily metabolized,
and quickly eliminated from the body. Toxic products may include small proteins
and molecules that affect cell physiology either directly or by creating an unfa-
vorable environment, e.g. by influencing pH, temperature, or other factors that
may affect cell viability and function. For example, some high-molecular-weight
polymers that are initially inert may be broken down into oligomers or monomers,
which are recognized by the cells and may cause inflammation and other adverse
effects [56].

17.6 Application of 3D Bioprinting for the Fabrication
of Tissues and Organs

There has been significant progress in the field of bioprinting in the past decade.
Different types of functional tissue are printed and tested. This section is, therefore,
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focused on the current state of the art in the use of 3D bioprinting to produce
skin, cardiac, bone, and cartilage tissue, which have attracted the most interest in
recent years.

17.6.1 Skin

The skin is a three-layer structure (outer epidermis, a middle dermis, and inner
hypodermis) that is made from several types of cells, including keratinocytes,
fibroblasts, and melanocytes. It performs several vital functions, such as regulatory
(thermal, hydration, and excretory), perceptive (touch, temperature, and pain),
and protective (barrier, UV light absorption, immune monitoring, and mechanical)
functions. Due to the enormous market demand, bioprinting of skin has recently
attracted a lot of attention. It is expected that skin will be one of the first bioprinted
tissues to be used clinically or for drug/cosmetic testing [257]. Although the pro-
duction of tissue-engineered skin constructs may seem like a simple process, native
skin has a highly complex 3D structure that requires precise structuring of cells
and biomaterials to facilitate important cell–cell and cell–biomaterial interactions.
Considerable progress has been made in this area, and many bioprinting processes
for printing skin tissue constructs that structurally and biologically mimic native
human skin have been explored. Using LIFT, Koch et al. [99] were among the first
to report on the bioprinting of skin cells (NIH3T3 fibroblasts and HaCaT human
immortalized keratinocytes). Cells suspended in collagen hydrogel were printed to
form a 3D skin tissue construct consisting of 20 layers of fibroblasts and 20 layers
of keratinocytes. After 10 days, the constructs showed good viability and exhibited
tissue morphogenesis. Lee et al. [98] used the microvalve bioprinting method to
print HFF-1 fibroblasts and HaCaT keratinocytes suspended in collagen hydrogel
to form a multilayer skin construct consisting of dermal and epidermal layers.
Histological examination and immunofluorescence characterization after 14 days
revealed morphological similarities of the printed construct to native in vivo human
skin tissue. Using the same technique, Rimann et al. [258] were the first to show that
bioprinting can be used on a production scale, with the fabrication of a multilayer
skin construct taking only several minutes (not including the cultivation time).
Human primary dermal fibroblasts and epidermal keratinocytes were suspended
in a PEG-based photopolymerizable bioink for bioprinting. The epidermal layer
was printed after different periods of time (up to six weeks) after the cultivation of
the printed dermal construct. The importance of the quality of the dermal layer to
produce biomimetic skin tissue was shown, as the formation of stratum corneum
was observed only in the constructs cultured for six weeks before printing the
epidermal layer. Fibroblasts in the dermal layer proliferated up to 42 days and
produced their own ECM. With the help of microvalve printing, an attempt was
also made to integrate other cell types present in the skin, such as melanocytes. Min
et al. [259] reported on the bioprinting of a pigmented full-thickness skin model
shown in Figure 17.7.
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Figure 17.7 3D bioprinting of skin tissue constructs. (A) Microscopic cross-sectional
images for structural and histological examination of 3D bioprinted biomimetic skin
without (top) and with (bottom) included melanocytes. The blue arrows indicate the areas
of pigmentation, while the black arrows show the dermal–epidermal junction. Source:
Min et al. [259]/with permission of John Wiley & Sons. (B) Optical microscopy images (top)
of normal human skin and bioprinted skin after 26 days of culture, with tissues stained with
Masson’s Trichrome. Fluorescent microscopy observations (bottom) of epidermal
differentiation and dermal marker profiles of bioprinted skin compared to normal human
skin from a healthy donor. Source: Pourchet et al. [260]/with permission of John Wiley &
Sons. (C) Bioprinting workflow (left) from medical imaging data to BioMask fabrication and
illustrations of facial skin wound animal model creation and surgical procedure of BioMask
application (right). Source: Seol et al. [261]/with permission of Elsevier.
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To fabricate a pigmented skin construct, epidermal melanocytes and keratinocytes
suspended in a collagen hydrogel were printed on the dermal layer (fibroblasts)
cultivated the day before on an air–liquid interface culture. Histological examina-
tion and immunocytochemical characterization after 10 days showed evidence of
pigmentation and melanin granules within the epidermal layer. More recently, Ng
et al. [262] have been using a two-step DOD strategy to produce 3D biomimetic
hierarchical porous structures found in native skin tissue. Their strategy facilitates
the deposition of cell droplets to mimic the epidermal melanin units (prede-
fined patterning of keratinocytes and melanocytes at the desired positions) and
the manipulation of the microenvironment. The characterization of bioprinted
pigmented skin constructs has shown that they exhibit high similarity to native
skin tissue in terms of the presence of well-developed, stratified epidermal layers
and the presence of a continuous layer of basement membrane proteins. Two
research teams used extrusion-based bioprinting to fabricate biomimetic skin tissue
constructs. Using primary human fibroblasts and keratinocytes suspended in a
gelatin/alginate/fibrinogen hydrogel, Pourchet et al. [260] produced a human skin
construct. The histological and morphological characterization (Figure 17.7) of the
bioprinted skin 26 days after printing showed the characteristics of human skin,
both at the molecular and macromolecular levels, as evidenced by biomarkers of
the dermal layer and epidermal differentiation. Cubo et al. [263] used a multinozzle
extrusion bioprinting system to produce human bilayered skin. Three syringes
were used, whereby cell-containing media was extruded through the first nozzle,
the second contained a human plasma with fibrinogen and tranexamic acid, and
the third contained a cross-linking solution. Human epidermal keratinocytes
suspended in cell media were printed onto the dermal layer prepared from human
dermal fibroblasts after a 30-minute incubation. In vitro and in vivo studies showed
that the printed skin showed structural and biological similarities to native human
skin. Recently, Derr et al. [264] have produced a fully 3D bioprinted skin equivalent
using a similar configuration with three syringes. The dermis-mimicking layer was
prepared with a hydrogel-containing gelatin, fibrinogen, type I collagen, and elastin
incorporated with fibroblasts. The epidermis consisted exclusively of keratinocytes
in the culture medium, and the basal layer was a solution of laminin/entactin.
This bioprinted skin equivalent showed high cell viability, good barrier function,
and was morphologically similar to native tissue. Huang et al. [265] also used an
extrusion-based system to print epithelial progenitor cells and dermal homogenates
suspended in a gelatin/alginate hydrogel. In vitro and in vivo studies confirmed the
differentiation of epithelial progenitor cells into functional sweat glands. A similar
study was recently conducted by Cheng et al. [266]. To induce differentiation, they
used bioinks based on alginate/gelatin and showed that epidermal progenitor cells
injected on the bioink differentiate into sweat gland-like cells. After seven days, the
cells expressed keratin-associated markers.

Furthermore, it was shown that the stiffness of bioink was similar to that of
mouse dermal tissue. Liu et al. [267] also developed bioprinted skin structures



17.6 Application of 3D Bioprinting for the Fabrication of Tissues and Organs 531

with a similar hydrogel composed of alginate/gelatin. Human epithelial cells and
MSCs were bioprinted to form two-layer skin-like constructs of the epidermis
and stromal layers in vitro. These constructs showed rheological properties corre-
sponding to their potential applications, including shear-thinning behavior and
temperature-dependent viscosity, and support high cell viability. Closer to a possible
application in clinical situations is a novel approach developed by Seol et al. called
“BioMask” [261]. This is a customized engineered skin substitute (Figure 17.7)
combined with a wound-dressing layer. More precisely, it consists of three layers:
(i) a porous polyurethane layer, (ii) a hydrogel layer loaded with keratinocytes (HA,
glycerol, gelatin, and fibrinogen), and (iii) a hydrogel layer loaded with fibroblasts
(HA, glycerol, gelatin, and fibrinogen). Using CT images of skin wounds, the
authors precisely deposited dressing material and cell-laden hydrogels into the
wound. The in vivo results demonstrated skin contraction, and the histological
examination showed the regeneration of skin tissue consisting of epidermal and
dermal layers.

17.6.2 Heart

The cardiovascular system consists of the heart and blood vessels, which include
arteries, veins, and capillaries. The fabrication of hollow-perfusable scaffolds using
various bioprinting approaches, vascular networks, and novel manufacturing strate-
gies that support the creation of channel structures was a major focus of this chapter
and is discussed in great detail throughout the review. Hence, the focus of this section
will be mainly on the production of functional cardiac tissue.

The number of valve replacement surgeries is increasing, and conventional TE
methods cannot reconstruct the valve’s native anatomy and replicate the heteroge-
neous cell populations. However, bioprinting has proven to be a viable alternative
for the construction of biomimetic heart valves [268]. The advantages of bioprint-
ing over other TE methods include the exact replication of complex biomimetic
architecture (e.g. tricuspid valve), the ability to create mechanically heterogeneous
structures, and the spatial control of valve cells (e.g. valve interstitial cells [VIC] and
SMCs) [108]. Duan et al. [123] were among the first to successfully bioprint an aor-
tic valve conduit from porcine aortic VICs and human aortic root SMCs suspended
in an alginate/gelatin hydrogel. Using a similar approach, the same group [269]
bioprinted a tricuspid valve using human aortic valve interstitial cells (HAVICs) sus-
pended in a methacrylated HA/methacrylated gelatin hydrogel. After seven days,
the constructs maintained post-printing cell viability of over 90%. Histological and
immunohistochemical analysis showed cell proliferation, ECM production, and sig-
nificant gene expression of αSMA, vimentin, periostin, and collagen 1A1. However,
the printed construct did not meet the mechanical requirements of native valve
tissue.

The main reason why cardiovascular diseases are the most common cause of
death worldwide is the fact that the myocardium has a severely limited ability
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to regenerate. Therefore, the greatest motivation for cardiac TE is to fabricate
human-engineered cardiac tissues that are very similar to native myocardium
tissue. Using LIFT, Gaebel et al. [270] patterned HUVECs and hMSCs on a cardiac
patch made of polyester urethane urea (PEUU). A patch with randomly seeded
cells was used as a control. In vivo studies demonstrated that the bioprinted patch
with spatially arranged cells showed more blood vessel formation and increased
capillary density as well as led to a significant improvement in the functionality
of infarcted hearts eight weeks after transplantation in rats. The Gaetani team
published two studies in which they used extrusion-based bioprinting to fabricate
cardiac tissue. In the first [271], human fetal cardiomyocyte progenitor cells
(hCMPCs) suspended in alginate hydrogel were printed into a tissue construct
with cardiogenic potential. The viability of the cells postprinting was 89% after
seven days, and the cells retained their cardiac lineage with upregulated gene
expression of early cardiac transcription factors and the sarcomeric protein
troponin T. In the second study [272], they fabricated functional cardiac tissue
constructs from hCMPCs suspended in gelatin/HA matrix and implanted them
into mice that exhibited improved cardiac performance. In contrast, Wang et al.
[273] have recently used sacrificial 3D bioprinting to produce functional and
contractile tissue (Figure 17.8). The constructs were made from a fibrin-based
cardiomyocyte-laden hydrogel, a sacrificial gelatin-based hydrogel, and PCL.
The constructs were characterized concerning cardiac cell synchronization, beat
behavior, electrophysiological properties, and measurement of the contractile force.
These constructs had a highly organized structure with the unique physiological
and biomechanical properties of native cardiac tissue. They showed physiological
responses to known cardiac drugs in terms of beating frequency and contractile
forces.

Skylar-Scott et al. [275] also used sacrificial 3D bioprinting and reported on
a novel approach called sacrificial writing into functional tissue (SWIFT). The
authors used the technique to fabricate organ-specific tissues with high cell density
(∼108 cells/ml) and to create perfusable vascular channels. To achieve this, they
used patient-specific iPSC-derived organoids as “organ building blocks” suspended
in a collagen-based ECM solution. These structures were then compacted and
printed into a gelatin-based sacrificial ink to create vascularized structures. As an
example, they created a perfusable cardiac tissue composed of organ building
blocks of iPSC-derived cells mixed with dermal fibroblasts and the collagen-based
ECM. When the construct was fused into a disc-shaped form, it began beating
synchronously over seven days with calcium waves propagating rhythmically and
rapidly throughout the tissue. This architecture was then perfused and, in the course
of eight days, developed a pervasive sarcomeric configuration with increased con-
tractility and beat synchrony. In addition, the authors printed an arterial vascular
network geometry within the cardiac matrix using patient-specific structural data to
accurately reproduce the geometry of the left anterior descending coronary artery.
Lee et al. [276] report on an improved method of 3D bioprinting collagen using
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Figure 17.8 3D bioprinting of cardiac tissue. (a) Bioprinting of cardiac tissue constructs in string or patch form using the customized ITOP system (top).
Gross appearance and cardiac beating measurement with time as well as immunofluorescent images of bioprinted cardiac tissues (middle). Bioprinted
cardiomyocytes expressed α-actinin (red), connexin (green), and cell nuclei (blue). Immunofluorescence for α-actinin of bioprinted cardiac tissues in
culture, representing different levels of cellular organization and tissue development: α-actinin (red) and cell nuclei (blue) as well as calcium imaging
analysis for synchronization of bioprinted cardiac tissues (bottom). After three weeks, bioprinted cardiac tissue showed regular synchronous contractile
behavior. Source: Wang et al. [273]/with permission of Elsevier. (b) An omentum tissue was extracted from the patient, and while the cells were separated
from the matrix, the latter was processed into a thermoresponsive hydrogel. The cells were reprogrammed to become pluripotent and then differentiated
into cardiomyocytes and ECs, followed by encapsulation within the hydrogel to produce the bioinks used for printing. The bioinks were then printed to
create vascularized patches and complex cellularized structures (top left). Bioink characterization: human omentum before/after decellularization and
morphological, rheological, and immunocytochemical analysis of the dECM bioinks (bottom left). 3D bioprinting of personalized vascularized cardiac
patches (top right) and bioprinting of thick vascularized tissues (bottom right). Source: Noor et al. [274]/John Wiley & Sons/CC BY 4.0.
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FRESH for the production of components of the human heart at various scales, from
the capillaries to the whole organ. The control of the pH-driven gelation allows a
resolution of the filaments of 20 μm. The authors developed a porous microstructure
that allows rapid cellular infiltration and microvascularization as well as mechan-
ical strength for the fabrication and perfusion of multiscale vasculature and
tricuspid valves. When printed with human cardiomyocytes and cardiac fibroblasts,
the ventricles showed synchronized contractions, the propagation of the directional
action potential, and wall thickening of up to 14% during peak systole. In addition,
the FRESH-bioprinted entire neonatal human heart accurately reproduced the
anatomical patient-specific features, including the atrial and ventricular chambers,
trabeculae, and the pulmonary and aortic valves as determined by μCT. In addition,
the selection of an optimal bioink material is also crucial for improved functional
maturation of cardiomyocytes. The successful differentiation of iPSCs on GelMA
scaffolds for the production of cardiac tissue was recently demonstrated by Kerscher
et al. [277]. In addition, Noor et al. [274] have 3D printed thick, vascularized and
perfusable cardiac patches using an omental tissue biopsy to develop decellularized
matrices that fully match the immunological, cellular, biochemical, and anatomical
characteristics of the patient (Figure 17.8). The extracted omental cells were repro-
grammed into iPSC and subsequently differentiated into either cardiomyocytes or
ECs. Using supporting medium consisting of sodium alginate, xanthan gum, and
calcium carbonate, they were able to fabricate functional vascularized patches that
mimicked the patient’s anatomy, with elongated cardiomyocytes with actininic
striation.

17.6.3 Bone

The human bone has a highly complex hierarchical structure that performs various
biological, mechanical, and chemical functions. It consists of two different regions:
the outer compact bone (cortical bone) and the inner trabecular bone (cancellous
bone), which contain several cell types. The bone has a complex hierarchical struc-
ture containing both inorganic crystalline minerals (hydroxyapatite) and organic
components (type I, III, IV collagen, and fibrillin) in a highly ordered network [278].
Since it is a dynamic vascularized tissue, it is capable of self-healing and remodeling
without scarring. However, its self-regenerative capacity is not sufficient if there is
a large bone defect, and there is a need for bone implants (autografts, allografts,
or artificial replacements) [279]. Successful bone TE requires mechanically stable,
biocompatible bone scaffolds with a controlled pore size (200–350 μm), degradation
rate, and sustained release of biomolecules (for osteogenesis and angiogenesis)
that serve as temporary bone implants [244, 280]. Traditional approaches have
focused primarily on shape and mechanical stability and include the use of
porous metal, ceramic, or polymer scaffolds that can support bone regeneration
and growth. With the progress of bioprinting technologies, more complex bone
structures could be printed. Several types of cells suspended in a hydrogel could
be spatially arranged to form a biomimetic bone construct for testing and clinical
transplantation.
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Some studies [138] used extrusion-based printing to produce alginate-based
scaffolds that promoted osteogenic differentiation. In another study, Neufurth
et al. [281] used pneumatic extrusion printing (Figure 17.9) to fabricate algi-
nate/gelatin scaffolds with integrated osteogenic sarcoma cells (SaOS-2). When an
overlay of agarose and the calcium salt of polyphosphate [polyP⋅Ca2+ complex]
was added to the scaffolds, an increase in cell proliferation and mineralization
was observed. In order to improve the structural and osteogenic properties of
mechanically unfavorable alginate-based bioinks, Choe et al. [285] have incorpo-
rated graphene oxide in inks. The composites were used to print scaffolds, which
improved the osteogenic differentiation of MSCs. Duarte-Campos et al. [282] investi-
gated how material stiffness influences osteogenic differentiation. For this purpose,
they bioprinted agarose/collagen scaffolds (Figure 17.9) with different stiffness val-
ues. They were able to fine-tune the hydrogel stiffness by adjusting the concentration
of collagen in the final polymer mixture. Recently, Wei et al. [283] further improved
the osteogenic differentiation of adult stem cells. The authors developed a silk/
fibroin-based composite (together with gelatin, HA, and tricalcium phosphate) and
coated it with human platelet-rich plasma (PRP). Human adipose-derived MSC
cultured on the 3D printed composite structures (Figure 17.9) showed significantly
increased gene expression levels of late osteogenic markers and improved growth
and proliferation profiles.

Similarly, Lai et al. [286] have also developed novel porous composite scaffolds
made of magnesium, poly(lactide-co-glycolide), and β-tricalcium phosphate. The
scaffolds were fabricated with low-temperature AM and transplanted into rabbit
models with defects in femoral condyle defects. After 12 weeks postoperatively,
newly formed vessels and significant bone formation with complex architecture
were observed. The constructs exhibited well-designed biomimetic structures and
improved mechanical properties, making them a promising composite biomaterial
for the repair of challenging bone defects. Levato et al. [287] used a novel approach
to bioprint osteochondral graft models by incorporating PLA MCs into hydrogels.
The micron-sized particles with the high specific surface area were functionalized
with human recombinant collagen type I and designed to promote cell attachment
and proliferation. MSCs and MCs were suspended in a GelMA/gellan gum hydrogel
supplemented with D-mannose and Irgacure 2959 and bioprinted by extrusion
bioprinting. The constructs were evaluated for ALP activity and secretion of
osteocalcin (OCN) and stained with alizarin red. The analysis showed that the
cells differentiated and deposited a mineralized matrix. Gao et al. [288] used inkjet
bioprinting to print hMSCs suspended in PEG-GelMA hydrogel supplemented with
Irgacure 2959. PEG-hydrogel supplemented with Irgacure 2959 served as a control.
As demonstrated by gene and protein expression analysis (RUNX2, SP7, DLX5,
ALPL, Col1A1, IBSP, BGLAP, SPP1, Col10A1, MMP13, SOX9, Col2A1, ACAN)
performed 21 days after printing, the addition of GelMA compared to the control
promoted early differentiation of hMSCs to the osteogenic lineage. A recent study
by Keriquel et al. [284] demonstrated the use of LAB in bone tissue regenera-
tion by examining the effects of different cellular patterns on bone regeneration
potential. Using LIFT, they in situ printed mesenchymal stromal cells suspended
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in a nano-hydroxyapatite/collagen hydrogel on a calvaria defect model in mice, as
illustrated in Figure 17.9. Two different patterns were printed, a ring and a disc, and
the printed constructs were monitored for 42 days. μCT images were taken, and his-
tological staining was performed to evaluate the bone regeneration rate. The results
showed that bone regeneration was only marginal in a ring geometry observed
at the periphery of the defect. In contrast, a substantial new bone formation well
distributed over the defect was observed in the disc geometry. Cui et al. [195]
present a proof-of-concept study for the production of a vascularized, hierarchical,
biomimetic construct with multiphase properties. The authors used a hybrid
bioprinting system consisting of SLA bioprinting and an FDM printer to produce
vascularized biphasic bone constructs (Figure 17.9). SLA bioprinting was used for
printing cell-laden GelMA hydrogel and FDM for printing PLA fibers. PLA scaffolds
were coated with polydopamine on which BMP2 peptides were immobilized, repre-
senting the bone region in the biphasic construct. VEGF peptide-conjugated GelMA
represented the vascular region. A co-encapsulation of hMSCs and HUVECs in
the GelMA hydrogel was bioprinted by SLA bioprinting onto the PLA scaffold,
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Figure 17.9 3D bioprinting of bone tissue. (A) Sketch of the process for 3D cell printing of
scaffolds, which are then coated with an agarose overlay using the 3D-Bioplotter from
Envisiontec. The SaOS-2 cells are encapsulated into alginate/gelatin. This cell suspension is
filled into a cartridge. Using a control element connected to the computer-guided printing
apparatus, the alginate/gelatin/SaOS-2 cells are fed through a needle into a CaCl2 bath.
This scaffold is immersed into McCoy’s medium/FCS and overlayed with an agarose layer
containing polyP⋅Ca2+ complex as a differentiation medium. Source: Neufurth et al.
[281]/with permission of Elsevier. (B) Two-component combination for improved printability
and cell response. Pure collagen hydrogels allow the cells to expand, but pure agarose
hydrogels limit cell elongation. The combination of both components can potentially lead
to an increased number of spread cells, which may ultimately contribute to improved
osteogenesis in vitro. Source: Duarte Campos et al. [282]/with permission of John Wiley &
Sons. (C) Scanning electron microscope images of composite silk/fibroin-based scaffolds
without (top) or with (bottom) PRP treatment. Source: Wei et al. [283]/with permission of
Elsevier. Reprinted (adapted), Dick Holland Regenerative Medicine Program. (D) Schematic
representation of the laser-assisted bioprinting (LAB) approach (top left). Schematic
representation of the tested in vivo LAB geometries, namely a ring and a disk with
representative fluorescence images of ring-shaped and disk-shaped printed tomato-positive
D1 cells on days 0, 2, and 4. Source: Keriquel et al. [284]/Springer Nature/CC BY 4.0.
(E) Schematic representation of the biomimetic architectural design and hierarchical
manufacturing process of a constructed vascularized biphasic bone construct using a dual
3D bioprinting platform. Schematic representation of the native bone structure, CAD
modeling of the vascularized bone design, schematic of the FDM/SLA 3D biphasic
bioprinting platform, and photo representation of the vascularized 3D bone construct (top).
Schematic representation of the microstructural design of a vascularized construct based
on a matrix metalloprotease-sensitive GelMA hydrogel. The development of vascular lumen
and capillary network formation can be achieved in different regions during the culture
period (bottom). Source: Cui et al. [195]/with permission of John Wiley & Sons.

which was preseeded with hMSCs. The osteogenic and angiogenic differentiation
of the printed biphasic construct was evaluated four weeks after printing by ALP
activity, collagen type I expression, determination of VEGF secretion, quantification
of calcium deposition, and the differentiation markers osteopontin for osteogenic
differentiation, von Willebrand factor as angiogenic-specific marker and CD31 for
ECs representing capillary network formation.

17.6.4 Cartilage

Osteoarthritis, a degenerative joint disease characterized by progressive loss of
hyaline cartilage in the synovial joints, affects millions of people worldwide [289].
Artificial TE cartilage is considered a potential alternative therapy because it
promises to address many of the limitations of joint arthroplasty, which is currently
the gold standard therapy for this disease. Cartilage is an avascular tissue with a
small number of cells (10–15%), which explains its limited regenerative capacity.
Due to its relative compositional simplicity, it was listed as one of the first tissues to
be successfully artificially produced. However, current TE approaches do not allow
the production of specific native cartilage tissues with different layers, structures,
and components. With the advent of bioprinting, the inherent disadvantages of
native cartilage tissue could soon be used as an advantage, as nonvascularized tissue
with low cell density is comparatively easier to produce than vascularized highly



538 17 Recent Advances in 3D Printing in the Design and Application of Biopolymer-Based Scaffolds

complex tissue [52]. Current bioprinting techniques allow the high-resolution
fabrication of complex tissues, and together with an in-depth knowledge of the his-
tological and anatomical structure of cartilage, it is possible to produce biomimetic
cartilage tissue constructs that are very similar to native tissues.

The most commonly used hydrogels for cartilage bioprinting are alginate and
collagen. However, it is difficult to maintain shape fidelity with these hydrogels.
To improve shape fidelity, Rhee et al. [290] used a highly concentrated collagen
hydrogel for bioprinting of meniscal fibro-chondrocytes. The higher the collagen
concentration used, the higher was the shape fidelity. Recently, Nguyen et al. [291]
reported on the use of NFC to improve the shape retention of hydrogels and to
provide structural and mechanical support. The authors mixed NFC with sodium
alginate to improve the shape fidelity of the alginate hydrogel. Although higher
cell viability was observed at lower concentrations (60 wt%) of NFC, a higher
concentration of NFC (80 wt%) resulted in a structurally more stable alginate-based
scaffold. In addition, when the group incorporated iPSCs into two different hydro-
gels (alginate/NFC and HA/NFC hydrogel), the cells showed different pluripotency
after printing. While pluripotency was maintained in the alginate/NFC hydrogel
and hyaline-like cartilage tissue formed after five weeks, the cells in the HA/NFC
gel underwent phenotypic changes away from pluripotency. It was also found
that the incorporation of HA into bioinks upregulates the production of type II
collagen and GAGs [292]. This shows that the choice of material for bioink plays
an important role in the bioprinting of cells, as it influences the differentiation
after printing. For example, Daly et al. [293] compared four different materials
commonly used for bioprinting of cartilage, namely PEGMA, GelMA, alginate,
and agarose. The results showed that PEGMA and GelMA scaffolds promote the
development of fibrocartilage-like tissue, while alginate and agarose hydrogels
promote the development of hyaline-like cartilage. Although both natural and
synthetic biomaterials are used in 3D printing to fabricate cartilage tissue con-
structs, the use of natural and synthetic bioinks has its respective advantages and
limitations [294]. Therefore, it would be fruitful to combine the positive effects
of different natural and synthetic materials to create synergy with the hybrid
cartilage scaffold. The synthetic polymers serve as a structural framework for
improved mechanical properties, while the natural hydrogel serves as a carrier
for cell encapsulation. Synthetic polymers such as PCL, polyglycolic acid (PGA),
hydroxyapatite, and methacrylate have been successfully coupled with hydrogels
to improve the mechanical properties [295]. Furthermore, studies have shown that
cell viability and metabolism are significantly increased when hybrid scaffolds are
used. Compared to pure PLGA scaffolds, hybrid PLGA constructs with cell-laden
alginate have significantly higher GAG levels [296]. Similar studies with hybrid
PLGA constructs with cell-laden gelatin showed that the cells retained their natural
morphology after implantation [297].

Pore size also plays an important role in the regulation of cell activity and ECM
secretion; cells grown in scaffolds with large pore sizes of up to 400 μm showed
higher GAG secretion compared to scaffolds with smaller pore sizes (100–200 μm).
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An optimal pore size of 200–500 μm increases chondrocyte activity and ECM produc-
tion [298]. More recently, Castilho et al. [299] have developed microfiber-reinforced
hydrogels that simultaneously support cartilage formation and capture the zonal
depth-dependent mechanical properties of native cartilage. By combining PCL
with a GelMA hydrogel, the authors developed a two-layer microfiber architecture
(Figure 17.10). The first layer consisted of a densely distributed, crossed fiber
mat, which improved the load-bearing properties of the construct, and the deep
layer had a uniform box structure. The acellular composite structure showed a
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Figure 17.10 3D bioprinting of cartilage tissue. (a) Design and melt electrowriting of
bilayered fiber-reinforced scaffolds with a superficial tangential zone (top). Images of
bioprinted constructs (bottom). Source: Castilho et al. [299]/with permission of Elsevier. (b)
The digital photographs and corresponding SEM images of 3D bioprinted PCL scaffolds and
self-assembled peptide-hydrogel-coated PCL scaffolds. Source: Li et al. [300]/with
permission of John Wiley & Sons. (c) Schematic view of the 3D coaxial handheld printer and
the coaxial nozzle as well as representative 3D rendered confocal images of the core/shell
printed sample labeled with fluorescent beads. The shell is shown in the red channel, while
the core is shown in green (top). Representative 3D rendered confocal images show that
coaxial printing produces 3D printed samples with high cell viability and that the design
allows cell proliferation (middle). Representative epifluorescent images of Calcein-AM
(green channel) stained cells after seven days after printing indicate that the core/shell
print allows layered deposition of cell-laden hydrogels with structural integrity (bottom).
Source: Duchi et al. [301]/John Wiley & Sons/CC BY 4.0.
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stress relaxation response comparable to the tested native cartilage, and significant
production of sulfated GAGs and collagen type II was observed when cultured
with chondrocytes under mechanical conditioning. Since cartilage damage is often
associated with subchondral bone injuries, it is important to design novel scaffolds
that support both cartilage and subchondral bone regeneration. Li et al. [300]
address this requirement by coating PCL scaffolds with a self-assembling peptide
hydrogel to promote proliferation and osteogenic differentiation of MSCs and to
preserve the chondrocyte phenotype. When implanted in vivo, these structures
(Figure 17.10) induce the simultaneous regeneration of cartilage and subchondral
bone. Extrusion bioprinting systems and their upgraded versions are most used for
the production of cartilage tissue.

For example, Shim et al. [182] have successfully produced multilayer hybrid tissue
constructs using two individual extrusion print heads (one for PCL/PLGA deposition
and the second for hydrogel deposition). In contrast, Duchi et al. [301] presented
a proof-of-concept study showing the potential of bioprinting for in situ cartilage
repair. The authors reported on hand-held, coaxial, extrusion-based bioprinting
(Figure 17.10) for in situ cartilage bioprinting, whereas a core–shell structure with
an acellular, photocrosslinkable shell, and a cellular core was printed. The core con-
sisted of adipose-derived stromal stem cells suspended in GelMA/hyaluronic acid
methacryloyl (HAMa) hydrogel, and the shell consisted of GelMA/HAMa hydrogel
with lithium-acylphosphinate as photoinitiator. The shell structure was later
cross-linked with high-intensity UV light. The cell viability after printing was very
high (>90%) after seven days. However, the study lacks a detailed biological charac-
terization to assess the long-term effects of printing and UV irradiation. There are
also other bioprinting approaches for cartilage bioprinting. For example, Cui et al.
[302] used thermal inkjet bioprinting to create a 3D cartilage construct by suspend-
ing human chondrocytes in PEGDA hydrogel supplemented with Irgacure. The cells
were viable and maintained the chondrogenic phenotype for up to six weeks after
printing.

17.7 Concluding Remarks

The field of 3D bioprinting has developed rapidly over the last thirty years. This
technology has demonstrated its remarkable potential, and researchers have
already succeeded in producing tissue scaffolds that can mature into vascularized
and functional tissues. Despite the progress in bioprinting systems, a central
dilemma of bioprinting is the need to find a balance between the speed of pro-
duction for human-scale tissue/organs and the resolution required to construct
intricate capillary networks and accurately mimic the native ECM. In addi-
tion, the choice of bioinks, based mainly on their rheological properties and
cross-linking mechanisms, is severely limited, mainly due to the required printing
conditions. Another great challenge is also the production of sufficiently stable
and mechanically rigid constructions suitable for transplantation. The recent
development of dECM bioinks represents an important step toward the fabrication
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of functional tissue scaffolds. Still, even the best dECM bioinks are not able to
fully replicate the complex, highly specific spatial position of each individual cell,
bioactive molecule, or ECM protein. Decellularized tissue scaffolds must serve
as templates for analyzing the localization and composition of different ECM
proteins/cells and improve our understanding of the native ECM. The comprehen-
sive understanding of the spatial arrangement of cells and ECM building blocks
within tissue constructs needs to be coupled with the development of advanced
bioprinting strategies and polymers. A new generation of smart polymers that
change their shape or other properties in response to external stimuli such as
temperature, pH, or magnetic field must be used to create programmable tissue
scaffolds. To achieve complete biomimicry within anatomically relevant tissue
constructs, advanced hybrid multimaterial bioprinting approaches will also be
required. New complementary strategies (e.g. the coupling of a bioprinter, a
bioreactor, and a perfusion system into a single system) that ensure the maturation
and assembly of the bioprinted tissue constructs into vascularized, functional
tissues/organs that can potentially be used for transplantation need to be devel-
oped. In addition, advances in tissue culture techniques will be necessary to
overcome the limitations of maturation of 3D bioprinted multicellular constructs
into functional tissues. Only concurrent developments in 3D bioprinting tech-
nology, advances in polymer sciences, and tissue culture methods will make
3D bioprinting of tissues and organs suitable for transplantation an imminent
reality.
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acyltransferases 20
additive manufacturing (AM) 353, 490
adenosine triphosphate (ATP)-based assay

176
adipic dihydrazide (ADH) 476
adsorption equilibrium of, water ions

121
advanced fabrication method (solid

freeform fabrication) 354
advantages 338–341
indirect rapid prototyping 357
nozzle-based deposition techniques

fused deposition modeling 355–356
3D printing and 3D bioprinting

356–357
SLA 354–355
SLS 355

adventitious carbon 60
Aeromonas caviae PHA synthase 28
agarose, beads preparation and

applications 466–468
in cell encapsulation and tissue

engineering 470
in drug delivery 469–470
emulsification 466
membrane emulsification 467
in protein purification 469
spray-gelation 468

alginate 473–474

beads preparation and applications
474–476

cell encapsulation systems 477
in drug delivery 476–477

alginate nanofibers 434
alginate-chitosan mixture 249
alginate-dialdehyde (ADA) 513
alginate-guar gum hydrogel beads

476
alginic acid 68, 243
aliphatic polyesters 246
alkaline phosphatase (ALP) 525
Allochromatium vinosum 21
allylamine (AAM) 68
α-D-(1→4) glycosidic linkages 241
α-L-guluronic (G) blocks 243
α-relaxation 89, 97
Alzheimer’s disease therapy 17
amphiphilic lipochitosan 131
anionic polysaccharide 243
anisotropic mechanical properties 344
annexin V binding 174
antibody immuno precipitation 469
antibody purification 469
anti-cancer drug doxorubicin (DOX)

435
antihemoglobin biointerface 144–145
anti-phosphohistone H3 (PHH3)

antibodies 178
aqueous and salt-free solvents 202
aqueous or protic solvent 470
aromatic polymers 60
Arrhenius equation 92
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articular cartilage-resident chondropro-
genitor cells (ACPCs)
323

atomic force microscopy (AFM) 122,
275, 276

attenuated total reflexion IR (ATR-IR)
spectroscopy 213

avidin-conjugated fluorochromes 174
axisymmetric instability 424

b
bacterial (or microbial) cellulose 241
bacterial microsymbiont 18
bacterial-originated cellulose 405
bending instability 424
benzocaine (BZC) 435
β-D-galactopyranose 466
β-D-mannuronic acid 243
β-(1,4) glucosidic covalent bonds 470
β-1,4-linked polymer 478
β-oxidation 26

substrates 26
β-relaxations activation energy 92
β(1→4)-linked D-glucosamine

(deacetylated unit) 243
binding energy (EB) 45
bioactive ceramic surfaces 387
bio-based PET 3
bio-based polymers 240
biochemical properties 166
biocompatibility 166, 517
biocompatible polyelectrolyte LbL films

249
biodegradation 7, 187
bioelectronics 256–259
biofouling 255
biohydrogel matrix 470
bioink 512
biomacromolecule 113
BioMask 531
biomedical applications of, biopolymers

bioactive coatings 255–256
bioelectronics(biocomposites)

256–259
drug delivery systems 251–253

wound healing materials 253–255
biomimicry

bioactive molecules 518–520
decellularised extracellular matrices

520–523
physicochemical properties 520

biopolyesters 9
composites 247
from cellulose solutions 202
elemental composition 211–213
functional groups 213–215
hydrogen binding patterns 213
indirect preparation of cellulose films

from a soluble derivative 205
research spin coating 201
scaffolds 126
synthesis 9
structure 218–220
surface charge 216–218
surface morphology 208–210
swelling and adsorption behaviour

220–224
thin-film thickness 210–211
thin films from colloidal nanocellulose

dispersions 203
wettability 215–216

biopolymer-based materials 239
biopolymers 3, 272

cellulose nanofibers 273
chitosan nanofibers 272–273, 285

biopolymers, as bioinspired alternatives
biodegradability of, PHA 8–10
bioplastics 2, 3, 7, 8
PHA as versatile microbial

biopolyesters 9, 10
biosynthesis coupled to,

bioremediation 15
drug carrier materials 14
implant materials 11–12
packaging materials 10–11
PHA’s follow-up products 16–18
special applications of, PHA 16
tissue engineering 12–14

PHA biosynthesis and degradation
enzymes 20
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factors impacting PHA synthases
activity 20–21

intra- and extracellular PHA
depolymerization 21–24

PHA granules 18–20
bioremediation potential 15
biosensors 279–280
biotextiles 348
biotolerability 166
bisphenol A glycidyl methacrylate

(BisGMA) scaffolds 322
bone tissue

regeneration 13
3d bioprinting 537

bovine cortical bone 129
braided textiles 348
BrdU (5-bromo-2′-deoxyuridine) assay

177
broadband dielectric spectroscopy (BDS)

89
applications

evolution of dielectric parameters,
with frequency 90–91

evolution of dielectric parameters,
with temperature 91–92

principle 90
bromocresol green (BCG) 435
Broussignac method 115
building scaffolds, technique without

CAD 310–311
electrospinning 312
foaming 312
phase separation 310–311
textile methods 312
ultrasound patterning 312–313

1-butyl-3-methylimidazolium acetate
(BminAc) 479

1-butyl-3-methylimidazolium chloride
(BminCl) 479

1-butyl-3-methylimidazolium chloride
[C4mim]Cl 203

c
C6-C12 (3-hydroxyhexanoate to

3-hydroxydodecanoate) 17

calcium alginate–chitosan (CHT)
microbeads 477

calorimetry 85
carbon contamination 60
carbon disulphide (CS2) 470
carbonosomes 18
carbon-nitrogen groups 49
carbon-oxygen groups 49
carbonyldiimidazole (CDI) 468
carboxylic cellulose beads 471
carboxymethyl cellulose (CMC) 114, 172
carboxymethyl dextran (CMD) 298
carboxymethyl or sulfoalkyl groups

471
cardiac tissue, 3d bioprinting 533
Carrageenan-sodium alginate (Caralgi)

476
cartilage 537

3d bioprinting 537
cartilage tissue 3D bioprinting, 539
cationic moieties 471
cell adhesion 12
cell anchoring 172
cell-based biochips 250
cell-biomaterial interaction 166–168
cell exclusion zone assay 179
cell-laden scaffolds 499
cell migration 178
cell migration behavior 179
cell–nanofiber interactions 452
cell proliferation 177, 178
cell-permeable fluorogenic protease

substrate 174
cell responses

electrospinning 446–449
surface geometry 449–452
surface potential importance 452–454

cellulose 56, 95, 240, 470
beads preparation and applications

470–471
in biochromatography 472–473
drug delivery and in-vitro disease

models 473
cellulose acetate (CA) 278
cellulose acetate (CA) nanofibers 437
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cellulose acetate (CA) nanofiber’s
morphology 425

cellulose acetate butyrate/polyethylene
glycol (CAB/PEG) 277

cellulose acetate scaffolds (CAS) 277
cellulose carbamate (CC) 207
cellulose carbamate thin films 207
cellulose diacetate 388
cellulose nanocrystals (CNCs) 201, 203,

210
cellulose nanofibers (CNFs) 201–204,

273
cellulose nanofibril charge density 138
cellulose xanthate (CX) 206
cellulose-4-[N,N,N-trimethylammonium]

butyrate chlorides 224
chemical blowing approach 344
chemoattractants 179
chiral monomers (R)-3-hydroxybutyrate

(3HB) 24
chitin and chitosan, beads preparation

and applications 478–479
in cell encapsulation and tissue

engineering 480
in drug delivery 479–480

chitin deacetylation 243
chitosan 242
chitosan nanofibers 272, 285
chitosan-based membranes 103
chitosan-based sensors 258
chloroform (CF) 375
4-chlorobenzaldehyde 72
4-chlorobutyric acid 26
chondroitin sulfate (CS) 125
ciliary neurotrophic factor (CNTF) 519
cis-1,4-poly(isoprene) rubber 2
classical 2D plastic shell cultures 181
coaxial electrospinning 350, 430, 431,

448
Coca ColaTM 3
coherent anti-Stokes Raman spectroscopy

(CARS) 215
cold crystallization 88
collagen 254
collagen-based ECM 532

colorimetric MTT-tetrazolium salt assay
174

complex dielectric permittivity 90
composition path (CP) 386
compostability 8
compression molding 342
computed axial lithography (CAL) 323
computer aided design and

manufacturing 313
additive manufacturing 314–315
core-shell bioprinting 319
droplet-based techniques 315
extrusion based techniques 316–318
freeform embedded bioprinting

317–318
inkjet bioprinting 316
melt electrowriting 320
microvalve based bioprinting 316
multicomponent and microfluidic

bioprinting 319–320
photopolymerisation 321–323
sacrificial bioprinting 318–319
subtractive manufacturing 314

computer numerical control (CNC) 313
computer tomography (CT) image

reconstruction 323
computer-aided design (CAD) model

354, 490, 495
computer-aided wet-spinning 13
concentration ci (mol/l) of, electrolyte

ions 118
conductivity contribution 92
conductometric titration 115–116
confocal 3D time-lapse microscopy 179
confocal laser scanning microscopy 296,

376
confocal microscopy 172, 179
consisting of chitosan (CHI) 125
contact angle measurements 215
continuous inkjet printing (CIJ) 316, 501
continuous liquid interface production

(CLIP) 500
controllable biodegradable properties

377
conventional microextrusion 316
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conventional techniques 336
copolyesters 22
core-shell bioprinting 319
core-shell electrospinning 350
core-shell nanoparticles 183
core-shell structured nanofibers 431
crude glycerol phase 16
crystallization process 85
crystallization temperature (Tc) 88
Cuoxam 202
cyanogen bromide (CNBr) 468
cytotoxicity 166

d
D-anhydroglucopyranose units (AGU)

470
dc conductivity 97
deacetylation (DDA) 384
decellularized extracellular matrices

(dECM) 520, 522
degree of substitution (DS) values 290
dehydration process 346
delivery of doxorubicin (DOX) 298
6-deoxy-6-(2-aminoethyl)amino (AEA)

296
6-deoxy-6-(2-bis[N′,N′-(2-aminoethyl)]-

aminoethyl)amino (BAEA)
cellulose carbamate 296

deposition of, chitosan coating 70
derivatization agents 55
detection depth (d) 63
dexamethasone 480
dichloromethane (DCM) 375
dielectric coefficient of, liquid 118
dielectric constant 90
dielectric relaxation processes 90
dielectric substrates 16
diethyl phosphite (DEP) 75
differential scanning calorimetry 85

applications of, DSC
mellting 87
crystallisation 88
glass transition 87

principle 85–86
digital micromirror devices (DMD) 322

1,4-diisocyanatobutane 377
dimethyl sulfoxide (DMSO) 377
dimethylacetamide (DMAc)/lithium

chloride (LiCl) 201, 479
dimethylacetamide with lithium chloride

(DMAc-LiCl) 202, 203
dioctadecyldimethylammonium bromide

(DODA-Br) 204
1,2-dioleoyl-sn-glycero-3-phos-

phatidylcholine (DOPC) 131
1,2-dipalmitoylsn-glycero-3-phosphatidyl-

choline (DPPC) 131
dipolar polarization 91
dipolar relaxation 90
direct 3D printing 356
direct cellulose solvents 202
direct contact tests 170
direct laser writing (DLW) 322
dispersed particles 119
dithiothreitol (DTT) 298
diverse polymers 10
drop-on-demand (DoD) printing 316
droplet-based 3D bioprinting 315
droplet-based bioprinting 501
droplet-based techniques 315
drug delivery 277, 278
drug doxorubicin (DOX) 249
dye-labeled cellulose nanobeads (CNBs)

473
dynamic light scattering (DLS) 218
dynamic mechanical analysis 88

applications of 89
principle 88–89

dynamic viscosity 118

e
ECM 520
EdU test (5-ethynyl-2′-deoxyuridine)

177
egg-box model 244
Ehrlich ascites carcinoma (EAC) cells

469
elasticity modulus 11
elastin-like polypeptides (ELPs) 250
elastomeric resins 7
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electric double layer (EDL) 121–122
electric freeze-casting 401
electroactive materials 94
electrochemical double layer (EDL) 216
electrokinetic charge density 122
electrokinetics 126
electrolyte concentration 138
electron energy analyzer 64
electronegative atoms 51
electroneutral condition 121
electrophoretic light scattering (ELS)

117
electrophoretic mobility 118
electrospinning 271, 272, 312, 347, 349,

422, 449
of polymer 126

electrospinning techniques for,
stimuli-responsive nanofibers

blend electrospinning 429–430
coaxial electrospinning 430–431
emulsion electrospinning 431–432

electrospun fibers 445
electrospun fibrous scaffold 445
electrospun gelatin 127
electrospun nanofibers 126, 127, 272,

336, 425, 448, 449
electrospun poly(D,L-lactide-co-glycolide

acid) (PLGA) nanofiber scaffold
452

electrospun polymer nanofibers 127
electrospun polysaccharide fibers 425
ellipsometry 210
Ellipticine 14
Emericellopsis minima W2 22
emulsification 466
emulsion electrospinning 431, 432
emulsion-based systems 431
endcapping effect 31
endothelial cells (ECs) 502
endothelial colony-forming cells (ECFCs)

323
engineered scaffolds 12
enzyme-linked immunosorbent assays

(ELISA) 177
equilibrium of, acid-base reactions 121

ethanol formation 20
ethyl cellulose (EC) 434
1-ethyl-3-(3-dimethyl-aminopropyl)-1-

carbodiimide hydrochloride (EDC)
434

1-ethyl-3-methyl imidazolium acetate
(EmimAc) 202

evaporation induced phase separation
(EIPS) 386

exogenous metabolic activation 181
extracellular depolymerases 22
extra-cellular matrix (ECM) 12, 248,

335, 445
extracts/elution tests 171
extrusion 342, 343
extrusion-based bioprinting 497,

504–507
vascularization using 507–508

f
Fabry-Pérot resonator 183
FADH/FAD (flavin adenine dinucleotide)

174
fibroblast growth factor 2 (FGF2) 519
fibroblast migration 179
field of biomaterials 165
fish gelatin (FG) 147
flow cytometry 173
fluid-based technologies, melt-based

processing (melt-molding) 342
compression molding 342–343
conventional methods for 337
extrusion 343
injection molding 343

fluorescein 298
fluorescence-based assays 173
fluorescence intensity 173
fluorescence microscopy 179
fluorescent polymeric nanoparticles 183
fluorine atoms 51
FMNH/FMN (flavin mononucleotide)

174
foam templating 345
focal adhesion 445
focal adhesion dynamics 183
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Food and Drug Administration (FDA)
476

formazan salt 176
4D bioprinting 493, 508–511
four-dimensional (4D) printing 357
Fourier-transform IR (FT-IR)

spectroscopy 213
fragile electrospun nanofiber nonwovens

127
Freeform Reversible Embedding

Suspended Hydrogels (FRESH)
317, 524

freeze drying 346
freeze-casing count 396

biomedical applications 396
dye-sensitized solar cell electrodes

396
electric 401
fuel cell electrodes 396
gelatin scaffolds 408–413
graphene monoliths 396
lithium ion battery electrodes 396
magnetic 400–401
metallic foams 396
microstructure of 399
microstructures and macro

architectures 400
(nano)cellulose scaffolds 404–408
principle of 396–399
scaffolds for regenerative medicine

402
stretchable circuits 396
ultrafiltration membranes 396
ultrasound and acoustic 401

FreezeCasting.net 396
freeze-dried beads 476
frequently used biopolymers

alginate 243, 244
biopolymer composites 247
cellulose 240, 241
chitin and chitosan 242, 243
gelatin 244, 245
PHA 245, 246
PLA 246, 247
starch 241, 242

fugitive inks 523
fundamentals of, cell biology 167
fused deposition modeling (FDM) 317,

355, 492

g
gastric adverse effects 477
gelatin 244
gelatin methacryloyl (gelMA) 323
gelatin scaffolds 408, 413
gelatin/zein nanofibrous film 379
gelatine microparticles (GMPs) 518
genome 24
genotoxicity 181
genotoxicity and carcinogenicity testing

181
glass transition temperature 16, 87
glucosamine (2-amino-2-deoxy-

β-D-glucose) 478
glutaraldehyde 94
glutathione (GHS) 251
glutathione (GSH) tripeptides 298
glycosaminoglycans (GAGs) 490
glycylphenylalanyl-aminofluorocoumarin

(GF-AFC) 174
gold nanocylinders 14
gram-positive bacterium Bacillus

megaterium 10
granule-associated enzymes 18
graphite oxide (GO) 435
grazing incidence small angle X-ray

scattering (GISAXS) 219
green fluorescent protein (GFP)-based

thermal nanoprobes 183
green plants 9
green plastics 10
green solvents 202
growing garbage dumps 1
guided tissue regeneration (GTR)

procedure 405

h
4HB-precursor compounds 26
heart, 3d bioprinting 531
heat capacity (Cp) 85
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hemocompatibility 72, 180
Henry’s equation 128
heparin 72
heterogeneous nucleation 398
heteropolyesters 24
Hevea brasiliensis 2
1,1,1,3,3,3-hexafluoro-2-propanol (HFIP)

375
hexamethyldisilazane (HMDS) 205
high content imaging 177
high throughput screening (HTS)

methods 184
homogeneous thin films 200
homopolyester PHB 12
homopolyester poly(4HB) 26
homopolyesters 24
h-process 101
Huckel approximation 118, 128
human adipose stem cells (hASC) 312
human adipose-derived stem cells

(hASCs) 522
human aortic valve interstitial cells

(HAVICs) 531
human bone, 3d bioprinting 534
human embryonic fibroblasts 183
human fetal cardiomyocyte progenitor

cells (hCMPCs) 532
human inferior turbinate-tissue derived

mesenchymal stromal cells
(hTMSCS) 522

human intestinal epithelial cell line
(HUIEC) 172

human keratinocyte cells 13
human MSCs (hMSCs) 510
human umbilical vein smooth muscle

cells (HUVSMCs) 503
human umbilical-vein endothelial cells

(HUVECs) 503
3HV precursor levulinic acid 22
hyaluronic acid (HA) 124–125, 131, 144,

147
hyaluronic acid methacryloyl (HAMa)

540
hybrid scaffolds 336
hydrogels 101, 350

hydrogen bonding 148
hydrophilic nylon 6 (PA6) nanofibers

450
hydrophobic interactions 148
hydrophobic polystyrene (PS) 342, 450
3-hydroxyalkanoate methyl esters 17
3-hydroxyalkanotes 22
hydroxyapatite (HA) 129
hydroxyapatite/polymer scaffolds 376
3-hydroxybutyric acid 383
4-hydroxybutyrate (4HB) 25
4-hydroxybutyric acid 26
3-hydroxydecanoate (3HD) 15
3-hydroxydodecanoate (3HDD) 15
2-hydroxyethyl methacrylate 72
hydroxyl functionalities 242
3-hydroxyhexanoate (3HHx) 15
3-hydroxyoctadecanoate (3HOD) 27
3-hydroxyoctanoate (3HO) 15
3-hydroxypentadecanoate

(3HPD)-containing PHA 27
3-hydroxypropionate (3HP) 25
hydroxypropyl cellulose (HPC) 278
3-hydroxytetradecanoate (3-HTD) 15
(R)-3-hydroxyvalerate (3HV) 25
hypersensitivity 186

i
ice templating 346
ideal bioink 516
imidazolium grafted cellulose

nanocrystals 212
immobilization of, poly(ethylene glycol)

(PEG) 255
immunochromatographic (IC) assay

473
immunofluorescence 177
immunoprecipitation 469
in vitro genotoxicity 181
in vitro methods for, analyzing

biomaterials 168–169, 185–186
biodegradation 187
cell-material interaction tests

cell morphology and adhesion
171–173
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cell motility and migration assay
178–179

cell viability assay 173–174
metabolic activity assay 174–176
proliferation assay 177–178

cytotoxicity tests 169–170
direct contact tests 170
extracts/elution tests 171
indirect contact tests 171

genotoxicity and carcinogenicity testing
181

hemocompatibility tests 180
HTS systems 184–185
implantation 189
in vivo genotoxicity 187–188
monitoring intracellular activities

181–184
RT monitoring, of cell culture systems

183–184
sensitization,irritation,and

intracutaneous reactivity
186–187

systemic toxicity 188–189
in vivo degradation 12
in vivo genotoxicity 188
indirect 3D printing 357
indirect contact tests 171
indirect preparation of cellulose films

from a soluble derivative 205
indirect solid freeform fabrication 357
inelastic electron mean free path (IMFP) λ

63
inelastic mean free path (IMFP) (𝜆) 45
injection molding 343
inkjet bioprinting 316, 501
integrated tissue–organ printer (ITOP)

508
intensity-modulated radiation therapy

(IMRT) functions 323
interaction with, cells

cellular uptake 295–296
organo-soluble

6-deoxy-6-(𝜔-aminoalkyl) amino
cellulose carbamates 296

interactions of, biomaterials 111

interactions of, solid biomaterials 112
interconnected closed pores 345
intermolecular hydrogen bonding 470
International Confederation of Thermal

Analysis and Calorimetry (ICTAC)
83

Interpenetrating polymer network (IPN)
hydrogel beads 476

intracellular PHA degradation 21
intracellular PHA depolymerases 21
intracellular temperature mapping 183
ionic liquids (IL) 201, 202, 479
IR spectroscopy 215
isoelectric point (IP) 126
isotropic or anisotropic microstructure

395

k
Kelvin probe force microscopy 122
2-keto-3-desoxy-6-phosphogluconate

(KDPG) pathway 20
ketoprofen (KET) 434
3-ketothiolase (phaA) 20
kinetic energy (Ekin) 45
knitted fabrics 348
Kretschmann configuration 220

l
LAB 504
landfilled plastic waste 1
Langmuir monolayer 200
Langmuir-Blodgett

(LB)/Langmuir-Schaefer
deposition 199

Langmuir-Blodgett deposition technique
200

Langmuir-Schaefer deposition 223
laser ablation inductively coupled plasma

mass spectrometry (LA-ICP-MS)
187

laser-assisted bioprinting (LAB) 503
layer-by-layer (LBL) assembly 352
layer-by-layer (LbL) deposition 205
laser-induced forward transfer (LIFT)

323, 324, 503, 504
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laser spectroscopy 211
LbL (layer-by-layer) films 248
light-emitting diode (LED) 322
light scattering methods 218
linear homonuclear molecules 215
lipid bilayer membranes (LBMs) 130
lipodextran 131
lipofection 183
liposomal vaccine adjuvants 131
liquid-liquid phase separation 344
live dead imaging 179
livestock farming 313
local tissue reaction 186
low critical solution temperature (LCST)

250, 420
lyophilization 346
lysis buffer 177

m
macroscopic materials 125
magnetic freeze-casting 400–401
magnetic nanoparticles 14
mathematic modelling 133–135
melt-based processing 337
melt electrospinning writing (MEW)

356
melt electrowriting (MEW) 318, 320
melting temperature (Tm) 11
membrane-impermeable fluorescent dyes

173
3-mercaptoalknaotes 22
3-mercaptobutyrate (3MB) 22
3-mercaptovalerate (3MV) 22
mesenchymal stem cells (MSCs) 323,

509
mesoporous silica nanoparticles (MNSs)

249
metal conductors 115
2-methoxypropene 298
Michaelson interferometer 213
microcarrier bead assay 179
microcarriers (MCs) 535
microcomputed tomography (m-CT)

376, 452
microcrystalline cellulose 103

microelectrochemical system devices
(MEMS) 182

microextrusion based technique 309
microextrusion bioprinting 317
microfluidics 345
micronucleus test 181
microplastic contamination of food 2
microplastics 2
micro-powder PHA particles 16
micro-stereolithography (μSLA) 498
microsphere-based scaffolds fabrication

353
microvalve based bioprinting 316
microwaves (MW) 58
mineralization process 454
Minerv Supertoys 16
mitomycin C (MMC) 469
monitoring intracellular activities

181–183
monoclonal antibody (mAb) 146
mouse lymphoma tests 181
multi-photon lithography (MPL) 322
multi-photon processing 354
multiarm vinyl sulfone-terminated PEG

(PEG-VS) 477
multifunctional hybrid biomaterials 130
multistage bioreactor 19
multiwalled carbon nanotubes (MWCNT)

94

n
NADH/NAD (nicotinamide adenine

dinucleotide) 174
NADPH/NADP (nicotinamide adenine

dinucleotide phosphate) 174
N-acetyl-D-glucosamine (acetylated unit)

243
Nafion 102
nano tensile test 275–276
nanocapsules 131
(nano)cellulose scaffolds 404–408
nanocomposite films 16
nanocomposite scaffolds 372
nanofiber-based drug-delivery systems

433



Index 571

nanofiber development
drawing 270
electrospinning 271–272
electrospun 272
phase separation 270–271
self-assembly 271
template synthesis 270–271

nanofibrillated cellulose (NFC) 538
nanofibrous materials and

electrospinning 422
parameters affecting 425
polymer jet formation 423–424
Taylore cone formation 423

nanoindentation 276
nanoparticle formation 287–288

dialysis
examples 291–292
methodology 291

emulsification-evaporation
examples 293–295
methodology 292–293
miscellaneous nanoparticle

formation 295
nanoprecipitation, by dropping

technique
examples 290
methodology 288–289

nanoparticles 287
nanoprecipitation 288
NaOH/urea/water mixtures 201
National Institute of Standards and

Technology (NIST) database 45
natural polyhydroxyalkanoates 3
natural polymers 269
natural rubber latex (NRL) 129
needleless electrospinning 428–429, 435
Neuman’s fluid (NF) 129
neutralized chitosan film 97
N-hydroxysuccinimide (NHS) 435, 468
nitrogen-containing plasmas 55
nitrogen-limited continuous cultures 30
nitrogen-plasma-treated polymers 55
N-methylmorpholine-N-oxide (NMMO)

201, 202

N-methylmorpholineoxide-water(NMMO
/H2O) 470

N-methyl-pyrrolidinone (NMP)/LiCl
solvents 479

N-methyl-2-pyrrolidone (NMP) 479
N,N dimethylacetamide (DMA) 479
N,N-diethylethylenediamine 75
N,N-dimethylacetamide (DMA) 291
non-aqueous solvents 202
non-derivatizing cellulose solvents 202
non-fluorescent resazurin 176
nonfibrotic wound healing 166
nonimplantable medical textiles 348
normal cell functions 182
nozzle-based deposition techniques, fused

deposition modeling 355–356
numerical aperture (NA) 322

o
Ohm law 115
oil-in-water (O/W) emulsions 432
olfactory ensheathing cells (OECs) 384
oligochitosan 127
optical fabrication 354
organic salts 202
organic solvents 386
oriented tubular scaffold 344
orthopedic fixation devices 337
orthopedic tissue scaffolds 451
oscillating quartz crystal 132
osteoarthritis 537
osteocalcin (OCN) 535
Owens, Wendt, Rabel and Kaelble

(OWRK) method 216
oxidative processes 251

p
PA6 fibers 448
paclitaxel (PTX) 298
particulate leaching 347
PCL/alginate-based hydrogels 516
peak fitting 50, 51
pentaerythritol triacrylate (PETA) 322
perfluoro-sulfonated ionomer membranes

102
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petrochemistry-derived plastics 10
petroleum polymers 383
pH-potentiometric titrations 114
PHA biopolyesters, types 24

Lcl-PHA 27
Mcl-PHA 26
Scl-PHA 25–26
microstructure of, PHA heteropolyester

27–28
molecular mass of, PHA

general aspects of 29
PHA synthase activity 29–30
PHA synthase, type of 30
substrate type and feeding conditions

30–31
ultra-high molecular mass,

production of 31–32
PHA homo-and heteropolyesters 24
PHAome 24

PHA-coated bioactive glass nanoparticles
13

PHA copolyester
poly(3-hydroxybutyrate-co-3-
hydroxyvalerate) (PHBHV) 11

PHA depolymerases-encoding genes 22
PHA granule-associated proteins 18
PHA homopolyester

poly(3-hydroxybutyrate) (PHB) 9
PHAome 24
phase separation 270, 271
PHB/poly(3-hydroxyoctanoate) (PHO)

14
PHO homopolyesters 14
phosphate buffer saline 9
phosphate buffer solution 476
phosphohistone H3 (PH3) 178
photoelectric effect 45
photoelectron 45
photopolymerization 321, 354
photoresponsive gelatin hydrogels 323
phototrophic microbes 9
physical blowing agents 344
physico-chemical transformation 86
piconewton (pN) 183
piezoelectricity 133

placebo nanoparticles 14
PLA/hyaluronic acid porous scaffold

375
plastic contamination of, marine

ecosystems 1
plastic drinking straws 1
plastic rods 1
plastic-like properties 3
plasticizers triethyl citrate (TEC) 11
plastics 3
platelet aggregation 72
Pluronic F-127 524
pneumatic-based systems 505
poly(acrylic acid)-grafted porous cellulose

film 250
poly(allylamine hydrochloride) 205
polyamic acid (PAA) 388
polyamide 206
polyamide thin film composite (TFC)

membranes 217
polyaniline 72
polybrene 117
polycaprolactone (PCL) 51, 377, 452
polycaprolactone-b-polyethylene

glycol-b-polycaprolactone 377
poly(ε-caprolactone) (PCC) 3
polycarbonate (PC) 373
poly(diallyldimethylammonium chloride)

205
poly(di(ethylene glycol) methyl ether

methacrylate) (PDEGMA) 434
polydioxanone (PDO) 9
polydispersity (Ð) 25, 29
polyelectrolyte capsule 125
polyelectrolyte mulitlayers (PEMs) 123
polyester urethane urea (PEUU) 532
polyethylene glycol (PEG) 11, 508
polyethylene oxide (PEO) 435
polyethylene (PE) polymer 68
polyethylene terephthalate (PET) surfaces

142, 206
polyethyleneimine (PEI) 51, 204–205
poly(ester urethane)urea (PEUU) 377
poly(ether ester urethane)urea (PEEUU)

377
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poly(ethylene imine) 14
poly(ethylene oxide

terephthalate)/poly(butylene
terephthalate) (PEOT/PBT) 525

poly(ethylene oxide) (PEO) 94
poly(ethylene terephthalate) (PET) bottles

2
poly(glycolate) (PGA) 12
polyhydroxyalkanoates (PHA) 245
polyhydroxybutyrate (PHB) 383
poly(2-hydroxybutyrate-b-3-

hydroxybutyrate) [P(2HB-b-3HB)]
28

poly(3-hydroxybutyrate) (P3HB) 246
poly(3-hydroxybutyrate-co-3-

hydroxyhexanoate)
(PHBHHx)/PCL blends 13, 246

poly(3-hydroxybutyrate-co-4-
hydroxybutyrate) (P3HB4HB)
246

poly(lactic acid) (PLA) 3, 246–247
poly(lactic-co-glycolic acid) (PLGA) 9,

172, 375
polylactic acid (PLA)/chloroform solution

375, 380
polylactic acid and hydroxypropyl

cellulose (PLA-HPC) 278
polylactide 246
poly(L-lysine) and hyaluronic acid 124,

144
poly(3-mercaptopropionate) (P3MP) 22
polymer aromaticity 60
polymer chains alignment 449
polymer characterisation 87
polymer electrolyte membranes (PEMs)

102
polymer injection molding 343
polymer jet formation 423, 424
polymer polytetrafluoroethylene (PTFE)

66
polymer structural integrity 87
polymer suspension 374
poly-(sodium-polyethylene-sulfonate)

(PES-Na) 117
poly(propylene) (PP) 7

polysaccharides 123, 242, 421, 514
poly(styrene) (PS) 3
polystyrene (PS) nanoparticles 125
polytetrafluoroethylene (PTFE) 373
poly(urethane) (PU) 7
poly(vinyl alcohol) (PVA) 7, 278
poly(vinyl chloride) (PVC) 7
polyvinilydene dufluoride (PVdF) 68
polyvinyl chloride (PVC) 73
polyvinylalcohol films 388
polyvinylidene fluoride (PVDF) 452
poly(vinyl pyrollidone) (PVP) 278
poly(4-vinyl pyridine) (P4VP) moiety

479
pomegranate extract coating 47
porogen 374
porogens particles 342
porous membranes 384
potassium persulphate (K2S2O8) (KPS)

479
potential-determining ions 121
potentiometric titration 122, 114
power-compensating DSC 86
proliferating nuclear antigen (PCNA)

178
protease biomarker assay 173
protein adsorption kinetics 147
protein purification 469
proteome 24
proton conductivity 103
pseudo-fermentation 20
Pseudomonas aeruginosa 21
Pseudomonas chlororaphis 16
Pseudomonas oleovorans 26
Pseudomonas putida 21, 26
Pseudomonas putida NBUS12 15
Pseudomonas sp. 27
pullulan 95
putrescine 377
pyruvate decarboxylation 20

q
quartz crystal 133
quartz crystal microbalance (QCM) 132,

220
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quartz crystal microbalance with
dissipation (QCM-D) 213,
222–223

r
radiofrequency (RF) generator 58
Raman spectroscopy (RS) 214–215
random copolyester poly(butylene adipate

terephthalate) (PBAT) 3
rapid prototyping (RP) 353
Rayleigh instability 424
reactive nitrogen species (RNS) 251
reactive oxygen species (ROS) 18, 251
real-time (RT) monitoring devices 183
real-time(RT) monitoring, of cell culture

systems 183–184
reference materials 50
refractive index (RI) 214, 220
regenerated cellulose model films 207
release mechanisms 297
renewable feedstocks 9
Resazurin reduction test 176
resonance Raman spectroscopy (RRS)

214
rheology of, solid 88
Rhodamine-B-loaded nanoparticles 14
(R)-hydroxyacyl-CoA thioesters 20
(R)-isomers 26
rubbery state 89

s
sacchachitin nanofibers (SCNF) 127
sacrificial bioprinting 318–319
sacrificial writing into functional tissue

(SWIFT). 532
salt-leaching method 345
salt (sodium chloride) 374
saturated and unsaturated monomers

27
Sauerbrey relation 136
scaffold fabrication 317
scaffold fabrication techniques 371–372
scaffold morphology 376
scalectron microscopy and focus ion beam

(FIB-SEM) 446

scanning electron microscopy (SEM)
274, 376

scanning probe microscopy 122
Shinorhizobium sp. 18
S(+)-configurated monomers 16
Schlegellella thermodepolymerans 22
selective laser sintering (SLS) 324, 325,

355, 492, 503
self-assembly methods 351, 352
self-assembly, nanofiber development

271
semi-molten polymer 355
semicrystalline polymer 86–87
sensitization 186
shape-forming technique 396
shear viscosity 136
short-chain-length-PHA (scl-PHA) 24
silica/lignin hybrids 130
silicone rubbers 7
simulated body fluids (SBF) 454
single-walled carbon nanotubes (SWNTs)

125
sinusoidal mechanical stress 90
skin, 3d bioprinting 528
small angle X-ray scattering (SAXS) 218
smart materials 419
smart nanofibrous materials 434
smooth muscle cells (SMCs) 531
sodium alginate (ALG) 125, 244, 477
sodium alkyldisulfate mixture (SADM)

17
sodium dodecyldisulfate 17
sodium dodecylsulfate (SDS) 17
solid cellulose thin films 202
solid lipid nanoparticles (SLNs) 131
solid-liquid interaction of, biomaterials

132
QCM 133–135
QCM and SPR 138, 140–144, 146
QCMand SPR 132–133, 135–138
SPR 137
zeta potential measurements

146–148
solid-liquid phase separation 343
solid-water interface 119, 122
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solution-based processing
gas foaming 344–346
phase separation 343–344
solvent casting and particulate leaching

346–347
solvent cast scaffolds, characterization of

biological characterization 379–381
mechanical characterization 377–378
morphology and porosity 377
wettability studies of, solvent cast films

378–379
solvent casting 372–374

advantages and disadvantages of
386–388

degradation of 383–384
electrical and electronic applications

389
high-temperature applications 389
LCD applications 388
other optical applications 389
photographic application 388
porosity of 384–386
SC/PL 374–375

characterization of, solvent cast
scaffolds 376–381

effect of, solvents 375–376
surface modification of 381–383

solvent-casting/particulate-leaching
(SC/PL) 374–375

solvent-displacement 288
spheroid migration assay 179
spin coating process 199, 200, 202
static light scattering (SLS) 218
stereolithographic biofabrication 322
stereolithography (SLA) 321, 322, 354,

355, 492, 498, 519
computed axial lithography (volumetric

bioprinting) 323
interference lithography 323
laser-assisted bioprinting 323–324

LIFT 323–324
SLS 324–325

multi-photon lithography 322–323
stereolytography 354
stimuli responsive materials (SRMs) 419

stimuli-responsive biopolymer thin films
248

pH-responsive biopolymers 248–250
redox-sensitive biopolymers 251
thermo-sensitive biopolymers 250

stimuli-responsive polysaccharide, wound
dressings application 432–435,
440

stimuli-responsiveness, in
polysaccharides 421–422

storage modulus (elastic shear) 96, 136
streaming potential 123
stereolithography (SLA) 321
structural rearrangement of, polymers

133
styrene 15
sub-agarose migration assay 178
sub-cytotoxic concentrations 14
subtractive manufacturing techniques

314
succinylated calfskin collagen (SCSC)

125
sulforhodamine B 298
surface charge 216
surface charge characterfization of,

biomaterials
potentiometric titration 112–117
zeta potential 117–119, 121–123

biosensors 130
electrospun nanofibers 126–128
lipids 130–131
polyelectrolyte multilayers 123–125
polysaccharides 125–126
polysaccharides 126
skin and bone 128–129

surface charge density 122
surface-enhanced resonance Raman

spectroscopy (SERRS) 215
surface free energy (SFE) 216
surface plasmon resonance (SPR)

spectroscopy 132, 220
surface wetting properties 215
swelling and adsorption behaviour 220
symmetrical Gaussian-Lorentzian

functions 50
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synthetic metals 258
systemic toxicity 188

t
take-off angle (TOA) 63, 67
tan 𝛿 peak intensity 98
Taylor cone 423
Teflon barriers 200
template synthesis 270, 271
TEMPO-mediated oxidized cellulose

nanofibers (CNFs) 210
tetrahydrofuran (THF) 289
2,2,6,6- tetramethylpiperidine-1-oxyl

radical (TEMPO) 204
tetrazolium-based test 176
textile manufacturing systems 347
theranostics 297
therapeutic starvation 17
therapeutics and diagnostics 298
thermal analysis in, biopolymers 92, 93
thermal analysis techniques 83

in biopolymers characterization 93
glass transition 94–97
of electrical conductivity 102–104
of moisture from hydrogels

101–102
secondary relaxations 98–101
thermal stability 93–94

differential scanning calorimetry 85
applications of, DSC 86–88
principle 85–86

thermogravimetric analysis 84–85
thermal degradation 93
thermal transition 86
thermobalance 84
thermo-mechanical analysis 94
thermoplastic polymers 342
thermoset polymers 342
thin film thickness 210
thin films

from cellulose solutions 202
from colloidal nanocellulose

dispersions 203
Thiol–Gelatin–Norbornen (Gel-NB)

322

three-dimensional (3D) architectures
240

3D bioprinting 491
advances in 493
applications 323
biocompatibility 517
biomimetic scaffolds 521
biomimicry

bioactive molecules 518–520
decellularised extracellular matrices

520–523
physicochemical properties 520

combining materials 514
droplet-based bioprinting 501–503
extrusion-based bioprinting 504–507

vascularisation using 507–508
fabrication of tissues and organs

cartilage 537–540
heart 531–534
human bone 534–537
skin 528–531

fundamental principles 493–497
ideal bioink 516–527
laser-assisted bioprinting 503
materials 512–516
multiple approaches 508
physicochemical properties

mechanical properties 523–524
physicochemical gradients 525–526
swelling and degradation behavior

526–527
printability 517–518
stereolithography 498

3D-bioplotter printing 357
3D cell culture systems 167
3D collagen glycosaminoglycan scaffolds

179
3D microprinted pores 336
3D printing technology 353
3D printing vs. 3D bioprinting 490
3D scaffold engineering, conventional

methods for
fluid-based technologies, melt-based

processing (melt-molding)
337–343
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hydrogel scaffolds fabrication
350–351

microsphere-based scaffolds fabrication
352–353

self-assembly methods 351–352
solution-based processing

freeze-drying 346
gas foaming 344–346
phase separation 343–344
solvent casting and particulate

leaching 346–347
textile technologies 347–348

woven, knitted and braided methods
348–350

three-dimensional (3D) structure 388
tissue culture polystyrene (TCPS) 173
tissue engineering (TE) 12, 166, 276,

277, 306, 489
3D cell culture 306, 307
definitions and general terminology

308, 309
scaffold-based tissue engineering 308
scaffold-free tissue engineering 307

tissue spheroids 316
titanium implants 12
titration techniques 113
transferase acetoacetyl-CoA synthetase

21
transmission electron microscopy (TEM)

274–275
tricarboxylic acid cycle (TCC) 20
triethylene tetramine (TETA) 146
trifluoroacetic acid (TFA) 273
triisopropyl phosphite (TIP) 75
trimethylsilycellulose (TMSC) 201, 205
trimethylsilyl chloride (TMSCl) 205
two-dimensional (2D) cell culture 306
2D inkjet printing 501
two-photon polymerization (2-PP) 498

u
ultrasound and acoustic freeze-casting

401
ultrasound patterning 313
ultrathin films

cellulose nanocrystals 203–204
cellulose nanofibers 204–205

unfavorable environments 15
upper critical solution temperature

(UCST) 250
US Food and Drug Administration (FDA)

26
UV-activated photoinitiator 500

v
vacuum permittivity 118
valve interstitial cells (VIC) 531
vascular endothelial growth factor

(VEGF) 514, 519
velocity of, particles 117
vibrational spectroscopy 215
Vigna unguiculate 18
Vogel-Fulcher-Tammann (VFT) equation

92
Vogel temperature 92
volatile organic solvent 200
voltage polarity 454
volumetric additive manufacturing holds

323
vortexing 424

w
water cleaning process 395
water-in-oil (W/O) emulsions 432
water-repellent 121
wet chitosan 100
wettability 215
wide-angle X-ray scattering (WAXS)

218, 219
wound dressings 244
wound healing 254–255, 278–279
wound management 244

x
X-ray photoelectron microscopy (XPS)

454
X-ray photoelectron spectroscopy (XPS)

45–49, 211
analyses of, complex organic systems

55–58
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X-ray photoelectron spectroscopy (XPS)
(contd.)

angle-resolved XPS (ARXPS)
63–67

background information 60–62
charging 58–60
chemical derivatization 53–55
functional coatings on, polymers 68,

70–76
peak fitting 50–53

X-ray reflectivity (XRR) 211

XTT test ((2-methoxy-4-nitro-
5sulfophenyl)-2H-tetrazolium-
5-carboxanilide) 176

y
Young’s modulus of, nanofibers 449

z
zeta potential measurements 216
ZnO/SiO2 nanocomposite thin films 219
zwitterionic beads 471


